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ATR Protects the Genome against R loops through a MUS81-Triggered Feedback Loop 

 

Abstract 

 

 R loops are three-stranded transcription intermediates consisting of RNA:DNA hybrids 

and displaced single-stranded DNA. Although R loop formation is important for a number of 

cellular processes, they can cause genomic instability if dysregulated. The R loop-induced 

genomic instability is largely dependent on DNA replication, suggesting that it may arise from 

the collisions between R loops and DNA replication forks. How cells respond to the collisions 

between R loops and replication fork is poorly understood. My study reveals that dysregulated 

R loop formation during DNA replication activates the ATR checkpoint kinase, the master 

regulator of the replication stress response. The activation of ATR by aberrant R loops requires 

reversal of DNA replication forks and DNA cleavage by the MUS81 endonuclease. In contrast to 

the activation of ATR by replication inhibitors, R loop-induced ATR activation is uniquely 

dependent upon MUS81. Once activated, ATR protects the genome from R loops by suppressing 

transcription-replication collisions, enforcing a G2/M arrest, and promoting fork recovery. 

Additionally, ATR prevents excessive cleavage of reversed forks by MUS81, suggesting that 

MUS81 triggers a feedback loop in which ATR regulates MUS81 activity at replication forks. 

Overall, these results reveal an ATR-regulated signaling circuitry induced by collisions of R 

loops and replication forks, and establish ATR as a key sensor and suppressor of R loop-induced 

genomic instability. 
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 DNA contains all the genetic information necessary to carry out the various cellular 

functions that allow life to be possible. Housed in the nucleus of the cell, genomic DNA contains 

over 6 billion nucleotides, which are building blocks of the genetic code, spread across 46 

chromosomes in humans. Alterations of genomic DNA, even to a single nucleotide, can potentially 

lead to permanent changes in cellular functions. These genetic alterations could cause profound 

effects on the survival and fitness of organisms. If left unrestrained, many forms of genetic 

alterations can accumulate, causing instability to the cellular genome. This genomic instability can 

cause a slew of problems, many of which are harmful to life. In fact, genomic instability has been 

linked to numerous diseases and aging, and is considered one of the hallmarks of cancer.1-3 

 Human cells are estimated to suffer at least 100,000 damaging events per day.4 Because of 

this constant bombardment to the genome, cells have developed numerous internal DNA damage 

response (DDR) pathways to respond to these various genotoxic stresses in order to maintain 

genomic stability. These stresses can occur from exogenous sources such as ultraviolet (UV) and 

ionizing radiation (IR) light, drug treatments such as the chemical agents used in cancer therapies, 

smoking, chemical exposure, and even viral infections. Interestingly, endogenous cellular 

processes such as DNA replication, which has an error rate, and cellular metabolism, which could 

create reactive species harmful to DNA, can be sources of instability.5,6 Recently, a transcriptional 

by-product that aids various cellular processes has emerged as a source of genomic instability. 

This potential genomic threat is known as R loops.  

 

R loops are a three-stranded structure formed during transcription 

An R loop is a three-stranded structure consisting of an RNA:DNA hybrid and single-

stranded DNA (ssDNA). R loops were first discovered in 1976 by in vitro biochemical study. This 
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study, along with many others, showed that RNA:DNA hybrids were more thermodynamically 

stable than the duplex DNA, which can prevent re-annealing of the DNA strands.7-9 Nearly twenty 

years later, in bacteria, R loops were first shown to form in vivo due to transcription.10 

Mechanistically, R loops form when the RNA polymerase (RNAP)-transcribed, single-stranded, 

nascent RNA threads back and base pairs with the template DNA, leaving the non-template DNA 

strand displaced and single-stranded.11 R loop structures typically form for stretches of hundreds 

of basepairs, but can exceed kilobases (kb) in length.12-14  R loops 

The most common mechanism of R loop formation is through transcription of genomic 

sequences that have a propensity to form R loops (Figure 1.1). Accordingly, these sequences are 

termed R loop-forming sequences (RLFSs). RLFSs tend to generate guanine (G)-dense nascent 

RNA.14 The beginning of RLFSs, known as the R loop-initiating zone (RIZ), usually contains 

clusters of Gs. This configuration gives the nascent RNA a thermodynamic advantage over the 

non-template DNA, which has a proximity advantage to the template DNA when it exits the RNA 

polymerase (RNAP). The proximity advantage is dominant considering even at robust RLFSs, 

R loop formation is less efficient than DNA reannealing. After the RIZ, RLFSs typically contain 

an R loop elongation zone (REZ), which extends the RNA:DNA hybrid. REZs are usually G-

dense.15 Based on these sequence features, 77% of human genes are predicted to contain at least 

one RLFs.16  

The S9.6 monoclonal antibody binds to RNA:DNA hybrids independently of sequence.17 

In 2012, Ginno et al. used S9.6 to capture and sequence RNA:DNA hybrids throughout the 

genome, establishing a genome-wide R loop-mapping assay called DNA:RNA 

ImmunoPrecipitation-sequencing (DRIP-seq).18 Using improved iterations of DRIP-seq, various 

studies revealed that around 8% of the yeast genome, 10% of the plant genome, and 5% of the 
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human genome formed R loops.19-21 Gene expression correlated with R loop formation with the 

majority of these structures being found at promoters, gene bodies, and termination zones of 

genes.19,20 Interestingly, their formation was highly dynamic with loss and re-appearance of 

R loops at specific transcribed loci occurring within 2 hours of transcription inhibitor treatment 

and subsequent wash out.19 Although the protein-coding genes mentioned are transcribed by 

RNAPII, unique loci transcribed by RNAPI and RNAPIII can also form R loops.22,23 Considering 

their widespread nature within the genome, R loop formation has been linked to numerous cellular 

processes. 

 

Figure 1.1. How R loops form from R loop forming sequences. Upon transcription of the RLFS 
(green), the nascent RNA (red) threads back and basepairs with the template DNA leaving the non-
templated DNA displaced and single-stranded. RNAP will further extend this hybrid forming a 
stable R loop. 
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R loops function in many cellular processes 

R loop formation can have a positive effect on gene expression. When R loops form at 

promoters, they prevent DNA methylation, which reduces gene expression, by excluding DNA 

methyltransferases (DNMTs), which have a reduced ability to bind RNA:DNA hybrids compared 

to double stranded DNA (dsDNA).18,24-26 In human embryonic carcinoma Ntera2 cells, over 8,000 

genes form R loops near promoters and, in human primary fibroblasts, R loop resolution increased 

DNA methylation in over 1,200 genes.19,26 Furthermore, promoters with R loops are enriched with 

histone marks associated with accessible, active chromatin.19 For example, in mouse embryonic 

stem cells, R loop formation recruits the Tip60-p400 histone acetyltransferase complex to activate 

gene expression, while deterring the transcription repression by the histone methyltransferase 

complex PRC.27 Interestingly, non-coding RNAs can also form R loops that positively regulate 

transcription. In yeast, regulated formation of R loops with long non-coding (lnc) RNAs near 

promoters and gene bodies can induce transcription by displacing the Cyc8 transcriptional 

repressor and promoting DNA looping.28 R loop formation involving a head-to-head antisense 

transcript was also shown to increase transcription of the vimentin gene, possibly by promoting a 

more open chromatin state.29 

At termination zones where a G-dense region follows the polyadenylation (polyA) signal, 

R loops may facilitate termination of transcription by slowing down or even pausing RNAPs.30-32 

The involvement of R loops in transcription termination was discovered when termination 

problems were observed in transcripts of a reporter gene in cells mutated for Sen1, the yeast 

homolog of mammalian senataxin (SETX), an RNA:DNA helicase.33 SETX was later shown to be 

vital to proper transcriptional termination of the β-actin gene. The action of SETX allows access 

of the unwound RNA to the Exoribonuclease 2 (XRN2), a factor that mediates termination.31 
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SETX is recruited to termination zones through an interaction with phosphorylated carboxy-

terminal domain (CTD) of RNAPII.34 Recently, defective termination was also observed in cells 

lacking another RNA:DNA helicase: DExH-box RNA helicase 9 (DHX9).35 Loss of SETX, 

DHX9, or XRN2 increased cellular R loop levels, suggesting that the R loop processing by these 

factors at termination zones is required for proper transcription termination.31,35,36 

 Class-switch recombination (CSR) produces different isotypes of antibodies targeting the 

same antigen. CSR is mediated by the recombination of switch regions that are upstream of heavy 

chain constant regions, which determine the isotypes of antibodies.37 In order for CSR to occur, 

switch regions need to be transcribed, leading to the discovery of R loops up to 10 kb in size at 

these regions.38-41 These R loops form at RLFSs that are typically quite G-rich; however, in 

Xenopus, whose switch regions lack G-density but contain GG dinucleotide motifs, R loops can 

still form.14,41,42 The sequences of these RLFSs are crucial since reducing their G-clustering or      

G-density hinders R loop formation and elongation.9 Once formed, the ssDNA tracts of R loops 

can be targeted by activation-induced cytidine deaminase (AID), which deaminates cytosines to 

uracil within ssDNA at switch regions.43,44 The process of removing the uracil eventually leads to 

a single-stranded break (SSB).45,46 When two SSBs are formed on opposite DNA strands, a 

staggered double-stranded break (DSB) can be generated. Consistent with this possibility, there is 

evidence that AID can mutate both DNA strands at switch regions.47 Furthermore, AID was 

recently shown to bind to the RNA:DNA hybrids of switch region sequences, raising the possibility 

that AID might deaminate the DNA within the hybrid itself.48 If staggered DSBs occur in both the 

donor and acceptor switch regions, they can be joined together via Non-Homologous End Joining 

(NHEJ), which affectively deletes the region between the breaks, producing a recombined heavy 

chain region. Considering different acceptor regions are associated with unique heavy chain 
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constant regions, the isotype of the antibody will switch depending on which acceptor region is 

transcribed.49 However, this model of R loop-mediated CSR has been called into question because 

recent studies involving suppression of R loops resulted in different effects on class switching.50-

53 Further investigation is necessary to fully understand the involvement of R loops in CSR. 

In 1971, the presence of three-stranded structures were discovered in mitochondrial 

DNA.54,55 Subsequent studies revealed these structures were R loops.56 R loops were found to be 

very abundant in the mitochondria isolated from mice and human fibroblasts.57 R loop formation 

was then shown to occur near the mitochondrial origin of replication through transcription of a    

G-rich RLFS.58 Once formed, the R loop may act to segregate the two DNA strands, opening up a 

bubble for replication to occur.  Additionally, the RNA within the hybrid is used as a primer to 

initiate DNA replication.59,60 However, in order to complete replication, the R loop eventually 

needs to be removed by RNaseH1, a ribonuclease that removes RNA within RNA:DNA hybrids.61 

RNA:DNA hybrids are found in mitochondrial replication intermediates of fruit flies, plants, and 

birds, suggesting that R loop formation during mitochondrial replication is evolutionarily 

conserved.62-64 Interestingly, R loop-mediated replication occurs in the ColE1 bacterial plasmid, 

expanding the use of R loops in replication beyond mitochondria.65-67 

 One of the newly discovered functions of R loops is its role in prompting faithful 

chromosome segregation in mitosis. R loops were first discovered at centromeres in yeast.68 In 

mammalian cells, R loop enrichment was seen at all centromeres during mitosis. Interestingly, 

R loop resolution via RNaseH1 overexpression increased mitotic lagging chromosomes, a typical 

consequence of erroneous chromosomal segregation. Further experiments demonstrated that 

R loops were important to recruiting factors that ensure faithful chromosomal segregation.69 

Similar to centromeres, telomeres are also found to associate with R loops. The telomere-encoded 
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non-coding RNA TERRA was shown to form R loops at telomeres and facilitate telomere 

maintenance.70-72 The functions of R loops at centromeres and telomeres suggest that R loops may 

be an integral component of the chromatin at specific chromosomal regions, allowing the assembly 

of large complexes of proteins, DNA, and RNA for specialized functions. 

 Homologous recombination (HR) is a process that repairs DSBs using homologous DNA 

as template. HR typically uses the homologous DNA sequence on the sister chromatid to repair; 

however, recent studies suggested that RNA could also be used as a repair template if DSBs are 

generated within transcribed regions. The annealing of RNA to DNA at DSBs may be mediate by 

RAD52, a repair protein that has the ability to promote RNA:DNA hybrid formation.73,74 

 Fluorescently-tagged and catalytically dead RNaseH1, which binds to but does not process 

R loops, was detected at foci of γH2AX, a marker of DNA damage, indicating a possible function 

for R loops in the DDR.75 Subsequent studies demonstrated that R loops formed at induced DSB 

sites in yeast. Interestingly, both stabilizing or destabilizing R loops impaired proper DSB repair, 

indicating that R loops may function transiently during repair and they must be removed for repair 

to be completed.76 Recently, R loop formation was observed at sites of DSBs in mammalian cells. 

R loop formation occurred almost immediately after damage and overexpressing RNaseH1, which 

decreases R loop levels, impaired proper repair.77,78 Drosha, a microRNA biogenesis factor, was 

required for forming and/or maintaining R loops at breaks.78 In transcribed regions of the genome, 

R loops are strongly induced by DNA damage, suggesting that local RNA transcripts may 

increasingly hybridize with DNA template upon stalling of RNAP by DNA lesions. The damage-

induced R loops were shown to recruit Cockayne Syndrome Protein B (CSB) and RAD52. In the 

context of reactive oxygen species (ROS)-induced complex DNA lesions, RAD52 functions 

independently of DDR proteins BRCA1/2 to promote recruitment of RAD51, which drives 
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transcription-coupled HR.79  In cells exposed to ionizing radiation (IR), RAD52 was shown to 

promote the localization of BRCA1 to DSBs to antagonize NHEJ, allowing the transcription-

associated HR to occur.77 Interestingly, XPG, an endonuclease that may cleave R loops, is 

recruited by RAD52 and required for the completion of HR.77,80 While R loops have emerged as 

an important regulator of HR, the functions of R loops in the DDR remains to be fully understood 

in future studies. 

 

Dysregulated R loop formation causes genomic instability 

 Although R loops have positive roles in various cellular process, when they accumulate in 

a dysregulated manner throughout the genome, various negative consequences can occur. 

Considering R loops are quite stable, they could hinder the progression of RNAPs, thus creating a 

pile-up of polymerases. This pile-up was seen by electron microscopy (EM).22 R loops were shown 

to prevent subsequent rounds of transcription in vitro.81 The potential negative effects of R loops 

on overall transcription can be seen in vivo.82,83 Considering R loops have both a positive and 

negative role in transcription, their formation is probably highly regulated, preventing impairment 

of normal transcription. 

R loop formation leads to long stretches of ssDNA, which is especially vulnerable to 

mutagenesis.84,85 As in CSR, ssDNA within R loops can be modified by AID, a member of 

cytidine deaminase family.43,44,86 Cytidine deaminases have the ability to mutate DNA sequences, 

increasing the mutagenic potential of exposed ssDNA.86 Additionally, ssDNA is vulnerable to 

ssDNA nucleases.87 During DNA replication, a SSB can become a DSB, a far more dangerous 

type of DNA damage.88 Collectively, R loops could give rise to genomic instability through a 

number of mechanisms. 
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R loop-dependent genomic instability was observed by Huertas and Aguilera (2003) when 

they investigated why transcription-dependent recombination was increased in a mutant yeast 

strain of HRP1, a subunit of the THO complex, which is involved in transcription elongation and 

mRNA export into the cytoplasm.89 They found that HRP1 deletion increased RNA:DNA hybrids. 

Using a recombination assay, RNaseH1 overexpression in hrp1Δ cells decreased transcription-

dependent recombination, suggesting that R loops could cause genomic instability.90 

Li and Manley (2005) also observed R loop-induced genomic instability when they set out 

to rescue the cell cycle arrest and ensuing lethality associated with repressing expression of 

serine/arginine-rich splicing factor 1 (SRSF1), a splicing factor that binds RNA and interacts with 

components of the spliceosome. They constructed a chicken cell line where the only functional 

copy of SRSF1 was under a tet-repressible promoter. Surprisingly, the majority of colonies that 

survived SRSF1 repression where cells that mutated the promoter of SRSF1 to induce expression. 

SRSF1 repressed cells contained genomic rearrangements and DSB accumulation, indicating that 

SRSF1 depletion induces genomic instability. Considering SRSF1 functions in a co-transcriptional 

manner and binds RNA, the presence of R loops at the β-actin gene was tested and confirmed in 

SRSF1 depleted cells. Amazingly, when global R loop levels were reduced via overexpression of 

RNaseH1 in SRSF1 depleted cell, cell cycle arrest was bypassed and lethality was delayed. 

Furthermore, DSBs at the β-actin gene was reduced by overexpression of RNaseH1, indicating 

DSBs was caused by R loop formation. Lastly, employing an in vitro transcription assay, R loop 

formation was shown to be suppressed by purified SRSF1, suggesting that the splicing factor 

inhibited break formation by preventing R loop formation. This study was crucial since along with 

discovering the role of SRSF1 in repressing R loop formation, it further confirmed, in a 
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mammalian system, the detrimental effects that can occur when R loops form in an uncoordinated 

manner.91 

Subsequently, a slew of research further expanded on R loop-induced genomic instability. 

Trinucleotide repeat instability, which is seen in many disorders, and chromosomal instability 

(CIN), a mutagenic process important to some cancers, occurred in cells harboring mutants shown 

to form R loops.92-95 Accordingly, CIN was demonstrated to be reduced by expression of 

RNaseH1, indicating R loops as the cause of the instability.94,95 R loop-induced DNA damage 

were also shown to activate cellular checkpoints, arrest cells in G2/M phase, and cause cell 

death.96,97 Furthermore, R loops were shown to cause gross chromosomal rearrangements and 

irreparable DNA damage.96-98 Interestingly, when comparing sites of RAD52 binding and hybrid 

formation in Sen1-depleted yeast, only a subset appeared to be prone to causing DNA damage, 

suggesting that the formation of R loops at certain loci can be more hazardous than others.97 R loop 

formation at the termination zone, which typically is beneficial to the cell, becomes genotoxic 

when left unresolved by SETX. Notably, an enrichment of mutations at these regions was seen in 

breast cancer cells, indicating a possible role of R loop-induced mutagenesis in cancer.99 

 

Replication is important for genomic instability induced by R loop accumulation 

 Hindering progression of replication forks, the complex of active DNA replication, 

typically causes replication stress, which, if left unresolved, results in DNA damage.100,101  The 

first hints that R loop formation impaired replication came from bacteria using two-dimensional 

(2D) gel electrophoresis, a method that can visualize progression of replication forks.102,103 Using 

2D gel electrophoresis, plasmid replication was shown to be hindered during transcription of GC 

repeats.104 In the process of studying the replication of plasmids with two inversely orientated 
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ColE1 origins, replication progression was also shown to be impaired only when the transcription 

promoter remained intact within the origin upstream of the firing origin.103  Considering the 

propensity of R loops to form at ColE1 origins, it was postulated that the R loops in the transcribed 

region interfere with the replication forks from the active origin.65,103 Subsequently, using a similar 

analysis, transcription-dependent impairment of replication progression was seen again in yeast 

containing a deleted HRP1, a mutation known to induce R loops.105 

 Confirmation that R loops impaired replication fork progression came from Tuduri et al. 

(2009), which investigated why replication-dependent genomic instability is seen in 

Topoisomerase I (TOP1)-deficient mammalian cells. Notably, TOP1 knockdown showed similar 

amounts of chromosomal rearrangements and DSBs to SRSF1 depleted cells. To further compare 

the two, replication progression in cells depleted for SRSF1 or TOP1 was examined using DNA 

fiber analysis, which can detect the length of replication tracts. Both knockdowns induced 

asymmetric forks, an indicator of perturbated replication. Remarkably, when RNaseH1 was 

overexpressed in TOP1-deficeint cells, asymmetric forks and DSBs were reduced. This result 

indicated three things: (1) TOP1 was a suppressor of R loop formation, (2) R loop formation could, 

in fact, impair replication forks, and (3) given that the genomic instability induced by TOP1 loss 

was seen in S phase, R loop-induced DNA damage may be replication dependent.106 

 When trying to clone Sγ3, a mouse switch region carrying an RLFS, into a bacterial 

plasmid with a constitutively active promoter, Gan et al. (2011) noticed the plasmid would not 

replicate, forcing them to switch to a plasmid with an inducible promoter. When investigating the 

inducible-Sγ3 plasmid, 2D gel electrophoresis revealed that replication was impaired upon 

expression of Sγ3, which was rescued by overexpressing RNaseH1. Additionally, using DNA fiber 

analysis, SRSF1 knockdown-induced fork asymmetry was lost upon RNaseH1 overexpression, 
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confirming the ability of R loops to stall replication forks. In terms of DNA damage, Sγ3 

transcription-induced chromosomal rearrangements were shown to be reduced by inhibition of 

replication. Furthermore, when actively replicating cells were marked through incorporation of 

EdU, an nucleoside analog of thymine that can be fluorescently detected, SRSF1-induced γH2AX 

was predominantly seen in replicating cells, suggesting R loop-induced DNA damage was 

dependent on replication.107 

 Orientation between the transcription and replication is important to preventing conflicts 

between the two machineries, which can cause genomic instability.108-110 Using episomes with a 

unidirectional replicating-origin and a confirmed RLFS, Hamperl et al. (2017) demonstrated head-

on (HO) collisions between forks and an actively transcribed RLFS strongly induced γH2AX, 

while modest induction was seen with co-directional (CD) collisions (Figure 1.2). Furthermore, 

the HO not the CD orientation induced persistent transcription-replication collision complexes, 

which were visualized using antibodies of RNAP II and PCNA, the processivity factor of DNA 

polymerases, in a Proximity Ligation Assay (PLA), a method that visualizes the close 

colocalization of two proteins.111 In addition, using 2D gel electrophoresis of inducible reporter 

constructs in bacteria, Lang et al. (2017) observed fork progression was significantly stalled when 

R loops formed in the HO orientation to replication. These collisions were shown to hinder gene 

expression, increase mutations, and prevent downstream replication, which probably accounted 

for the decreased survivability seen in these bacteria. Interestingly, R loops were shown to form at 

various stress-induced genes that were orientated HO to replication. Remarkably, impairment of 

R loop resolution during stress decreased survivability in only actively replicating bacteria, further 

highlighting the potential lethal effects of forming R loops head-on to replication forks.83 
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 The results of Lang et al. (2009) concerning the damaging effects of stress-induced R loop 

formation further corroborated prior research demonstrating R loop- and replication-dependent 

DNA damage during the immediate estrogen-induced transcriptional response. Interestingly, when 

analyzing various breast tumors, genomic rearrangements appeared more frequently at estrogen-

responsive genes, hinting that R loop-mediated transcription-replication collisions could be 

mutagenic in cancer.112 Transcription-replication collisions were also shown to occur at common 

fragile sites. Interestingly, these fragile sites contained R loops, and RNaseH1 overexpression 

reduced the genomic instability associated with the sites.113 These results indicate R loops may 

also play a role in fragile site instability, a mutagenic process seen in many cancers.  

 

Figure 1.2. Schematic of head-on and co-directional collisions between replication forks 
and R loops. 
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Various proteins are involved in modulating R loop levels 

 As described above, R loops can cause potentially catastrophic problems that could 

severely impact survivability.  Consequently, cells have developed two main methods for dealing 

with dysregulated R loop dynamics, which are to suppress R loops from forming or resolve 

R loops once they form. A slew of proteins ranging from splicing factors to DDR proteins have 

been discovered to affect R loop homeostasis (Figure 1.3). 

 Some of the suppressors of R loop formation are RNA biogenesis factors. Components of 

RNA processing, which includes splicing factors such as SRSF1, bind to and alter the nascent 

RNA transcripts, potentially preventing the RNA from threading back and basepairing with the 

template DNA.98,114 In fact, removing introns from genomic sequences increased their propensity 

to form R loops while a decrease was seen upon intron insertion.82 This result suggests that introns, 

amongst other important functions, may be evolutionary conserved to prevent R loop formation. 

Figure 1.3. Regulation of R loop formation. Various factors, such as mRNA biogenesis 
enzymes, can suppress R loop formation while others, such as RNaseH1 and RNA:DNA helicases, 
resolve R loops once formed. 
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Furthermore, R loops can be seen with treatment of antitumor drugs that target splicing factors, 

such as SF3b-targeting pladienolide B (Plad-B).115  RNA degradation, which involves RNA 

nucleases, or export, which involves the THO complex, may simply prevent R loop formation by 

processing RNA and removing it from the DNA template.98,114 non-RNA binding factors, such as 

those that repress transcription or reorganize chromatin, can also suppress R loop formation by 

allowing transcription to occur in a regulated and unattenuated fashion.98,114,116 Numerous 

diseases are associated with mutations in these genes, including myelodysplastic syndromes 

(MDS) where R loop-dependent DNA damage can be observed.117 

 During transcription, negative supercoils are generated behind the elongating RNAP.118 

This negative supercoiling may facilitate DNA strand opening, which aids in R loop 

formation.10,119 TOP1 relieves the negative supercoils generated by RNAP, thereby suppressing 

R loop formation.120,121 The ability of TOP1 to suppress R loop levels appears conserved since 

loss of TOP1 increased R loop formation in a variety of organisms including plants.119,122,123 

Interestingly, when TOP1 was depleted in human cells, global levels of R loops were increased; 

however, DRIP-seq showed both gains and losses of R loops at various transcribed loci. R loop 

losses tend to be at gene loci located near replicating origins, while R loop gains tend to be at long, 

highly transcribed genes.124 Furthermore, DNA topoisomerase IIIB (TOP3B) was demonstrated 

to suppress R loop formation at the c-MYC locus.125 Interestingly, IGH/MYC oncogenic 

translocations are commonly seen in Burkitt’s lymphoma, raising the possibility that R loops 

induce improper recombination during CSR in B cells.126 

 Once R loops form, they could be resolved by RNaseH1 and RNaseH2, which are 

ribonucleases that specifically cleave the RNA within RNA:DNA hybrids.127 There are two 

isoforms of RNaseH1 that independently function in the mitochondria and nucleus.128 An 
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important function of both RNaseH1 isoforms is resolving R loops, which is vital to mitochondrial 

replication and genomic stability.61,98,127 RNaseH1 is recruited to R loops by replication protein 

A (RPA), a ssDNA-binding heterotrimeric protein complex consisting of the RPA14, RPA32, and 

RPA70 subunits, which may be binding to the displaced ssDNA strand at R loops. Upon 

recruitment, RPA further stimulates RNaseH1 activity, leading to enhanced R loop resolution.115 

RNase H2, which consists of a heterotrimeric complex, is the only ribonuclease capable of 

removing single ribonucleotides incorporated into DNA, playing a vital role in ribonucleotide 

excision repair.129,130 Additionally, RNase H2 can also resolve R loops and suppress genomic 

instability associated with their formation.131,132 Mutations in any of the three subunits comprising 

RNase H2 is seen in Aicardi-Goutières syndrome while complete RNaseH1 loss is embryonic 

lethal in mice due to impaired mitochondrial replication.61,133 

 R loops can also be resolved by helicases that unwind RNA:DNA hybrids, such as SETX, 

DHX9, Aquarius (AQR), and DDX19. As mentioned, at termination zones, SETX and DHX9 

resolve R loops, aiding in efficient mRNA termination. Mutations in SETX are seen in two disease: 

ataxia with oculomotor apraxia type 2 and amyotrophic lateral sclerosis.134,135 Less is known about 

how R loops are processed by AQR since it is both a RNA:DNA helicase and splicing factor.136  

Notably, the helicase activity of AQR was implicated in promoting stress-induced HR, suggesting 

AQR may resolve R loops to allow for efficient DNA repair.137 Recently, the DDX19 helicase was 

shown to unwind R loops upon DNA damage induction. Furthermore, depletion of DDX19 

increased DNA damage, which suggests its role in resolving R loops may facilitate proper DNA 

damage repair.138 

 Various DDR proteins have been shown to take part in the cellular response to R loop 

formation (Figure 1.4). The first mammalian DDR protein implicated was BRCA2, a protein that 
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helps recruit RAD51, which stimulates homologous strand invasion during HR.101 Using PLA, 

BRCA2 was shown to colocalize with a competent of the TREX-2 complex, a mRNA exporter 

that suppresses R loop formation. This result suggested TREX-2 may recruit BRCA2 at sites of 

R loop formation to promote their resolution. Interestingly, the R loop resolving function of 

BRCA2 appeared independent of RAD51.139 This finding is notable considering RAD51 can 

promote the formation of R loops.140 Recently, the mechanism behind how BRCA2 suppressed 

R loop formation was shown to be by facilitating transcription elongation through recruitment of 

PAF1, a protein that facilitates promoter release by RNAP II.141 BRCA1, which interacts and 

regulates various DDR proteins involved in numerous aspects of HR, was shown to directly 

interact with SETX and help recruit the helicase to termination regions.99 Fanconi anemia 

Complementation Group M (FANCM), a translocase of the Fanconi anemia (FA) pathway, can 

also resolve R loops in vitro, and the translocase-dead variant of FANCM increased R loop levels 

in cells.142 XPG and XPF, the endonucleases responsible for cleaving DNA during NER, may also 

cleave R loops. However, unlike the resolution of R loops by ribonucleases and RNA:DNA 

Figure 1.4. DDR proteins involved in R loop metabolism. XPG and XPF can cleave R loops. 
BRCA1 recruits SETX to unwind RNA:DNA hybrids at R loops. BRCA2 recruits PAF1 to 
facilitate transcription elongation, which indirectly suppresses R loop formation. DROSHA, 
RAD51, and RAD52 can promote R loop formation. 
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helicases, XPG- and XPF-mediated processing led to DSBs.143 Surprisingly, R loops can be 

promoted by various DDR proteins, such as RAD51, RAD52, and Drosha.74,78,140 Considering the 

damaging effects of dysregulated R loop formation, their ability to enhance R loop levels is 

probably tightly regulated. Recently, a knockdown screen discovered other DDR proteins that 

suppressed RNA:DNA hybrid levels, expanding the cellular repertoire of R loop suppressors.144 

 How cells respond to R loops as impairments to vital cellular processes, such as replication, 

is less understood. Using their episome system, which can investigate collisions between 

replication and R loop-forming transcription, Hamperl et al. (2017) demonstrated CD collisions 

activated ATM. However, HO collisions, which were the most damaging, activated the ATM and  

rad3-related (ATR) kinase, a master regulator of various DDRs including the replication stress 

response. Indication that ATR may play a role in the cellular response to R loops came when 

Gómez-González et al. (2009) demonstrated the R loop forming-HRP1 deletion caused synthetic 

growth defects with MEC1, the yeast homolog of ATR.145 Subsequently, Yüce and West (2013) 

showed nuclear foci of SETX increased upon replication stress and decreased upon transcription 

inhibitor treatment and RNaseH1 overexpression, indicating the possible recruitment of SETX to 

replication-transcription collisions. These SETX foci colocalized with a marker of ATR, and a 

non-specific inhibitor of ATR reduced SETX foci, thus becoming the first connection between 

R loops and ATR in a mammalian system.146 AQR knockdown was later demonstrated to induce 

a known marker of ATR activation.80,115 Interestingly, knockdown of ATR increased R loop 

levels, indicating ATR signaling may play a role in R loop resolution.144 Upon induction of DNA 

damage, Ddx19, a helicase that resolves R loops, was recently shown to be recruited to the nucleus 

by ATR.138 Recently, R loop-forming splicing mutations and inhibitors were demonstrated to 

activate ATR. Furthermore, ATR inhibitor (ATRi)-induced DNA damage was suppressed by 
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RNaseH1 overexpression, indicating that ATR protects the genome against R loop formation.117 

Further investigation is needed in order to understand the full mechanism behind R loop-induced 

ATR activation, and, upon activation, the various functions of ATR that protect against R loop-

induced genomic instability. 

ATR 

ATR is a master regulator of many DDR pathways, including the replication stress response 

 ATR is a member of the phosphoinositide 3-kinase related kinase (PIKK) family, which 

includes ataxia telangiectasia mutated (ATM) and DNA-dependent protein kinase (DNA-PK).147 

Unlike ATM and DNA-PK, which primarily regulates the DDR to DSBs, ATR responds to a broad 

range of genomic stresses, such as deoxyribonucleoside trisphosphate (dNTP) depletion, DNA 

adducts, interstrand crosslinks (ICLs), DSBs and replication stress.148-152 While ATR regulates 

HR with ATM during DSB repair, ATR is the primary regulator of the replication stress 

response.152 Given its importance to the DDR, ATR is essential for survival with ATR deletions 

in mice leading to gross chromosomal instability and embryonic lethality.153 

 

ATR pathway activation requires ssDNA and dsDNA:ssDNA junctions 

 ATR is recruited to sites of DNA damage via ssDNA, which is coated by RPA. Along with 

protecting the ssDNA from mutagenesis, RPA recruits ATR-interacting protein (ATRIP), the 

direct binding partner of ATR.151 Upon recruitment by RPA, ATR will autophosphorylate at 

Thr1989, priming itself for activation.154 ssDNA will eventually end in dsDNA:ssDNA junction, 

which are vital for ATR activation. These junctions are recognized by the RAD17-RFC2-5 clamp 

loader, which, with the assistance of RPA, loads the RAD9-RAD1-HUS1 (9-1-1) ring-shaped 

clamp onto the junction.155-157 The 9-1-1 clamp facilitates the recruitment of TopBP1, the direct 
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activator of ATR.158,159 This interaction is mediated by 9-1-1 phosphorylation and the RAD9, 

RAD1, HUS1 Interacting Nuclear Orphan (RHINO) protein.158,160,161 Containing an ATR 

activation domain (AAD), TopBP1 directly interacts with both ATRIP and phosphorylated ATR 

and stimulates the kinase activity of ATR, possibly by inducing a conformational change (Figure 

1.5).154,162,163 Recently, Ewing’s tumor-associated antigen 1 (ETAA1), which contains an AAD, 

was discovered to be recruited to sites of replication stress via RPA and stimulated ATR activity. 

ETAA1 acts independently of TopBP1 to activate ATR; however, TopBP1 appears to be the main 

activator of ATR during replication stress.164-167 

 The appearance of ssDNA and dsDNA:ssDNA junctions, the two activating structures of 

ATR, can be induced by many types of genomic stress.168 At the replication fork, MCM helicase 

unwinds dsDNA ahead of the replicating DNA polymerases. Certain stresses, such as dNTP 

depletion, can uncouple the MCM helicase from polymerase activity, resulting in long stretches of 

unwound ssDNA and dsDNA:ssDNA junctions.169 Notably, having a lesion on the leading strand 

would result in a long ssDNA stretch if re-priming does not occur. On the lagging strand, DNA 

lesions may leave unfinished Okazaki fragments and ssDNA gaps. 

 However, certain stresses, such as interstrand crosslinks, can completely halt the 

progression of the replication fork, which would pause the helicase along with the replicating DNA 

polymerases.170 In this situation, the replication fork may be reversed away from the impediment 

Figure 1.5. Model for ATR activation via ssDNA and dsDNA:ssDNA junctions. 
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with the two nascent strands annealing together forming a four-way structure resembling a 

chickenfoot (Figure 1.6).171 Fork reversal is performed by annealing helicases of the SNF2 family, 

such as SWI/SNF-related matrix-associated actin-dependent regulator of chromatin, subfamily A-

like 1 (SMARCAL1), zinc finger RANBP2-type containing 3 (ZRANB3), and helicase-like 

transcription factor (HLTF).172 

 SMARCAL1 is known to associate with active replication forks.173 Upon stalling, the 

substrate specificity of SMARCAL1 is switched allowing for fork reversal. This switch is 

mediated by RPA, which appears to direct localization of SMARCAL1 at forks.173,174 RPA can 

inhibit SMARCAL1 function at certain fork structures, which most likely prevents it from 

regressing an active replication fork, thereby interfering with replication.173 Interestingly, 

SMARCAL1 can catalyze in vitro the resolution of a regressed fork, indicating a possible 

additional role in restarting stalled forks after DNA repair. To prevent impediment, RPA, which is 

bound to the ssDNA, is displaced during SMARCAL remodeling.174 Given the importance of 

SMARCAL1 to fork remodeling, loss of the helicase infers sensitivity to numerous replication 

stress-inducing drugs such as hydroxyurea (HU), which depletes the dNTP pool, stalling 

replication forks. Interestingly, both knockdown and overexpression of SMARCAL1 led to DNA 

damage.175 This paradoxical effect occurs since SMARCAL1 overactivity can lead to fork 

collapse, indicating a balance of replication fork remodeling is needed for a proper cellular 

response to replication stress.176 

 The closest homologous protein to SMARCAL1 in the SNF2 family is ZRANB3. 

Knockdown of ZRANB3 causes DNA damage and confers sensitivity to replication stress-

inducing drug treatments, highlighting its importance to stalled fork remodeling.177,178 

Recruitment of ZRANB3 occurs through polyubiquitinated PCNA, a post-translational 
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modification that occurs during the replication stress response.177,179 RPA also appears to 

modulate ZRANB3 activity on certain structures in vitro.180 Interestingly, ATR inhibition did not 

impair ZRANB3 recruitment to PCNA, but did enhance its retention, suggesting that ATR may 

negatively regulate ZRANB3 after recruitment.177 Interestingly, ZRANB3 and SMARCAL1 play 

critical non-redundant roles during the response to replication stress induced by MYC 

overexpression.181 

 Recently, HLTF was found at active replication forks and demonstrated to promote 

replication fork remodeling during replication stress.182 During the damage response, HLTF plays 

an opposing role to FANCJ helicase in order to maintain an equilibrium of fork remodeling. 

Furthermore, during treatment with camptothecin (CPT), a TOP1 inhibitor that traps 

topoisomerases on DNA and thus prevents progression of replication forks, depletion of HLTF, 

Figure 1.6. Reversal of a stalled fork. (A) A model of how a stalled fork reverses away from a 
genomic impediment. (B) Electron microscopy images of a normal replication fork (left) and a 
reversed fork induced by an ICL. Parental strand (P), Daughter strand (D), Regressed arm (R). 
Images taken from Mutreja et al. (2018). 
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ZRANB3, or SMARCAL1 in BRCA1 or BRCA2 mutant cells all caused genomic instability.183 

This result indicates a potential for all three fork remodelers to act within a single DDR pathway. 

Additionally, during replication stress, individual depletion of all three factors reduced fork 

degradation, indicating all three could act on similar fork structures.184 

 DSB repair by HR requires both 5’ strands of the break to undergo end resection, which 

produces long stretches of 3’ ssDNA overhangs (Figure 1.7). Initially, a nick near the break is 

created by MRE11, an enzyme exhibiting both endonuclease and exonuclease activity, of the 

MRE11-RAD50-NBS1 (MRN) complex, which recognizes the DSB, in conjunction with the CtIP 

endonuclease.185-189 Notably, MRN recruitment to the break is important to ATM activation, 

which coordinates many aspects of HR.187 MRE11, whose exonuclease activity is 3’ to 5’, resects 

towards the break end, creating 3’ ssDNA that is bound by RPA.186,188,190,191 Extensive resection 

away from the break is then carried out by the Exo1 or DNA2 nucleases with the RPA-interacting 

BLM and WRN helicases, forming large stretches of ssDNA.192-195 The extent of resection appears 

to be tightly controlled. While facilitating end resection, ATM also directly phosphorylates 

resection components to prevent overresection.196,197 Interestingly, CtIP promotes DNA2 

resection in vivo while negatively impairing EXO1 in vitro.198,199 RAD9 of the 9-1-1 complex also 

limits extensive end resection.200,201 End resection produces longer and longer stretches of ssDNA 

and dsDNA:ssDNA junctions, which can promote and enhance ATR activation.202 After ATR 

activation, the overhangs are used during the RAD51-mediated damaged strand invasion of the 

intact homologous sequence located on the sister chromatid. Once captured, both homologous 

strands can be used as templates for DNA synthesis of the damaged strand, allowing for faithful 

recapitulation of the broken sequence. Considering the requirement of a homologous sequence, 

HR is usually limited to S and G2 phases of the cell cycle.101 
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Figure 1.7. Basic model of homologous recombination. At a DSB, the endonuclease activity of 
MRE11, which can be stimulated by its cofactor CtIP, will nick the DNA near the break. The 
exonuclease activity of MRE11 will then degrade DNA towards the break, creating 3’ ssDNA 
overhangs. Extensive end resection will then occur via Exo1 or DNA2 with BLM and WRN 
helicases. Subsequently, RAD51 will catalyze damaged strand invasion of a homologous 
sequence. This sequence will be used as a template for repair synthesis, which can conclude with 
a second Holliday junction (HJ) forming. Dissolution (pictured) or resolution (not pictured) of 
junctions then occurs, completing the faithful repair of the DSB. 
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Figure 1.7 (Continued) 
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 Homology-directed repair can also restart stalled replication forks, suggesting a potential 

need for resection at stalled forks.203,204 Strikingly, MRE11 activity at replication forks have both 

a beneficial and detrimental effect on the replication stress response.205-208 BRCA2 and RAD52 

were shown to prevent MRE11 activity on forks in order to protect replication forks from excessive 

degradation.207,208 Furthermore, CtIP was shown to limit DNA2 activity at forks in order to  

prevent toxic over-resection while, in BRCA2-deficient cells, CtIP initiated MRE11 resection at 

forks to help in their rescue.184,209 Taken together, nuclease-mediated resection at DSBs and 

stalled forks are helpful in potentially generating structures that can promote ATR activation, HR, 

and fork restart; however, overactivity of the resection factors may lead to genomic instability 

caused by improper degradation of breaks and stalled forks. 

 

Activated ATR protects the genome through various mechanisms 

 Once activated, ATR can phosphorylate a broad range of proteins, orchestrating multiple 

facets of the DDR. In response to genotoxic ionizing radiation (IR), over 700 proteins containing 

ATM and ATR recognizable sites were phosphorylated, which represent a substantial subset of 

proteins that may be regulated by ATR activity. Many of the targets were known DDR proteins 

that mediate numerous aspects of their specific damage response. As for the unknowns, the gene 

ontology analysis revealed proteins involved in vastly different processes, such as cell 

morphology, chromatin structure, and transcription.210 Given this vast network of influence, ATR 

is truly the orchestrater of the damage responses that fall under its purview (Figure 1.8). 

 Initial coordination of HR by ATM is switched to ATR once resection has generated the 

necessary ATR-activating substrates.202 Once activated, ATR phosphorylates CtIP, leading to 

accumulation of the protein on chromatin, which may precede DNA2-mediated extensive 
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resection.199 Enhancing resection would generate more ssDNA, further stimulating the recruitment 

and activation of ATR. However, ATR may tightly regulate the extent of resection by 

phosphorylating EXO1, targeting the nuclease for proteasomal degradation.211 After end resection, 

ATR promotes the localization of PALB2, which has an ATR phosphorylation site, to DSB sites 

and enhances the interaction of PALB2 and BRCA2.212 This interaction recruits and stimulates 

RAD51, the recombinase responsible for homologous strand invasion.213,214 ATR can also directly 

phosphorylate BRCA1, a vital competent of the HR process.215 It remain to be fully seen how 

ATR regulates the HR process. 

 Various HR factors are also important to replication fork stability.216-218 Many of these 

proteins are targets of ATR phosphorylation. During periods of replication stress, ATR can 

phosphorylate H2AX, a histone H2A variant capable of being phosphorylated by all three PIKK 

kinases during different genomic stresses.219 Once phosphorylated, γH2AX recruits numerous 

proteins vital to their respective damage reponses.220 Another ATR target is RPA32, which, upon 

phosphorylation, could recruit factors important to fork integrity such as PALB2.216,221 During 

replication stress, ATR can phosphorylate the BLM and WRN helicases, which have been shown 

to help fork restart and progression.222-224 ATR also phosphorylates DNA polymerase η, which is 

important for translesion synthesis past DNA lesions such as UV-induced dimers, suggesting ATR 

Figure 1.8. Activated ATR orchestrates various processes to stabilize the genome. 
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can facilitate stalled forks through replication impediments.225  Considering ATR is an important 

regulator of the FA pathway that resolves DNA ICLs, which represent significant barriers to 

replication fork progression, ATR may facilitate the repair of replication impediments themselves 

in order to promote replication fork restart.226-228 

 The main downstream effector of ATR-mediated responses is Checkpoint kinase 1 (Chk1). 

ATR can directly phosphorylate Chk1 on S317 and S345.229 These phosphorylation events are 

facilitated by Claspin, a Chk1 interactor important to sustaining its activation.230,231 Activated 

Chk1 can inhibit cell cycle progression by inactivating, via phosphorylation, the CDC25A, 

CDC25B, and CDC25C phosphatases, which remove inhibitory phosphorylations on cyclin-

dependent protein kinases (CDKs). When bound to certain cyclins, CDKs can phosphorylate 

numerous substrates, resulting in cell cycle progression.232 The Chk1-mediated phosphorylation 

of CDC25C, which is important for G2 to M transition, leads to nuclear export of the phosphatase, 

resulting in a G2 arrest.233 Chk1-dependent phosphorylation of CDC25B prevents its accumulation 

at centrosomes, preventing pre-mature entry into mitosis.234 The Chk1-mediated phosphorylation 

of CDC25A leads to rapid proteasomal degradation of the phosphatase, which associates with 

multiple CDK-cyclin complexes important to S and G2 phases.235 In S phase, the loss of CDC25A  

activity prevents loading of CDC45, a vital factor to origin firing.236 CDC45 loading can be further 

diminished by ATR-dependent phosphorylation of KMT2A, a histone methyltransferase, and 

CHK1-dependent phosphorylation of replication protein Treslin.237,238 Additionally, Chk1 can 

also phosphorylate Dbf4, which regulates cell division cycle 7 (CDC7), an activator of the MCM 

helicase at forks, which initiates replication.239 All these phosphorylation events combine to 

reduce global origin firing, blocking S phase progression. Additionally, considering CDC25A has 
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overlapping functions with the other CDC25s involved in the G2 transition into M phase, 

degradation of CDC25A can also arrest cell cycle progression in G2.240 

ATR appears to allow dormant origin firing locally at sites of replication stress, which 

would facilitate replication completion of the stressed genomic region.241,242 One manner in which 

ATR could promote local dormant origin firing is by phosphorylating the MCM complex. This 

phosphorylation leads to recruitment of Polo-like kinase 1 (PLK1), which suppresses Chk1 

phosphorylation and allows for CDC45 loading at origins. The extent of the replication stress also 

factors into how ATR regulates dormant origin firing with severe replication stress inducing 

inhibitory phosphorylation by ATR of the FA pathway protein FANCI, which promotes dormant 

origin firing.243 Overall, the ATR-Chk1 pathway can readily halt origin firing and prevent mitotic 

entry, ensuring proper DNA damage repair and complete replication occurs before cell cycle 

progression. 

 Since ATR regulates origin firing, inhibiting ATR leads to excessive origin firing. If ATR 

inhibition occurs during periods of replication stress, ssDNA levels are greatly increased; however, 

the nuclear pool of RPA cannot account for the surge in ssDNA levels. This exhaustion of RPA at 

forks leads to collapse, possibly because the ssDNA exposed at replication forks cannot be 

adequately protected from nucleases.  Interestingly, treatment with roscovitine, a broad CDK 

inhibitor that can inhibit origin firing, and a CDC7 inhibitor (CDC7i) prevented fork breakage in 

ATRi- and HU-treated cells. This result indicates that the excessive origin firing induced by ATRi 

is an important cause of DNA damage.244 

 As seen with HU treatment, insufficient levels of dNTPs can stall replication forks. The 

ATR-Chk1 pathway promotes the accumulation of ribonucleotide reductase M2 (RRM2), a 

regulatory subunit of ribonucleotide reductase (RNR), which converts ribonucleotides into 
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dNTPs.245,246 dNTPs can also be produced by a salvage pathway mediated by deoxycytidine 

kinase (dCK). dCK can be phosphorylated by ATR, stimulating its activity.247 This regulation of 

both dNTP-producing factors can be seen in acute lymphoblastic leukemia (ALL) cells, where 

lethality arises with a combination treatment of inhibitors to ATR, RNR, and dCK.248 Strikingly, 

in mice with a hypomorphic mutation of ATR, increasing expression of RRM2 nearly doubled the 

reduced lifespan seen in the mutated mice.249 These results would indicate ATR can increase dNTP 

pools, thus ensuring replication progression and preventing dNTP depletion-mediated fork 

stalling.  

 ATR could directly maintain stalled replication forks by stabilizing replisomes, the 

complex that carries out DNA replication at forks. Accordingly, ATR depletion was demonstrated 

to reduce levels of key factors within the replisome.250,251 However, a later study suggested ATR 

may not actually be needed for replisome stability.252 Concurrently, a methodology was developed 

to isolate proteins on newly synthesized DNA known as isolation of proteins on nascent DNA 

(iPOND).253 Using an improved version of iPOND, Dungrawala et al. (2015) were able to show 

that during HU or aphidicolin, a DNAP inhibitor, treatment with ATRi, replisomes remained 

stable, indicating ATR may not be integral to replisome stability during replication stress. 

However, in the same experiment, they observed active recruitment of proteins that indicated fork 

collapse. This recruitment may have been caused solely by ATRi-induced origin firing exhausting 

RPA levels; however, this recruitment was seen even when new origin firing was inhibited by 

CDC7i treatment.254 This result suggested ATR maintained the ability of forks to resume 

replication through active protection of the replication fork itself. As mentioned, excessive fork 

remodeling by SMARCAL1 led to fork collapse. This fork collapse was dependent on SLX4, 

which assembles and stimulates the action of multiple DDR endonucleases including MMS and 
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UV-sensitive protein 81 (MUS81), a nuclease who induces DNA damage during replication 

stress.176,255 The overactivity of SMARCAL1 was shown to be regulated by phosphorylation on 

S652 by ATR, suggesting ATR prevents fork collapse by actively protecting forks from the 

dysregulated activity of SMARCAL1.176 Rather ATR directly inhibits the promiscuous function 

of other potentially toxic DDR proteins at forks remains to be seen. 

MUS81 

MUS81 is a substrate-specific endonuclease that can cleave various replication and 

recombination intermediates 

 MUS81 is part of a DDR protein family that includes XPF, EME1, EME2, ERCC1, 

FANCM, and FAAP24. Each protein in the family contains the excision repair cross 

complementation group 4 (ERCC4) domain that allows XPF and MUS81 to nick DNA substrates. 

Surprisingly, the rest of the proteins within the family appear to have catalytically inactive ERCC4 

domains. MUS81 is considered a substrate-specific endonculease (SSE) since it recognizes 

specific substrates independent of sequence.256 

 MUS81 has two direct binding partners, EME1 and EME2, which alter the specific 

substrates MUS81 can cleave. When associated with EME1, MUS81 can nick in vitro 3’-flap 

structures, replication fork substrates, and already nicked Holliday junctions (HJ), a four-stranded 

DNA structure resembling regressed forks.257,258 Interestingly, in vitro, EME2 further enhanced 

MUS81 activity while decreasing substrate specificity of MUS81 with 5’-flap, recombination 

intermediates, intact HJs, and a wider variety of stalled replication fork structures now cleavable 

(Figure 1.9).259,260 Given the potential hazards of relaxed substrate specificity, the majority of 

MUS81 is associated with EME1, and the EME2 gene is expressed at lower levels then EME1 



 33  
 

within cells.261 Notably, MUS81 nicks the DNA structure near the branch points of recognized 

structures, typically on the 5’ strand.259,260,262,263 

 Homology-directed repair of stalled forks and DSBs can lead to replication and 

recombination intermediates between chromosomes such as the four-stranded HJ.264,265 If the 

intermediates are not resolved properly, chromosomes will remain entangled, which would be 

catastrophic during chromosome segregation during mitosis.266 Notably, intermediates can drive 

genomic instability during mitosis at fragile sites.267 SLX4 forms a heterodimer with the SLX1 

endonuclease, which is structural distinct from the XPF/MUS81 family of nucleases.268 SLX4 has 

motifs that allow it to associate with XPF and MUS81.269 XPF with its binding partner ERCC1 

associates with SLX1-SLX4 throughout the cell cycles; however, MUS81-EME1 only associates 

with SLX1-SLX4 during the G2/M phase, forming a tri-nuclease complex termed the SMX 

complex. Compared to the individual nucleases, the SMX had a much broader range of 

Figure 1.9. EME2 enhances the substrates recognized by MUS81. MUS81-EME1 can cleave 
various structures that resemble replication forks and reversed forks. MUS81-EME2 additionally 
can cleave intact Holliday junctions, which most resembles reversed forks. 
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recognizable substrates including intact HJs.270 This activity on intact HJ structures can be seen 

within cells and explains why MUS81 is crucial for the faithful disjunction of chromosomes 

entangled at fragile sites.271-273 

 XPF-ERCC1 nuclease activity does not contribute to the cleavage activity of the SMX 

complex. In vitro, the SMX complex allowed MUS81 to cleave 5’-flap structures and altered how 

MUS81 incised replication forks. Furthermore, SLX1 of the SMX complex cleaved a strand of the 

fork structure that MUS81 could not. Notably, MUS81 uncapable of binding to SLX4 was 

demonstrated to have enhanced activity on replication forks, indicating incorporation into the SMX 

complex altered the endonuclease activity of MUS81.270 Given the promiscuous activity of the 

SMX complex on fork structures, the interaction between SLX4 and MUS81-EME1 is tightly 

regulated to ensure it only occurs in the late stages of the cell cycle. Activated CDK1, an important 

driver of cellular progression through G2 and M phase, phosphorylates SLX4, which drives 

interaction with MUS81-EME1.271,274 PLK1, a vital regulator of mitotic entry and progression, 

can induce, via phosphorylation, the proteasomal degradation of WEE1, a CDK1-inhibitory 

kinase. 275,276 Accordingly, PLK1 inhibition was demonstrated to decrease the interaction between 

SLX4 and MUS81.271,274 Furthermore, WEE1 inhibition lead to premature association of SLX4 

and MUS81, resulting in profound DNA fragmentation in S phase.274 Taken together, it appears, 

under normal conditions, MUS81 only associates with SLX4 during G2/M phase since the SMX 

complex promotes genomic stability by processing replication and recombination intermediates 

that could prevent miotic entry and interfere with proper chromosome segregation. However, in S 

phase, the interaction between MUS81 and SLX4 is prevented because the broader substrate 

recognizability and enhanced nuclease activity of the complex would lead to genomic instability 

caused by improper cleavage of replication structures. 



 35  
 

MUS81 is usually important to the replication stress response 

 Considering MUS81 can cleave various replication fork substrates, the endonuclease has 

been implicated in the replication stress response. Accordingly, MUS81 depletion led to cellular 

sensitivity to various drugs that induced replication stress.277-282 Replication stress-induced DSBs 

are reduced by MUS81 depletion; however, these breaks are thought to help restart stalled 

replication forks since impaired replication progression and chromosomal aberrations also 

occurred when MUS81 was depleted.280,281 This pro-repair function of MUS81 can be seen in 

BRCA2-deficient cells where MUS81 cleavage of regressed and resected forks led to fork 

rescue.209 Interestingly, RAD52 was shown to generate substrates cleavable by MUS81, which 

enhanced survivability in replication stressed cells.283  Depletion of MUS81 in normal conditions 

reduced replication fork speed and increased origin firing, highlighting the possible need of 

MUS81 in normal replication progression, which may face innate stresses. 282 

 Although EME1 associates with MUS81 throughout the cell cycle, EME2 only binds to 

MUS81 during S phase. EME2 depletion did not affect intermediate processing and fragile site 

cleavage at G2/M phase; however, replication fork restart was impaired. DSB formation associated 

with MUS81 action at stalled forks was hindered by EME2 reduction.284 Furthermore, MUS81-

mediated genomic instability associated with WEE1 inhibition was also hindered by EME2 

depletion.274 These results would indicate MUS81-EME2 cleaves replication forks during S phase. 

However, the possible function of MUS81-EME1 during S phase cannot be ruled out because 

depletion of EME1 reduces MUS81 stability, hindering any investigation trying to rule out the 

involvement of EME1.274 Therefore, EME1 may directly contribute to MUS81 processing at forks 

or indirectly contribute by stabilizing cellular levels of MUS81. 
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 Even though MUS81 is important to the replication stress response, other investigations 

have shown MUS81 activity during replication stress can become genotoxic. Most of this 

genotoxicity is seen in Chk1-deficient cells, where MUS81 induced harmful DSBs during S phase 

that led to viability defects. The replication impairment seen in Chk1-deficient cells is rescued by 

MUS81 depletion, suggesting MUS81 action had a detrimental impact during replication when 

Chk1 activity is hindered.285,286 Interestingly, MRE11 processing of MUS81-cleaved substrates 

may contribute to the damage seen during Chk1 inhibition.285 Chk1 inhibition with aphidicolin 

treatment increased DNA damage to levels not seen in individual treatments. This DNA damage 

was reduced by MUS81 knockdown, indicating Chk1 may regulate MUS81 activity during 

replication stress.286 Accordingly, the levels of phosphorylated Chk1, which indicates ATR 

activation, appeared to be inversely correlated with MUS81-dependent DSB formation. The  

breaks seen during Chk1 inhibition is enhanced by SLX4 downregulation, indicating the SMX 

complex is not involved in break generation.283 This incidence is unlike aphidicolin or HU 

treatment, where DSB formation was dependent on SLX4.176,251 Furthermore, DSB formation due 

to SMARCAL1 overactivity is independent of MUS81.176 Taken together, different contexts of 

replication stress may induce DSB formation via the action of various DDR nucleases. 

 One interesting aspect of MUS81-dependent cleavage during replication is rather break 

formation could lead to PIKK kinase activation. In treatment with cisplatin, which induces DNA 

adducts, MUS81 knockdown reduced ATM activation, suggesting MUS81 could activate ATM.287 

In treatment with ATRi, which induces significant replication stress, MUS81 was shown to be 

involved in damage formation, which led to DNA-PK activation.245 Given the possible role of 

activated Chk1 on MUS81 activity, ATR appears to be upstream of MUS81.281 However, the 

literature contains some hints that MUS81 could influence ATR activation. p-Chk1 levels were 
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mildly reduced by EME2 depletion during WEE1 inhibition and by MUS81 knockdown in Chk1-

deficient cells.274,283 In both studies, it was theorized the collapse of the stalled replication fork by 

MUS81 was enhancing the Chk1 phosphorylation seen with Chk1 deficiency and WEE1 inhibitor. 

None of these studies further explored or confirmed if ATR could actually be activated by MUS81. 

 

Contributions of my work 

 Even with the adverse effects of R loops to genomic integrity becoming more and more 

evident, there still remains a lot to be discovered about the cellular response to R loops. I initially 

set out to study the cellular response to R loops using an episome system that would allow control 

of transcription-replication collisions and the orientation of said collisions. This system was 

deprioritized once Hamperl et al. (2017) published using a similar episome system. During my 

work with the episome system, I was able to utilize knockdown of R loop suppressors and Plad-B 

treatment in order to study R loop-mediated responses. At first, I demonstrated unequivocally that 

R loops could activate the ATR-Chk1 pathway. As expected, ATR-Chk1 pathway activation 

required replication. Unexpectedly, cleavage of MUS81 was needed for R loop-induced ATR 

activation, which was not seen in HU-induced ATR activation. R loop-induced ATR activation 

was dependent on both direct MUS81 binding partners EME1 and EME2, but independent of 

SLX4. Furthermore, ATR activation required fork reversal via SMARCAL1, ZRANB3, and 

HLTF, ssDNA generation possibly by MRE11, and ATR activators RAD17 and TopBP1. 

 Once activated, ATR prevented R loop-induced genomic instability, which was lethal 

when ATR was inhibited. Given the toxicity associated with R loop accumulation during 

replication, ATR protected the genome by (1) suppressing transcription-replication collisions, (2) 

facilitating stalled fork recovery and progression, (3) promoting a G2/M arrest to potentially ensure 
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proper DNA repair and replication, and (4) preventing toxic cleavage by MUS81. Surprisingly, 

toxic cleavage was dependent on EME1 while independent of both EME2 and SLX4, indicating 

the MUS81-EME1 heterodimer as causing the R loop-induced DNA damage, and required fork 

reversal by SMARCAL1, ZRANB3, and HLTF, suggesting MUS81-EME1 was cleaving reversed 

forks. 

 My investigation reveals a unique model of the cellular response to R loops: in S phase, 

R loops stall replication forks, which are reversed away from the R loops by fork remodelers, 

creating a substrate cleavable by MUS81. The incision by MUS81 may create a dsDNA:ssDNA 

junction and/or an entry point for MRE11 to generate ssDNA, which both are substrates required 

for ATR activation. Once activated, ATR enacts numerous mechanisms to protect against R loop-

induced DNA damage, including preventing further, potentially toxic cleavage of reversed forks 

by MUS81. These results reveal a novel mechanism of ATR activation while establishing ATR as 

a vital suppressor of R loop-driven genomic instability.  

 



  

 
 

 

 

 

 

 

 

 

 

Chapter 2 

 

R loop accumulation activates ATR through a unique MUS81-mediated pathway 
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 The results in this chapter were part of my 2019 publication.288 I would like to acknowledge 

the following contributions to this chapter: Dr. Wade Harper provided the plasmid containing the 

HA-tagged wildtype MUS81WT. Dr. Jian Ouyang created the cloning protocol for producing 

MUS81CD from MUS81WT, then making both resistant to siMUS81-1, and finally inserting these 

sequences in a lentiviral vector. The PLA protocols of Figure 2.8A were generated with                    

Dr. Jia-Min Zhang, who performed the PLAs. Dr. Hai Dang Nguyen provided the plasmid 

containing GFP-tagged RNaseH1 and performed the immunostaining and data analysis seen in 

Figure 2.10. 
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Introduction 

 Gan et al. (2011) demonstrated R loops induced by SRSF1 knockdown could stall 

replication forks. DNA damage seen in SRSF1 knockdown cells was dependent on replication, 

further indicating R loop formation was impairing replication.107 Stalled replication forks should 

activate the replication stress response, which is orchestrated by ATR. Taken together, I 

hypothesized that R loop formation during replication activated ATR. 

 ssDNA and dsDNA:ssDNA junctions are the two substrates needed for ATR activation.168 

ssDNA is bound by RPA, which recruits the ATR-ATRIP complex.151 dsDNA:ssDNA junctions 

are bound by the RAD17-RFC2-5 clamp loader, which loads the 9-1-1 complex. This clamp will 

recruit TopBP1, the direct activator of ATR.156-158 Thus, ssDNA recruits ATR at sites of DNA 

damage, and the junctions lead to the subsequent activation of ATR. At stalled replication forks, 

the formation of ATR-activating substrates depends upon the stress that induced the stalling. With 

HU, the MCM complex disengages with the stalled replisome producing large stretches of ssDNA 

and presumably a junction.169 However, some stresses stall the entire replication machinery, 

raising questions about what forms the needed substrates for ATR activation.170 

 If the entire replication fork is stalled, the fork may need to be reversed away from the 

stress-inducing impediment. Accordingly, remodeling of forks does occur during certain stresses 

and is performed by annealing helicase like SMARCAL1, ZRANB3, and HLTF.171,172 ATR 

phosphorylates SMARCAL1 to prevent its overactivity, which can induce breakage of stalled 

forks.176 Breaks during the replication stress response can occur by the MUS81 endonuclease. 

These breaks may facilitate fork restart via homology-directed break repair.280,281 In terms of the 

ATR-Chk1 pathway, phosphorylated Chk1 appears to modulate MUS81 activity during replication 

stress, indicating MUS81 may be regulated by activated ATR.286 Notably, MUS81 can cleave 
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substrates that resemble reversed forks.257-260 Lastly, MRE11, the enzyme that can produce 

stretches of ssDNA at DSBs, has both positive and negative roles during the replication stress 

response.205-208 

 In the following chapter, I demonstrate R loop formation activates ATR. R loop-induced 

ATR activation is dependent on replication. Furthermore, fork remodeling via SMARCAL1, 

ZRANB3, and HLTF is important to inducing ATR activation when R loops accumulate. 

Surprisingly, endonuclease activity of MUS81 is required for R loop-induced ATR activation. This 

cleavage does not induce DNA damage and is dependent on both EME1 and EME2, but not SLX4. 

Furthermore, when R loops accumulate, MUS81 was important to ssDNA generation, which may 

be generated by MRE11 independent of its cofactor CtIP. Overall, R loop formation appears to 

activate ATR via a novel mechanism not seen in the literature. 
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Results 

 

R loop accrual activates ATR 

 In order to study if R loops could activate ATR, I needed approaches that could induce 

R loop accumulation in cells. SRSF1 is a splicing factor that suppresses R loop formation. To 

observe if SRSF1 knockdown induced R loop accumulation in HeLa cells, DNA extracted from 

control (CTRL) and SRSF1 knockdown cells was analyzed via dot blot probed with the S9.6 

antibody, which recognizes RNA:DNA hybrids independent of sequence. SRSF1 knockdown 

increased S9.6 signal intensity (Figure 2.1A), indicating RNA:DNA hybrids were increased by 

SRSF1 depletion. The S9.6 signal seen with SRSF1 knockdown was abolished by treatment with 

Figure 2.1. SRSF1 and SETX knockdown increases R loop levels. (A) HeLa cells were 
transfected with control or SRSF1-1 siRNA. Levels of RNA:DNA hybrids in total DNA were 
analyzed by S9.6 dot blot and quantified. The specificity of S9.6 antibody for RNA:DNA hybrids 
was confirmed by RNaseH treatment. Levels of input DNA were analyzed with anti-dsDNA 
antibody. The level of RNA:DNA hybrids in each sample was normalized to the level of input 
DNA, and relative levels of RNA:DNA hybrids were compared among samples. Error bars, SD 
(four technical replicates). (B) HeLa cells were transfected with control or SETX siRNA. Levels 
of RNA:DNA hybrids in total DNA were analyzed by S9.6 dot blot. 
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purified RNaseH (Figure 2.1A), confirming the S9.6 probe was recognizing RNA:DNA hybrids 

that were most likely within R loops. A similar analysis demonstrated R loops were increased in 

SETX, a resolver of R loops at termination zones (Figure 2.1B). Furthermore, 

immunofluorescence with S9.6 confirmed R loops accumulated when cells were treated with Plad-

B (Figure 2.10A). 

 With confirmation of R loop induction by SRSF1 and SETX knockdown and Plad-B 

treatment, I proceeded to investigate whether R loops could activate the ATR-Chk1 pathway. 

When SRSF1 was knocked down with two independent siRNAs, p-Chk1, a marker of ATR 

activation, was induced (Figure 2.2A-B). A similar increase of p-Chk1 by SRSF1 knockdown 

could be seen in HCT116 cells (Figure 2.2C), demonstrating this effect was not cell-line specific. 

SRSF1 knockdown-induced p-Chk1 was reduced by VE-821, an ATRi inhibitor (Figure 2.2D), 

but not KU55933, an ATMi inhibitor (Figure 2.2E), a result that confirmed ATR was the kinase 

phosphorylating Chk1. The efficiency of ATMi was confirmed by reduction of CPT-induced 

Chk2, an ATM substrate (Figure 2.2F). The p-Chk1 levels of SRSF1 knockdown was comparable 

to those induced by 32-64 μM treatment with HU (Figure 2.2G), suggesting modest activation of 

the ATR-Chk1 pathway. Cell cycle analysis via FACS demonstrated DNA synthesis was reduced 

by SRSF1 knockdown (Figure 2.2H), indicating R loop-induced impairment of replication was 

probably responsible for ATR-Chk1 pathway activation. Phosphorylated Chk1 induction was also 

seen with SETX depletion (Figure 2.2I), indicating ATR-Chk1 pathway activation is not just 

specific to R loops induced by SRSF1 knockdown. Overall, these results suggest R loops could 

activate ATR. 
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Figure 2.2. R loop accumulation activates the ATR-Chk1 pathway. (A) HeLa cells were 
transfected with control and two independent SRSF1 siRNAs. Three days after transfection, levels 
of p-Chk1 were analyzed with phospho-specific antibodies to S317 and S345. (B) HeLa cells were 
transfected with control or SRSF1-1 siRNA for 48 or 72 hr. Levels of p-Chk1 and other proteins 
were analyzed by western blot. Unless otherwise indicated, similar Western blot analysis were 
performed in the following panels. (C) HCT116 cells were transfected with control or SRSF1-1 
siRNA. (D) HeLa cells were mock transfected or transfected with SRSF1-1 siRNA, and treated 
with ATRi (VE-821, 10 µM) for the indicated lengths of time. (E) HeLa cells were transfected 
with control or SRSF-1 siRNA, and treated with ATMi (KU55933, 10 μM) for 1 hr as indicated. 
(F) HeLa cells were treated with 1 μM CPT for 1 hr in the presence or absence of ATMi (KU55933, 
10 μM). Levels of p-Chk2 and other proteins were analyzed by western blot.  (G) HeLa cells were 
transfected with control or SRSF1-1 siRNA. The cells transfected with control siRNA were treated 
with increasing concentrations of HU for 1 hr. Levels of HU-induced p-Chk1 S345 were compared 
to the p-Chk1 detected in SRSF1 knockdown cells. (H) Cell-cycle profiles of HeLa cells 
transfected with control or SRSF1-1 siRNA. DNA synthesis was analyzed by EdU pulse labeling, 
and DNA contents were determined by propidium iodide (PI) staining. Fractions of cells in G1, S, 
and G2/M were quantified. (I) HeLa cells transfected with control or SETX siRNA were treated 
with ATRi (VE-821, 10 µM), ATMi (KU-55933, 10 µM), or DNA-PKi (NU7441, 2 µM) for 1 hr. 
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Figure 2.2 (Continued) 
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 To confirm that the ATR activation seen with SRSF1 depletion was indeed coming from 

R loops, control and SRSF1 knockdown cells were transfected with a plasmid containing GFP-

tagged RNaseH1 (Figure 2.3A-B). Cells were then divided in GFP negative (GFP-) and GFP 

positive (GFP+) populations. In the GFP- populations, the p-Chk1 immunostaining was 

significantly increased by SRSF1 knockdown cells (Figure 2.3A-B; lanes 1 and 3). However, a 

significant decrease was seen in SRSF1 knockdown cells that were GFP+ (Figure 2.3A-B; lanes 3 

and 4), indicating diminishing R loop levels via RNaseH1 expression hindered ATR-Chk1 

pathway activation. Similarly, RNaseH1 expression diminished the p-Chk1 induced by Plad-B 

treatment (Figure 2.3C). These results confirm the ATR-Chk1 pathway was activated by R loops. 
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Figure 2.3. Confirmation that the ATR-Chk1 pathway can be activated by R loop 
accumulation. (A-B) HeLa cells were transfected with control or SRSF1-1 siRNA and a plasmid 
expressing RNaseH1-GFP. Cells expressing RNaseH1-GFP were identified by GFP 
immunofluorescence. Levels of p-Chk1 in individual cells were analyzed by immunostaining and 
quantified. Representative images are shown in (A). Quantified p-Chk1 S317 signals in the GFP-
positive and GFP-negative cell populations are shown in (B). The mean p-Chk1 intensity in each 
population was determined from > 65 cells and shown as a red line. Error bars, SD.  ***p < 0.0001, 
Unpaired Student’s t test. (C) HeLa cells transfected with a plasmid expressing RNaseH1-GFP 
were treated with DMSO or Plad-B (2 nM) for 24 hr. Levels of p-Chk1 in individual cells were 
quantified by immunostaining. The mean p-Chk1 intensity was determined in the indicated GFP-
positive and GFP-negative cell subpopulations, each of which contains >80 cells. Error bars, SD. 
***p < 0.0001, Unpaired Student’s t test 
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R-loop induced ATR activation is dependent on replication 

 To test if ATR activation during R loop accrual was dependent on replication, I observed 

via immunofluorescence the levels of p-Chk1 and cyclin A, a marker of cells in S and G2, in 

control and SRSF1 knockdown cells (Figure 2.4A-B). As expected, SRSF1 knockdown increased 

p-Chk1 levels compared to control cells (Figure 2.4A-B; lanes 2 and 4). In these SRSF1 

knockdown cells, the population positive for Cyclin A had significantly higher levels of p-Chk1 

then the Cyclin A negative population (Figure 2.4A-B; lanes 3 and 4). This result suggests R loop-

induced ATR activation occurred in S and/or G2 phase. To delineate if ATR activation occurred 

in actively replicating cells of S phase, replicating cells of control and SRSF1 knockdown cells 

were labeled by EdU incorporation and stained for p-Chk1 (Figure 2.4C-D). Control knockdown 

cells had a range of EdU incorporation while p-Chk1 signal intensity was stagnant throughout the 

entire population (Figure 2.4D; blue line). However, in SRSF1 knockdown, as EdU incorporation 

increased, so did the p-Chk1 signal intensity (Figure 2.4D; red line), indicating a positive 

correlation amongst the two. These results show ATR activation in SRSF1 knockdown cells was 

dependent on replication. 
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 To further demonstrate the importance of replication to R loop-induced ATR activation, 

control and SRSF1 knockdown cells were treated for 10 hours with Roscovitine, a pan CDK 

inhibitor known to reduce the population of cells in S phase (Figure 2.5A-B). The cell cycle profile 

analysis revealed Roscovitine treatment practically abolished DNA synthesis in SRSF1 

Figure 2.4. R loop-induced ATR activation requires replication. (A-B) HeLa cells transfected 
with control or SRSF1-1 siRNA were analyzed by immunostaining with Cyclin A and p-Chk1 
S317 antibodies. Representative images are shown in (A). Levels of p-Chk1 in individual cells 
were quantified in the Cyclin A-positive and Cyclin A-negative cell populations (B). The mean p-
Chk1 intensity in each population was determined from 130 cells and shown as a red line. Error 
bars, SD.  ***p < 0.0001, Unpaired Student’s t test. (C-D) HeLa cells were transfected with control 
or SRSF1-1 siRNA. Newly synthesized DNA was pulse labeled with EdU in control (15 min) and 
SRSF1 knockdown (30 min) cells. Representative images of p-Chk1 and EdU staining are shown 
in (C). The intensities of EdU and p-Chk1 staining in >800 individual cells in each cell population 
were quantified and plotted in 2D (D). Linear regression lines of control and SRSF1 knockdown 
populations are shown. 
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knockdown cells (Figure 2.5A). Considering roscovitine treatment led to cells accumulating at G1, 

which was seen in both the cell cycle and PI profile, this severe reduction in synthesis likely came 

from roscovitine preventing entry into S phase. Roscovitine treatment considerably diminished p-

Chk1 induced by SRSF1 knockdown (Figure 2.5B), suggesting cells with R loop accumulation 

needed to enter S phase to efficiently activate ATR. To test if ongoing DNA synthesis is needed 

for ATR activation, SRSF1 knockdown cells were treated for a short duration with CDC7i, which 

would abolish any origin firing after treatment (Figure 2.5A, C). Similar to the roscovitine 

treatment, DNA synthesis was abolished in SRSF1 knockdown cells; however, the PI profile of 

SRSF1 knockdown cells with treatment matched the levels without treatment (Figure 2.5A), 

suggesting CDC7i did not shift the cell cycle profile of SRSF1 knockdown cells. Stalling of forks 

by R loops before treatment and then suppression of further origin firing after treatment probably 

led to a S population without any DNA synthesis, which would mimic the EdU and PI levels of 

G1 and G2 cells as seen in the cell cycle profile analysis. Thus, this short treatment of CDC7i 

appears to prevent any new origin firing without altering the S phase population. Interestingly, 

CDC7i treatment barely reduced p-Chk1 levels in SRSF1 knockdown cells (Figure 2.5C). This 

result suggests the ATR-activating structure induced by R loops during replication persists for 

some time since the constant generation of these structures by firing of new origins is not required 

for consistent ATR activation. 
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MUS81 mediates R loop-induced ATR activation 

 The dependency of replication and R loop accumulation for ATR activation suggests forks 

are stalling upon encountering R loops. Considering how stable the R loop is, it is not readily 

Figure 2.5. The structure formed during replication when R loops accrual persistently 
induces ATR activation. (A) HeLa cells were transfected with control or SRSF1-1 siRNA, and 
treated with CDKi (roscovitine, 25 µM) for 10 hr or CDC7i (XL413, 5 µM) for 4 hr. DNA 
synthesis was analyzed by EdU pulse labeling, and DNA contents were determined by propidium 
iodide (PI) staining. Cell-cycle profiles were analyzed by flow cytometry, and fractions of cells in 
G1, S, and G2/M were quantified when possible (top row). Cell-cycle profiles were replotted 
according to PI staining. EdU+ cells are colored in red (bottom row). (B-C) HeLa cells were 
transfected with control or SRSF1-1 siRNA, and treated with or without CDKi (roscovitine, 25 
µM) for 10 hr (B) or CDC7i (XL413, 5 µM) for 4 hr (C). Levels of p-Chk1 and other proteins were 
analyzed by western blot.  
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known how the stall replication fork would generate the proper substrates (ssDNA and 

dsDNA:ssDNA junctions) for ATR activation. One possible manner in which ATR-activating 

structures could be generated at collision sites of R loops and replication forks are by cleavage of 

R loops or replication forks. Since XPG with XPF cleaves R loops and MUS81 cleaves stalled 

forks, I tested whether these endonucleases were needed for ATR activation (Figure 2.6A). In 

SRSF1 depleted cells, XPG knockdown actually increased p-Chk1 levels (Figure 2.6A; lanes 2 

and 4). This result suggests XPG does not generate ATR-activating structures, but hinders ATR 

activation by reducing levels of R loops, resulting in less collisions between R loops and forks. 

Strikingly, MUS81 knockdown drastically reduced SRSF1 knockdown-induced p-Chk1 (Figure 

2.6A; lanes 2 and 3). The effect of MUS81 on ATR activation was so strong that MUS81 depletion 

reduced the increased p-Chk1 intensity seen in dual XPG and SRSF1 knockdown (Figure 2.6A; 

lanes 2 and 5). To further confirm this result, in SRSF1 depleted cells, MUS81 was knocked down 

with two independent siRNAs, both of which reduced p-Chk1 levels (Figure 2.6B). MUS81 may 

indirectly diminish p-Chk1 levels by reducing the S phase population in SRSF1 knockdown cells; 

however, MUS81 knockdown in SRSF1 depleted cells had no significant impact on the S phase 

population (Figure 2.6C). This data suggests MUS81 most likely has a direct effect on ATR 

activation when R loops accumulate. 
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 I wondered if any of the binding partners or interactors of MUS81 influenced its ability to 

activate ATR when R loops accumulated. During G2 and M phase, SLX4 binds to MUS81 and 

XPF forming a trinuclease complex known as the SMX complex, which has a broad range of 

recognizable structures including various replication fork structures. I wondered if during periods 

of R loop accumulation, SLX4 may prematurely associate with MUS81 to help cleave stalled forks 

Figure 2.6. MUS81 is needed for ATR activation during R loop accumulation. (A-B) HeLa 
cells were transfected with control, SRSF1-1, XPG (A), MUS81-1 (A-B), and MUS81-2 (B) 
siRNA as indicated. Three days after transfection, levels of p-Chk1 and other proteins were 
analyzed by western blot. (C) HeLa cells were transfected with control, SRSF1, and MUS81 
siRNA as indicated. DNA synthesis was analyzed by EdU pulse labeling, and DNA contents were 
determined by propidium iodide (PI) staining. Cell-cycle profiles were analyzed by flow 
cytometry, and fractions of cells in G1, S, and G2/M were quantified. 
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to activate ATR. Since the SLX4 antibodies I worked with recognized too many off-target bands 

in whole cell lysates, immunoprecipitation of SLX4 was performed in control and two independent 

SLX4 knockdowns, which demonstrated both siRNAs reduced SLX4 levels (Figure 2.7A-B). In 

SRSF1 knockdown cells, both these SLX4 knockdowns had no observable effect on induced p-

Chk1 levels (Figure 2.7C-D). Although SLX4 did not promote MUS81-mediated ATR activation 

when R loops accrual, EME1 and EME2, the two direct binding partners of MUS81, can also alter 

the substrates MUS81 can recognize, warranting further examination. Due to a lack of a working 

EME2 antibody, knockdown efficiency of the EME2 siRNA was shown by reduction of levels of 

HA-EME2, which was transiently expressed in cells (Figure 2.7E). Interestingly, p-Chk1 induced 

by SRSF1 depletion was reduced by individual knockdown of EME1 and EME2 (Figure 2.7F). 

Furthermore, both knockdowns did not alter the S phase population (Figure 2.7G), excluding cell 

cycle changes as the cause for the reduction. Taken together, EME2 not SLX4 appears to facilitate 

MUS81-mediated ATR activation when R loops accumulate. Given EME1 knockdown reduced 

MUS81 levels, the direct role of EME1 could not be deciphered. Even so, EME1 at least indirectly 

contributes to ATR activation via stabilizing MUS81. 
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Figure 2.7. MUS81 binding partners EME1 and EME2 but not SLX4 are needed for R loop-
induced ATR activation. (A-D) HeLa cells were transfected with control, SRSF-1, SLX4-1 (A, 
C), and SLX4-2 (B, D) siRNA as indicated. Knockdown of SLX4 by siSLX4-1 and siSLX4-2 was 
confirmed by SLX4 immunoprecipitation and western blot (A-B). Levels of p-Chk1 and other 
proteins were analyzed by western blot (C-D). (E) HeLa cells were transfected with control or 
EME2 siRNA for 72 hr and a plasmid expressing HA-EME2 for 48 hr. Levels of HA-EME2 were 
analyzed by western blot. (F) HeLa cells were transfected with control, SRSF1-1, EME1, and 
EME2 siRNA as indicated. Levels of p-Chk1 and other proteins were analyzed by western blot. 
(G) HeLa cells were transfected with control, SRSF1-1, EME1, and EME2 siRNA as indicated. 
DNA synthesis was analyzed by EdU pulse labeling, and DNA contents were determined by 
propidium iodide (PI) staining. Fractions of cells in G1, S, and G2/M were determined by flow 
cytometry.  
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 To test if MUS81 functions on replication forks to activate ATR, recruitment of MUS81 to 

forks was analyzed by PLA using antibodies to MUS81 and PCNA, the processivity factor of DNA 

polymerase. Compared to control, MUS81-PCNA PLA foci were significantly increased in SRSF1 

knockdown cells (Figure 2.8A), suggesting MUS81 may be recruited to R loop-induced stalled 

forks. To determine if MUS81 nuclease activity is needed for ATR activation, cell lines were 

generated to have an inducible siMUS81-1-resistant wildtype MUS81 (MUS81WT) or a 

catalytically dead MUS81 D338A/D339A mutant (MUS81CD).282 Both exogenous versions of 

MUS81 were shown to be resistant to siMUS81-1 (Figure 2.8B). MUS81WT was expressed at 

levels higher than MUS81CD, but MUS81CD levels were similar to levels of endogenous MUS81 

(Figure 2.8B). After depletion of MUS81, MUS81WT and not MUS81CD rescued p-Chk1 levels in 

SRSF1 knockdown cells (Figure 2.8C). Although, once again, MUS81WT is expressed at higher 

levels then MUS81CD, MUS81CD was expressed at a near identical levels to endogenous MUS81 

in SRSF1 knockdown cells (Figure 2.8D). These results suggest MUS81 cleaves replication forks 

that have been stalled by R loops. 
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Figure 2.8. The nuclease activity of MUS81 is needed to activate ATR during R loop 
accumulation. (A) HeLa cells were transfected with control or SRSF1-1 siRNA. The localization 
of MUS81 to replication forks was analyzed by PLA using MUS81 and PCNA antibodies. Cells 
displaying 0, 1, 2, 3, or more PLA foci were quantified in the two cell populations, each of which 
contains more than 1,170 cells. ***p < 0.0001, Unpaired Student’s t test. (B) HeLa cells were 
infected with lentiviruses expressing HA-tagged and siMUS81-1-resistant MUS81WT or 
MUS81CD, and transfected with CTRL or MUS81-1 siRNA. The levels of HA-MUS81 and 
endogenous MUS81 were analyzed by both HA and MUS81 antibodies. (C) HeLa cells were 
transfected with control, SRSF1-1, and MUS81-1 siRNA as shown. Where indicated, cells were 
infected with lentiviruses expressing siRNA-resistant MUS81WT or MUS81CD. Levels of p-Chk1 
S317 were analyzed by immunostaining and quantified. The mean p-Chk1 intensity in each cell 
population was determined from >1,000 cells and shown as a red line (n>1,000). Error bars, SD. 
***p < 0.0005. (D) HeLa cells including the MUS81WT or MUS81CD cell lines derived in (B) were 
transfected with SRSF1-1 and MUS81-1 siRNAs as indicated. The levels of HA-MUS81 and 
endogenous MUS81 were analyzed by both HA and MUS81 antibodies. 
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Fork reversal is needed for R loop-induced ATR activation 

 Since stalled forks would likely need to be reversed away from the R loop impediment, 

and MUS81 can cleave regressed replication fork substrates, I tested if fork reversal was needed 

for R loop-induced ATR activation. SMARCAL1 and ZRANB3 are both known factors that 

reverse stalled replication forks. Knockdown of both SMARCAL1 and ZRANB3 both reduced 

SRSF1 depletion-induced p-Chk1 without altering the S phase population (Figure 2.9A-C). 

Interestingly, double depletion of SMARCAL1 and ZRANB3 did not further reduce p-Chk1 levels 

(Figure 2.9A-B), suggesting they might act in concert to remodel stall forks. Furthermore, 

knockdown of a third remodeling factor, HLTF, also diminished p-Chk1 levels in SRSF1 depleted 

cells (Figure 2.9D-E). Conversely, knockdown of RECQ1, a factor that antagonizes fork reversal, 

actually increased p-Chk1 in SRSF1 depleted cells (Figure 2.9F-G), which indicates enhancing 

fork reversal increased ATR activation. Taken together, fork reversal is needed for R loop-induced 

ATR activation, suggesting MUS81 may cleave reversed forks that were stalled by R loops. 
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Figure 2.9. R loop-induced ATR activation requires fork reversal. (A-B, D-G) HeLa cells were 
transfected with control, SRSF1-1, SMARCAL1 (A-B), ZRANB3 (A-B), HLTF (D-E), and 
RECQ1 (F-G) siRNAs as shown. Levels of p-Chk1 and other proteins were analyzed by western 
blot (A, D, F). The levels of p-Chk1 from three independent experiments were quantified (B, E, 
G). Error bars, SD. *p < 0.05, Unpaired Student’s t test. (C) HeLa cells were transfected with 
control, SRSF1-1, SMARCAL1, and ZRANB3 siRNA as indicated. DNA synthesis was analyzed 
by EdU pulse labeling, and DNA contents were determined by propidium iodide (PI) staining. 
Fractions of cells in G1, S, and G2/M were determined by flow cytometry. 
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Figure 2.9 (Continued) 
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ssDNA is needed for R loop-induced ATR activation 

 At reversed forks, MUS81 may induce ATR activation by regulating the formation of 

ssDNA, a vital ATR-activating substrate. Immunofluorescence with S9.6 and RPA32 antibodies 

was performed to analyze the levels of R loops and chromatin-bound RPA32, a marker of ssDNA. 

Compared to control, R loop and RPA32 levels were increased in SRSF1 depleted cells (Figure 

2.10A). Knocking down MUS81 in SRSF1 depleted cells reduced both RPA32 and R loop levels. 

It should be noted, previous iterations of this experiment did not have an increase in R loop levels 

(data not shown). A similar analysis was performed using Plad-B to induce R loop formation 

(Figure 2.10B). As expected, R loops and RPA32 levels were increased by Plad-B treatment. 

However, MUS81 knockdown decreased RPA levels without interfering R loop levels. Although 

Figure 2.10. MUS81 generates ssDNA when R loops accumulate. (A-B) Hela cells were 
transfected with control or MUS81 siRNA for 48 hr and then further transfected with SRSF1-1  
for 48 hours (A) or treated with Plad-B (1 μM) for 4 hr (B) as indicated. Individual cells were 
analyzed by immunostaining using RPA32 and S9.6 antibodies. Intensities of S9.6 and RPA 
staining of individual cells were analyzed and plotted in 2D.  
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its effect on R loops is not clear, MUS81 appears to be needed for the generation of ssDNA during 

R loop accrual. 

 The incision of MUS81 may allow resection factors to generate ssDNA at forks. At DSBs, 

MRE11 creates incisions near the break via its endonuclease activity and degrades DNA towards 

the break via its 3’ to 5’ exonuclease activity. MRE11 knockdown reduced p-Chk1 levels in SRSF1 

depleted cells (Figure 2.11A), suggesting MRE11-mediated resection was generating stretches of 

ssDNA at R loop-induced stalled forks. To further access how MRE11 affected R loop-induced 

ATR activation, SRSF1 knockdown cells were treated individually with a titration of the following 

two drugs: PFM01, which inhibits the endonuclease activity of MRE11, and PFM39, which 

inhibits the exonuclease activity of MRE11.188 As the dose increased, PFM39 reduced SRSF1 

knockdown-induced p-Chk1 while PFM01 seemed to enhance it (Figure 2.11B), indicating the 

exonuclease but not endonuclease activity of MRE11 may be required for ATR activation during 

R loop accumulation. 

 Considering the endonuclease activity of MRE11 did not reduce SRSF1 knockdown-

induced p-Chk1, the initial incision of MRE11, which requires its endonuclease activity, with CtIP 

may not be needed to generate ssDNA at forks when R loops accumulate. To test this possibility, 

CtIP, MRE11, and MUS81 were knockdown in SRSF1 depleted cells (Figure 2.11C-D). Once 

again, MUS81 knockdown reduced the p-Chk1 intensity seen in SRSF1 depleted cells (Figure 

2.11C-D; lanes 2 and 3); however, CtIP knockdown hardly affected the p-Chk1 levels of SRSF1 

depleted cells (Figure 2.11C-D; lanes 2 and 4 of C, lanes 2 and 5 of D). Knockdown of both CtIP 

and MRE11 in SRSF1 depleted cells at most mildly diminished the p-Chk1 levels of SRSF1 

knockdown cells (Figure 2.11D; lanes 2 and 8), further indicating initial incision by MRE11 and 

CtIP may not be needed for R loop-induced ATR activation. Knockdown of MRE11 in MUS81 
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and SRSF1 depleted cells did not further reduce p-Chk1 levels when compared to SRSF1 and 

MUS81 double depleted cells (Figure 2.11D; lanes 3 and 6), suggesting MUS81 and MRE11 may 

act in concert to influence R loop-induced ATR activation. Notably, CtIP knockdown in MUS81 

and SRSF1 depleted cells further reduced p-Chk1 levels when compared to MUS81 and SRSF1 

depleted cells alone (Figure 2.11D; lanes 3 and 7), indicating CtIP may help make the initial nick 

that leads to ssDNA generation when MUS81 is lost. These results suggest MUS81 generates the 

nick on reversed forks that leads to ssDNA generation by the exonuclease activity of MRE11. 

Figure 2.11. MRE11 may generate ssDNA during R loop accumulation. (A) HeLa cells were 
transfected with control, SRSF1-1, MRE11, and MUS81-1 siRNA as shown. Levels of p-Chk1 
and other proteins were analyzed by western blot. Similar Western blot analysis were performed 
in the following panels. (B) SRSF1 knockdown HeLa cells were treated for 8 hr with a dose 
titration of PFM01 or PRM39. (C-D) HeLa cells were transfected with control, SRSF1-1, MUS81-
1, CtIP (C-D), and MRE11 (D) siRNA as shown. 
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R loops activate ATR via a unique signaling circuitry 

 Considering the importance of fork reversal and MUS81 to ATR activation when R loops 

accumulated, I tested if both promoted ATR activation induced by a different stress. MUS81, 

SMARCAL1, and ZRANB3 depleted cells were treated with 1 mM of HU, a typical dose used 

throughout the literature. The p-Chk1 induced by HU was not affected by depletion of any of the 

mentioned factors (Figure 2.12A). However, the p-Chk1 levels seen in SRSF1 knockdown are 

comparable to a 32-64 μM dose of HU. MUS81 depletion in cells treated with this low dose of HU 

had no effect on HU-induced p-Chk1 levels (Figure 2.12B). In contrast, SMARCAL1 and 

ZRANB3 reduced the p-Chk1 levels seen in low HU treatment (Figure 2.12C). Considering CtIP 

was not needed for R loop-induced ATR activation, I tested if CtIP was also not required for ATR 

activation induced by low HU. Contrarily, CtIP depletion diminished p-Chk1 induced by 32 μM 

dose of HU (Figure 2.12D). This data suggests the direct role of MUS81 on ATR activation may 

be unique to R loops while fork reversal may be needed for other contexts that impeded fork 

progression. Interestingly, the contrary results involving MUS81 and CtIP further corroborates 

MUS81 may be generating the incision needed for ssDNA generation during R loop accumulation 

while CtIP is involved with creating this incision for low HU treatment. Interestingly, there appears 

to be difference with the replication stress response induced by low and high HU treatments. 
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dsDNA:ssDNA junctions are important to ATR activation during R loop accrual 

 Considering ssDNA is important to R loop-induced ATR activation, I tested whether 

dsDNA:ssDNA junctions, the other vital ATR-activating structure, was also important. In order to 

instigate ATR activation, junctions are initially recognized by the RAD17-RFC2-5 clamp loader, 

which loads the 9-1-1 clamp onto the junction. As expected, RAD17 knockdown reduced low HU 

Figure 2.12. R loop accumulation and HU treatment activates ATR differently. (A) HeLa 
cells were transfected with control, MUS81, SMARCAL1, and ZRANB3 siRNA and treated with 
1 mM of HU for 1 hr as indicated. Levels of p-Chk1 and other proteins were analyzed by western 
blot. Similar Western blot analysis were performed in the following panels. (B-D) HeLa cells were 
transfected with control, SRSF1-1, MUS81-1 (B), SMARCAL1 (C), ZRANB3 (C), and CtIP (D) 
siRNA as shown. Where indicated, cells were treated with 32 µM of HU for 1 hr.  
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treatment-induced p-Chk1 (Figure 2.13A; lanes 5-8). A similar reduction in p-Chk1 by RAD17 

knockdown is seen in SRSF1 depleted cells (Figure 2.13A; lanes 3-4). The 9-1-1 clamp recruits 

TopBP1, the direct activator of ATR kinase activity. Knockdown of TopBP1 reduced p-Chk1 

induced by SRSF1 depletion and HU treatment (Figure 2.13B). Similar to ATR activation by HU 

treatment, dsDNA:ssDNA junction-mediated RAD17-TopBP1 circuity appears to also be 

important to R loop-induced ATR activation. 

 

  

Figure 2.13. dsDNA:ssDNA junctions are needed for R loop-induced ATR activation. (A-B) 
HeLa cells were transfected with control, SRSF1-1, RAD17 (A), and TopBP1 (B) siRNAs as 
shown. Where indicated, cells were treated with 32 or 64 µM of HU for 1 hr.  Levels of p-Chk1 
and other proteins were analyzed by western blot. 
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Discussion 

 Knockdown of SETX and SRSF1 both induced phosphorylated Chk1, which was reduced 

by ATRi treatment, confirming ATR was the kinase phosphorylating ATR. Furthermore, SRSF1 

depletion- and Plad-B-induced p-Chk1 was reduced by overexpression of RNaseH1. These results 

confirm R loops can activate ATR. 

 Gan et al. (2011) demonstrated SRSF1 knockdown could stall replication forks. 

Accordingly, Cyclin A and EdU incorporation immunostaining demonstrated the majority of 

phosphorylated Chk1 occurred in replicating cells. There is also a positive correlation between 

EdU and p-Chk1 fluorescence in SRSF1 knockdown cells. This result indicates in cells depleted 

for SRSF1, as replication increased, the ATR-Chk1 pathway was further activated. Furthermore, 

p-Chk1 levels in SRSF1 depleted cells were reduced by treatment by roscovitine, which prevented 

S phase entry. These results indicate replication is needed for R loop-induced ATR activation. 

Contrarily, p-Chk1 levels seen in SRSF1 depleted cells were mildly affected by a short-term 

treatment with CDC7i, suggesting the replication forks already stalled by R loops can persist for 

some time to continuously activate ATR. 

 Surprisingly, the phosphorylated Chk1 seen in SRSF1 depleted cells were reduced by two 

separate MUS81 siRNAs. MUS81 knockdown did not reduce the S phase population, which was 

a possible indirect manner that could dampen ATR activation. Knockdown of EME1 or EME2, 

the direct binding partners of MUS81, diminished SRSF1 depletion-induced p-Chk1; however, 

SLX4 knockdown, which can form the tri-nuclease SMX complex with MUS81, did not. These 

results suggest premature SMX complex formation during S phase was not responsible for R loop-

induced ATR activation. Furthermore, the nuclease activity of MUS81 was shown to be required 

for R loop-induced ATR activation. Interestingly, via a PLA using antibodies to MUS81 and 
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PCNA, PLA foci were increased in SRSF1 depleted cells, suggesting MUS81 was actively 

recruited to R loop-induced stalled forks. MUS81 depletion of cells treated with low and high HU 

had no impact on HU-induced p-Chk1 levels, suggesting activation of ATR by MUS81 may be 

unique to R loops. 

 Fork reversal is an important process during the replication stress response. Accordingly, 

knockdown of SMARCAL1, ZRANB3, and HLTF all reduced the phosphorylated Chk1 levels 

seen in SRSF1 depleted cells. Conversely, in SRSF1 depleted cells, an increase of p-Chk1 is seen 

with knockdown of RECQ1, which antagonizes fork reversal. Considering MUS81 can recognize 

regressed fork substrates, reversal of forks stalled by R loops is probably needed in order for 

MUS81 to cleave. Interestingly, depletion of fork remodeling factors reduced phosphorylated 

Chk1 levels in cells treated with a low dose of HU, but not with a high dose, which suggests fork 

reversal may be needed for ATR activation in other contexts. 

 ssDNA and dsDNA:ssDNA junctions are the two substrates needed for ATR activation. 

Using immunostaining with S9.6 and RPA antibodies, Plad-B-induced ssDNA was demonstrated 

to be diminished by MUS81 depletion while R loop levels remained unaffected. A similar 

reduction of ssDNA by MUS81 knockdown was seen in SRSF1 depleted cells. This data 

demonstrates MUS81 was important to ssDNA generation at R loop-induced stalled replication 

forks. Inhibition of the exonuclease activity of MRE11 reduced SRSF1 knockdown-induced 

phosphorylated Chk1; however, CtIP knockdown and inhibition of the endonuclease activity of 

MRE11 did not. Furthermore, CtIP not MUS81 diminished phosphorylated Chk1 induced by low 

dose HU treatment. These results suggest MUS81, not CtIP, may be inducing the nick at R loop-

induced stalled replication forks, leading to ssDNA generated by the endonuclease activity of 

MRE11. dsDNA:ssDNA junctions recruit the direct activator of ATR, which is TopBP1. 
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Recruitment of TopBP1 at junctions requires Rad17. Knockdown of both reduced the p-Chk1 

levels seen in SRSF1 depleted cells. Considering junctions are important to R loop-induced ATR 

activation, MUS81 may also be needed for their generation. 

 The model for R loop-induced ATR activation may be the following: R loops stall 

replication forks, which are reversed by fork remodeling helicases. This reversed forks is cleaved 

by MUS81, leading to ssDNA generation and possibly dsDNA:ssDNA junctions, which activates 

ATR at collision sites between forks and R loops. 

 



  

 

 

 

 

 

 

 

 

 

 

Chapter 3 

 

ATR protects the genome against R loop-induced genomic instability through various 

mechanisms 
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Introduction 

 R loop accrual can lead to genomic instability that impairs cellular viability. 90,91,96-98 This 

instability appears to be dependent on replication, indicating R loop-induced replication stress can 

impair genomic stability.106,107 In the previous chapter, I demonstrated R loop accumulation 

activates ATR. Therefore, I hypothesized upon dysregulated R loop formation, ATR protects the 

genome from R loop-induced genomic instability. 

 During the replication stress response, ATR can phosphorylate a slew of substrates 

including Chk1.210 Activated Chk1 can evoke an arrest of both S and G2 cell cycle phases. 233-

235,240 In S phase, the ATR-Chk1 pathway will reduce global origin firing while activating local 

dormant origins near the sites of replication stress, ensuring complete replication of the stressed 

loci while also preventing further global replication stress. 236-239,241,242 By inhibiting global origin 

firing, ATR prevents RPA exhaustion during periods of replication stress, which can lead to lethal 

genomic instability.244 Activated ATR also increases dNTP pools through regulation of RRM2 

and dCK, which are important to two distinct pathways of dNTP production. 245-249 Elevating 

dNTP levels may ensure DNA synthesis continues unabated, and stalled forks have plenty of 

nucleotides upon replication fork restart. 

 Another important role of ATR is to stabilize and help restart stalled replication forks. It 

appears ATR actively protects forks from promiscuous activity of other proteins.254 One such case 

is SMARCAL1, whose overactivity during replication stress leads to SLX4-dependent DSBs. 

Accordingly, SMARCAL1 is phosphorylated by ATR, preventing damage induction.176 ATR can 

also modulate ZRANB3 activity in a similar manner.177 Although fork remodeling is important 

for the replication stress response, ATR appears to maintain a healthy balance of remodeling to 

ensure damage does not occur. 
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 MUS81 is important to the replication stress response where it breaks stalled forks so they 

may be restarted via homology-directed repair.280,281 This role is a pro-repair aspect of MUS81 

activity; however, MUS81 can become toxic in certain replication stress contexts.274,280,281,285,286 

One such context is in cells deficient in Chk1, the main effector kinase of ATR.285,286 p-Chk1 also 

appears to modulate MUS81 activity.286 Furthermore, MUS81 can induce DNA damage when 

ATR is inhibited.245 

 In the following chapter, I demonstrate ATR protects against R loop-induced DSBs, which 

can lead to cell viability defects. Upon activation, ATR prevents transcription-replication 

collisions, which previous studies have demonstrated is genotoxic. ATR also induces a G2/M 

arrest, likely to ensure R loop-induced DNA damage is repaired before cell division. Expectedly, 

ATR promotes stalled replication fork restart during R loop accumulation. Finally, ATR also 

prevents toxic cleavage of regressed forks by MUS1. These findings enhance our understanding 

of how ATR protects cells against R loop-induced genomic instability. 
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Results 

 

ATR prevents R loop-induced genotoxicity 

Considering ATR is activated by R loops, ATR may act to stabilize the genome from their 

dysregulated formation. To test this possibility, I treated control and SRSF1 knockdown cells with 

a 24 hr treatment of ATRi and observed the signal intensity of γH2AX and p-KAP1 S824, both 

markers of DNA damage (Figure 3.1A). In control knockdown cells, this prolong treatment with 

ATRi had little effect; however, an induction of both markers was seen in SRSF1 depleted cells 

treated with ATRi, indicating ATR was preventing R loop-induced DNA damage. In SETX 

knockdown cells, ATRi rapidly abolished γH2AX (Figure 3.1B), indicating ATR may contribute 

to this phosphorylation of H2AX. However, at 4 hr and beyond, γH2AX levels returned and then 

intensified (Figure 3.1B), suggesting the prolong loss of ATR activity was now causing DNA 

damage to accumulate. Neutral comet assays demonstrated an elevation of DSBs in SRSF1 

depleted cells treated with ATRi (Figure 3.1C), confirming the DNA damage seen in the previous 

results probably came from breaks. Considering DSBs can be toxic, I tested if SRSF1 or SETX 

knockdown caused viability issues. Utilizing cell viability assays, individual depletion of SRSF1 

or SETX sensitized cells to ATRi treatment (Figure 3.1D-E). Taken together, these results suggest 

ATR protects the genome against aberrant R loops, which can induce lethal DNA damage.  
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Figure 3.1. ATR protects the genome against aberrant R loops. (A-B) HeLa cells were 
transfected with control, and SRSF1-1 siRNAs and treated with or without ATRi (VE-821, 10 µM) 
for 24 hr as indicated. Levels of p-Chk1, γH2AX (A-B), and p-KAP1 (A) were analyzed with 
phospho-specific antibodies. (B) HeLa cells were transfected with control or SETX siRNAs, and 
treated with ATRi (VE-821, 10 µM) for the indicated lengths of time. Levels of p-Chk1 and 
γH2AX were analyzed with phospho-specific antibodies.  (C) HeLa cells were transfected with 
control or SRSF1 siRNAs for 72 hr, and were treated with ATRi (VE-821, 10 µM) during the last 
12 hr. Levels of DSBs were analyzed by neutral comet assay. More than 100 comet images were 
analyzed in each sample. Error bars, SD. *p < 0.01, **p < 0.001, Unpaired Student’s t test.                    
(D) HeLa cells were transfected with control or SRSF1-1 siRNAs. Two days after transfection, 
cells were treated with increasing concentrations of ATRi (0, 1.25, 2.5, 5, and 10 µM of VE-821) 
and kept in ATRi for 3 days. Cell viability was determined using Alamar Blue. The mean cell 
viability at each condition was determined from 3-6 technical replicates. Error bars, SD. The 
relative viability of ATRi-treated cells was normalized to the viability of untreated cells. (E) HeLa 
cells were transfected twice with control or SETX siRNAs on day 0 and day 4. One day after the 
first transfection, cells were treated with increasing concentrations of ATRi (0, 1.25, 2.5, 5, and 10 
µM of VE-821) and kept in ATRi for 8 days. Cell viability was analyzed as in (D) and normalized 
to untreated control cells. Error bars, SD, 3-6 technical replicates.       
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Figure 3.1 (Continued) 
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ATR suppresses transcription-replication collisions  

 Considering ATR appears to protect the genome from R loops and activation of ATR by 

R loops is dependent on replication, I wondered if ATR could prevent collisions between R loops 

and the replication machinery. In order to measure collisions, a PLA was performed using 

antibodies to the elongating form of RNA polymerase II (p-RNAPII S2), which forms R loops, 

and PCNA, an important competent of the replisome. PLA foci could be seen in SRSF1 

knockdown only when both antibodies were used during the PLA (Figure 3.2A-C). The PLA foci 

were reduced by both CDC7i, which suppresses origin firing, and DRB, which suppresses 

transcription initiation (Figure 3.2A-B). These results validate the use of the PLA assay to monitor 

collisions between the transcription and replication machinery.  

 To test if R loops could induce transcription-replication collisions in my assay, SRSF1 

knockdown cells were transfected with a plasmid expressing RNaseH1, which reduced the PLA 

foci seen in SRSF1 depleted cells (Figure 3.2D). In addition, HeLa cells treated with Plad-B were 

transfected with and without a plasmid expressing RNaseH1 (Figure 3.2E). Compared to mock 

treatment, Plad-B exposure significantly increased cells with PLA foci. This induction was nearly 

abolished by expression of RNaseH1. Both these results indicate R loops significantly contributed 

to the transcription-replication collisions seen in SRSF1 knockdown cells. 
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Figure 3.2. R loops contribute to transcription-replication collisions. (A-C) HeLa cells 
transfected with SRSF1-1 siRNA were analyzed by PLA using antibodies to PCNA and p-RNAPII 
S2. PCNA and p-RNAPII S2 antibodies were used individually as negative controls for PLA. 
Where indicated, cells were treated with CDC7i (XL413, 5 µM) for 4 hr or RNAPIIi (DRB, 80 
µM) for 2 hr. Representative images of PLA and PCNA (A) or p-RNAPII S2 (C) staining are 
shown in (A, C). The mean number of PLA foci in each cell population was determined from 900 
cells and shown as a red line (B). Error bars: SD. (D) HeLa cells were transfected with SRSF1-1 
siRNA and with or without a plasmid expressing RNaseH1. The number of PLA foci in the nucleus 
was quantified and normalized to the nuclear area in 500 individual cells. The cell populations 
were analyzed with Python 3.7 to generate violin plots, which show the distribution of cells with 
various numbers of PLA foci. A box plot is shown within each violin plot with the white circle 
corresponding to the median of the distribution. ***p < 0.0001, Unpaired Student’s t test. (E) HeLa 
cells were mock transfected or transfected with a plasmid expressing RNaseH1 as indicated, and 
then treated with DMSO or Plad-B (2 nM) for 20 hr. The fractions of cells displaying robust PLA 
signal of PCNA and p-RNAPII were quantified in >950 individual cells in each cell population. 
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Figure 3.2 (Continued) 
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 Utilizing this assay, I tested if inhibition of ATR had any effect on transcription-replication 

collisions. ATRi treatment showed an increase in the PLA signal seen in SRSF1 depleted cells 

(Figure 3.3A-B). ATR may prevent collisions by modulating either R loop formation or origin 

firing. In S9.6 dot blot assay, ATRi treatment had little effect on R loop levels (Figure 3.3C). This 

result suggests ATR most likely prevents collisions between the transcription and replication 

machinery by suppressing origin firing, a known effect of the activated ATR-Chk1 pathway.  

Figure 3.3. ATR suppresses transcription-replication collisions. (A-B) HeLa cells transfected 
with SRSF1-1 siRNAs were treated with or without ATRi (VE-821, 10 µM) for 24 hr, and 
analyzed with PLA as in Figure 4.2. Representative images of PCNA and PLA staining are shown 
in (A). The mean number of PLA foci in each cell population was determined from >1,200 cells 
and shown as a red line (B). Error bars: SD. (C) HeLa cells were transfected with SRSF1-1 siRNA 
and treated with or without ATRi (VE-821, 10 µM) for 24 hr. Levels of RNA:DNA hybrids in 
total DNA were analyzed with S9.6 dot blot and quantified. Error bars, SD, 3 technical replicates. 
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ATR promotes DNA synthesis and a G2/M arrest in response to R loops 

 When analyzing the cell cycle profile of control and SRSF1 knockdown cells, I noticed 

SRSF1 depleted cells had reduced DNA synthesis and accumulated in the G2/M phase. R loop-

induced transcription-replication collisions could result in the formation of replication 

intermediates that could lead to mitotic catastrophe during chromosomal segregation in M phase. 

To prevent this instability, ATR may induce an arrest in G2/M phase. To test this possibility, cell 

cycle analysis via FACS was performed on control and SRSF1 knockdown cells treated with and 

without ATRi (Figure 3.4A). In control cells, ATRi had no effect on cell cycle and actually 

increased DNA synthesis, an expected result considering inhibiting ATR would prevent it from 

suppressing origin firing. However, ATRi treatment reduced the G2/M accumulation seen in 

SRSF1 knockdown cells, indicating ATR was most likely responsible for inducing this arrest. 

Interestingly, in SRSF1 knockdown cells, DNA synthesis was also reduced by ATRi treatment, 

suggesting ATR was needed for replication fork recovery during R loop accumulation. To test if 

ATR facilitated fork recovery, cells were treated for 8 hours with Plad-B, which essentially 

abolished DNA synthesis (Figure 3.4B). Afterwards, cells were released into media containing 

CDC7i, which would suppress any new origins from firing. Replication fork recovery occurred 

within 45 minutes. However, if ATRi was added to CDC7i treatment, replication fork recovery 

was delayed, suggesting ATR was promoting recovery of R loop-induced stalled forks. Notably, 

the cell cycle pattern of SRSF1 knockdown with ATRi matched what was seen when MUS81 was 

knocked down in SRSF1 depleted cells. Both caused a reduction in DNA synthesis and reduced 

G2/M accumulation in SRSF1 depleted cells (Figures 2.6C, 3.4A). These mirroring results seem 

to further corroborate MUS81 can activate ATR when R loops accumulate.  
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ATR prevents MUS81-induced DNA damage at reversed forks when R loops accumulate 

 Considering DSBs form when ATR is inhibited in cells with R loop accumulation, I 

wondered what nuclease was causing these breaks. Therefore, I knocked down XPG and/or 

MUS81 in SRSF1 depleted cells treated with ATRi (Figure 3.5A). XPG knockdown actually 

increased γH2AX in SRSF1 depleted cells (Figure 3.5A; lanes 2 and 4), suggesting XPG was 

suppressing R loop levels leading to further DNA damage when depleted. However, MUS81 

knockdown reduced γH2AX in ATRi-treated SRSF1 depleted cells (Figure 3.5A-B; lanes 2 and 3 

Figure 3.4. ATR promotes a G2/M arrest and facilitates replication recovery. (A) HeLa cells 
were transfected with control or SRSF1-1 siRNAs, and treated with ATRi (VE-821, 10 µM) for 
24 hr. DNA synthesis was analyzed by EdU pulse labeling, and DNA contents were determined 
by propidium iodide (PI) staining. Cell-cycle profiles were analyzed by flow cytometry, and 
fractions of cells in G1, S, and G2/M were quantified. (B) HeLa cells were treated with Plad-B      
(1 µM) for 8 hr, and with CDC7i (XL413, 5 µM) during the last 45 minutes of this treatment. Cells 
were then washed and released into media containing CDC7i (XL413, 5 µM) and ATRi (VE-821, 
10 µM) as indicated. Cells were labeled with EdU for 30 min before and after Plad-B treatment, 
or for the indicated lengths of time after Plad-B release. 
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of A, lanes 4-6 of B). MUS81 knockdown even reduced the elevated γH2AX seen in ATRi-treated 

cells double-depleted for SRSF1 and XPG (Figure 3.5A; lanes 3 and 5). Furthermore, ATRi 

induced γH2AX in cells treated with Plad-B, which was diminished by MUS81 depletion (Figure 

3.5C). To test if the nuclease activity of MUS81 was needed for damage induction, I utilized the 

MUS81WT and MUS81CD cell lines derived in Figure 2.8. After depletion of MUS81, MUS81WT 

and not MUS81CD rescued γH2AX levels in ATRi-treated SRSF1 knockdown cells (Figure 3.5D), 

indicating the cleavage by MUS81 was generating the observed damage. These results indicate 

that although MUS81 cleavage is initially needed for ATR activation when R loops accumulate, 

ATR may restrict further MUS81 activity, which can eventually turn toxic. 



 85  
 

 

 To understand what binding partner of MUS81 was needed for toxic cleavage, I knocked 

down EME1, EME2, and SLX4 in ATRi-treated SRSF1 depleted cells. Although EME2 was 

involved in R loop-induced ATR activation, EME2 knockdown did not reduce the γH2AX seen 

when SRSF1 depleted cells are treated with ATRi (Figure 3.6A). Knockdown of SLX4 by two 

Figure 3.5. ATR prevents toxic cleavage of MUS81 when R loops accumulate. (A-B) HeLa 
cells were transfected with control, SRSF1-1, XPG (A), and MUS81-1 (A-B) siRNAs, and treated 
with ATRi (VE-821, 10 µM) for 24 hr as indicated. Levels of γH2AX and other proteins were 
analyzed by western blot. (C) HeLa cells were transfected with control or MUS81 siRNAs for 48 
hr. Cells were then treated with ATRi (VE-821, 10 µM) in the presence or absence of Plad-B (1 
nM) for 24 hr. Levels of γH2AX were analyzed by western blot. (D) HeLa cells were transfected 
with SRSF1 or MUS81 siRNAs and treated with ATRi for 12 hr. Where indicated, cells expressed 
a siRNA-resistant MUS81WT or MUS81CD. Levels of γH2AX were measured by immunostaining 
in >1,000 cells. The fractions of cells displaying γH2AX signals above the ground were colored in 
red and quantified. ***p<0.0001, Unpaired Student’s t test. 
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independent siRNAs actually increased the γH2AX signal (Figure 3.6B-C). Furthermore, in 

SRSF1 depleted cells, treatment with CDK1i and PLK1i, which would prevent the SMX complex 

from forming, also had a similar effect (Figure 3.6D). However, EME1 knockdown did reduce the 

ATRi-induced γH2AX in SRSF1 depleted cells (Figure 3.6A). These results would suggest the 

MUS81-EME1 complex was responsible for R loop-induced DNA damage when ATR is inhibited. 

 

Figure 3.6. MUS81-EME1 is responsible for ATRi-induced DNA damage when R loops 
accumulate. (A-C) HeLa cells were transfected with control, SRSF1-1, EME1 (A), EME2 (A), 
SLX4-1 (B), and SLX4-2 (C) siRNAs as indicated, and treated with ATRi (VE-821, 10 µM) for 
24 hr. SLX4 and EME2 knockdown were confirmed in Figure 2.7A-B, E.  Levels of γH2AX and 
other proteins were analyzed by western blot. (D) HeLa cells were transfected with control or 
SRSF-1 siRNAs, and treated with ATRi (VE-821, 10 µM) together with CDK1i (RO-3306,15 µM) 
or PLK1i (BI2536, 250 nM) for the indicated lengths of time. Levels of γH2AX were analyzed by 
western blot.  
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 I tested if MUS81 was acting on reversed forks to generate R loop-induced DNA damage 

when ATR is lost. In SRSF1 depleted cells treated with ATRi, both SMARCAL1 and ZRANB3 

knockdown reduced γH2AX (Figure 3.7A). A similar reduction was seen with HLTF depletion 

(Figure 3.7B). In SRSF1 depleted cells, knockdown of RECQ1, which antagonizes fork reversal, 

increased ATRi-induced γH2AX (Figure 3.7C). Although it can promote R loop-induced ATR 

activation, when ATR is inhibited, fork reversal may lead to toxic cleavage by MUS81-EME1.   

Figure 3.7. R loop-induced DNA damage when ATR is inhibited requires fork reversal. (A-
C) HeLa cells were transfected with control, SRSF1-1, SMARCAL1 (A), ZRANB3 (A), HLTF 
(B), and RECQ1 (C) siRNAs as shown. Levels of γH2AX and other proteins were analyzed by 
western blot. 
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Discussion 

 DNA damage is increased when SRSF1 and SETX knockdown cells were treated with a 

prolong treatment of ATRi. Furthermore, using a neutral comet assay, DSBs were significantly 

increased in SRSF1 depleted cells treated with ATRi. These breaks are capable are causing 

viability defects since both SRSF1 and SETX knockdown cells were sensitive to ATR inhibition.  

 Considering ATR protects the genome from R loop-induced DNA damage, I went about 

understanding how ATR exerts this protective role. A PLA assay using antibodies to PCNA and 

elongating RNAPII was developed and shown to be capable of observing and quantifying 

collisions between the replication fork and transcription machinery. SRSF1 depletion- and Plad-B 

treatment-induced PLA foci were reduced upon overexpression of RNaseH1, indicating a portion 

of collisions were caused by R loops. Using this assay, PLA foci in SRSF1 depleted cells were 

shown to be increased by ATRi treatment. Considering ATRi did not seem to modulate R loop 

levels, ATR most likely prevents collisions between R loops and replication forks by suppressing 

global origin firing.  

 Cell cycle analysis revealed a reduction in DNA synthesis and a G2/M phase accumulation 

in SRSF1 knockdown cells. This accumulation and DNA synthesis was reduced by ATRi 

treatment. Furthermore, a replication fork recovery assay demonstrated ATR facilitated the 

recovery of replication forks stalled by Plad-B treatment. This data suggests two things: ATR 

induces a G2 or M arrest and promotes recovery of stalled replication forks when R loops 

accumulate. ATR may induce a G2 or M arrest to possibly facilitate DNA repair of any R loop-

induced DNA damage and to prevent possible mitotic issues that comes from separating replication 

intermediates that may arise between R loops and replication forks.   
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 Lastly, the ATRi treatment-induced DNA damage in SRSF1 depleted cells was reduced by 

MUS81 knockdown. The nuclease activity of MUS81 was shown to be vital to inducing the DNA 

damage seen in SRSF1 depleted cells. Additionally, EME1 depletion reduced this DNA damage 

while EME2 or SLX4 did not. These results suggest the MUS81-EME1 complex alone is 

generating the breaks seen when ATR activity is lost in cells with elevated R loop levels. 

Furthermore, in SRSF1 depleted cells, DNA damage induced by ATRi treatment is diminished by 

knockdown of SMARCAL1, ZRANB3, and HLTF. Conversely, RECQ1 knockdown enhanced 

DNA damage. These results suggest MUS81 may need sustained fork reversal in order to generate 

breaks. 

 Overall, upon activation by R loops, ATR prevents R loop-induced DNA damage via 

various mechanism, which include (1) preventing transcription-replication collisions, (2) 

promoting a G2 or M arrest, (3) facilitating stalled fork recovery, and (4) preventing toxic cleavage 

of reversed forks by MUS81. Overall, it appears ATR is involved in a negative feedback loop 

where MUS81 cleavage of reversed forks activates ATR to prevent further cleavage of said forks 

by the endonuclease.  

 



  

 

 

 

 

 

 

 

 

 

 

Chapter 4 

 

Developing an episome system to study the collisions between R loops 

and DNA replication forks 
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Introduction 

 Although my studies using cells with high levels of R loops have revealed important 

mechanisms of the R loop response, some of the important molecular details of the R loop response 

are difficult to study in vivo. For example, we cannot distinguish the effects of HO and CD 

collisions between R loops and replication forks in cells.  Therefore, I sought to develop a highly 

controlled system to study the cellular response to R loops and their collisions with replication 

forks. Episomes are genetic elements that propagate independently of chromosomes in mammalian 

cells. One such episome contains the replication origin (oriP) of the Epstein-Barr virus (EBV).289 

The initiation of DNA replication at OriP requires the Epstein-Barr virus nuclear antigen 1 

(EBNA1) protein, which binds OriP and numerous endogenous replication factors.290 Notably, 

once initiated, the replication forks assembled at OriP consist of endogenous replication factors, 

allowing the use of OriP-containing episomes to study the response of endogenous replication 

forks to various types of stresses. Importantly, one of the two replication forks generated at OriP 

is stalled within the OriP locus, leaving only one replication fork progressing away from the 

origin.289 This unique feature of OriP enables the precise control of replication fork direction in 

the episome, making it possible to distinguish HO and CD collisions between replication forks and 

defined impediments.  

 Sγ3 is a mouse switch region known to form R loops. Notably, constitutively expression 

of Sγ3 was demonstrated to prevent the replication of plasmids containing it within bacteria. 

Furthermore, Sγ3 was shown to induced chromosomal rearrangements, which was hindered upon 

replication inhibition. 2d gel electrophoresis demonstrated Sγ3 expression impaired replication 

forks, an impairment that was diminished upon RNaseH1 overexpression.107 The sequence of Sγ3 

is over 2 kb long with over 60% GC skew, indicating a large RLFS. Furthermore, the expression 
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of switch regions such as Sγ3 can induce switching on episomes, indicating switch regions can be 

studied on an episomal system.291,292 

 One powerful way episomes can be used to study various processes is through episomal 

chromatin immunoprecipitation (eChIP), which can observe the binding of specific proteins to the 

episome. eChIP was created to study the recruitment of the E2F family of transcription factors to 

promoters.293 Later, Shen et al used eChIP to study the FA pathway by introducing crosslinks 

within the episome. Interestingly, they were able to demonstrate replication caused the differential 

recruitment of various FA proteins.294 

 In order to study the effects of HO and CD collision of R loops and replication forks, I 

inserted an inducible Sγ3 and Green Fluorescent Protein (GFP) gene ahead of the unidirectional 

EBV oriP in both HO and CD orientations. My initial plan was to first use the episome system to 

study the activation of ATR pathway by HO and CD collisions between R loops and replication 

forks. If R loop-induced ATR activation is successfully recapitulated in this system, I would have 

then used eChIP to characterize the recruitment of various checkpoint and repair proteins to sites 

of R loop-replication fork collisions. These experiments could have potentially revealed important 

details of the process of ATR activation and ATR functions at R loops. During the course of my 

work, a similar episome system was published by Hamperl et al. (2017), who used the RLFS in 

the mouse AIRN (mARIN) gene to induce HO and CD collisions in EBV episomes.111 Although 

I have not completed all the experiments that I planned for my inducible system, I will describe 

how the system was generated and my initial characterization of it.   
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Results 

 Sγ3 and enhanced GFP (eGFP) was placed under the control of the tetracycline-controlled 

Transcriptional Activation (tTA) promoter, allowing for expression of these two elements to be 

induced by DOX treatment. tTA-Sγ3 and tTA-eGFP was then inserted in a HO and CD orientation 

ahead of the EBV oriP. The episomes containing tTA-Sγ3 and tTA-eGFP in a HO orientation in 

respect to the unidirectional oriP is termed pH and pH-con while the CD orientation is termed pC 

and pC-con (Figure 4.1A). These episomes can be introduced into HEK293E cells, which contains 

a constitutively expressed EBNA proteins, and HEK293T cells as a replication control. 

Furthermore, transcription of the episomal Sγ3 and eGFP can be controlled by the presence and 

absence of DOX treatment. Taken together, the individual and dual effects of transcription and 

replication of all four episomes can be studied, creating a robust system to observe the possible 

DDR to R loop formation and transcription-replication collisions (Figure 4.1B). 
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Figure 4.1. The potential of the episome system to study collisions between replication forks 
and R loops. (A) Construct maps of the four episomes created for the episome system. EBV origin 
of replication (red), Sγ3 (purple), eGFP (green), arrows indicate direction of replication or 
transcription. (B) Schematic of the plan to study the effect of R loops on replication. 



 95  
 

 Once all four episomes were created, I tested the effectiveness of episomal transcription. 

Dox-induced green fluorescence was seen in HEK293T cells transfected with pH-Con and a 

plasmid containing reverse tetracycline-controlled transactivator 3 (rtTA3), which induces 

expression of tTA promoted genes when bound to Dox (Figure 4.2A). Furthermore, Dox-induced 

green fluorescence can be seen in HEK293E cells transfected with either pH-con and pC-con 

(Figure 4.2B). Importantly, no signal is seen without Dox treatment, indicating tight transcriptional 

control of genes promoted by rTA (Figure 4.2A-B). I then tested if episomal replication occurred 

in HEK293E cells. Initially, EBNA1 expression was confirmed in HEK293E cells (Figure 4.2C). 

Then, pH was transfected in HEK293E and, as a replication control, HEK293T cells (Figure 4.2D). 

On day 6, rtTA3-containing plasmid was transfected into the cells with Dox treatment. Only 

HEK293E cells showed green fluorescence. Furthermore, when Dox was added once again on Day 

9, a day later, green fluorescence was again only observed in HEK293E cells. Considering 7 and 

10 days are far longer then what a transiently transfected, plasmid-like construct is expected to 

remain within cells, these results suggest EBNA1-induced episomal replication was maintaining 

pH-con within the nucleus. 
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Figure 4.2. Confirmation of episomal replication and transcription. (A-B) Brightfield and 
fluorescent images of HEK293T (A) and HEK293E (B) cells transfected with a plasmid containing 
rtTA3 and the pH-con or pC-con episomes, and treated with and without Dox as indicated. (C) 
Levels of EBNA in HEK293T and HEK293T were analyzed by Western blot. (D) Brightfield and 
fluorescent images of HEK293T and HEK293E cells transfected with a plasmid containing rtTA3 
and the pH-con or pC-con episomes for 7 and 10 days, and treated with and without Dox.  



 97  
 

 With episomal transcription and replication corroborated, I tested if ATR activation could 

be caused by R loop-induced transcription-replication collisions within the transfected episomes. 

pH was transfected in HEK293E and HEK293T cells with and without Dox treatment (Figure 

4.3A). Slight p-Chk1 induction was seen in HEK293E cells treated with Dox. However, a robust 

signal was seen in HEK293T cells transfected with pH. This induction may have been background 

signal considering the cells transfected in the absence of pH and pH without Dox also had similar 

p-Chk1 induction. However, considering the signal was higher in cells lacking episomal 

replication, I further tested if transcription alone of Sγ3 was inducing ATR activation. Surprisingly, 

little difference of p-Chk1 levels were seen between rtTA3-expressing HEK293T cells transfected 

with pH, pC, and pH-con treated with Dox (Figure 4.3B). Furthermore, pH and rtTA3-double 

transfected HEK293T cells treated with Dox had no p-Chk1 compared to cells lacking Dox and 

rtTA3 (Figure 4.3C), suggesting R loop formation was not inducing ATR activation. Adding 

EBNA to pH and rtTA3-double transfected cells with Dox treatment did not induce p-Chk1 either 

(Figure 4.3C; last lane), indicating replication-transcription collisions were not inducing ATR 

activation. At this point, I thought cells may have lacked enough episomes to induce a global signal 

of ATR activation. 
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Figure 4.3. ATR activation is difficult to observe using the episome system. (A) HEK293T and 
HEK293E cells were transfected with a plasmid containing rtTA3 and the pH episomes, and 
treated with and without Dox as indicated. Levels of p-Chk1 and Chk1 were analyzed by western 
blot. (B) HEK293T cells were transfected with a plasmid containing rtTA3 and the pH, pC, and 
pH-con episomes, and treated with and without Dox as indicated. Levels of p-Chk1, Chk1, and 
GFP were analyzed by western blot. (C) HEK293T cells were transfected with and without a 
plasmid containing rtTA3 and the pH, pC, and pH-con episomes, and treated with and without 
Dox as indicated. Levels of p-Chk1 were analyzed by western blot. CPT treatment was used as a 
control for the p-Chk1 antibody. 
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Discussion 

 I have made a number of preliminary observations in my characterizations of the inducible 

system: First, I was able to confirm the induction of GFP genes in the episomes, and the expression 

of EBNA1 in HEK293E cells. Second, I have observed a weak induction of p-Chk1 when Sγ3 was 

induced on the pH episome and HO collisions are expected (Figures 4.3A). However, in HEK293T 

cells, where DNA replication is not expected to be initiated on episomes, a strong background of            

p-Chk1 was observed (Figure 4.3A). This induction was difficult to recapitulate (Figure 4.3B). 

Furthermore, expression of EBNA1 in HEK293T cells did not significantly increase p-Chk1 when 

Sγ3 was induced on the pH episome (Figure 4.3C), raising doubts on whether the p-Chk1 signal 

is dependent on the DNA replication on episomes. Considering I collected whole-cell lysates from 

populations of cells carrying episomes, the activation of ATR needed to be fairly robust to be 

detected. If DNA replication and ATR activation only occur on a fraction of episomes in a fraction 

of cells, the efficiency of ATR activation may be too low to be detected by Western blot. In order 

for the episome system to work, I would need to generate HEK293E cells harboring high numbers 

of the pH episome, and confirm that DNA replication occurs robustly on the episome in an 

EBNA1-dependent manner.   

 However, Hamperl et al. (2017) did successfully use a similar episome system to study the 

DDR to R loop formation. They were even able to see ATR and ATM activation using the Western 

blotting approach. In their immunofluorescence data, ATR and ATM activation can be seen 

throughout the cell, indicating cells contained many of these episomes. A key difference between 

our approaches is they put a selection marker on the episome. I shied away from using a selection 

marker on the episome because it would be a region of the episome that was constantly expressed, 

which I worried could confound results even if my inducible Sγ3 was placed nearer to the 
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unidirectional replication fork. By employing this selection marker, Hamperl et al. (2017) was able 

to select single cell colonies containing a relative high amount of episomes, which is probably the 

reason why they were able to observe both ATR and ATM activation with global assays such as 

Western blotting and immunofluorescence. In retrospect, this strategy was far better considering 

it resolved issues with copy number. Another problem with my strategy is it relied on plasmid 

transfection of the episome. When looking at control cells, a significant minority had no 

fluorescence, indicating incomplete transfection of the cell population. Furthermore, how many 

episomes each cell contained would be variable throughout the population. Also, Hamperl et al. 

(2017) observed episome copy loss through time even with a selection marker, which would 

suggest after transfection, cells in my experiment were also undergoing copy loss.111  

 Another interesting difference between my episome system and Hamperl et al. (2017) is 

the RLFS. I was employing a prominent 2.2 kb RLFS of the Sγ3 switch region. (Figure 4.1). They 

used a 1 kb portion of the mouse AIRN gene, which was shown previously to form R loops.18 

Surprisingly, they observed that HO collisions between R loops and replication induced ATR 

activation while CD collisions only induced ATM activation. However, they did not employ any 

other RLFS in their study.111 It would have been interesting to see the results of a different RLFS. 

Notably, I had numerous difficulties with cloning Sγ3, which mirrored the difficulties of Gan et al 

(2011).107 It is tempting to speculate that the RLFS of Sγ3 would have produced a more prominent, 

longer R loop that may have induced a different DDR then what is seen with the mouse AIRN 

gene. 

 While optimizing the episome system, I was also looking into alternative ways to study 

the DDR evoked by R loops. One such method is to knock down R loop suppressors or resolvers, 

which will elevate R loop levels within cells. When looking into ATR activation, these 
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knockdowns that induce R loop accumulation increased phosphorylated Chk1 levels. This result 

led me to deprioritize the episome system in favor of using this alternative method to study the 

various aspects of the cellular response to R loop formation. 
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 R loops are a byproduct of transcription.10 These three-stranded structures are important to 

various cellular processes, such as gene expression, transcriptional termination, CSR, 

mitochondrial replication, faithful segregation of chromosomes, and break repair.18,31,38,56,69,75 

Although R loops can play a beneficial role, if they are expressed in a dysregulated fashion, 

R loops can cause severe genomic instability.90,91 This instability seemed to be dependent on 

replication, which may be due to the capability of R loops to stall replication forks.106,107,111 

Considering the potential hazard of dysregulated R loop formation to genomic stability, cells 

contain numerous proteins that can suppress or resolve R loops.114,127 Interestingly, more and more 

DDR proteins have been implicated in the cellular response to atypical R loop formation.99,139 

Considering R loops can stall forks, my investigation began with the following overarching 

hypothesis: R loops activate ATR, which prevents genomic instability induced by their formation. 

I attempted to develop an episome system to study the response to R loops, which is still 

incompletely characterized (Chapter 4). Using other means to induce R loop formation, I 

demonstrated that R loops activated ATR (Chapter 2), and that ATR protected the genome from    

R loop-induced DNA damage (Chapter 3). Both these basic findings were shown prior (Figure 

5.1A). My work into these two aspects revealed a novel MUS81-triggered ATR activation 

feedback loop that is evoked by R loop formation during replication (Figure 5.1B).  

 

R loops activate the ATR-Chk1 pathway in replicating cells 

 At the beginning of the project, it was not really known if R loop formation could lead to 

ATR activation. There were some indications, chief among them being R loops could stall 

replication forks, which should activate the replication stress response mediated by ATR.104,106,151 

As my project progressed, ATR was shown to be activated by R loop accumulation by various 
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investigations using knockdown of R loop suppressors such as AQR, cells with splicing defects 

such as those expressing the U2AF1S34F mutant, and inhibitors such as Plad-B.80,115,117 However, 

Figure 5.1. Model of ATR-mediated response to R loops. (A) Model of what was known prior 
about the ATR-mediated DDR pathway to R loops. (B) The following is the model deciphered by 
my investigation: Dysregulated R loop formation can stall replication forks, which can be reversed 
away from the R loop by SMARCAL1, ZRANB3, and HLTF. These reversed forks are incised by 
MUS81-EME2. This incision can serve as an entry point to MRE11 resection, which produces the 
structures necessary for ATR activation. ATR will then stabilize the genome by suppressing 
further transcription-replication collisions, promoting a G2/M arrest and fork recovery, and 
preventing toxic cleavage by MUS81-EME1 of reversed forks.  
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a key difference between that work and mine is my focus on the ATR-Chk1 pathway. A few prior 

investigations demonstrated R loop accumulation activated the ATR-Chk1 pathway, with the most 

prominent being Hamperl et al. (2017), which observed HO collisions between R loops and forks 

elevated p-Chk1 levels; however, neither ATRi nor RNaseH1 overexpression was used to confirm 

that the induction of p-Chk1 is dependent upon ATR and R loops. I demonstrated that SRSF1 and 

SETX knockdown, which I showed both increased R loop levels, induced p-Chk1, which is 

reduced by ATRi treatment (Figures 2.1-2). Furthermore, I showed that SRSF knockdown and 

Plad-B-induced phosphorylated Chk1 is diminished by overexpression of RNaseH1 (Figure 2.3). 

Both results resoundingly demonstrate that R loop accumulation can lead to Chk1 phosphorylation 

through activated ATR.  

 I expected the activation of the ATR-Chk1 pathway in my previous data would rely on 

replication, considering stalled replication forks can be seen in SRSF1 knockdown cells.107 

However recent studies have shown that R loops could activate ATR outside S phase. During 

mitosis, R loops at centromeres can locally activate the ATR-Chk1 pathway to ensure faithful 

chromosome segregation.69 Furthermore, AQR knockdown-induced RPA p-Ser33, a 

phosphorylation event induced by ATR, was seen in both S and non-S phase cells. Further 

investigation showed that RPA helps recruit and stimulate RNaseH1 in order to resolve R loops to 

suppress genomic instability.115 In both cases, the ssDNA of R loops appeared to be stimulating 

ATR.  

 In my investigation, the majority of the ATR-Chk1 pathway activation by R loops did 

indeed occur in replicating cells. Notably, there is a positive correlation between EdU 

incorporation and p-Chk1 fluorescence in SRSF1 knockdown cells, indicating increased 

replication induces further ATR-Chk1 pathway activation (Figures 2.4-5). This dependency on 
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replication suggests the RPA-coated ssDNA of R loops is not sufficient to activate the ATR-Chk1 

pathway globally. However, such in the case of RPA p-Ser33, this RPA-coated ssDNA could still 

locally recruit the ATR-ATRIP complex, which may phosphorylate a subset of its targets that does 

not include Chk1. One possibility is R loop-induced stalled replication forks could further recruit 

ATR and/or enhance its activation, allowing for it to phosphorylate additional targets including 

Chk1. Furthermore, collisions with forks could stabilize R loops, enhancing the contribution of the 

ssDNA within R loops to ATR activation. It remains to be fully seen the differences of ATR-

mediated responses to R loops in and out of S phase.  

 

Fork reversal is an important process to ATR activation 

 When cells are treated with HU, the MCM complex uncouples from the rest of the 

replisome, which has stalled due to the lack of dNTPs. This uncoupling produces long stretches of 

ssDNA, enhancing ATR recruitment to these sites of stalled forks.169 However, similar to an ICL, 

R loops may stall the entire replisome, preventing the progression of the MCM complex. In that 

case, stalled replication forks may need to be reversed in order to produce ATR-activating 

structures. Furthermore, the reversing of the fork would also generate more space between the 

replication fork and R loop, potentially facilitating the resolution of the R loop structure.   

 I demonstrated the Chk1 phosphorylation seen in SRSF1 depleted cells is reduced by 

knockdown of three fork remodeling factors: SMARCAL1, ZRANB3, and HLTF. Additionally, 

knockdown of RECQ1, a factor that resolves reversed forks, enhanced Chk1 phosphorylation 

(Figure 2.9). Taken together, these results would indicate fork reversal was needed for ATR 

activation during R loop accumulation. ATR has been shown to restrict SMARCAL1 activity; 

however, its activity was not shown to activate ATR.176 Although replication stress-inducing drug 
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treatments have been shown to induce fork reversal, this process has not been implicated in 

activating ATR.175 My results suggest fork reversal of R loop-induced stalled forks is needed for 

efficient Chk1 phosphorylation.  

 Interestingly, the requirement of fork reversal for ATR activation is different amongst low 

and high dose treatment of HU. In high HU treatment, SMARCAL1 and ZRANB3 is not needed 

for efficient Chk1 phosphorylation; however, in low HU treatment, SMARCAL1 and ZRANB3 is 

needed (Figure 2.12A, C). The difference may lay with the differential effects of the treatments. 

In high HU treatments, the MCM complex decouples from the stalled replisome and runoffs, thus 

generating large swarths of ssDNA that can recruit ATR.169 In contrast, the low HU treatment was 

demonstrated to slow down forks, which would suggest the MCM complex was remaining within 

or near the replisome.295 In that case, forks may be reversed to generate the ssDNA required for 

efficient ATR activation. Nevertheless, my data showing the contributions of fork remodeling to 

ATR activation induced by R loop accumulation and low HU treatment is novel as it indicates a 

new component in the circuitry that leads to ATR activation.   

 My data demonstrating three separate fork remodeling enzymes are needed for R loop-

induced ATR activation presents an interesting query (Figure 2.9A-B, D-E). Dual knockdown of 

SMARCAL1 and ZRANB3 in SRSF1 depleted cells showed Chk1 phosphorylation is not further 

reduced then the individual knockdowns (Figure 2.9A; lanes 5-8). This result would suggest both 

play crucial, non-reductant roles in the fork reversal that activates ATR. Deciphering how 

SMARCAL1 and ZRANB3 may remodel low HU- and R loop-induced stall forks together is an 

important avenue for future research. Furthermore, they may be other DDR factors that aid in fork 

remodeling that remain to be discovered.  
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 Contrarily, RECQ1 appears to play an antagonizing role to fork reversal induced by R loop 

accumulation (Figure 2.9F-G). RECQ1 activity at reversed forks may be needed to induce a 

healthy equilibrium between too little and too much fork reversal. However, considering RECQ1 

knockdown in SRSF1 depleted cells enhanced Chk1 phosphorylation (Figure 2.9F; lanes 3-4), 

RECQ1 probably plays a non-beneficial role to ATR-Chk1 pathway activation during R loop 

accumulation. How RECQ1 activity at reversed forks can be hindered remains to be deciphered.  

 

MUS81 plays a unique role in activating ATR during R loop accumulation 

 Surprisingly, when looking into possible nucleases that could affect R loop-induced ATR 

activation, I discovered that MUS81 knockdown reduced Chk1 phosphorylation in SRSF1 

depleted cells (Figure 2.6). The literature only contained two examples where Chk1 

phosphorylation was influenced by MUS81: (1) in Chk1-deficient cells, MUS81 knockdown 

reduced phosphorylated Chk1 levels, and (2) in WEE1-inhibited cells, knockdown of a MUS81 

binding partner had a similar effect. In both cases, the breakage of the stalled replication forks by 

MUS81 was thought to be enhancing the ATR-Chk1 pathway activation since both contexts 

induced significant MUS81-dependent DSBs, which is another type of DNA damage that ATR 

responds to.274,283 In my data, DNA damage in SRSF1 depleted cells is mild at best and is difficult 

to reproduce across experiments (Figure 3.1A). The neutral comet assay, which specifically looks 

at DSBs, revealed a slight increase with breaks in SRSF1 knockdown cells (Figure 3.1C). While 

the other two contexts induced significant DNA damage, R loop accumulation by SRSF1 

knockdown did not. The lack of DNA damage led me to believe MUS81 may process stalled forks 

in a manner that activates ATR independent of breaks. 
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 In order to probe if the nuclease activity of MUS81 was indeed needed for ATR activation, 

cells with an inducible siRNA-resistant wildtype MUS81 and catalytically dead version were 

produced. In SRSF1 and MUS81 depleted cells, only the MUS81WT not MUS81CD rescued the 

phosphorylated Chk1 levels seen in SRSF1 depletion alone.  This result is the first confirmation 

of MUS81 activity-mediated ATR activation. Furthermore, total PLA foci of MUS81 and PCNA 

were higher in SRSF1 knockdown cells than control (Figure 2.8), indicating R loop-induced stalled 

replication forks were actively recruiting MUS81. Interestingly, MUS81 knockdown did not 

reduce Chk1 phosphorylation in cells treated with low or high HU (Figure 2.12A-B). Taken 

together, the ability of MUS81 to induce ATR activation may be unique to forks stalled by R loops. 

 MUS81 has two direct binding partners, which are EME1 and EME2. EME1 knockdown 

reduced ATR activation in SRSF1 depleted cells; however, EME1 depletion also reduced overall 

MUS81 levels, indicating EME1 affects MUS81 protein stability. Accordingly, EME1 could play 

a role in ATR activation indirectly by stabilizing MUS81 levels within the cell. In contrast, EME2 

had no such effect on MUS81 levels. Nevertheless, its knockdown reduced Chk1 phosphorylation 

in SRSF1 depleted cells (Figure 2.7E-G), implicating the MUS81-EME2 complex in ATR 

activation by R loops. The substrate that most resembles a regressed fork is a HJ structure. In vitro, 

the MUS81-EME1 can only cleave already nicked HJ structures.256,257 However, EME2 broadens 

the substrates that MUS81 can cleave, including the ability to nick intact HJ structures.259,260 It is 

tempting to speculate that the MUS81-EME2 complex is nicking regressed replication forks, thus 

leading to ATR activation without causing a DSB.  

 MUS81 can also bind to SLX4 forming a trinuclease complex known as SMX. The SMX 

complex typically only forms during the G2 phase. The lack of interaction in S phase may be 

because the SMX complex can break replication forks in a genotoxic manner.270 Accordingly, if 
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the SMX complex is prematurely activated during S phase, genomic fragmentation occurs in S 

phase.274 When SLX4 was knocked down in SRSF1 depleted cells, p-Chk1 levels were not 

affected (Figure 2.7A-D), indicating SLX4 was not involved in R loop-induced ATR activation. 

This result also suggests the SMX complex is not prematurely activated during R loop 

accumulation, which is expected considering very little breaks are seen in SRSF1 depleted cells. 

Taken together, EME2 and possibly EME1 play important roles during the activation of ATR by 

MUS81 during R loop accrual. 

 

MUS81 cleavage may generate both ATR-activating substrates 

 As mentioned, ssDNA is an important substrate for ATR activation. When staining for 

S9.6, an indicator of R loop levels, and chromatin-bound RPA, an indicator of ssDNA, Plad-B 

treatment was shown to induce both R loops and ssDNA generation. MUS81 knockdown with 

Plad-B treatment did not affect R loop levels, but did reduce ssDNA levels. A similar reduction of 

ssDNA by MUS81 knockdown was seen in SRSF1 depleted cells (Figure 2.10). These results 

indicate MUS81 is generating ssDNA at R loop-induced reversed forks, hence the ATR activation. 

     MUS81 does not degrade stretches of dsDNA.260 However, MRE11 of the MRN 

complex does degrade dsDNA into ssDNA during end resection of DSBs.186 Interestingly, MRE11 

knockdown reduced ATR activation associated with SRSF1 depletion (Figure 2.11A, D). MRE11 

has both endonuclease and exonuclease activity. During end resection, endonuclease activity of 

MRE11 produces a nick near the DSB. The exonuclease activity of MRE11 then can use this nick 

as an entry point to resect DNA towards the break.188 To that end, inhibition of the exonuclease 

activity of MRE11 reduced R loop-induced ATR activation (Figure 2.11B). Contrarily, the 
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endonuclease activity of MRE11 did not. These results suggest that only the exonuclease activity 

of MRE11 is needed to produce ssDNA at R loop-induced reversed forks. 

 The incision at breaks by MRE11 is stimulated by its cofactor CtIP.189 Accordingly, CtIP 

knockdown reduced the levels of phosphorylated Chk1 seen in cells treated with a low dose of HU 

(Figure 2.12D). However, CtIP knockdown in SRSF1 depleted cells had little to no effect on ATR 

activation (Figure 2.11C-D). This result would further suggest the incision by MRE11 with CtIP 

is not needed for ssDNA generation at R loop-induced reversed forks. MUS81 has a preference 

for incising the 5’ strand near the branch point.260 Theoretically, MUS81 could nick the 5’ strand 

of the regressed arm close to the branch point of the reversed fork. This incision could serve as an 

entry point for the 3’ to 5’ exonuclease activity of MRE11 to degrade the regressed 5’ strand, 

forming a sizable 3’ ssDNA overhang. Notably, dual knockdown of CtIP and MUS81 in SRSF1 

depleted cells further reduced the phosphorylated Chk1 levels seen in MUS81 knockdown alone 

(Figure 2.11D; lanes 3 and 7), indicating CtIP may be a back-up method for producing the incision 

needed for ssDNA generation at R loop-induced stalled forks when MUS81 activity is lost.  

 dsDNA:ssDNA junctions are crucial for the recruitment of TopBP1, the direct activator of 

ATR. TopBP1 knockdown reduced the ATR activation seen in SRSF1 depleted cells. Rad17, 

which helps recruit TopBP1 at junctions, also had a similar effect. Notably, Rad17 and TopBP1 

knockdown diminished ATR activation induced by low HU treatment (Figure 2.13). Taken 

together, these results would indicate, like in other contexts that induce replication stress, 

dsDNA:ssDNA junctions are needed for efficient ATR activation when R loops accumulate during 

replication. Hypothetically, the nicking of regressed forks by MUS81 would produce this junction. 

In effect, MUS81 cleavage may facilitate the production of both substrates required for ATR 

activation, explaining why its nuclease activity is crucial for R loop-induced ATR activation.   
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ATR protects the genome against R loop-induced DNA damage 

 ATR is crucial to preventing DNA damage associated with replication stress induced by 

various genotoxic events.152 Accordingly, it plays a similar role during R loop accumulation. In 

SRSF1 depleted cells with prolong ATR inhibition, DNA damage markers were strikingly induced 

and an increase of DSBs were observed. This DNA damage appears to cause viability defects since 

SRSF1 and SETX depleted cells were more sensitive to ATR inhibition then control cells (Figure 

3.1). Considering ATR has many mechanisms of action to prevent replication stress-associated 

DNA damage, I wondered what ATR did to prevent the genomic instability induced by R loop 

formation during S phase. My investigation reveals ATR protects the genome against R loop 

accumulation by (1) suppressing transcription-replication collisions, (2) promoting a G2/M arrest, 

(3) facilitating stalled fork recovery and progression, and (4) preventing toxic cleavage by MUS81. 

 

ATR suppresses transcription-replication collisions 

 Collisions between the transcription and replication machineries can be 

hazardous.104,106,111 Collisions are further exacerbated by R loop formation, which has been 

shown to stall replication forks.107 In order to study collisions between the machineries, a PLA 

protocol was developed using antibodies targeting PCNA, a core competent of the replisome, and 

p-RNAPII S2, which marks elongating RNAPII. Hardly any signal was seen when only one 

antibody is used during the PLA, and treatment with CDC7i, which reduces origin firing, and 

DRB, which hinders RNAPII, reduced PLA foci seen in SRSF1 depleted cells (Figure 3.2A-C). 

These results confirmed this methodology could be used to observe transcription-replication 

collisions. A similar PCNA-RNAPII PLA was employed by Hamperl et al. (2017); however, my 

particular method may be improved considering far more foci are seen in my results. 
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 Considering the PLA uses an antibody targeting RNAP II, any transcription machineries 

that stall replication forks would induce foci, rather they form R loops or not. Therefore, I tested 

the contribution of R loops to transcription-replication collisions. RNaseH1 overexpression 

reduced the total PLA foci and fluorescence seen in SRSF1 depleted and Plad-B treated cells 

(Figure 3.2D-E). These results indicate R loops can enhance collisions between the transcription 

and replication machineries and corroborate that the general antibody to elongating RNAP can be 

used with my PLA to study R loop-induced transcription-replication collisions.  

 In SRSF1 depleted cells, PLA foci increased with ATRi treatment, indicating ATR 

prevented collisions between the replication forks and R loops (Figure 3.3A-B). ATR can prevent 

collisions by either modulating R loop levels or suppressing further origin firing. Using a dot blot, 

R loop levels were shown to be relatively unchanged by ATR inhibition (Figure 3.3C). My result 

is interesting considering others have observed ATR enhancing R loop metabolism.138,144 One 

reason for the disparity is the other groups collected their results in unstressed cells; however, my 

data was garnered in cells with R loop accrual. Interestingly, I have observed an increase of R loops 

levels in control knockdown cells treated with ATRi; however, it was hard to reproduce this 

particular result on a consistent basis. I think ATR may play a role in R loop metabolism in normal 

conditions, but may have difficulty modulating R loop levels in cells with already high R loop 

formation. Considering ATR does not appear to suppress R loop formation in SRSF1 depleted 

cells, it probably prevents transcription-replication collisions by suppressing global origin firing, 

a function already seen in the literature.235 To note, preventing collisions could be vital because 

the more collisions that occur, the more forks stall. With this surge of replication stress, global 

exhaustion of RPA can occur, a consequence that can cause replication catastrophe.244    
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ATR promotes a G2/M arrest and facilitates fork recovery 

 When SRSF1 was depleted, cells appeared to accumulate in the G2/M phase. When SRSF1 

depleted cells were treated with ATRi (Figure 3.4A), this accumulation was lost, suggesting ATR 

was inducing a G2 or M arrest. This arrest can be induced by the ATR-Chk1 pathway with Chk1 

phosphorylating all three CDC25 phosphatases.233-235 Although speculative, the reason for an 

arrest when R loops accumulate may be to slow down G2 phase to allow cells to properly repair 

any DNA damage induced by R loop formation. Furthermore, when replication forks collide with 

R loops, they may form replication intermediates that could become hazardous if the intermediates 

remain in chromosomes during their segregation in mitosis. Because of the potential hazard, 

breakage of these intermediates by endonucleases such as MUS81 is vital to ensure genomic 

stability. Rather the arrest is occurring in G2 or M phase is not entirely known since the cell cycle 

analysis cannot delineate between those phases. 

 Replication forks stalled by R loops could restart via various potential mechanisms (Figure 

5.2). R loop-induced stall forks can be temporarily stabilized by fork reversal and ATR as the          

R loop is resolved, allowing for the replication fork to proceed (Figure 5.2A). This mechanism is 

passive while there may be three additional active mechanisms. One of which is the fork replicates 

through the R loop, which could dissociate the RNAP along with the nascent RNA from the DNA 

(Figure 5.2B). Some factors that could allow this mechanism to occur is the R loop may not be so 

stable or long and/or the gene may not be highly expressed, preventing a RNAP roadblock from 

building. A second active mechanism could be the endonuclease-mediated breaking of one arm of 

the replication fork stalled by the R loop (Figure 5.2C). This broken arm could relieve the torsional 

stress generated by forks encountering a R loop, which can stall both the transcription and 

replication machineries. Transcription could then proceed and the broken arm religates back to the 
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replication site, allowing for replication to proceed unobstructed.296 The final mechanism could 

be reversal of the R loop-induced stalled fork. Reversed forks could recruit ATR, which both may 

recruit factors that could resolve R loops and stabilize and restart stalled forks (Figure 5.2D). 

 I noticed ATR could influence the restart of forks stalled by R loops when analyzing the 

EdU incorporation levels of control and SRSF1 knockdown cells treated with and without ATRi. 

In control cells, ATRi treatment enhanced EdU incorporation, probably from increased origin 

firing associated with inhibiting ATR from suppressing global origin firing. However, ATRi 

treatment of SRSF1 depleted cells further reduced EdU incorporation (Figure 3.4A), suggesting 

that ATR was critical in replication fork recovery during R loop accumulation. A fork recovery 

assay was performed using Plad B treatment, which prevented most EdU incorporation. This result 

further confirms R loops can stall replication forks, with Plad-B treatment essentially stalling 

nearly all of replication. When Plad-B treated cells were released into media containing CDC7i, 

which suppresses any new origin from firing, replication recovery of stalled forks occurred within 

45 minutes. However, if ATRi was added to the media with CDC7i, stalled fork recovery was 

delayed (Figure 3.4B). 

 The cell cycle and fork recovery analyses demonstrate ATR is crucial for R loop-induced 

stalled forks restart and/or progression. ATR may protect stalled forks through stabilization of the 

replisome or by preventing the active collapse of the replication fork.250,254 ATR can also promote 

fork progression upon restart by ensuring adequate levels of dNTPs are present.245,247 It remains 

to be fully seen how ATR helps replication recovery during R loop accumulation. Furthermore, 

another potential interesting avenue of exploration is to observe if there are any differences of how 

ATR promotes replication recovery during R loop accumulation when compared to other 

replication 
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Figure 5.2. Possible mechanisms of restart of forks stalled by R loops. (A) Replication fork 
may undergo reversal with ATR recruitment, which both may stabilize the fork as the R loop 
resolves on its own. (B) The fork replicates through the R loop, which resolves the structure. (C) 
One arm of the stalled fork may be broken. This break could relieve the torsional stress 
generated by collisions between R loops and replication fork and/or allow the RNAP to 
transcribe through the site of replication. Afterwards, religation reforms the replication fork 
structure. (D) Stalled forks may undergo fork reversal, which could recruit factors that resolve R 
loops. Reversed forks can also recruit ATR, which may also recruit factors involved in R loop 
resolution. RLFS (green), RNA (red). 
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replication stress-inducing contexts. iPOND experiments would be an informative way to address 

these questions. 

 Notably, the reduction of the G2/M cells and DNA synthesis in SRSF1 knockdown cells 

was also seen when MUS81 was depleted (Figures 2.6C, 3.4A). This data further corroborates that 

MUS81 is capable of activating ATR. Accordingly, when MUS81 activity is lost, ATR activation 

is diminished in SRSF1 depleted cells; therefore, replication fork recovery and a G2 or M arrest 

cannot occur. Furthermore, MUS81 may have some functions on forks outside of its ability to 

activate ATR that helps in fork recovery and cell cycle arrest. These functions could be mediated 

by ATR upon its activation or be entirely independent of the kinase. 

 

ATR prevents toxic cleavage by MUS81 

 In the literature, MUS81 usually has a pro-repair function where it breaks stalled 

replication forks to facilitate their restart by homology-directed repair.277,280 However, MUS81 

activity can also be genotoxic. Premature assembly of the SMX complex can cause replication 

fragmentation.274 Interestingly, Chk1 deficiency during replication stress can cause a surge of 

damaging DSBs caused by MUS81.286 This particular result suggests the ATR-Chk1 pathway may 

mediate MUS81 activity during S phase. 

 As mentioned previously, DNA damage is seen in SRSF1 depleted cells treated with ATRi. 

This DNA damage is diminished by MUS81 knockdown, suggesting MUS81 is responsible for 

the breaks seen during ATRi treatment of SRSF1 depleted cells. Furthermore, the nuclease activity 

of MUS81 was shown to be required for damage induction (Figure 3.5). MUS81-mediated breaks 

of stalled replication forks can have a pro-repair function; however, SRSF1 and SETX depleted 
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cells had viability defects upon inhibition of ATR (Figure 3.1D-E), indicating MUS81 cleavage 

was toxic. Toxic cleavage by MUS81 can also be seen in Chk1 deficient cells.286 

 Interestingly, EME2 knockdown did not reduce the DNA damage seen in SRSF1 depleted 

cells treated with ATRi while EME1 did (Figure 3.6A). EME1 is far more commonly expressed 

than EME2.261 It would stand to reason that most of the MUS81 proteins are in complex with 

EME1, which would explain why MUS81 stability is only affected by EME1 depletion. In the step 

prior to ATR activation, MUS81-EME2 can nick regressed forks that resemble HJ substrates. If 

ATR activity is lost, the nicked regressed forks may be cleaved by MUS81-EME1, since this 

complex can only cleave a HJ substrate when it has been already nicked. Considering MUS81-

EME1 was shown to counter cleave a different strand of the nicked HJ substrate, MUS81-EME1 

could cleave a different strand of the reversed fork, inducing fork collapse.271 Alternatively, 

MRE11 may be producing stretches of ssDNA at regressed fork after MUS81-EME2 cleavage. 

These stretches of ssDNA may leave the regressed fork particularly vulnerable to another cleavage 

event by MUS81-EME1. 

 Notably, MUS81-EME1 can be incorporated with SLX4-SLX1 and XPF-ERCC1 to form 

the tri-nuclease SMX complex.270 The SMX complex can cleave replication forks in a manner that 

is toxic, considering premature formation of the complex in S phase causes genomic instability.274 

Interestingly, SLX4 knockdown actually increased DNA damage in ATRi-treated SRSF1 depleted 

cells. Furthermore, inhibition of CDK and PLK, which would prevent MUS81 from associating 

with SLX4, had similar results (Figure 3.6B-D). Interestingly, my SLX4 results mirror what is 

seen when SLX4 is depleted in cells with Chk1 inhibition.283 Notably, MUS81 had reduced 

capabilities within the SMX complex.270 With SLX4 association lost, the R loop-induced stalled 
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forks could continue to be processed into G2 phase by MUS81-EME1, thus increasing the DNA 

damage observed. 

 The DNA damage seen in ATRi-treated SRSF1 depleted cells was reduced by knockdown 

of SMARCAL1, ZRANB3, and HLTF. In contrast, RECQ1 enhanced the DNA damage observed 

in SRSF1 depleted cells (Figure 3.7). These results indicate fork reversal was needed for toxic 

cleavage by MUS81-EME1 when ATR was inhibited in cells with elevated R loop levels. In the 

absence of ATR, fork reversal may continue to generate reversed fork substrates that can be 

cleaved by MUS81-EME1 and/or may actually promote the collapse of the fork with multiple 

MUS81-mediated cleavage events.  

 Overall, R loop formation during S phase appears to create a MUS81-triggered negative 

feedback loop with ATR as the effector of said loop. To elucidate further, upon collision with a 

R loop, a replication fork is stalled, which is then reversed away from the impediment. The 

reversed fork is then cleaved by MUS81, leading to the eventual activation of ATR, which prevents 

further reversal and cleavage by MUS81 at stalled forks.  

 ATR may prevent toxic cleavage by MUS81 via numerous ways. Couch et al. (2013) 

demonstrated SMARCAL1 overactivity led to breaks in cells undergoing replication stress. 

SMARCAL1 overactivity was prevented by ATR phosphorylation. Therefore, ATR may prevent 

toxic cleavage of forks during R loop accrual by preventing further fork reversal, which may 

generate the substrates recognized by MUS81-EME1. ATR may also directly act upon MUS81 

and/or EME1, preventing its toxic activity. Accordingly, in fission yeast, EME1 was shown to be 

phosphorylated by their ATR ortholog.297 It remains to be seen rather this phosphorylation event 

by ATR can occur in mammals. Furthermore, ATR may indirectly prevent further fork reversal 

and MUS81 cleavage by activating other factors that directly diminish fork reversal and/or MUS81 
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activity, such as ones that can induce their ubiquitination or dissociation from collision sites. 

Overall, this active protection of forks by ATR from MUS81-EME1 cleavage is consistent with 

Dungrawala et al. (2015), which demonstrated ATR maintained replication competency of stalled 

forks by actively protecting forks from factors that may induce their collapse.  

 

The potential of the episome system to study the cellular response to R loop formation 

 I initially tried to study the effects of R loop formation on replication using an episome 

system. The episome of my system had an origin that fired a unidirectional fork containing the 

replication factors of the host. Sγ3, a known sequence that formed R loops, and eGFP, which was 

my control, were placed in a HO and CD orientation to the unidirectional origin, allowing for the 

investigation of HO and CD collisions between forks and R loops (Figure 4.1). The four constructs 

were created and episomal replication and transcription was seen (Figure 4.2). However, I was not 

able to reliably see induction of phosphorylated Chk1 when using the system (Figure 4.3). Given 

my alternative method to study the cellular response to R loops was working, I decided to focus 

on that system.  

 The episome system is a powerful tool since the orientation of the transcription-replication 

collision can be predetermined. Given the benefits of this system, a different group employed a 

very similar episome system to study collisions between R loops and replication forks. In 2017, 

Hamperl and colleagues published their finding where they discovered HO collisions between 

R loops and replication forks activated ATR while CD collisions activated ATM. They also 

demonstrated HO collisions induced far more γH2AX than CD collisions. These results were a bit 

perplexing given if the CD collisions stalled forks, ATR would likely be activated. Furthermore, 

it is unclear why the less damaging CD collision specifically caused the activation of ATM, which 
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responds to DSBs. Nevertheless, Hamperl et al. (2017) represented a significant advancement to 

our knowledge of the DDR to R loop formation during replication. 

 When comparing my system to Hamperl et al. (2017), the failure of my approach is most 

likely the absence of selecting for cells containing the episome via a selection marker on the 

construct. If I did so, I may have been able to see some elevation of DDR markers. However, 

considering p-Chk1 levels are already mild with SRSF1 depletion, seeing p-Chk1 induction with 

episomes may have still needed further optimization. It would have been interesting to see if CD 

collisions could activate ATR in my system involving Sγ3, which is longer than the RLFS 

employed by Hamperl and colleagues. Furthermore, varying the length of the RLFS may have 

revealed that the length of the R loop was important to how much of an impediment it was to 

replication fork progression. Additionally, testing different RLFSs may have resulted in different 

damage responses, opening up interesting new avenues to pursue.  

 Associations of proteins to episomes can be seen by eChIP. This method could have been 

used to see if R loop themselves recruited ATR. If ATR associated with the R loop-forming 

episome, it would have been a strong indicator that the ssDNA of R loops was recruiting ATR. It 

was also possible that ATR recruitment only occurred when replication was present, maybe even 

when the fork was in a HO orientation with the R loop. Given the results of Chapter 2 and 3, eChIP 

could have been used to further confirm that MUS81, EME1, EME2, SMARCAL1, ZRANB3, 

HLTF, and MRE11 were recruited to collision sites between R loops and forks. The lack of 

association of SLX4 and CtIP could also been confirmed. Furthermore, it would have been 

interesting to see if binding of any of the mentioned DDR factors were influenced by whether a 

HD or CD fork collision occurred with the R loop. Overall, the episome still represents a powerful 

system to study the cellular response to R loop formation.  
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Significance  

 My study reveals a novel MUS81-triggered feedback loop resulting in ATR activation 

during R loop accumulation. Foremost, the most interesting finding of my work is that MUS81 

can activate ATR independent of toxic break formation. MUS81 cleavage has a pro-repair 

function; however, MUS81 activity becomes toxic when ATR is inhibited. This feedback loop 

explains the paradoxical nature of MUS81 activity during the replication stress response, where 

various studies demonstrating it could have either a beneficial or toxic role.277,280,286 

 Fork reversal by SMARCAL1, ZRANB3, and HLTF has now been implicated in activating 

ATR during the R loop-induced replication stress response. Furthermore, fork reversal was shown 

to be important to low HU-induced ATR activation, demonstrating different contexts may induce 

ATR activation via fork reversal. Interestingly, ssDNA generation by MRE11 at R loop-induced 

stalled forks appears to be required for ATR activation. Considering MUS81 cleavage can become 

toxic when ATR is inhibited, it is quite possible that MRE11 activity could also become genotoxic 

at forks. It would be interesting to observe if MRE11 activity does indeed switch from being 

helpful to damaging once ATR is inhibited in cells with R loop accumulation. The potential of 

MRE11 activity to switch from pro-repair to pro-damage could explain why studies have revealed 

conflicting roles of MRE11 during the replication stress response.205-208 

 How mammalian cells prevent R loop-induced genomic instability is incompletely 

understood. Where various investigations focused on proteins that suppressed or resolved R loops, 

the role of ATR during R loop accumulation does not appear to involve R loop metabolism, but 

on their effect on replication. Accordingly, I discovered ATR can protect replicating cells from 

R loops via four different mechanism. There is most likely many more, but these initial four 
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represent a significant advancement to our understanding of how cells protect themselves from 

dysregulated R loop formation.   

 When studying how BRCA1 recruited SETX at termination zones, Hatchi et al. (2015) 

demonstrated a significant enrichment of mutations at these zones in breast cancer cells. This 

mutational analysis was the first indication that R loop-induced genomic instability could 

potentially play a role in cancer. Cancer cells with a greater transcriptional load, unusual 

expression of RLFSs, and mutations in R loop suppressors and resolvers would have dysregulated 

formation of R loops, which would sensitize these cells to ATR inhibition. Barroso et al. (2019) 

has recently demonstrated that S9.6 immunofluorescence could be used as a readout for a large-

scale siRNA screen. One could imagine patient-derived cancer cells could be similarly screened 

for R loop levels, with ATRi being a sensible, possible effective therapeutic to cancers harboring 

high levels of R loops.   

 In conclusion, I have discovered a unique circuitry of ATR activation by R loop formation. 

MUS81 plays a novel role in cleaving reversed forks to activate ATR. Once activated, ATR 

coordinates a slew of mechanisms to protect the genome from the toxic effects of dysregulated 

R loop formation. My work advances our understanding of the cellular response to R loops while 

providing enhanced tools and new avenues for further research, including some that may have a 

translational impact.  
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Materials and Methods 

 

Supplemental Table 6.1. Key Resources 

 
Resource Origin Id 
Antibodies 
CHK1 Santa Cruz sc-8408 
CHK1 pS317 Cell Signaling 2344 
CHK1 pS345 Cell Signaling 2348 
Cyclin A Cell Signaling 4656 
dsDNA Abcam ab27156 
EBNA1 Santa Cruz sc-81581 
EME1 Santa Cruz sc-53275 
GAPDH Millipore ABS16 
GFP Millipore MAB2510 
γH2AX Millipore 05-636 
HA Abcam ab18181 
HLTF Sana Cruz sc-398357 
KAP1 pS824 Bethyl A300-767A 
MUS81 Abcam ab14387 
PCNA Abcam ab18197 
PCNA Santa Cruz sc-56 
Rad17 Abcam ab151513 
RECQ1 Bethyl A300-450A 
RNAP II pSer2 Novus Bio NB100-1805 
RPA32 Abcam ab109084 
S9.6 Antibodies 

Incorporated 
Protein A purified 
from hybridoma  

SETX Bethyl A301-105A 
SLX4 Bethyl A302-269A 
SLX4 Bethyl A302-270A 
SMARCAL1 Santa Cruz sc-376377 
SRSF1 Bethyl A302-053A 
TopBP1 Bethyl A300-111A 
XPG Bethyl A301-484A 
ZRANB3 Bethyl A303-033A 
Inhibitors 
PFM01 Sigma-Aldrich SML1736 
PFM39 Sigma-Aldrich SML1839 
Pladienolide B Tocris Biosciences 6070 
Protein 
RNase H NEB M0297 
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Commercial Assays 
Click-iT™ EdU Alexa Fluor™ 488 Imaging Kit Thermo Fischer C10337 
Click-iT™ Plus EdU Alexa Fluor™ 647 Flow 
Cytometry Assay Kit 

Thermo Fischer C10634 

Duolink™ In Situ Detection Reagents Red Sigma-Aldrich DUO92008 
Oligonucleotides 
siRNA This Study See List in 

Methods 
Recombinant DNA 
EME2 plasmid Harvard PlasmID Repository  
Software  
Fiji 298 https://fiji.sc/ 
GraphPad Prism 5 Graphpad 

Software, Inc. 
https://www.graphpad.com/scientific-software/prism/ 

ImageJ NIH https://imagej.nih.gov/ij/ 
NIS element 
viewer 

Nikon https://www.nikoninstruments.com/Products/Software
/NIS-Elements-Advanced-Research/NIS-Elements-
Viewer 

Quantity One Bio-rad http://www.bio-rad.com/en-us/product/quantity-one-1-
d-analysis-software?ID=1de9eb3a-1eb5-4edb-82d2-
68b91bf360fb 

Python 3.7 Python https://www.python.org/downloads/release/python-
370/ 

 

Cell culture 

 HeLa cells were cultured in Dulbecco’s modified Eagle’s medium (DMEM) supplemented 

with 10% Fetal Bovine Serum (FBS), 4 mM L-glutamine, and 1% peniciliin/streptomycin. 

HCT116 cells were cultured in DMEM with high glucose, GlutaMAX, and pyruvate supplemented 

with 10% FBS and 1% penicillin/ streptomycin. MUS81WT and MUS81CD protein sequences were 

tagged with HA in a Tet-inducible lentiviral vector using the Gateway cloning system (Life 

Technologies). Cells were infected with these lentiviruses and selected with 1.8 mg/mL of 

geneticin to create inducible MUS81WT and MUS81CD cell lines. 
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RNA interference 

 siRNA transfections were done by reverse transfection using Lipofectamine RNAiMAX. 

Cells were harvested 72 hr after transfection unless otherwise noted. All siRNAs were used at 5 

nM except siMRE11 and siHLTF, which were used at 2.5 nM, siSLX4-1, which was used at 15 

nM in reverse transfection during seeding, and siRad17 (15 nM), which was used at 5 nM in 

reverse transfection during seeding followed by forward transfection 24 hours later at 10 nM. The 

sequences of the siRNAs used in this study are as follows: 

Supplemental Table 6.2. List of siRNAs 

 
Control GGGUAUCGACGAUUACAAA 

CtIP GGGUCUGAAGUGAACAAGA 

EME1  GUAAGUUUCUGACCCACAA 

EME2 CACUGACCCAGAUCUCUGG 

HLTF  GGAAUAUAAUGUUAACGAU 

Rad17 CAGACUGGUUGACCCAUC 

MUS81-1 CAGCCCUGGUGGAUCGAUA 

MUS81-2 CGCGCUUCGUAUUUCAGAA 

RECQ1 GCAGUUCCCUAACGCAUCA 

SETX GCCAGAUCGUAUACAAUUA 

SLX4-1 GCUACCCGGACACUUGUCAUUGUUA 

SLX4-2 AAACGUGAAUGAAGCAGAA 

SMARCAL1 GGCUCUCACUGGAAUCUCU 

SRSF1-1 GGAUAACACUAAGUUUAGA 

SRSF1-2 GCAUCUACGUGGGUAACUU 

TopBP1 GUGGUUGUAACAGCGCAUCUU 

XPG GAACGCACCUGCUGCUGUA 

ZRANB3 GAGAUAUCAUCGAUUAUGA 
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Plasmid transfection 

 Episome and rtTA3-containing plasmids were transfected using Lipofectamine 3000 

Transfection Reagent (ThermoFisher Scientific) following manufacturer’s instructions for the 

indicated timeframe. Two days after siRNA transfection, the RNaseH1-GFP plasmid was 

transfected using X-tremeGENE HP DNA Transfection Reagent (Sigma-Aldrich) or 

Lipofectamine 3000 Transfection Reagent following manufacturer’s instructions for 24 hours. For 

EME2 experiments, CMV-expressed EME2 was tagged with HA in a Gateway destination vector. 

One day after siRNA transfection, HA-EME2 plasmid was transfected using the Lipofectamine 

3000 Transfection Reagent following manufacturer’s instructions for 48 hours. 

Dot blot 

 Total DNA was purified using QIAamp DNA mini kit (Qiagen) following manufacturer’s 

instructions. A spectrophotometer was initially used to estimate DNA concentration. To better 

determine the concentration, DNA was titrated and blotted on a positively charged nylon transfer 

membrane (Amersham) using a Bio-Dot Apparatus (Bio-Rad) in duplicate. The membrane was 

UV crosslinked (120 mJ/cm2), blocked with 5% milk in TBST buffer (1xTBS with 0.1% Tween-

20), and probed with an antibody to dsDNA (1:15,000) in blocking solution. Based on the titration 

of DNA and dsDNA signals, I normalized the amounts of input DNA from different samples for 

S9.6 dot blots. S9.6 dot blots were performed in at least triplicates with S9.6 antibody (1:15,000) 

in blocking solution. Samples were digested with RNaseH (NEB) to test the specificity of the S9.6 

antibody. After incubations in dsDNA and S9.6 antibodies, blots were incubated with secondary 

antibodies conjugated to HRP, and dsDNA and S9.6 signals were visualized using a ChemiDoc 

(Bio-Rad). Images were analyzed using Quantity One software (Bio-Rad). 
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Immunofluorescence 

 For experiments involving S9.6 and RPA32, samples were prepared and visualized as 

previously described in Nguyen et al. (2017). For experiments involving EdU labeling, SRSF1 

knockdown and control cells were respectively treated with EdU (10 μM) for 30 and 15 minutes. 

EdU labeling for 15 minutes was used for all other siRNA transfected cells. Cells were fixed for 

15 minutes in PBS containing 3% paraformaldehyde and 2% sucrose. After washes with 1xPBS, 

cells were permeabilized using cold 1xPBS containing 0.5% Triton X-100 for 20 minutes. After 

1x PBS washes, EdU incorporation was visualized using the Click-iT EdU Alexa Fluor 488 

Imaging Kit following manufacturer’s instructions. Afterwards, cells were blocked for 1 hour in 

1xPBS containing 3% BSA and 0.05% Tween-20. Primary antibodies were diluted to 1:500 in 

blocking solution, then added to cells, and incubated at 4oC overnight. After three washes with 

PBST buffer (1x PBS with 0.05% Tween), secondary antibodies conjugated to Cy3 or Alexa Fluor 

488 were added to cells and incubated at 37oC for 30 minutes. Finally, cells were washed three 

times with PBST, stained with DAPI during the second wash, mounted on slides with Prolong 

Gold, and sealed with nail polish. A Nikon 90i microscope was used for image capture, and ImageJ 

was used for quantification. 

PLA 

 Cells were washed once with PBS and then treated with CSK extraction buffer (0.2% 

Triton X-100, 1 mM EGTA, 100 mM NaCl, 300 mM sucrose, 3 mM MgCl2, 20 mM HEPES-KOH 

pH 7.9) for 3 minutes on ice. Cell were then fixed with PFA on ice for 5 minutes followed by 

methanol treatment for 20 minutes at -20°C. Afterwards, cells were permeabilized for 4 minutes 

with 1x PBS containing 0.5% Triton-x100 and then blocked for 1 hour with 3% BSA in PBST 

buffer at room temperature. Washing with 1x PBS occurred between each step. Subsequently, at 
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4°C overnight, cells were incubated with the specified primary antibodies diluted at 1:500 for 

PCNA and MUS81, and 1:1000 for p-RNAPII Ser2. After three washes with 1x PBST, cells were 

incubated for 1 hour with the anti-mouse minus and anti-rabbit plus PLA probes (PLA kit from 

Sigma) at 37˚C. The PLA reaction was performed with the Duolink In Situ Detection Reagents 

(PLA kit from Sigma) following the manufacturer’s instructions. After a wash with Buffer B (PLA 

kit from Sigma), cells were blocked with 3% BSA in PBST and incubated for 1 hour with 

secondary antibody conjugated to fluorescence 488 at room temperature. Lastly, cells were washed 

three time with 1x PBS, stained with DAPI during the second wash, mounted on slides with 

Prolong Gold, and sealed with nail polish. A Nikon 90i microscope was used for image capture, 

and ImageJ was used for quantification. 

FACS 

 For profiling cell cycle, cells were labeled for 30 minutes with 10 µM EdU and then 

processed with the Click-iT EdU Alexa Fluor 647 Flow Cytometry Assay Kit (Life technologies) 

following manufacturer’s instructions. A BD LSR II or Fortessa apparatus equipped with the 

FACS Diva software (BD Biosciences) was used for flow cytometry. 

Immunoprecipitation  

 Cells were pelleted in Eppendorf tubes and washed twice with 1x PBS. Afterwards, cells 

were lysed using cold NETN lysis buffer [20 mM Tris-Cl (ph 8.0), 100 mM NaCl, 0.5% Nonidet 

P-40, 0.5 mM EDTA, and 1x Protease Inhibitor Cocktail] and incubated with occasional mixing 

for 30 minutes on ice. Cell lysates were then obtained after centrifugation. 500 µg of the lysates 

were incubated with 3 µg of the SLX4 antibody (Bethyl; A302-269A) with rotation overnight at 

4°C. 50 µL of pre-washed Protein G Dynabeads (Invitrogen) were added to the samples and 

incubated for 2 hours at 4°C. Beads were subsequently washed with NETN buffer prior to being 
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resuspended in 2x SDS sample buffer and heated for 5 minutes at 95°C. SLX4 immunoprecipitates 

were probed with a second SLX4 antibody (Bethyl; A302-270A) for Western blotting. 

Statistical Analysis 

 For S9.6 analysis, using the Quantity One software, S9.6 staining intensity was quantified 

from three or more replicates of each sample and normalized to dsDNA intensity. The Quantity 

One software was also used to analyze band intensity for western blots. Three independent 

experiments were analyzed for SMARCAL1, ZRANB3, HLTF, and RECQ1 western blot analysis. 

Perkin Elmer EnVision Manager software was used to assess cell viability. In cell viability assays, 

three to six technical replicates were analyzed at each ATRi dose, and the viability at each dose 

was normalized to the untreated cells. ImageJ was used to quantify the p-Chk1 S317, EdU, 

γH2AX, and PLA immunofluorescence intensities. Foci identification and quantification was done 

by FIJI. In experiments analyzing cell populations, the figure legends identify the numbers of cells 

used for the analysis. Prism or Excel was used to determine the mean signal intensities or foci 

numbers in cell populations along with standard deviations (SD). The differences among samples 

were analyzed via unpaired Student’s t test. 
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