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Syringe-Injectable Mesh Electronics with Minimized Injection 

Footprint 

 

Abstract 

 

The advent of implantable neural probes has enabled significant contributions to 

fundamental scientific studies as well as clinical therapeutics for neurological diseases and 

disorders. While brain implants readily enable high spatiotemporal resolution for monitoring of 

single-unit neuronal activity, conventional technologies have been limited in their applications as 

a consequence of chronic inflammation. Prior efforts focused on the development of syringe-

injectable mesh electronics have demonstrated a biocompatible neural interface that does not elicit 

chronic immune response. The work described here builds upon those seminal studies to address 

existing technological challenges that have limited the scope of possible applications. I will first 

introduce minimization of the mesh electronics injection footprint by significantly reducing the 

required delivery needle size and saline injection volume, which was accomplished by 

optimization of probe design for improved mechanical properties. Second, I will introduce a new 

paradigm for mesh electronics delivery that utilizes syringe injection but does not require fluid 

flow. Injection into mice using reduced diameter needles for low injection volume and for no 

injection volume mesh electronics was electrophysiologically and histologically investigated to 

assess how minimization of the injection footprint modulates temporal dynamics of the evolution 
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of the probe-tissue interface. Third, I will report on mesh electronics injection directly between 

vertebrae in mice, which was previously inaccessible without reduced diameter needles. These 

studies demonstrated chronic stability of the mesh electronics in spinal cord tissue, correlated 

neuronal firing activity between the spinal cord and motor cortex in response to optogenetic 

stimulation, and stable evoked forelimb motion in response to electrical stimulation of spinal cord 

neurons by mesh electronics. Last, I will describe efforts on moving toward clinical applications 

through autoclave sterilization of an electrically prebonded mesh electronics input/output 

interface. Autoclave processing renders the prebonded mesh electronics sterile while introducing 

minimal to no impact on electrical recording capabilities with an appropriate interconnection and 

packaging approach. Together, these contributions highlight key advancements in mesh 

electronics delivery, applications for interfacing with the central nervous system, and progress 

toward near-future clinical translation. 
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Chapter 1 

Overview 

 

The study of neuroscience represents a significant challenge despite substantial efforts to 

date. Various experimental approaches have been developed to address different questions; 

however, each technique is faced with significant limitations. Non-invasive imaging techniques 

suffer from limited spatiotemporal resolution and often are further hindered by limited penetration 

depth. Non-invasive brain computer interfaces also suffer from limited spatiotemporal resolution, 

whereas brain surface electronic probes are sometimes capable of monitoring individual neuronal 

activity but limited to monitoring of surface activity. In the case of more invasive and implanted 

electronics, single-unit neuronal activity is readily accessible, electrical stimulation therapies are 

possible, and virtually any brain region is rendered accessible. On the other hand, chronic 

applications for monitoring and interacting with the same neurons have been precluded due to 

issues associated with chronic immune response. Emergent brain probe technologies have included 

planar polymer-based probes, which have improved chronic integration although inflammation is 

typically still observed. More recently, the advent of mesh electronics has introduced a new 

paradigm in flexible electronics, such that the unique topological and mechanical properties have 

enabled a fully chronically biocompatible brain implant. Herein, efforts devoted primarily to 

minimizing the implantation footprint of mesh electronics and to their near-future clinical 

translation are presented.
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1.1 Introduction 

Among biological systems, the central nervous system represents one of the most 

fascinating and complex examples. The human brain contains ca. 80 billion neurons,1 which are 

interconnected with one another by a complicated network of axons and dendrites that project from 

the neuron cell bodies. Signaling between neurons is accomplished by the firing of action 

potentials, which are characterized by rapid depolarization and a latent hyperpolarization of the 

intracellular membrane potential.2 These voltage fluctuations induce the release of 

neurotransmitters from one neuron that are then received by another to facilitate a functional 

response. Integration of time-coincident input signaling from different neurons, which is also 

dependent upon the nature of the input being excitatory or inhibitory, determines whether the 

receiving neuron will fire an action potential or not.3 More globally, collective neuronal activity 

within a region gives rise to low frequency oscillations known as local field potential (LFP),4 which 

has been reported to extend up to millimeter-scale ranges.5 

While neurons are the cells primarily responsible for electrical signaling commonly 

associated with brain activity, other important types of cells also exist within the brain. Glial cells 

provide structural support and contribute to foreign body immune response, and evidence has also 

emerged to support glial cells serving an active role in cell signaling to neurons to modulate activity 

as well.6 Among glial cells, microglia are known to perform a significant role in immune response 

and in early brain development.7 After induction of physical trauma, for example, microglia are 

rapidly recruited to the injury site, and their activity reflects generalized polarization. M1-type 

macrophages provide inflammatory response whereas M2-type macrophages are involved with the 

anti-inflammatory response and tissue recovery.8, 9 On the other hand, astrocytes are intimately 

involved in complex cell signaling pathways in addition to chronic immune response.10 In response 
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to brain injury, astrocytes also serve a key role in the chronic inflammation process known as 

gliosis. Stab wounds induced in rodent brains will create heightened immune response up until ca. 

3 weeks post-injury when the injury site returns approximately to normal,11 whereas a stab wound 

where the rigid foreign body is left within the brain tissue results primarily in an acute 

inflammatory response carried out by microglia and then a chronic immune response from the 

astrocytes, which will form a dense sheath around the foreign body.12 

Developing a robust understanding of the various cell types, functions, and interactions is 

critical to mechanistically characterize cognitive processes. Studying the brain has conventionally 

been performed in vitro with methods like patch clamp13, 14 whereas more recent approaches have 

utilized high channel density nanoelectrode arrays for intracellular recording;15 alternatively, these 

studies can be performed in living organisms with non-invasive approaches, such as functional 

magnetic resonance imaging (fMRI), or invasive approaches, such as electrode implants.16-18 Use 

of these various measurement techniques has enabled significant progress in understanding 

cognitive function, such as learning and memory,19, 20 in addition to natural cognitive decline with 

aging.21-23 Structural plasticity, manifest from processes such as neurogenesis and synaptic 

changes, is observed throughout the course of aging and is largely associated with these cognitive 

functions and declines. 

Importantly, these techniques have also contributed to characterizing disease pathologies 

and treatment of neurological disorders. Parkinson’s disease, one of the most common 

neurodegenerative disorders, is still under extensive study; however, improper function of 

dopaminergic neurons located within the substantia nigra, resulting in depletion in the striatium, 

has been widely attributed to deficits in motor function.24 Proposed and clinically used treatments 

have ranged from L-DOPA therapy25 to grafting dopaminergic neurons into the diseased brain 
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region.26 Despite significant progress in better characterizing various neurological disorders, 

challenges still remain both in more completely understanding disease pathologies and in 

developing successful therapies, particularly for such diseases in their most advanced stages.  
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1.2 Electronics for Brain Interfaces 

As one general approach to investigate such neurological disease pathologies and possible 

therapies as well as to enable study of the fundamental mechanisms underlying brain and cognitive 

function, electronic devices have been developed for direct interfacing with the central nervous 

system. This is accomplished by continuous monitoring of changes in electrostatic potential 

associated with neuronal activity.27 Smaller-scale experiments, often performed in vitro, can rely 

upon methods such as patch clamp for intracellular recording of neuronal activity;13, 14 however, 

application is technologically limited for the scale-up to large neuron counts in a living organism. 

Large-scale applications in living systems are typically focused on extracellular recording and 

stimulation of neurons,28-31 which requires post-processing of recording traces32 to sort out and 

identify any individually detected neurons in order to characterize each neuron’s functional 

purpose within a given neural circuit33 or to elucidate overall collective behavior.34  

Various approaches have been utilized, including surface probes and implanted probes. 

One key example of surface probes is electroencephalography (EEG),35 where electrodes are 

placed onto the skin over the brain region or regions of interest, although depth EEG is also 

performed where electrodes are implanted into the brain tissue.36 General non-invasive operation 

of EEG is focused on monitoring LFP oscillations across the various brain wave frequency bands35 

and event-related potentials.37 Other surface probes operate by placement directly onto the brain 

tissue, known as electrocorticography (ECoG), to enable enhanced spatiotemporal resolution, 

which has been reported for several promising emergent technologies.38 Examples of surface 

probes include nanowire-based field effect transistors (FETs) on a polymer substrate for 

monitoring cardiomyocytes of the heart39 in addition to flexible probes for monitoring LFPs40-42 

and even single-unit action potentials43 from the brain. While the ability to resolve the electrical 
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signaling activity of individual cells in addition to larger-scale collective oscillations may provide 

significant advantages over techniques which can lose information on single-unit dynamics, the 

procedures for interfacing are inherently more invasive. In the case of the brain, this includes 

removal of the skin, skull, and dura mater over the target brain region as well as the requirement 

of constant direct contact between sensitive brain tissue and the synthetic probe. 

Surface probes have demonstrated significant promise for applications such as large-scale 

brain activity mapping in addition to study of neurological disorders. Unlike brain-implanted 

probes, which typically are only capable of interrogating a small local volume,29 surface probes 

have been developed to map across large regions of the brain surface to enable simultaneous 

monitoring of several distinct brain regions, which can aid in efforts to elucidate communication 

between brain circuits and regions. Among areas of greatest interest, surface probes have found 

key applicability for the study and treatment of epilepsy as well for the restoration of limb motor 

function in paralyzed human patients. In the case of epilepsy, frequent and spontaneous seizures 

occur in a patient,44 where seizures result from a sufficient number of neurons undergoing highly 

synchronous paroxysmal depolarizing shifts (PDS) as a consequence of preceding interictal 

epileptiform discharges (IEDs).45 EEG is routinely used for identifying whether the observed 

abnormal firing activity is epileptic and for finding the epileptogenic zone.46 On the other hand, 

non-invasive EEG can also be used to coordinate assigned motor tasks from direct thought 

processing from the patient and translate the commands into functional outputs using actuator 

devices on the paralyzed limb in conjunction with feedback electronics.47 Seminal efforts have 

helped drive significant interest and innovations within these respective fields; however, key 

limitations are encountered when using surface probes as a neural interface. These include 

generally low spatiotemporal resolution, although direct interfacing with the brain tissue using 
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ECoG probes can enable single-unit resolution,43 and the inability to monitor or interact with non-

superficial tissues, rendering access to most brain regions difficult. 

In contrast to surface probes, brain implanted probes are significantly more invasive in 

terms of both implantation and chronic integration but readily resolve the challenges found in 

surface probes.48 Direct insertion into the brain allows for physical positioning of recording and 

stimulation electrodes directly in contact with neurons, and appropriate electrode material and 

design choice31. allows for nearby neuron activity to be easily resolved using standard extracellular 

recording spike-sorting algorithms.32 Furthermore, insertion of an electrical probe renders virtually 

any brain region accessible for in vivo studies. Among the first developed approaches for brain 

implants are microwire and silicon probes. Microwires, often consisting of materials such as PtIr, 

are typically insulated along their lengths using polymers such as parylene-C, and the metal wire 

is exposed at the tip is left exposed to localize interaction.49-51 In addition, microwires are often 

implanted as tetrode arrays, where simultaneous recording of the same neuron across 4 nearby 

discrete channels can enable triangulation of individual neuron position relative to the 4 probe 

tips.29, 52 On the other hand, conventional silicon probes are probes such as the Utah53 and 

Michigan54 arrays, whereas more recent innovations have focused on significantly increasing 

recording density along the shank length.55, 56 While silicon probes generally offer comparable 

mechanical flexibility to microwires,57  these offer significantly higher channel density, 

particularly as a result of high numbers of electrodes existing along the length of a single shank, 

instead of only at the tip, in more modern iterations.  

Brain-implanted probes offer significant potential in the therapies of some neurological 

disorders that are not readily achievable using surface probes, such as Parkinson’s disease, in 

addition to providing alternative approaches to conditions that surface probes can also be applied 
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for, including limb paralysis. While L-dopa therapy of Parkinson’s disease can provide alleviation 

of symptoms and improved clinical outcomes for some patients, stages of higher disease 

progression often require more rigorous therapeutic pathways.25, 58 One possibility is the use of 

high frequency deep brain electrical stimulation in the subthalamic nucleus, which is accomplished 

using implanted electrodes.58 In the case of epilepsy, use of implanted probes can allow for direct 

monitoring and stimulation of the source neurons and circuitry, following identification using EEG 

or other means. Direct counteraction of erroneous neuronal behavior, such as IEDs and PDSs, can 

be achieved using pharmacological-based therapy59 or with electrode stimulation to delay or 

prevent a seizure before onset, and such therapies have demonstrated strong clinical potential.60, 61 

Similar to surface probes, seminal reports have been made on restoring limb function in disabled 

patients by means of brain-implanted electrodes in conjunction with actuators and feedback 

mechanisms.62, 63 Such efforts have included use of a Utah array to restore arm mobility in a patient 

following spinal cord injury.62 These remarkable advancements highlight key opportunities 

enabled by brain-implanted probes for therapeutic applications in addition to their significance for 

fundamental neuroscientific studies.  

While brain implants afford important advantages over other types of probes, there exists 

a different set of challenges than those from surface probes, which significantly limit their use in 

chronic applications. First, by virtue of the type of probe, these are implanted into the brain. This 

necessarily requires partial removal of skin, skull, and dura mater over the brain region or regions 

of interest. Additionally, intact neuron networks are disturbed by the insertion of a probe, and the 

implantation can provide complications in the form of rupturing blood vessels, disturbing or even 

destroying existing neurons, and exerting significant mechanical stresses to the local tissue as a 

result of insertion-produced deformation.30 Second, conventional brain implants present a stark 
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topological mismatch to that of the complex interwoven networks of neuron somata, axons, and 

dendrites in addition to the presence of other existing cells and biomolecules. Implants are 

generally high-aspect ratio and linearly elongated in design, where direct insertion between cells 

creates an impassable physical barrier between opposite sides of the probe. Third, these microwire 

and silicon probe implants are significantly more rigid than brain tissue.64, 65 Microwire and silicon 

probe bending stiffnesses are on the order of 105 nN•m, compared to brain tissue on the order of 

10-1 nN•m or below, which corresponds to roughly 6 orders of magnitude stiffer and thus a very 

significant mismatch in mechanical properties.57 Fourth, these probes are generally tethered onto 

the skull. Whereas the brain tissue can exhibit micromotion under normal activity, the probes 

generally remain fixed in place, and the relative shear motion can elicit further damage to the brain 

tissue.30, 66  

As a direct consequence of these complications, chronic gliosis is routinely observed, 

which makes chronically stable integration with brain tissue difficult if not completely 

impossible.67 In short, insertion trauma from probe implantation first attracts microglia to the 

insertion site.12, 68 This encompasses both non-inflammatory responses, which can guide tissue 

recovery and remodeling, and inflammatory response with respect to the large, non-mechanically 

compliant foreign body. Then, astrocytes are recruited to the probe surface and generate a dense 

glial sheath over the course of several weeks, which eventually can isolate the probe from the 

surrounding neurons.12, 66, 68 Furthermore, neuron cell bodies are generally observed to have 

significant reduction in densities at and near the probe surface over time, leaving the probe even 

further isolated from any measurable neurons. Thus, chronic immune response is a serious 

limitation for long-term applications of brain implants. 
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With long-term single-unit studies as well as clinical therapies otherwise appearing 

possible with brain implants, significant research efforts have been invested on alternative implant 

technologies to limit or, ideally circumvent entirely, chronic immune response. To that end, 

substantial efforts have been placed on polymer-based implants.69-72 This is because bending 

stiffness of an implant is generally defined by geometrical constraints, most significantly with a 

cubic dependence on thickness, and material-defined parameters, including Young’s modulus.64 

By replacing substrate materials of silicon, for example, with a polymer like polyimide, Young’s 

modulus can roughly be reduced from 165 GPa to 2 GPa, reducing bending stiffness nearly 2 

orders of magnitude for a given geometry.57 Importantly, the higher flexibility of these implants 

generates new complications associated with delivery. Highly flexible probes would buckle upon 

contact with the brain, rather than penetrating into the tissue, whereas conventional and more rigid 

implants can instead be directly inserted into the target medium. Examples of these emergent 

technologies include polyimide-based arrays. Implantation strategies of these probes range from 

creating tissue incisions with a scalpel or 100 μm diameter tungsten wire and then inserting the 

probe into the incision site69 to using an automated system with 25 μm diameter needles for shuttle 

assistance.72 Typical polyimide probes have bending stiffness values of 0.16 to 1.3 x 104 nN•m. In 

addition to these polymeric implants, some attention has been given to flexible carbon nanotube 

fiber-based probes, which are implanted by attachment to a 100 μm diameter polyimide shuttle 

with poly(ethylene oxide), a water-soluble compound.73 These allow for bending stiffnesses of ca. 

5 x 103 nN•m, which is similar to polyimide probes and nearly 2 orders of magnitude less than 

microwire and silicon probes. While these types of implants have made critical strides forward for 

the field, these generally still encounter issues with chronic immune response. While it has been 

found to be significantly reduced for higher flexibility probes, examples such as 25 μm thick 
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polyimide probes still demonstrate evidence of scar tissue for prolonged application.74 It is 

suggested that this is in part the result of general topological mismatch with the native neuronal 

network architectures in addition to the probes maintaining bending stiffness that are still several 

orders of magnitude larger than that of brain tissue. To achieve a truly chronically biocompatible 

and implantable brain-computer interface, the probe should provide as close of a match to brain 

tissue properties as possible. 
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1.3 Mesh Electronics 

To address these critical concerns, research efforts have been focused on the development 

and application of syringe-injectable mesh electronics.75-77 These probes are free-standing and are 

structurally macroporous and ultra-thin, such that they are roughly 90% free space and less than 1 

μm in total thickness.74, 78 Mesh electronics are primarily composed of SU-8, which is a negative-

tone photoresist, as the insulation material, gold as the interconnects and input/output (I/O) pads, 

and platinum as the sensor elements. In contrast to other polymeric probes, mesh electronics offer 

significantly closer topological mimicking of intact networks between neurons. Periodic 

fenestrations were included in the probe design to enable seamless interpenetration of neurons and 

axons with the mesh electronics. This was rationalized because the free-space windows, which are 

ca. 250 μm wide by 333 μm long,78 are large enough to accommodate axonal projections through 

in addition to neuron cell bodies, which are on the order of 20 μm in diameter. Notably, this design 

consideration provided a strong contrast to prior polymeric implants, which were typically planar 

and non-porous in geometry. In addition, the estimated effective bending stiffness of mesh 

electronics probes is ca. 0.1 nN•m, which is both several orders of magnitude lower than existing 

polymer-based probes and comparable to that of brain tissue with a thickness equal to injected 

mesh electronics cross-sectional diameter (i.e., ca. 0.4 nN•m at 150 μm thick).74 

As a direct result of the unique structural properties of mesh electronics, seminal studies 

reported on the capability to deliver mesh electronics probes into the brain using syringe 

injection.78, 79 This is accomplished by first connecting a glass capillary needle to a syringe, 

manually positioning the needle tip immediately adjacent to the most distal I/O pad from the mesh 

electronics recording region, applying a suction force to withdraw the mesh electronics into the 

needle, inserting the needle into the target medium, and applying saline flow to extrude the mesh 
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electronics into the target medium. The high flexibility of mesh electronics requires precise 

synchronization of needle retraction from the target medium with the mesh injection rate, 

otherwise referred to as a field-of-view (FoV) injection method, in order to ensure injection in a 

linearly elongated conformation.79 Otherwise, the probes can possibly be injected with a highly 

compressed spheroidal conformation. 

 With a unique implantation approach comparable to pharmaceutical administration, 

complications associated with I/O connections arise. Unlike most other implants which are 

prebonded to external electronics prior to insertion into the brain, it is challenging to do so with 

mesh electronics because the probes are loaded completely within narrow restrictions for injection. 

Thus, mesh electronics have been designed to accommodate I/O bonding after brain injection. 

Earlier reports focused on the carbon nanotube (CNT) ink-based printing, where the I/O region of 

the mesh electronics is unfolded onto a flexible flat cable (FFC), and conductive lines are drawn 

between a single mesh electronics I/O pad and a single FFC conductor.79 This allowed for each 

mesh electronics channel to be individually-addressable and also allowed for line printing of any 

geometry to accommodate any imperfections in mesh I/O region unfolding. In more recent reports, 

mesh electronics I/O pads were redesigned to facilitate either direct insertion and clamping using 

a zero insertion force (ZIF) connector, referred to as plug-and-play mesh electronics,80, 81 or direct 

unfolding onto FFC conductors for direct contact-based cold welding,82 obviating the need for an 

additional interconnection method like CNT ink. This advancement converted the connection 

process from a serial process to a parallel one, where all channels are electrically connected at once 

while also rendering the procedure much simpler and more accessible to other researchers. 

 Utilizing the syringe injection-based implantation method in conjunction with CNT ink or 

direct contact I/O post-injection bonding, chronic extracellular electrophysiology studies were 



 

 14 

enabled. For example, longitudinal recording studies were performed in mice over the course of 8 

months, and analysis of firing rates from the same neurons demonstrated significant decline with 

aging for some observed neurons.83 Stimulation capabilities of mesh electronics using larger 

electrodes were also demonstrated by recording electrical stimulation-evoked firing activity from 

recording channels adjacent to a stimulation electrode. More generally, it was observed that after 

an initial transient period, neuron firing amplitudes were chronically stabilized at ca. 6 to 8 weeks 

post-injection for the duration of the recording experiment. 

 Imaging and analysis of the tissue-probe interface was also performed across multiple 

studies in order to better assess the potential of mesh electronics chronic integration with brain 

tissue. Histology experiments were performed by harvesting mesh electronics-injected mouse 

brains at designated time points, sectioning the tissue into thin slices with mesh electronics 

remaining inside the tissue, staining the sections with fluorophore-labeled antibodies, and imaging 

the injection site with confocal microscopy.74, 83 Evidence of acute damage was likely observed as 

late as 2 weeks post-injection, where voids in the tissue were visibly observed within the interior 

of the mesh electronics boundary; however, axons were found to fill in the voids and interpenetrate 

throughout the mesh electronics boundary by 4 to 6 weeks post-injection. Moreover, neuron cell 

bodies were observed in close proximity to the probe surface and even within the probe surface 

boundary, and these observations persisted to at least 12 weeks post-injection. Furthermore, no 

evidence of chronic immune response was found at these later time points. This was in stark 

contrast even to reported flexible probes such that a control study was performed using a thin 

polyimide film, and a depletion of axons and neuron somata at the probe surface in addition to 

high chronic inflammation were observed at those same time points.74 These studies demonstrated 
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that mesh electronics provide a new paradigm in implanted brain-computer interfaces that are 

uniquely capable of chronically stable brain tissue integration.  
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1.4 Content Overview 

Mesh electronics enable unprecedented longitudinal studies because of their chronic 

stability; however, some technological challenges still exist that limited new opportunities in both 

the study of neuroscience and in clinical translation. For the scope of this thesis, I will describe 

efforts primarily focused on innovation upon the implantation strategy of mesh electronics. The 

goal of this work has broadly been to mitigate acute insertion trauma of implantation in order to 

both extend the achievable time course of a stable interface and to extend application toward other 

targets of the central nervous system. In addition, simplification of the implantation serves to 

increase accessibility to other researchers and also to medical professionals for therapeutic 

applications. Clinical translation requires robust and well-validated sterilization protocols, and I 

will report on studies dedicated to mesh electronics sterilization to facilitate near-future clinical 

experiments. 

 First, optimization of mesh electronics design will be described in Chapter 2. Prior studies 

relied upon injection using relatively large glass needles, which had outer diameters that were ca. 

3 to 4-fold that of the mesh electronics cross-sectional diameters in tissue. Refining the probe 

structural unit to selectively tune mechanical properties allowed for smooth loading and injection 

using significantly reduced diameter needles, and mesh electronics cross-sectional diameters were 

observed to be roughly identical to those when using the larger needles. Improvement in the 

mechanical properties further allowed for significant reduction in the saline volume required for 

mesh electronics extrusion into brain tissue. Together, these results opened up significant new 

opportunities by minimizing the invasiveness of the implantation strategy. 

In Chapter 3, I will describe in vivo chronic recording and histology experiments using the 

minimized invasiveness injection strategy. Furthermore, I will report on the development of a 
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simple and reproducible strategy to enable needle insertion-based implantation into brain tissue 

without requiring saline injection. Similar in vivo studies were also performed using the saline 

injection free mesh electronics. As a consequence of the reduced injection footprint, critical 

improvements in the time course to achieve probe-tissue interface stabilization were demonstrated. 

As one new opportunity that was previously precluded by the larger needle sizes, I will 

report on the injection of mesh electronics into the mouse spinal cord directly between vertebral 

segments in Chapter 4. Experiments were performed on mouse motor function to confirm that 

mesh electronics do not negatively impact motor function after full recovery from the implantation 

surgery. Chronic recording and histology experiments confirm that mesh electronics can stably 

integrate with spinal cord tissue, similarly to the case of brain tissue. Studies focused on correlating 

motor cortex and spinal cord neuronal activity in addition to studies focused on chronic stability 

of electrical stimulation-evoked limb motion will also be discussed. These studies highlight the 

significance of enabling small needle injection of mesh electronics as well as the potential for mesh 

electronics to revolutionize spinal cord interfaces for scientific and clinical use. 

Last, sterilization studies on mesh electronics with a prebonded I/O interface will 

introduced in Chapter 5. Sterilization of polymer-based probes can present significant challenges, 

and autoclave was examined as one potential clinically-compatible approach. Discussion of an 

alternative injection scheme to enable prebonding of mesh electronics will be provided, noting the 

significance of further increasing accessibility of mesh electronics by simplifying surgical 

procedures. I will describe validation of mesh electronics sterility post-autoclave using bacteria 

culture studies. Examination of autoclave feasibility was performed by measuring impedance 

values of both bare mesh electronics and electrically prebonded mesh electronics before and after 
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autoclave. In conjunction with a minimized injection footprint, these results establish a firm initial 

basis for near-future clinical experiments. 
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Chapter 2 

Advanced One- and Two-Dimensional Mesh Designs for Injectable 

Electronics 

 

[Reproduced in part with permission from R. Viveros, T. Zhou, et al., Nano Lett, 19.6, 4180-4187 

(2019). Copyright 2019 American Chemical Society] 

 

The unique structure and mechanical properties of syringe-injectable mesh electronics have 

enabled seamless tissue integration and stable chronic recording of the activities of the same 

neurons on a year-scale. Here, we report studies of a series of structural and mechanical mesh 

electronics design variations that allow injection using needles at least four-fold smaller than 

previously reported to minimize the footprint during injection of the electronics in soft matter and 

tissue. Characterization of new ultra-flexible two-dimensional (2D) and one-dimensional (1D) 

probes has demonstrated reproducible injection of the newly developed mesh electronics designs 

via needles as small as 100 μm in inner diameter (ID) with reduced injection volumes. In vitro 

hydrogel and in vivo mouse brain studies have shown that ultra-flexible 2D and 1D probes maintain 

their structural integrity and conformation post-injection after transfer through the reduced 

diameter needles. In addition, analysis of the variation of the post-injection mesh cross-sections 

suggests a smaller degree of tissue deformation and relaxation with decreasing needle diameters. 

The capability to implement rational design for mesh electronic probes that can be delivered via 

much smaller diameter needles should open up new opportunities for electronics integration with 

tissue and soft matter in fundamental and translational studies. 
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2.1 Introduction 

Integrating electronic probes into synthetic and natural soft materials provides the 

opportunity for monitoring dynamic behavior through and deep within these structures.1-8 

Microwire9, 10 and silicon probes11, 12 can be mechanically-inserted in a controlled manner into soft 

materials, and in the case of the brain, can offer superior spatiotemporal resolution compared to 

surface probes13-19 and imaging modalities,20, 21 independent of depth. Despite these advantages, 

such implantable probes generally have substantial mechanical and other mismatches with soft 

materials that hinder stable integration.22-25 In the case of the brain, the mechanical and structural 

mismatches with neural tissue lead to a chronic immune response, which results in a buildup of 

glial cells immediately adjacent to the probe surface, and micromotion that together make single 

neuron tracking over extended periods of time difficult, if not impossible.24-26  

Mesh electronics offer a novel paradigm of implantable soft electronics with brain-like 

structure and mechanics, which circumvent issues associated with conventional approaches.27-33 

The unique macroporous topology with submicron thickness and cell soma-scale width mesh 

elements allow for stable and seamless tissue integration by virtue of their unique mechanical and 

structural properties.27, 29, 30 Previous studies of mesh electronics have demonstrated stable chronic 

recording from the same individual neurons for at least 8 months,29 and more recent work has 

demonstrated opportunities for substantially increased multiplexity32 as well as efficient 

interfacing with external electronic systems.31 The macroporous mesh electronics platform has 

also achieved seamless interfacing with other soft materials, including (1) collagen, alginate, and 

PLGA fibrous scaffolds,1 (2) organic gels and polymers,2 as well as (3) the first interface with 

retinal ganglion cell layer of the mouse eye capable of awake chronic recording.33  
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While these previous studies have validated the unique three-dimensional (3D) integration 

of mesh electronics with different soft materials, challenges related to delivery still exist. Due to 

the high intrinsic flexibility of the probe which precludes direct insertion, syringe-injection, similar 

to standard pharmaceutical administration, has been used as a flexible method for mesh electronics 

probe implantation into target materials.27 Previous studies have focused on relatively large 400 

μm inner diameter (ID)/55034 – 65028-32 μm outer diameter (OD) needles to allow for smooth 

injection of the probes into brain tissue given their structural and mechanical properties. These 

relatively large needles can produce acute disturbance of the local tissue,30 although studies to date 

have demonstrated tissue healing following implantation without the foreign body/immune 

response found for more rigid probes. To explore further the acute impact of these relatively large 

needles and simultaneously determine diameter limits of smaller delivery needles requires 

innovation in the structural and mechanical design to improve the flexibility of the mesh 

electronics. Herein, we present systematic studies that demonstrate new 2D and 1D mesh 

electronics designs with reduced and vanishing transverse bending stiffness (Dt) values, 

respectively, that allow high yield controlled low-volume injection via 100 μm ID glass needles 

into representative synthetic and biological soft materials. 
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2.2 Results and Discussion 

 

Figure 2.1 Structural design of ultra-flexible syringe-injectable mesh electronics. (a) 

Schematic of conventional mesh electronics probe. (b) Schematic of the mesh electronics unit cell, 

highlighting key probe design parameters, including angle between longitudinal and transverse 

elements, α, longitudinal element width, wl, transverse element width, wt, longitudinal 

interconnect metal width, wm, and transverse element thickness, tt, for the previous standard mesh 

with α = 45˚, wl = 20 μm, wt = 20 μm, wm = 10 μm, and tt ≈ 800 nm. Orange represents the Au 

interconnects, dark blue represents two SU-8 layers for interconnect insulation, and cyan 

represents a single SU-8 layer. (c) Schematic of ultra-flexible 2D mesh electronics to facilitate 

loading and injection using reduced diameter needles and injection volumes, where α = 70˚, wt = 

10 μm, tt ≈ 400 nm; parameters for the longitudinal elements are the same as in the standard design 

highlighted in (b). (d) Schematic of ultra-flexible 1D mesh electronics with transverse element 

removal in the implantation site, such that wt and tt = 0, and parameters for the longitudinal 

elements and transverse elements external to the implantation region are the same as the 2D probe 

highlighted in (c). 
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To enable the use of reduced diameter needles for probe implantation, we first assessed the 

mechanical properties of the mesh electronics for different structural configurations. Key points 

related to the standard mesh electronics design are highlighted in Figure 2.1a,b. First, standard 

mesh electronics probes have periodic structure that can be defined using a unit cell (Figure 

2.1a,b). In the unit cell of the mesh, we define longitudinal elements parallel to the injection 

direction and transverse elements oriented at angle α = 45˚ relative to the longitudinal direction 

(Figure 2.1b).28-32 Second, the longitudinal elements are composite structures, consisting of gold 

(Au) interconnects which are sandwiched by two layers of biocompatible photoresist SU-8.35 The 

longitudinal elements terminate at one end with sensor or stimulation devices, such as metal 

electrodes4, 27-31 or nanowire transistors,1, 2, 4, 27 and at the opposite end with input/output (I/O) pads 

that remain external to the target material and are used to interface to external electronics. Third, 

the transverse elements consist of two SU-8 layers with a total thickness of approximately 800 nm 

and width of 20 μm. The transverse elements determine Dt of the overall mesh structure, and 

correspondingly, how readily or not mesh probes roll-up when loaded into needles.27 Last, both 

longitudinal and transverse elements contribute to the longitudinal bending stiffness (Dl) of the 

mesh probes, where sufficiently large Dl helps to maintain the overall linear structure during 

injection.27, 28 Therefore, our focus in this study was to reduce Dt while maintaining approximately 

constant Dl for the different the probe designs. 

To explore how key design parameters affected Dt and Dl, we investigated (i) the relative 

angle α between longitudinal and transverse elements, (ii) the total transverse element thickness, 

tt, and (iii) the transverse element width, wt. Ultra-flexible 2D mesh electronics designs with 

increases in α up to 70˚, where α = 0˚ defines a rectangular unit cell, as well as decreases in wt and 

tt by factor of 2 to 10 μm and 400 nm, respectively, were studied (Figure 2.1c). We also considered 
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a 1D structural region by investigating the impact of removing the transverse elements, 

corresponding to wt = 0 μm and tt = 0 nm, from the implanted portion of the probe (Figure 2.1d). 

Other design parameters remained unchanged relative to the standard design paradigm, with wl = 

20 μm, wm = 10 μm, and the longitudinal interconnect metal thickness, tm = 105 nm. 

We used finite element analysis (FEA) of the mesh electronics unit cell27, 30, 32 to quantify 

the impact of these design variations on probe stiffness. Simulations were performed on probe unit 

cells with α between 0 and 70˚, wt = 20 or 10 μm, and tt ≈ 800 or 400 nm. These results are 

summarized in Figure 2.2a,b and highlight several key points. Dt of the 2D mesh electronics 

decreased substantially when increasing α, decreasing wt, and most notably decreasing tt with other 

design parameters fixed (Figure 2.2a). Increasing α from 0˚ to the standard 45˚ with fixed wt and 

tt reduced Dt by ca. 30%; importantly, further increasing α from 45 to 70˚ resulted in Dt reduction 

by ca. 75%. Furthermore, with fixed tt and α, reducing wt in half (from the blue curve to the gray 

curve for tt ≈ 800 nm, or from the green curve to the yellow curve for tt ≈ 400 nm) generally 

reduced Dt by ca. 50%. In addition, halving tt with fixed α and wt (from the blue curve to the green 

curve for wt = 20 μm, or from the gray curve to the yellow curve for wt = 10 μm) produced the 

most significant reduction in Dt of ca. 85%. Significantly, the simulations demonstrate that these 

design variations can achieve up to ca. sixty-fold reduction in Dt (0.08 pN•m, yellow curve at α = 

70˚), compared to the previous standard design28-31 (4.6 pN•m, blue curve at α = 45˚). 
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Figure 2.2 Analysis and fabrication of advanced mesh electronics designs. (a) α-dependence 

of Dt determined using FEA of the mesh electronics unit cell. The four analyzed transverse element 

dimension parameterizations were blue curve, wt = 20 μm, tt ≈ 800 nm; green curve, wt = 20 μm, 

tt ≈ 400 nm; gray curve, wt = 10 μm, tt ≈ 800 nm; and yellow curve, wt = 10 μm, tt ≈ 400 nm. Inset: 

log-scale plot of α-dependence of Dt between 45 and 70˚ (b) α-dependence of Dl determined using 

FEA of the mesh electronics unit cell. The same four transverse element parameterizations were 

analyzed from (a), using the same color scheme, in addition to the wt = 0 μm, tt = 0 nm (1D probe; 

cyan diamond) design. (c) Tiled bright-field optical microscopy images of fabricated ultra-flexible 

2D (i) and 1D (ii) mesh electronics with wt = 10 μm and tt ≈ 400 nm. Scale bars are 2 mm. (d) 

Bright-field optical microscopy images of corresponding outlined regions from (c) of 2D (i) and 

1D (ii) mesh electronics. Scale bars are 100 μm. 
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Figure 2.3 Fabricated ultraflexible mesh electronics. (a) Tiled (i) and zoomed-in (ii) bright-

field images of the I/O region of a fabricated ultraflexible 2D mesh electronics probe with the same 

design parameters shown in Figure 2.2c (i) (α = 70˚, wt = 10 μm, tt ≈ 400 nm). (b) Tiled (i) and 

zoomed-in (ii) bright-field images of the recording electrode region of the same ultraflexible 2D 

mesh electronics probe. Each interconnect terminates opposite the I/O end at an electrode. (c) Tiled 

(i) and zoomed-in (ii) bright-field images of the I/O region of a fabricated ultraflexible 1D mesh 

electronics probe with the same design parameters shown in Figure 2.2c (ii) (α = 70˚, wt = 10 μm, 

tt ≈ 400 nm at the I/O region). (d) Tiled (i) and zoomed-in (ii) bright-field images of the recording 

electrode region of the same ultraflexible 1D mesh electronics probe. Dashed boxes in each 

subpanel (i) indicate zoomed-in views of the corresponding subpanel (ii). All the images were 

obtained prior to Ni etching for probe release. All scale bars are 250 μm. 
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The longitudinal bending stiffness, Dl, was also assessed for the same 2D probe designs 

(Figure 2.2b). For a given transverse element dimension set, increase in α from 0 to 45˚ and from 

45 to 70˚ yielded Dl increases of ca. 90% and 115 – 140%, respectively. For modification of the 

transverse element dimensions, Dl was reduced by ca. 5% from the wt = 20 μm, tt ≈ 800 nm design 

(blue curve) to the wt = 10 μm, and tt ≈ 400 nm design (yellow curve) with α = 45˚; the reduction 

was ca. 15% with α = 70˚ between those designs. The minor reduction of Dl with reduced 

transverse element dimensions suggests that these design components contribute minimally to Dl 

for the examined α. On the other hand, increasing α increases the stiffness contribution from the 

transverse elements in the longitudinal direction, which would expectedly increase Dl. In addition, 

Dl of the implanted portion of the 1D probes (Figure 2.2b, blue diamond) was roughly identical 

to that of the various 2D α = 0˚ designs; that is, for a rectangular (α = 0˚) cell the transverse 

elements provide effectively no contribution to Dl, behaving similarly to the 1D designs. It should 

be noted that while the unit cell does exhibit increases in Dl for several designs (Figure 2.2b), the 

stiffness of each individual longitudinal element per unit width remains constant for these design 

variations because the geometrical cross-section of these elements is unchanged.30 

To explore experimentally the consequences of these design variations, we fabricated new 

2D and 1D mesh electronics probes using standard photolithography procedures as previously 

reported.27-33 Briefly, the bottom SU-8 layer mesh structure was patterned on a silicon wafer coated 

with a sacrificial nickel (Ni) layer. Next, the Au interconnects and platinum (Pt) sensor electrodes 

were patterned and deposited in sequential steps. Last, the top SU-8 layer of the mesh structure, 

which encapsulates and insulates the interconnects while keeping the sensor electrodes and I/O 

pads exposed, was patterned.  

Probes were characterized by optical microscopy prior to release from substrate. A tiled 
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image that provides a view of the entire structure of the lowest Dt 2D design (α = 70˚, wt = 10 μm, 

tt ≈ 400 nm) shows the contiguous mesh structure with good alignment of distinct layers and 

regions (Figure 2.2c, i), including the I/O pads for electrical interfacing at the left side (zoom, 

Figure 2.3a) and sensor electrodes at the right side (zoom, Figure 2.3b). Second, a tiled image of 

a 1D probe (Figure 2.2c, ii) shows similar features to the 2D design, including I/O pads for 

electrical interfacing at the left side (Figure 2.3c), as well as the absence of transverse elements at 

the right side containing the electrode sensor elements (Figure 2.2c, ii; Figure 2.3d). Higher 

resolution images (Figure 2.2d) comparing the 2D/1D transition region in the 1D mesh and same 

position in the full 2D mesh (Figure 2.2c blue and black dashed boxes, respectively) highlight the 

removal of transverse mesh elements that is expected to minimize transverse constraints on the 1D 

sensing element region once implanted into a soft material.  
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Figure 2.4 In vitro loading and injection of mesh electronics using reduced diameter needles. 

(a) Photograph of the lowest Dt 2D mesh electronics probe loaded within glass capillary needles 

with 400/650, 200/330, 150/250, and 100/170 μm ID/μm OD from left to right. (b) Bright-field 

microscopy image of the lowest Dt 2D mesh electronics loaded into a 150/250 glass needle. (c) 

Bright-field microscopy image of a 1D mesh probe, which has similar 2D structure as in (b), loaded 

into a 150/250 glass needle. PBS injection volume for complete mesh ejection using (d) 200/330, 

(e) 150/250, and (f) 100/170 glass capillary needles for mesh designs that were successfully loaded 

in the different needles. The design parameters are as follows: blue curve, wt = 20 μm, tt ≈ 800 nm; 

green curve, wt = 10 μm, tt ≈ 800 nm; gray curve, wt = 20 μm, tt ≈ 400 nm; and yellow curve, wt = 

10 μm, tt ≈ 400 nm. The 1D mesh electronics have a 4 mm long 1D region, and the remaining 

portion of the structure is a 2D mesh, where the parameters are kept the same as the α = 70˚ probe 

of the corresponding 2D design. Error bars denote standard deviation. 
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Figure 2.5 Mesh probe loading into glass capillary needles. (a-c) Bright-field microscopy 

images of lowest Dt 2D mesh electronics probes loaded into 400/650 (a), 200/330 (b), and 100/170 

μm ID/μm OD (c) glass capillary needles. (d-f) Bright-field images of 1D mesh electronics probes, 

which have the same 2D structure as the probes in (a-c), loaded into 400/650 (d), 200/330 (e), and 

100/170 (f) glass capillary needles. All scale bars are 500 μm. 

 

We first investigated loading and injection of the new 2D and 1D mesh design as a function 

of capillary needle ID to determine practical mechanical flexibility and suitability for syringe-

based injection into soft materials (Figure 2.4). Fabricated mesh electronics probes were released 

from substrates by etching the sacrificial Ni layer, washed in deionized (DI) water and then 

suspended in 1X phosphate buffered saline (PBS). Optical images (Figure 2.4a) show that the 

lowest Dt design (α = 70˚, wt = 10 μm, tt ≈ 400 nm) could be successfully loaded within 400/650, 

200/330, 150/250, and 100/170 μm ID/μm OD glass needles. Close examination of these images 

(Figure 2.4b, 2.5a-c) show that the lowest Dt 2D mesh probes are loaded with linear elongated 

conformations, without apparent compression, in the reduced diameter needles. The 1D probe, 
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which has the lowest Dt design for its 2D region, exhibited a similar linear conformation in the 

reduced diameter needles (Figure 2.4c, 2.5d-f), illustrating that the 2D and 1D probes demonstrate 

similar in-needle loading behavior. These results demonstrate facile loading in substantially 

smaller diameter injection needles compared to previous studies where 400/65028-32 and 400/55034 

needles were used.  

Next, we asked how the total solution volume required to fully eject mesh probes from 

capillary needles varies as a function of the different mesh design parameters and needle ID. First, 

data acquired from studies of 2D probes with the four basic structural designs (wt, tt) for angles α 

of 45, 60, and 70˚, in addition to 1D probes with 2D regions corresponding to the four basic 

structures at α = 70˚, injected through 200/330 μm ID/μm OD needles (Figure 2.4d) show several 

key points. Overall, the data show that all designs could be reproducibly ejected from 200 μm ID 

needles, although the total volumes varied over an order of magnitude. Increasing α or decreasing 

wt or tt generally reduced the injection volume. The standard transverse element dimensions (wt = 

20 μm, tt ≈ 800 nm, blue curve) demonstrated injection volume reduction from ca. 240 μL to 75 

μL when increasing α from 45 to 70˚. Injection volume further reduced to ca. 15 μL with wt = 10 

μm, tt ≈ 400 nm designs (yellow curve) for all α, where α-dependence became less impactful for 

reduced wt and tt. Last, the 1D probe designs exhibited injection volumes similar to or slightly 

lower than the corresponding 70˚ α-values for each of the four basic structural (wt, tt) designs. 

Importantly, several of the more flexible/lower Dt also enabled reproducible injection 

through substantially smaller diameter needles (Figure 2.4e,f). For 150 μm ID needles (Figure 

2.4e) the wt = 20 μm, tt ≈ 800 nm designs (blue curve, Figure 2.4d) could not be reproducibly 

loaded for α from 45 to 70˚. However, reducing wt to 10 μm (green curve) allowed for reliable 

probe loading and yielded injection volumes of ca. 40 and 30 μL for α = 60 and 70˚, respectively. 
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Additionally, reducing tt in half allowed for reproducible probe injection using 30 μL with wt = 20 

μm (α = 70˚, gray curve) and 20 μL with wt = 10 μm (α = 45, 60, and 70˚, yellow curve). The 

corresponding 1D probe designs exhibited injection volumes similar to the corresponding 70˚ α-

values for each of the basic structural (wt, tt) designs. 

Notably, the more flexible/lower Dt designs also enabled reproducible injection through 

100 μm ID needles (Figure 2.4f), that have four-times smaller IDs than our previous work. While 

the wt = 20 μm, tt ≈ 800 nm designs (blue curve, Figure 2.4d) could not be loaded for any value 

of α, reducing wt in half (green curve) permitted loading and ejection with ca. 70 and 55 μL for α 

= 60 and 70˚, respectively. Reducing tt to ca. 400 nm enabled ejection of the wt = 20 μm designs 

(gray curve) using ca. 55 and 20 μL for α = 60 and 70˚, respectively, and also reducing wt to 10 

μm (yellow curve) allowed for injection using ca. 20 μL for α from 45 – 70˚. The 1D probe designs 

exhibited injection volumes similar or slightly lower than the corresponding 70˚ α-values for each 

of these basic structural (wt, tt) designs. Together, these results demonstrate that rationally designed 

mesh electronics with reduced Dt can enable controlled and reproducible loading into and ejection 

through capillary needles with up to four-times smaller ID than our previous work. Last, the 

injection volume in the optimal designs, 10 - 25 μL, is less than prior studies using the larger 400 

m ID needles.28, 29, 31 
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Figure 2.6 Mesh electronics injection into tissue and tissue-like media. (a) Schematic 

representation of mesh electronics injection into hydrogel. (b) Photomicrographs are of 2D (i) and 

1D (ii) probes injected into 0.5% agarose hydrogel using 150250 μm ID/μm OD glass needles. 

Insets are of separate injections, and needle dimensions are represented by dashed white boxes. 

Inset scale bars are 200 μm. (c) Cross-sectional diameters of the 2D and 1D mesh electronics 

injected into 0.5% agarose hydrogel versus capillary needle ID/OD with numbers in micrometers. 

The diameters were obtained from direct measurement of bright-field microscopy images. (d) 

Schematic representation of mesh electronics injection into a mouse brain. (e) Micro-CT images 

of 2D (i, iii) and 1D (ii, iv) mesh electronics injected into a mouse brain such that one of each 

probe type was injected using both a 150/250 (i-ii) and a 100/170 (iii-iv) glass needle. Scale bars 

are 500 μm. The mouse brains with implanted mesh probes were fixed at 1 hour post-implantation. 

(f) Cross-sectional diameters of ultra-flexible 2D and 1D mesh electronics injected into a mouse 
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Figure 2.6 (Continued): brain using several distinct glass needle sizes. All injections were 

performed using the lowest Dt 2D and 1D mesh probes. Error bars denote standard deviation. The 

red and blue indicate P-values for 2D vs. 2D and 2D vs. 1D measurements, respectively, where 

NS (not significant) indicates P > 0.05, ** indicates P < 0.01, *** indicates P < 0.001, and **** 

indicates P < 0.0001 (by two-tailed t-test). 

 

Figure 2.7 Ultraflexible mesh electronics injection into vitreous humor mimic. (a) Photograph 

of a lowest Dt 2D mesh electronics probe injected 4 mm deep into vitreous humor mimic 

corresponding to 0.14% agarose hydrogel. The injection was carried out using a 150 μm ID/250 

μm OD needle using previously reported FoV method by synchronizing the rate of probe injection 

into the hydrogel with the needle retraction rate. The ID/OD boundary of the needle used for probe 

injection is highlighted by the dashed white box. Inset: Zoomed-in bright-field microscopy image 

of a separate lowest Dt 2D probe injection into the vitreous humor mimicking hydrogel. The image 

shows that the mesh probe extends beyond the boundary of the needle insertion site (illustrated by 

the dashed white box). Inset scale bar is 200 μm. (b) Photograph of a 1D mesh electronics probe, 

which has the same 2D region design as (a), injected 4 mm deep into the vitreous humor mimicking 

hydrogel using a 150 ID μm/250 μm OD needle. The OD boundary of the needle used for probe 

injection is highlighted by the dashed white box. Inset: Zoomed-in bright-field microscopy image 

of a separate 1D probe injection into the vitreous humor mimicking hydrogel. Similar to the 2D 

analogue, several 1D elements extended to or beyond the OD boundary of the needle insertion site 

(illustrated by the dashed white box). Inset scale bar is 200 μm. 
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We investigated injection into non-living and living soft materials to characterize the post-

injection conformations of ultra-flexible 2D and 1D mesh electronics as a function capillary needle 

size. The lowest Dt 2D and 1D probes (α = 70˚, wt = 10 μm, tt ≈ 400 nm) were implanted using a 

field-of-view (FoV) injection methodology28 to a depth of 4 mm deep (Figure 2.6a-c) into 0.5% 

(wt/vol) agarose hydrogel that is a good mimic of dense brain tissue with similar Young’s and 

shear moduli.36, 37 Optical images of a 2D (Figure 2.6b, i) and 1D (Figure 2.6b, ii) probe implanted 

using 150/250 μm ID/μm OD capillary needles yielded notable differences in overall 

conformation. Specifically, the 2D mesh probe appeared confined within the initial insertion 

region defined by the needle OD, while the 1D mesh probe demonstrated regions where the 1D 

longitudinal elements were compressed to dense structures within the boundaries defined by the 

needle OD. 

We characterized the cross-sectional diameters of the lowest Dt 2D and 1D probes post-

injection as a function of needle ID/OD to quantify the above differences. A summary of these 

data (Figure 2.6c) shows several key results. 2D probes injected using the standard needle size 

(400/650 μm ID/μm OD) yielded a distribution of probe diameters with median of 270 μm. This 

value is ca. 40% of the injection needle OD and suggests substantial relaxation of the hydrogel 

brain tissue mimic upon removal of the injection needle. The diameters of the 2D probes implanted 

using 150/250 and 100/170 needles exhibited post-injection diameters much closer to the needle 

OD with median values/percentage of injection needle ODs of 202/80 and 185 μm/109%, 

respectively. Differences in 2D cross-sectional diameter were statistically-significant between the 

400/650 and 150/250 injections (P < 0.01) in addition to the 400/650 and 100/170 injections (P < 

0.001); however, the 2D 150/250 and 100/170 injections were not statistically-significantly 

different (P > 0.05). On the other hand, the cross-sectional diameters of the 1D probes implanted 
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using 150/250 and 100/170 needles exhibited median diameters/percentage OD of 137/55 and 96 

μm/57%, respectively, thus showing a greater and statistically-significant reduction in diameter 

and occupied volume compared to the corresponding 2D probes (P < 0.0001 in both 2D vs. 1D 

cases).  

To further explore these observations we prepared 0.14% agarose hydrogel as a mimic of 

the vitreous humor of the eye,38 given recent studies where mesh electronics probes have been 

injected onto the concave surface of the retina cup.33 Optical images of the lowest Dt 2D and 1D 

probes post-implantation (Figure 2.7) showed that in this hydrogel the lowest Dt 2D and 1D probes 

have diameters and conformations consistent with the needle OD or even expand beyond the OD, 

which contrasts the results in the more dense brain-tissue mimicking hydrogel.  
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Figure 2.8 Microcomputed tomography of mesh electronics in brain tissue. 3D 

microcomputed tomography image of an in-skull mouse brain injected with four implanted lowest 

Dt 2D mesh electronics probes. Probe was injected using the standard 400/650 glass needle 

(denoted by red arrow), whereas probes 2 – 4 were injected using 150 μm ID/250 μm OD glass 

needles. Apparent voids in the image are from the following: artificial voids produced as a result 

of inclusion of a clipping box, using VGStudio MAX software, for enhanced image clarity; burr 

holes drilled through the skull for probe injection into the mouse brain; a natural void 

corresponding to the foramen magnum at the base of the skull where it meets the spinal column. 
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Last, we characterized the structures of the lowest Dt 2D and 1D probes implanted into the 

brains of mice for different ID/OD injection needles (Figure 2.6d). The mesh probes were 

implanted to a depth of 4 mm using the FoV method,28 and then mice were euthanized and the 

brains fixed  1 hour following mesh injection to provide a view of the acute probe/tissue structure. 

Micro-computed tomography (micro-CT) images (Figure 2.6e, 2.8) highlight several key features. 

Overall, these images all appear similar with only slightly greater transverse spread observed for 

2D versus 1D probes injected through the 150/250 and 100/170 needles. Measurements of the 

cross-sectional diameters from these images are summarized in Figure 2.6f and reveal several key 

results. First, the injection of the 2D probes demonstrated consistent cross-sectional diameters for 

the 400/650, 150/250 and 100/170, needles with median mesh diameters/percentage of needle ODs 

of 213/33, 220/88, and 215 μm/127%, respectively. Second, the significant transverse compression 

post-injection of the lowest Dt 2D probes, relative to needle OD, found from injection using the 

400/650 needles was not observed for the reduced diameter needles. Differences in the 2D cross-

sectional diameters were not statistically-significant across the 400/650, 150/250, and 100/170 

needles (P > 0.05 in all cases). Third, the 1D probes injected through 150/250 and 100/170 needles 

had median mesh diameters/percentage of needle ODs of 167/67 and 134 μm/79%, respectively, 

thus showing compression relative to needle OD compared to 2D probes. Statistical analyses of 

these data show that the 1D compression relative to the corresponding 2D probes is statistically 

significant for both the 150/250 (P < 0.001) and 100/170 (P < 0.0001) needles studied. These 

results show that the substantial tissue relaxation following removal of the larger 400/650 needles 

from the brain post-implantation is largely eliminated with the 2.6 and 3.8 times smaller diameter 

needles. Additionally, the presence of transverse elements in the ultra-flexible 2D mesh probes is 

important to avoid compression of the longitudinal sensing elements as observed in 1D probes. 
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We suggest that mesh electronics conformational volumes that are commensurate with injection 

needle OD allow for optimal probe integration with and electrode sampling of the tissue as opposed 

to a smaller volume than that perturbed during injection, which was observed with the largest 

needles for 2D probes and smaller needles for 1D probes. Last, we note that the injection of the 

lowest Dt 2D and 1D probes through the 150/250 or 100/170 needles required only 15.7 ± 1.8 μL 

or 21.1 ± 1.6 μL, respectively, which is significantly less than 100 μL volumes reported 

previously.28-31  
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2.3 Conclusion 

In conclusion, we have demonstrated that we can rationally design mesh electronics to 

enable facile loading into and ejection from capillary needles with ID four-fold smaller than 

previously attainable and with reduced injection volumes. These results suggest substantial 

opportunity for applications in brain mapping where smaller diameters injection needles could 

reduce acute damage to native neural circuitry. Finally, we note that the reduced diameter 

implantation needles for mesh electronics implantation could extend the capabilities of this 

exciting probe technology to chronic scientific and clinical applications such as enabling targeting 

of sensitive nervous tissue, including rodent spinal cord, which would otherwise be precluded by 

more invasive probes and delivery mechanisms.  
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2.4 Materials and Methods 

2.4.1 Ultraflexible Mesh Electronics Probe Design Parameters 

The ultraflexible 2D mesh electronics designs maintain a general unit cell structure device 

similar to previous reports (Figure 2.1a-c).27, 30, 31 Unit cell design parameters include the relative 

angle between longitudinal and transverse elements (α), longitudinal element width (wl), 

transverse element width (wt), transverse element thickness (tt), Au interconnect width (wm), 

interconnect thickness (tm), spacing of longitudinal elements (Ll), and spacing of transverse 

elements (Lt) (Figure 2.1b). For the fabricated mesh electronics probes, the following parameter 

ranges were investigated: α = 45, 60, or 70˚, wl = 20 μm, wt = 10 or 20 μm, tt ≈ 400 or 800 nm 

(one or two SU-8 layers, respectively), tm = 105 nm (5 nm Cr and 100 nm Au), wm = 10 μm, wt = 

100 nm, Ll = 140 μm, Lt = 333 μm, and total longitudinal element thickness ≈ 900 nm (two SU-8 

elements insulating a single gold interconnect). The 1D probes have the transverse elements 

removed (wt = 0 μm, tt = 0 μm) for the portion of the mesh that would be injected into tissue or 

other soft matter. In these studies, this 1D length was 4 mm to ensure that the internalized region 

implanted in a rodent brain was free of transverse elements (Figure 2.1d). The remainder of the 

1D mesh structures were based upon the α = 70˚ 2D mesh for ease of handling. The overall mesh 

widths for each fabricated design was W = 1 mm. Each Au interconnect terminates with a metal 

recording device located on one end of the longitudinal element (Figure 2.3a). The other end of 

each longitudinal element contains an Au I/O pad for interfacing with external electronics by 

reported methods (Figure 2.3b).28 

2.4.2 Finite Element Analysis of Mesh Electronics Unit Cell 

Dl and Dt of the 2D mesh electronics unit cell were estimated with finite element software 

ABAQUS as previously reported.27, 30 The unit cell was defined by variable geometry as described 
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in “Ultraflexible Mesh Electronics Probe Design Parameters” in addition to designs with α = 0˚ 

and 30˚. The cross-section of the longitudinal elements was defined as a 105 nm thick gold layer 

sandwiched by two layers of SU-8 with thickness of 421.5 nm each, determined by prior 

measurement and consistent with previous simulation conditions.30 The transverse element cross 

section was defined as either 421.5 or 843 nm of SU-8 to reflect single or double layer thickness. 

SU-8 and Au were modelled as linear elastic materials with Young’s moduli of 2 GPa and 79 GPa, 

respectively. A small vertical displacement (d) was applied with the opposite end of the unit cell 

held fixed to estimate the associated external work (W), and the effective bending stiffness per 

width was estimated by 

 D =   
2 W l3

3 d2 b
                            

where l is the unit cell length perpendicular to the bending direction and b is the unit cell width 

parallel with the bending direction.39 In order to approximate the 1D mesh electronics Dl in a 

similar manner, the unit cell was defined with α = 0˚ to generate a cohesive structural unit for 

analysis. In this case, the transverse elements were simulated with reduction of width, thickness, 

and modulus toward vanishing from 10 μm, 421.5 nm, and 2 GPa to 10 nm, 10 nm, and 1 Pa, 

respectively, where convergence of the simulated external work, W, was achieved. This value of 

W was then used to approximate the 1D Dl. 

2.4.3 Fabrication of Mesh Electronics 

Mesh electronics probe fabrication has been described in detail previously;27 an overview 

of the key steps is as follows: (i) 100 nm of Ni was thermally evaporated (Sharon Vacuum, 

Brockton, MA) onto a pre-cleaned Si wafer (n-type 0.005 Ω⋅cm, 600 nm thermal oxide, Nova 

Electronic Materials, Flower Mount, TX) as a sacrificial layer. (ii) The negative-tone photoresist 

SU-8 (SU-8 2000.5; MicroChem Corp., Newton, MA) was spin-coated onto the Ni layer at 4000 
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rpm for an approximate thickness of 400 nm. It was pre-baked at 65 ˚C for 1 min followed by 95 

˚C for 3 min, and then patterned by photolithography (PL) (MA6 mask aligner, Karl Suss Microtec 

AG, Garching, Germany) with an i-line dose of 100 mJ/cm2
 to define the bottom probe layer. (iii) 

The exposed SU-8 was post-baked at 65 ˚C for 1 min followed by 95 ˚C for 3 min, and then 

developed using SU-8 Developer (SU-8 Developer, MicroChem Corp., Newton, MA) for 2 min, 

rinsed with isopropyl alcohol, and hard-baked at 185 ˚C for 1 hour with 30 min ramp and 30 min 

slow cooling. (iv) LOR 3A lift-off resist was spin-coated at 4000 rpm (MicroChem Corp., Newton, 

MA) and pre-baked at 180 ˚C for 5 min, and then Shipley 1813 positive photoresist was spin-

coated at 4000 rpm (Microposit, The Dow Chemical Company, Marlborough, MA) and pre-baked 

at 115 ˚C for 1 min. PL patterning was used to define the metal interconnects at an h-line dose of 

75 mJ/cm2 followed by development in CD-26 (MF-CD-26, Microposit, The Dow Chemical 

Company, Marlborough, MA) for 1.5 min and rinsing in deionized (DI) water. A flood exposure 

at an h-line dose of 75 mJ/cm2 was then performed on the sample. (v) Electron-beam evaporation 

(Denton Vacuum, Moorestown, NJ) was used to deposit 5 nm of Cr and 100 nm of Au. Extraneous 

metal was removed in a lift-off process using CD-26. (vi) Steps ii and iii were repeated to fabricate 

the top SU-8 layer, providing interconnect insulation, with the exception of the final hard-baking 

performed at 195 ˚C. (vii) Steps iv and v were repeated to define 20 μm diameter Pt recording 

electrodes (3 nm Cr and 50 nm Pt). (viii) Completed wafers were immersed in Ni etchant solution 

(40% FeCl3:39% HCl:H2O = 1:1:20) for approximately 40 min to dissolve the sacrificial Ni layer 

and release the probes. Free-standing probes were rinsed 4 times in DI water and transferred to 1X 

phosphate buffered saline (PBS) before injection.  

2.4.4 Loading Mesh Electronics into Capillary Tubes 
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Glass capillary tubes with ID (in μm)/OD (in μm) were used: 400/650 (Drummond 

Scientific Co., Broomall, PA), 200/330, 150/250, or 100/170 (Produstrial, LLC, Fredon, NJ). Glass 

capillary tubes were inserted into a micropipette holder (Q series holder, Harvard Apparatus, 

Holliston, MA), which was then connected to a 1-mL syringe (NORM-JECT®, Henke Sass Wolf, 

Tuttlingen, Germany) using polyethylene intrademic catheter tubing (1.19 mm ID/1.70 mm OD, 

Becton Dickinson and Company, Franklin Lakes, NJ). With the mesh electronics suspended in a 

100 mL beaker of 1× PBS, the capillary needle was positioned immediately adjacent to the I/O 

end of the structure by visual inspection, and the syringe was manually manipulated to load the 

probe into the glass needle.  The end of the probe, which contains electrodes, was then positioned 

at the needle tip by manual solution ejection with the syringe while keeping the needle submerged 

in solution. 

2.4.5 Preparation of Hydrogel 

The vitreous humor (of the retina) mimic was prepared by mixing 0.14 g agarose 

(SeaPlaque® Lonza Group Ltd., Basel, Switzerland) with 100 mL DI water in a glass beaker. The 

beaker was covered with aluminum foil (Reynolds Wrap® Reynolds Consumer Products, Lake 

Forest, Illinois) to prevent evaporation and heated to boiling on a hot plate. Once the solution 

became transparent, it was cooled to room temperature. The resulting hydrogel has a final mass 

concentration ca. 0.14% and mechanical properties similar to those of vitreous humor.38 Similarly, 

the brain tissue mimic hydrogel was prepared using the same procedure but with 0.5 g agarose for 

a final mass concentration ca. 0.5%, resulting in mechanical properties similar to dense brain 

tissue.36, 37  

2.4.6 Vertebrate Animal Subjects  
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Vertebrate animal subjects used in this study were 6–8 week old adult (25-35 g) male 

C57BL/6J mice (Jackson Laboratory, Bar Harbor, ME). All procedures performed on the 

vertebrate animal subjects were approved by the Animal Care and Use Committee of Harvard 

University. The animal care and use programs at Harvard University meet the requirements of the 

Federal Law (89-544 and 91-579) and National Institutes of Health (NIH) regulations and are also 

accredited by the American Association for Accreditation of Laboratory Animal Care (AAALAC). 

Animals were fed with food and water ad libitum as appropriate and were group-housed on a 12 

h/12 h light/dark cycle in the Harvard University Biology Research Infrastructure (BRI).  

2.4.7 Controlled Injection of Ultraflexible Mesh Electronics into Hydrogel 

Mesh electronics probes were injected into hydrogel by the FoV method.28 The 0.14% or 

0.5% agarose hydrogel was poured into a cuvette and allowed to cool to room temperature. A glass 

needle loaded with mesh electronics was inserted into a micropipette holder, which was connected 

to a 1× PBS-filled, syringe pump-controlled (PHD 2000, Harvard Apparatus, Holliston, MA) 5 

mL syringe (Becton Dickinson and Company, Franklin Lakes, NJ) via polyethylene intrademic 

catheter tubing (1.19 mm ID/1.70 mm OD). The micropipette holder was fixed to a motorized 

stereotaxic stage (860A motorizer and 460A linear stage, Newport Corporation, Irvine, CA) for 

precise control of injection depth and rate. The stereotaxic stage was used to insert the glass needle 

into the hydrogel-filled cuvette to its target depth of 4 mm. Controlled injection was achieved by 

focusing an eyepiece camera (DCC1240C, Thorlabs Inc., Newton, NJ) on the top of the mesh 

electronics I/O region and synchronizing the stereotaxic retraction rate of the needle to the rate of 

mesh electronics extrusion by fluid flow. Typical injection flow rates were 5 – 8 mL/h for the 

ultraflexible probes using reduced diameter needles with total injection volumes of 8 – 25 μl over 

the 4 mm injection lengths. 
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2.4.8 Controlled Injection of Ultraflexible Mesh Electronics into Mouse Brains  

In vivo injection of mesh electronics has been described previously.28-31 Briefly, all metal 

tools in direct contact with the mice were autoclaved for 1 h, and all plastic tools in direct contact 

with the mice were sterilized with 70% ethanol and rinsed with sterile DI water and sterile 1X PBS 

before use. Mesh electronic samples were sterilized using 70% ethanol and rinsed with sterile DI 

water prior to transfer into sterile 1X PBS. Mice were anesthetized by intraperitoneal (IP) injection 

of a mixture of 75 mg/kg of ketamine (Patterson Veterinary Supply Inc., Chicago, IL) and 1 mg/kg 

dexdomitor (Orion Corporation, Espoo, Finland). Mice were placed on a heating pad (Harvard 

Apparatus, Holliston, MA) set to 37˚C to maintain body temperature throughout surgery and 

recovery. Depth of anesthesia was monitored by performing a pinch test. A mouse was positioned 

in a stereotaxic frame (Lab Standard Stereotaxic Instrument, Stoelting Co., Wood Dale, IL) with 

two ear bars and a nose clamp for head fixation. Hair removal lotion (Nair®, Church & Dwight, 

Ewing, NJ) was applied for depilation of the mouse head, and iodophor was used to sterilize the 

depilated scalp skin. The scalp was resected from the center axis of the skull to expose 

approximately 2 mm by 2 mm of the skull. 1 mm diameter burr holes were created using a dental 

drill (Micromotor with On/Off Pedal 110/220, Grobet USA, Carlstadt, NJ). The dura was carefully 

incised and resected using a 27-gauge needle (PrecisionGlide®, Becton Dickinson and Company, 

Franklin Lakes, NJ), and sterile 1X PBS was swabbed on the surface of the brain to keep it moist 

throughout the surgery. The same injection process as described in “Controlled Injection of 

Ultraflexible Mesh Electronics into Hydrogel” was used to implant mesh electronics probe into 

the mouse brain using 15.7 ± 1.8 and 20.1 ± 0.9 μL of saline with the 150/250 and 100 μm ID/170 

μm OD needles, respectively (Figure 2.6). 1 hour after injection, the mouse was euthanized via 

intraperitoneal injection of Euthasol at a dose of 270 mg/kg body weight and decapitated. The 



 

 53 

mouse head was placed in 4% paraformaldehyde (PFA) (Sigma-Aldrich Corp., St. Louis, MO) for 

24 h for initial brain tissue fixation, which was followed by transfer into 1x PBS at 4 ˚C for 24 h 

to remove excess formaldehyde. The exposed skull was ground using a high-speed rotary tool 

(Dremel, Racine, WI) at 10,000 rpm, which was followed by resection of the brain from the 

cranium. The brain was subsequently placed in 4% paraformaldehyde PFA for 24 h for further 

fixation, which was followed by transfer into 1x PBS at 4 ˚C for 24 h to remove excess 

formaldehyde. The mouse brain was then fixed on a user-made stage for micro-CT imaging. The 

micro-CT image shown in Figure 2.8 was imaged without removal of skull. 

2.4.9 Microcomputed Tomography  

Ultraflexible mesh electronics probe conformations in brain tissue after in vivo injection 

were characterized using an HMXST Micro-CT X-ray scanning system with a 2000 x 2000 pixels 

flat-panel 16-bits X-ray detector (model: HMXST225, Nikon Metrology, Inc., Brighton, MI). 

Typical imaging parameters were 75 kV and 120 μA with 1 second exposure using reflection 

tungsten target. Shading correction and flux normalization were applied before scanning to adjust 

the X-ray detector. The CT Pro 3D software (ver. 2.2, Nikon-Metris, UK) was used to calibrate 

centers of rotation for micro-CT sinograms and to reconstruct the images. VGStudio MAX software 

(ver. 3.0, Volume Graphics GmbH, Germany) was used for 3D rendering and analysis of the 

reconstructed images (Figure 2.6d, 2.8). Cross-sectional diameters were determined by obtaining 

cross-sectional images of the mesh electronics probes at various positions along their longitudinal 

injection axes and measuring the diameters of the smallest possible circles to fully inscribe the 

probe cross-section. 
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Chapter 3 

Minimized Implantation Footprint Mesh Electronics with Low to 

Zero Injection Volume 

 

Implantable electronics have demonstrated high potential for various applications in the 

central nervous system, and polymer-based probes in particular have significantly improved 

chronic biocompatibility. While increasing implant flexibility to more closely match that of brain 

tissue can mitigate issues such as chronic immune response, reduction in rigidity simultaneously 

renders probe implantation more challenging. In the case of mesh electronics, glass capillary 

needles are used as a delivery shuttle, and saline injection is applied for probe extrusion into the 

brain. Previous studies relied on relatively large 650 μm outer diameter (OD) needles, whereas a 

recent report has demonstrated that design innovations on the basic structural unit can enable 

injection using needles with 250 μm OD. Here, we report on the chronic in vivo application of 

ultra-flexible mesh electronics using the reduced diameter needles and saline injection volumes. 

In addition, we report a simple and highly reproducible post-fabrication method to enable mesh 

electronics implantation using the same glass needles but without the requirement of saline-based 

extrusion. Chronic electrophysiology and histology experiments demonstrated that the reduced 

PBS injection volume and the zero injection volume (ZIV) mesh electronics probes both facilitate 

tissue recovery on the time-scale of ca. 2.5 – 3 weeks post-injection. In the context of prior work 

which indicated a time-scale of ca. 6 – 8 weeks post-injection to achieve interfacial stability, 

innovation upon the implantation approach has significantly reduced invasiveness from the acute 

insertion trauma. Reduced diameter needles in addition to a ZIV-based implantation can simplify
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the insertion process for higher accessibility to other scientists while further opening up new 

opportunities within scientific research and translational studies. 
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3.1 Introduction 

While significant advancements have been made in recent years in the field of 

neuroscience, challenging technological barriers have limited the capabilities of some analytical 

techniques. Imaging techniques like functional magnetic resonance imaging (fMRI)1 or brain 

surface probes2, 3 often suffer from limited spatiotemporal resolution, such that individual neuron 

activity cannot be resolved, whereas some optical imaging methods4 can resolve activity at the 

neuronal level but, like surface probes, are limited by penetration depth.5 On the other hand, 

electrical implants have been extensively applied, and such technologies as microwire6, 7 and 

silicon probes8, 9 can readily monitor with high enough spatiotemporal resolution to identify single-

unit neuronal activity. One key limitation of these conventional implants, however, is gliosis,10-12 

which is due to the structural and mechanical property mismatches with tissue and describes the 

process by which chronic inflammation at the probe surface results in complete encapsulation with 

astrocytes. 

Flexible brain implants, such as polymeric ones, have been developed to overcome some 

of the critical challenges faced by conventional brain implants.13-15 While the effects of gliosis are 

mitigated, these implants generally still exhibit evidence of chronic inflammation.16 Furthermore, 

high mechanical compliance introduces challenges associated with probe delivery because 

buckling at the surface will ordinarily occur instead of insertion into the tissue17, 18 except in cases 

which use relatively rigid implants.19 To address this critical limitation, significant efforts have 

been invested into developing new implantation strategies. For example, several studies have 

reported on temporarily attaching a rigid insertion guide, often ranging between 10 and 100 μm in 

diameter, to a flexible probe via a mechanical-locking mechanism20, 21 or dissolvable molecular 

attachment method,22, 23 where the insertion guide is detached from the probe following insertion 
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to allow facile retraction of the insertion guide while the probe remains in place. Other reports 

have focused on surface-positioned insertion guides to increase critical buckling force,24 freezing 

the probe with liquid nitrogen immediately prior to insertion to temporarily increase effective 

stiffness,25 and by using dense, dissolvable polymer coatings as a temporary stiffening agent to 

facilitate insertion.26-29  

In the unique case of mesh electronics, which have demonstrated chronic recording 

stability for at least 8 months after implantation,30 the probes can be syringe loaded and injected 

into brains using saline injection flow, comparable to pharmaceutical administration.31, 32 As 

evidenced by histological analysis, the mesh electronics probes do not elicit chronic inflammation; 

however, evidence of acute insertion trauma is found at least as late as two weeks post-injection, 

where voids are found in the tissue that eventually recovery by ca. 4 to 6 weeks post-injection.16, 

30 This provided strong indication that the relatively large glass delivery needles, which were 650 

μm in OD, were inducing unnecessary damage to the local intact neural networks, noting that the 

mesh electronics ordinarily occupy conformations with a cross-sectional diameter of ca. 150 to 

200 μm.16 

To significantly extend the capabilities of mesh electronics probes, a recent report focused 

on minimizing the acute insertion trauma with the ultimate goal of allowing mesh electronics to 

have stable tissue interaction not only in the chronic stage but also in the acute stage as well.33 

Mesh electronics mechanical properties were optimized, and the resulting ultra-flexible mesh 

electronics designs could be loaded and injected using 150 μm inner diameter (ID) / 250 μm OD 

glass needles with significantly reduced saline injection volumes and flow rates. We note, 

however, that the requirement of low saline injection volume (ca. 15 μL or less over a 4 mm 

injection depth) presents a currently incompletely understood contribution, whether beneficial or 
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detrimental, on the acute immune response to insertion trauma. Furthermore, this specialized and 

unique requirement presents an additional barrier to use of mesh electronics by other scientists or 

potentially for clinical applications. 

To address these considerations, we sought to develop an alternative implantation strategy 

that does not require saline injection volume and without significantly modifying the mesh 

electronics structure, which affords the unique capabilities in chronic biocompatibility. Noting that 

plasma treatment readily enhances surface hydrophilicity and roughness,34-37 which can contribute 

to enhancement of adhesive properties38 and favorability for cell culturing,39-41 our approach was 

focused on simple plasma modification of SU-8 post-fabrication. Herein, we report on the 

development of a ZIV implantation scheme for mesh electronics, based upon selective plasma 

activation to favorably tune SU-8 surface properties, using reduced diameter needles as the 

delivery shuttle. In addition, systematic chronic in vivo recording studies are presented using the 

low injection volume and ZIV-implanted mesh electronics to evaluate how minimization of the 

implantation footprint impacts the time-course of tissue recovery, and these results are further 

explored with corresponding histological analysis.  
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3.2 Results and Discussion 

 

 

Figure 3.1 Overview of ZIV implantation strategy. (a) Schematic of ZIV injection procedure. 

Mesh electronics are loaded inside of a glass capillary needle where the plasma modified adhesion 

tip is left outside (i), the needle is inserted into the tissue (ii), and the needle is directly retracted 

after a brief waiting period (iii), leaving the mesh electronics in place. (b) Schematics of the tested 

probe tip geometries. Stellate-like (left) and fractal (right) geometries of SU-8 were defined at the 

end of each longitudinal ribbon to enhance surface area for maximized tissue adhesion. 

 

To realize a saline extrusion-free implantation strategy for ultra-flexible mesh electronics, 

we implemented the scheme highlighted in Figure 3.1a. First, the tip of the injected region of the 

mesh electronics is modified to accommodate focal points of adhesion for each longitudinal ribbon 

(Figure 3.1a, i). The adhesive region is left outside the boundary of the needle whereas the 

remainder of the mesh electronics, including the sensor elements, is withdrawn into the needle. 

Second, the needle is inserted into the target medium to a short distance deeper than the target 

insertion depth, followed by immediate retraction up to the target depth (Figure 3.1a, ii). This is 

done to separate the adhesive tip from the needle wall, resulting from the insertion process, and 

position it for better surface area contact with the target medium. A short period of time is then 

allowed to elapse in order for the host material to relax onto the adhesive tip. Last, the needle is 
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directly withdrawn from the medium, and the mesh electronics is left in place with the sensor 

elements positioned at the target insertion depth (Figure 3.1a, iii). 

This insertion procedure requires adhesion forces between the modified mesh electronics 

tip and target medium to overcome frictional forces between the length of the loaded mesh 

electronics and inner needle wall. To achieve sufficient adhesion force without significantly 

altering the fundamental mesh electronics structure, two adhesive tip geometries were explored 

(Figure 3.1b). The first design consisted of a polar array of high aspect ratio bars (100 μm in 

length, 25 μm in width) centered about a 20 μm diameter focal point (Figure 3.1b, i), which 

roughly mimics a stellate neuron cell in geometry.42 The second tested adhesive tip consisted of a 

basic fractal design with similar geometrical considerations (Figure 3.1b, ii). In both cases, the 

explored tip geometries were designed to maximize surface area contact with the implanted 

medium and provide maximum adhesion strength. 

We fabricated ultra-flexible 2D mesh electronics probes with modified tip geometries using 

standard photolithography procedures as previously reported in order to assess feasibility of the 

ZIV approach. Briefly, a silicon (Si) wafer was coated with a sacrificial nickel (Ni) layer, and the 

bottom SU-8 mesh electronics structure was patterned on top. Next, the gold (Au) interconnects 

and sensor electrodes were patterned and deposited. Last, the top SU-8 layer of the mesh structure, 

which encapsulates and insulates the interconnects while keeping the sensor electrodes and I/O 

pads exposed, was patterned. The ultra-flexible mesh electronics design parameters were 

previously reported elsewhere,33 and the direct contact input/output (I/O) design43 was 

implemented for facile and high fidelity connectorization. 
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Figure 3.2 Plasma modification of mesh electronics for ZIV implantation. (a) Stellate-like 

mesh electronics tip geometry after receiving three cycles of oxygen plasma at 50W for 1 min. (b) 

Fractal mesh electronics tip geometry after receiving three cycles of oxygen plasma at 50W for 1 

min. (c) Sample recording region of mesh electronics after the plasma processing, which indicates 

that high discoloration observed in the tip regions was not observed elsewhere in the mesh 

electronics. All images were obtained prior to release from wafer. 

 

Selective plasma treatment of the designated adhesive tips was accomplished by first spin-

coating a protective layer of photoresist, and patterning the protective layer to selectively open 

windows to and expose only the tip regions. Then, three cycles of oxygen plasma at 50W for 1 

min were performed with a 5 min resting period between each cycle. Last, the protective resist was 

completely removed, and a final oxygen plasma cleaning step at 50W for 1 min was applied. We 

note that prior studies involving mesh electronics typically used a single 50 – 100W for 1 min 

plasma cleaning step immediately prior to Ni etch, but that treatment was insufficient to render the 

SU-8 strongly adhesive to brain tissue. The resulting physical changes were characterized by 

optical microscopy (Figure 3.2). Notably, the plasma treated tips demonstrated high discoloration 

(Figure 3.2a); however, non-target regions such as the sensor element recording region did not 
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(Figure 3.2b). This indicated locally enhanced SU-8 surface roughness, which is accompanied by 

enhanced surface hydrophilicity.34-36 

To experimentally evaluate the two probe tip geometries with the plasma treatment, 

injection tests were performed in both mouse brains via stereotaxic injection and brain mimic 

hydrogel.44 Fabricated mesh electronics were released by etching the sacrificial Ni layer and stored 

in 1× phosphate buffered saline (PBS). The mesh electronics were loaded inside of 150 μm ID / 

250 μm OD glass needles up to the recording region such that only the adhesive tips were left 

remaining outside of the needle boundary. Implantation into a mouse brain using the stellate-like 

tip design is highlighted in Figure 3.3. First, the mesh electronics-loaded needle was placed in 

close proximity to the injection site. Next, the needle was inserted to ca. 0.5 to 1 mm deeper than 

the target insertion depth, followed by immediate retraction to the target insertion depth (Figure 

3.3a). Last, the needle was fully retracted at a rate of 0.5 mm/s from the brain after a ca. 5 min 

resting period (Figure 3.3b). Notably, the mesh electronics were clearly observed to have been 

implanted into the brain tissue, indicating that sufficient adhesion strength between the plasma-

modified tip region and brain tissue was achieved. Successful implantation was highly 

reproducible with ≥ 90% success across 25+ mouse brain implantations, where the small number 

of failures was generally attributable to observed rupturing of large blood vessels by needle 

insertion. Similarly, this design could also be successfully implanted in vitro into hydrogel (Figure 

3.3c) although retraction rates typically needed to be increased to at least 1 mm/s, suggesting that 

this adhesion effect was not dependent upon the presence of proteins or other biomolecules found 

within a biological specimen but does exhibit an overall retraction rate-dependence. 
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Figure 3.3 ZIV implantation into mouse brains and brain-mimic hydrogel. (a) A stellate-like 

tip geometry mesh electronics-loaded glass needle is first inserted into the mouse brain ca. 0.5 – 1 

mm below the target depth, followed by immediate retraction up to the target position. (b) After 

waiting ca. 3 – 5 min, the needle was directly retracted from the tissue, and the mesh electronics 

was observed to remain inside the brain. (c) Photomicrograph of a stellate-like tip geometry mesh 

electronics successfully injected into brain-mimic hydrogel. Black denotes the injected portion of 

the mesh electronics, and orange denotes mesh electronics resting upon the hydrogel surface. 

 

Experiments using the fractal tip design were also tested in mouse brains and hydrogel. It 

was found that these designs were successfully implanted into brain tissue ca. 15% of the time 

(N=1/6) at a retraction rate of 0.5 mm/s. Furthermore, successful implantation into hydrogel was 

also not reproducibly achieved. This suggests that design specifications of the tip geometry are 

critical in providing sufficiently large adhesion strength. Altogether, these results indicate that ZIV 

implantation of mesh electronics is readily achievable with the appropriate tip geometry (i.e., 

stellate-like), plasma processing conditions, and retraction rate. 
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Figure 3.4 Simultaneous ZIV implantation of 5 closely-spaced mesh electronics into mouse 

brain. (a) Reconstructed micro-CT view of mesh electronics simultaneously implanted into a 

mouse brain using a custom-made needle holder. (b) Transverse cross-section from micro-CT 

imaging, indicating the five mesh electronics probes were positioned in close proximity of one 

another, per the needle holder design. (c) Sagittal cross-section from micro-CT imaging, indicating 

the elongated mesh electronics conformations spanned the desired insertion depth of ca. 2.5 mm. 

 

Noting that the modified implantation approach circumvents any prior concerns with 

saline-based local increase of intracranial pressure, we then asked what new opportunities the ZIV 

approach may enable. Furthermore, the implantation does not require continuous monitoring of 

the mesh injection to carefully coordinate mesh injection rate with needle retraction rate, so the 

simultaneous implantation of multiple mesh electronics probes becomes possible and facile. Thus, 

we used a custom-built needle holder to allow for the simultaneous implantation of 5 shortly 

spaced apart (ca. 350 μm pitch in a star-shaped array) mesh electronics probes in order to map a 

confined brain region with high density. The mesh electronics array was simultaneously ZIV 

implanted into a mouse brain, and the in-tissue conformations were assessed by micro-computed 

tomography (CT) imaging (Figure 3.4). First, the reconstructed side-view (Figure 3.4a) 

demonstrated that the mesh electronics were linearly elongated, which were comparable to those 
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injected using PBS, and spatially separated but in close proximity of one other. Close examination 

of transverse and sagittal cross sections (Figure 3.4b,c) further showed that the probes were highly 

localized as desired, occupying a volume corresponding to ca. 0.6mm (anterior-posterior) by 

0.5mm (medial-lateral) by 2.5mm (dorsal-ventral). We note that this may have potential 

applications such as in study of the barrel cortex, where barrels are well-defined columnar 

structures with diameters comparable to needle outer diameter.45 Thus, we propose that future 

studies may involve translating this strategy toward implanting an array of mesh electronics 

directly into several adjacent barrels to investigate aging-related plasticity changes associated with 

whisker stimulation/deprivation experiment protocols.46-49 

To better understand the effect of a ZIV implantation of mesh electronics on the early stage 

temporal dynamics of the probe-tissue interface, we first performed a series of chronic 

electrophysiology experiments. Multiplexed 16-channel ultra-flexible mesh electronics were 

implanted into mouse brains using 150 μm ID / 250 μm OD glass needles and either PBS injection 

or ZIV injection. I/O connection to a flexible flat cable (FFC) was achieved using the previously 

reported direct contact approach,43 which then permits connection to an external recording system. 

Compared to prior studies using conventional mesh electronics designs and 400 μm ID / 650 μm 

OD glass needles for injection, the PBS injection volumes required for successful implantation 

into the mouse brains was reduced from ca. 50+ μL to 9.8  ± 3.1 μL (Table 3.1). This indicates 

that the ultra-flexible mesh electronics designs permit significantly reduced injection footprint for 

in vivo implantation, which is further supported by the ca. 7-fold reduction in needle-perturbed 

tissue volume for a 4 mm deep injection when using the reduced diameter needles. 
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Table 3.1 Injection parameters for PBS-injected mesh electronics. Summarized injection 

volumes and corresponding flow rates required to extrude PBS-injected mesh electronics into 

mouse brains for chronic electrophysiology and histology experiments. Error denotes standard 

deviation. 
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Figure 3.5 Chronic electrophysiology from PBS-injected mesh electronics. (a) Sample 16-

channel recording traces from PBS-injected mesh electronics at (i) week 1 and (ii) week 6 post-

injection. Red box indicates selected channel for further analysis. (b) Average single-unit 

waveforms for all detected and resolvable neurons, obtained after principal component analysis-

based clustering, across all recording time-points. (c) Average single-unit amplitudes of the 

detected neurons across all recording time-points. Error bars denote standard deviation. 

 

Analysis of the chronic electrophysiology studies from the PBS-injected mice (N=3) is 

highlighted in Figure 3.5. Sample bandpass filtered recording traces from a single mesh 

electronics probe are shown at week 1 (Figure 3.5a, i) and week 6 (Figure 3.5a, ii) post-injection, 

which demonstrated clear single-unit neuron firing across the 16 channels. Temporal evolution of 

individual neuron waveforms of a selected channel (Figure 3.5b) and corresponding spike 

amplitudes (Figure 3.5c) highlight an initial transient period of changing firing characteristics, 

followed by a period of monitoring stable waveforms and corresponding amplitudes. Thus, chronic 
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recording stability was achieved using the ultra-flexible mesh electronics implanted using reduced 

diameter needles and injection volumes, similar to previous reports using less mechanically 

optimized mesh electronics designs.30 Notably, it was also observed that the spike waveforms and 

amplitudes stabilized at ca. 2.5 weeks post-injection. This represents a significant improvement in 

the time-course of achieving interfacial stability over the use of conventional mesh electronics 

with the larger needles and injection volumes, which required ca. 6 – 8 weeks post-injection.30  

For the ZIV-injected mice (N=3), corresponding analysis was performed (Figure 3.6). 

Sample bandpass filtered recording traces from a single ZIV probe are shown at week 1 (Figure 

3.6a, i) and week 6 (Figure 3.6a, ii) post-injection. Similar single neuron firing activity was 

observed across recording time-points and the 16 channels to that from the PBS-injected mesh 

electronics. Closer assessment of a representative channel for neuron waveform (Figure 3.6b) and 

corresponding amplitude (Figure 3.6c) illustrated several key points. First, significant neuron 

firing activity was observed as early as day 1 post-injection, compared to week 0.5 post-injection 

in the PBS-injected mesh electronics. Second, spike waveforms and amplitudes were observed to 

stabilize within 1 week of their initial observation, which is further in contrast to the PBS-injected 

mesh electronics. Third, global stabilization required ca. 2.5 weeks post-injection, which was 

roughly identical to the required time-course of the PBS-injected mesh electronics. This suggests 

that while some key differences were observed, tissue recovery and remodeling for complete 

interfacial stability to be achieved occurred at roughly the same timescale.  
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Figure 3.6 Chronic electrophysiology from ZIV-injected mesh electronics. (a) Sample 16-

channel recording traces from ZIV-injected mesh electronics at (i) week 1 and (ii) week 6 post-

injection. Red box indicates selected channel for further analysis. (b) Average single-unit 

waveforms for all detected and resolvable neurons, obtained after principal component analysis-

based clustering, across all recording time-points. (c) Average single-unit amplitudes of the 

detected neurons across all recording time-points. Error bars denote standard deviation. 

 

To further expand upon these analyses, we examined the time-course required to achieve 

recording stability across multiple other representative channels for each injected mesh electronics. 

Individual neurons were clustered from 4 total arbitrarily selected channels from each mesh 

electronics implant, single-unit amplitudes were individually normalized and averaged together 

per channel, and the total averages were obtained by averaging across each selected channel. In 

the case of the PBS-injected mesh electronics (Figure 3.7a), notable observable features are as 

follows. First, high variability was found in the time required to initially detect resolvable single-
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unit activity, ranging from day 1 post-injection up to week 1 post-injection. Second, the amplitudes 

were observed to reach chronic stability at ca. 2.5 to 3 weeks post-injection. This result was 

consistent with the detailed single channel analysis in Figure 3.5. Similarly, the ZIV-injected mesh 

electronics (Figure 3.7b) also reached chronic stability ca. 2.5 to 3 weeks post-injection. 

Importantly, it was found that resolvable single-unit activity was reproducibly observed by day 1 

post-injection unlike the PBS-injected mesh electronics. While ZIV-injected mesh electronics may 

demonstrate notable advantages over PBS-injected mesh electronics immediately post-injection, 

the overall timescale of complete tissue integration was determined to be roughly equivalent. 

Moreover, either implantation approach represents a significant leap forward in context of prior 

studies using larger glass needles and PBS injection volumes, which required ca. 6 – 8 weeks to 

reach amplitude stabilization.30 Hence, innovation on the implantation strategy can enable 

substantial minimization of the implantation footprint in addition to simplification of the surgical 

implantation procedure. 
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Figure 3.7 Summarized chronic electrophysiology data from PBS- and ZIV-injected mesh 

electronics. (a) Time-dependent averaged single-unit amplitudes for a single PBS-injected mesh 

electronics probe, across 4 arbitrarily selected channels, shown for 3 separate probes. (b) Time-

dependent averaged single-unit amplitudes for a single ZIV-injected mesh electronics probe, 

across 4 arbitrarily selected channels, shown for 3 separate probes. 

 

Last, we performed a series of histology studies in order to mechanistically correlate the 

temporal dynamics of the probe-tissue interface evolution with the electrophysiology results. 

Consistent with previous reports,16, 30 mesh electronics were stereotaxically injected into the 

hippocampus, the mice were sacrificed at designated timepoints, and the brains were harvested for 

sectioning, staining, and imaging. Confocal imaging was used to assess densities of neuron somata 

(neuron nuclei, NeuN), axons (neurofilament, NF), microglia (iba-1), and astrocytes (GFAP) at or 

within the PBS-injected mesh electronics boundary, relative to background levels. At 1.5 weeks 

post-injection, several key observations were made (Figure 3.8a,b). First, axons were observed to 

seamlessly interpenetrate with the mesh electronics probe and with high density. This observation 

was in stark contrast to prior histology studies using the larger needles and PBS injection volumes, 
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where large tissue voids within the mesh electronics boundary remaining from insertion trauma 

were observed as late as 2 weeks post-injection.16, 30 Second, neuron somata were found in close 

proximity to the mesh electronics boundary. Third, immune response from microglia and 

astrocytes did not demonstrate any visually obvious enhancements at or within the mesh 

electronics boundary. Assessment of the tissue-probe interface was also performed at 3 weeks 

post-injection (Figure 3.8c,d). Similar to observations made at 1.5 weeks post-injection, axons 

seamlessly interpenetrated throughout the mesh electronics boundary and with apparent enhanced 

density relative to background. On the other hand, higher accumulation of neuron cell bodies was 

observed at the probe surface relative to 1.5 weeks post-injection. Finally, the immune response at 

or near the probe surface did not visually indicate any significant enhancement. 
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Figure 3.8 Cross-sectional histology images and analysis from PBS-injected mesh electronics. 

(a) Confocal fluorescence microscopy image of PBS-injected mesh electronics (false colored in 

blue), axons (NF), and neuron somata (NeuN) at 1.5 weeks post-injection. (b) Confocal 

fluorescence microscopy image of PBS-injected mesh electronics (false colored in blue), microglia 

(cyan), and astrocytes (purple) at 1.5 weeks post-injection. (c) Confocal fluorescence microscopy 

image of PBS-injected mesh electronics, axons, and neuron somata at 3 weeks post-injection. (d) 

Confocal fluorescence microscopy image of PBS-injected mesh electronics, microglia, and 

astrocytes at 3 weeks post-injection. (e) Normalized fluorescence intensity at 1.5 weeks post-

injection of axons, neuron somata, microglia, and astrocytes at or near the mesh electronics surface. 

Pink region denotes interior of mesh electronics boundary. (f) Normalized fluorescence intensity 

at 3 weeks post-injection of axons, neuron somata, microglia, and astrocytes at or near the mesh 

electronics surface. Pink region denotes interior of mesh electronics boundary. 
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To quantitatively analyze these results, we then measured and normalized the fluorescence 

intensities relative to 500 μm away from the probe surface. For 1.5 weeks post-injection, highly 

significant NF enhancement was found within the mesh electronics boundary with a gradual 

decline toward background levels. At ca. 80+ μm from the probe surface, NeuN densities were 

roughly comparable to background levels; however, notable reduction in density was found from 

the probe surface to ca. 60 μm outward. The microglia and astrocytes were either minimally 

elevated (ca. 15 – 20%) or comparable to background, respectively, at and within the mesh 

electronics boundary. This is consistent with potential minor existence of immune response from 

insertion trauma (from the microglia) but no evidence of chronic immune response (from the 

astrocytes).  For 3 weeks post-injection, NF intensity was found to be significantly enhanced inside 

the probe boundary and within ca. 100 μm from the surface.  In addition, neuron somata densities 

were observed to reach or exceed background level near and at the probe surface and even 

penetrate within the mesh electronics boundary. This suggests that tissue remodeling may occur 

between 1.5 and 3 weeks post-injection to reduce axon density while also increasing cell body 

density at the mesh electronics interface. In context of the electrophysiology results, this 

observation provides a strongly consistent result that interfacial stability requires ca. 2.5 to 3 weeks 

post-injection. Immune response was also found to exhibit no marked enhancement (within ca. 

10% of baseline) at or within the probe boundary. These results indicate that the ultra-flexible 

mesh electronics which are injected using reduced diameter needles and PBS injection volumes 

retain the chronic stability observed with prior design iterations while enabling tissue recovery at 

a significantly elevated rate, compared to ca. 4 – 6 weeks from prior reports.16, 30 Further histology 

studies, particularly those with 3-D imaging,50 are expected to be completed in the near future, and 

these will include results from both PBS- and ZIV-injected mesh electronics. Because of the 
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observations made from both the electrophysiology and 2-D histology studies, we will also assess 

temporal dynamics of the potential presence of neuron progenitor cells via staining of doublecortin 

(DCX)50 in order to better understand how the two implantation strategies may contribute toward 

future neural tissue regeneration applications of mesh electronics.  
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3.3 Conclusion 

In conclusion, we have demonstrated significant innovation upon the mesh electronics 

implantation strategy in order to resolve prior limitations associated with delivery. In addition to 

injecting ultra-flexible mesh electronics using significantly reduced diameter needles and saline 

injection volumes, we have developed a saline injection-free implantation method, which 

significantly simplifies the surgical procedures. ZIV implantation was enabled by simple plasma 

processing, and successful implantation was found to have dependence on tip geometry, plasma 

processing conditions, and needle retraction rate. Electrophysiology studies demonstrated a 

roughly comparable overall time-course of ca. 2.5 to 3 weeks post-injection to achieve chronically 

stable single-unit recordings for both the PBS- and ZIV-injected mesh electronics; however, key 

differences were found, including ZIV-injected mesh electronics much more consistently allowing 

for high amplitude recordings at day 1 post-injection. Histology results from the PBS-injected 

mesh electronics were in strong correlation with the recording results due to tissue stabilization 

being observed by 3 weeks post-injection in addition to axonal tissue recovery within the insertion 

boundary by 1.5 weeks post-injection. In context of prior studies using larger glass needles and 

injection volumes which required ca. 6 – 8 weeks for recording stabilization and 4 – 6 weeks for 

tissue recovery, these results demonstrated a significant advancement for use of mesh electronics 

for scientific and potential clinical applications while also better elucidating the generalized 

importance of the implantation strategy considerations for brain electronics. 
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3.4 Materials and Methods 

3.4.1 Ultra-flexible Mesh Electronics Probe Design Parameters 

The ultra-flexible mesh electronics designs maintain the same unit cell structure as that 

from a previous report.33 Unit cell design parameters include the relative angle between 

longitudinal and transverse elements (α), longitudinal element width (wl), transverse element width 

(wt), transverse element thickness (tt), Au interconnect width (wm), interconnect thickness (tm), 

spacing of longitudinal elements (Ll), and spacing of transverse elements (Lt). The following 

parameters were used: α = 70˚, wl = 20 μm, wt = 10 μm, tt ≈ 400 nm (one SU-8 layer), tm = 105 

nm (5 nm Cr and 100 nm Au), wm = 10 μm, tm = 100 nm, Ll = 140 μm, Lt = 333 μm, and total 

longitudinal element thickness ≈ 900 nm (two SU-8 elements insulating a single gold 

interconnect). Each Au interconnect terminates with a metal recording device located on one end 

of the longitudinal element. The other end of each longitudinal element contains an Au I/O pad for 

interfacing with external electronics by reported methods.43  

3.4.2 Fabrication of Mesh Electronics 

Mesh electronics probe fabrication has been described in detail previously;16, 30-33, 43, 50 an 

overview of the key steps is as follows: (i) 100 nm of Ni was thermally evaporated (Sharon 

Vacuum, Brockton, MA) onto a silicon wafer (n-type 0.005 Ω⋅cm, 600 nm thermal oxide, Nova 

Electronic Materials, Flower Mount, TX) as a sacrificial layer. (ii) LOR 3A lift-off resist 

(MicroChem Corp., Newton, MA) was spin-coated at 4000 rpm and pre-baked at 180˚C for 5 min, 

and then Shipley 1813 positive photoresist (Microposit, The Dow Chemical Company, 

Marlborough, MA) was spin-coated at 4000 rpm and pre-baked at 115˚C for 1 min. Bottom Au 

I/O pad patterns were defined via photolithography (PL) (MA6 mask aligner, Karl Suss Microtec 

AG, Garching, Germany) at an h-line dose of 75 mJ/cm2 followed by development in CD-26 (MF-
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CD-26, Microposit, The Dow Chemical Company, Marlborough, MA) for 1.5 min and rinsing in 

deionized (DI) water. Next, an h-line flood exposure dose of 75 mJ/cm2 was applied on the sample. 

(iii) Thermal evaporation was used to deposit 5 nm of Cr and 100 nm of Au. Extraneous metal was 

removed in a lift-off process using CD-26. (iv) A thin I/O SU-8 layer was patterned by spin-coating 

a 2:1 mixture of SU-8 (SU-8 2000.5; MicroChem Corp., Newton, MA):cyclopentanone (Sigma-

Aldrich Corp., St. Louis, MO) at 4000 rpm, pre-baking at 65˚C for 1 min then a 95˚C for 3 min, 

patterning via PL with an i-line dose of 100 mJ/cm2, post-baking at 65˚C for 1 min then at 95˚C 

for 3 min, developing in SU-8 Developer (SU-8 Developer, MicroChem Corp., Newton, MA) for 

30 s, and rinsing with isopropyl alcohol. (v) The probe bottom SU-8 layer was patterned by 

repeating step iv, except with undiluted SU-8 and with development in SU-8 developer for 1 min. 

Samples were hard-baked at 185˚C for 1 h with 30 min ramp up and ramp down. (vi) Steps ii and 

iii were repeated for the Au interconnects and top I/O pads. (vii) Step v was repeated to fabricate 

the top SU-8 layer, except with a final hard-baking performed at 195˚C. (viii) Step vi was repeated 

to define 20 μm diameter Pt recording electrodes (3 nm Cr and 50 nm Pt), except using electron-

beam evaporation (Denton Vacuum, Moorestown, NJ). (ix) Completed wafers were oxygen 

plasma cleaned (50W, 1 min) then immersed in Ni etchant solution (40% FeCl3:39% HCl:H2O = 

1:1:10) for approximately 40 min to dissolve the sacrificial Ni layer and release the probes.   

3.4.3 Plasma Modification of Mesh Electronics 

For ZIV-implantation mesh electronics, an additional step was necessary to incorporate 

immediately after step viii from Section 3.4.2. LOR 3A lift-off resist was spin-coated at 4000 rpm 

and pre-baked at 180 ˚C for 5 min, and then Shipley 1813 positive photoresist was spin-coated at 

4000 rpm and pre-baked at 115 ̊ C for 1 min. PL patterning was used to define the plasma exposure 

windows at an h-line dose of 75 mJ/cm2 followed by development in CD-26 for 1.5 min and rinsing 
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in deionized (DI) water. Next, an h-line flood exposure dose of 75 mJ/cm2 was applied on the 

sample. Oxygen plasma was performed as follows: 50W for 1 min, wait 5 min, 50W for 1 min, 

wait 5 min, and 50W for 1 min. CD-26 was then used to remove the remaining positive resist, and 

the fabrication was completed per Section 3.4.2. 

3.4.4 Loading Mesh Electronics into Capillary Tubes 

Glass capillary tubes with 150 μm ID/250 μm OD were used (Produstrial, LLC, Fredon, 

NJ). Glass capillary tubes were inserted into a micropipette holder (Q series holder, Harvard 

Apparatus, Holliston, MA), which was then connected to a 1-mL syringe (NORM-JECT®, Henke 

Sass Wolf, Tuttlingen, Germany) using polyethylene intrademic catheter tubing (1.19 mm ID/1.70 

mm OD, Becton Dickinson and Company, Franklin Lakes, NJ). With the mesh electronics 

suspended in a 100 mL beaker of 1× PBS, the capillary needle was positioned immediately 

adjacent to the I/O end of the structure by visual inspection, and the syringe was manually 

manipulated to load the probe into the glass needle.  The end of the probe, which contains 

electrodes, was then positioned at the needle tip by manual solution ejection with the syringe while 

keeping the needle submerged in solution. In the case of the ZIV-implantation mesh electronics, 

the Au interconnects provided visual guidance of where to load the probes up to; the plasma-treated 

SU-8 tip region is transparent and was left outside of the needle to enable successful adhesion. 

3.4.5 Preparation of Hydrogel 

The brain tissue mimic was prepared by mixing 0.5 g agarose (SeaPlaque® Lonza Group 

Ltd., Basel, Switzerland) with 100 mL DI water in a glass beaker. The beaker was covered with 

aluminum foil (Reynolds Wrap® Reynolds Consumer Products, Lake Forest, Illinois) to prevent 

evaporation and heated to boiling on a hot plate. Once the solution became transparent, it was 
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cooled to room temperature. The resulting hydrogel has a final mass concentration ca. 0.5% and 

mechanical properties similar to those of dense brain tissue.44  

3.4.6 Vertebrate Animal Subjects  

Vertebrate animal subjects used in this study were 6–8 week old adult (25-35 g) male 

C57BL/6J mice (Jackson Laboratory, Bar Harbor, ME). All procedures performed on the 

vertebrate animal subjects were approved by the Animal Care and Use Committee of Harvard 

University. The animal care and use programs at Harvard University meet the requirements of the 

Federal Law (89-544 and 91-579) and National Institutes of Health (NIH) regulations and are also 

accredited by the American Association for Accreditation of Laboratory Animal Care (AAALAC). 

Animals were fed with food and water ad libitum as appropriate and were group-housed on a 12 

h/12 h light/dark cycle in the Harvard University Biology Research Infrastructure (BRI).  

3.4.7 Controlled Injection of Mesh Electronics into Hydrogel 

Mesh electronics probes were injected into hydrogel by the FoV method.32 The 0.5% 

agarose hydrogel was poured into a cuvette and allowed to cool to room temperature. A glass 

needle loaded with mesh electronics was inserted into a micropipette holder. The micropipette 

holder was fixed to a motorized stereotaxic stage (860A motorizer and 460A linear stage, Newport 

Corporation, Irvine, CA) for precise control of injection depth and rate. The stereotaxic stage was 

used to insert the glass needle into the hydrogel-filled cuvette to its target depth of 4 mm. ZIV 

implantation was achieved by keeping the plasma-modified SU-8 tip of the mesh electronics 

outside of the needle, inserting the needle into the hydrogel ca. 0.5 to 1 mm below the target depth, 

immediately retracting up to the target depth, waiting ca. 3 – 5 min to allow the hydrogel to relax 

upon the adhesion tip, and retracting the needle at a rate of ca. 1+ mm/s. 

3.4.8 Controlled Injection of Mesh Electronics into Mouse Brains  
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In vivo injection of mesh electronics has been described previously.16, 30-32, 43, 50 Briefly, all 

metal tools in direct contact with the mice were autoclaved for 1 h, and all plastic tools in direct 

contact with the mice were sterilized with 70% ethanol and rinsed with sterile DI water and sterile 

1× PBS before use. Mesh electronic samples were sterilized using 70% ethanol and rinsed with 

sterile DI water prior to transfer into sterile 1× PBS. Mice were anesthetized by intraperitoneal 

(IP) injection of a mixture of 75 mg/kg of ketamine (Patterson Veterinary Supply Inc., Chicago, 

IL) and 1 mg/kg dexdomitor (Orion Corporation, Espoo, Finland). Mice were placed on a heating 

pad (Harvard Apparatus, Holliston, MA) set to 37˚C to maintain body temperature throughout 

surgery and recovery. Depth of anesthesia was monitored by performing a pinch test. A mouse 

was positioned in a stereotaxic frame (Lab Standard Stereotaxic Instrument, Stoelting Co., Wood 

Dale, IL) with two ear bars and a nose clamp for head fixation. Hair removal lotion (Nair®, Church 

& Dwight, Ewing, NJ) was applied for depilation of the mouse head, and iodophor was used to 

sterilize the depilated scalp skin. The scalp was resected from the center axis of the skull to expose 

approximately 2 mm by 2 mm of the skull. 1 mm diameter burr holes were created using a dental 

drill (Micromotor with On/Off Pedal 110/220, Grobet USA, Carlstadt, NJ). The dura was carefully 

incised and resected using a 27-gauge needle (PrecisionGlide®, Becton Dickinson and Company, 

Franklin Lakes, NJ), and sterile 1× PBS was swabbed on the surface of the brain to keep it moist 

throughout the surgery. The same injection process as described in Section 3.4.7 was used for ZIV 

implanted mesh electronics probe into the mouse brain. PBS-injected mesh electronics required 

the following setup modification: a glass needle loaded with mesh electronics was inserted into a 

micropipette holder, which was connected to a 1x PBS-filled, syringe pump-controlled (PHD 

2000, Harvard Apparatus, Holliston, MA) 5 mL syringe (Becton Dickinson and Company, 

Franklin Lakes, NJ) via polyethylene intrademic catheter tubing (1.19 mm ID/1.70 mm OD). 
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Controlled injection was achieved by focusing an eyepiece camera (DCC1240C, Thorlabs Inc., 

Newton, NJ) on the top of the mesh electronics I/O region and synchronizing the stereotaxic 

retraction rate of the needle to the rate of mesh electronics extrusion by fluid flow, where the 

injection requirements are described in Table 3.1. The I/O end of the mesh electronics was injected 

on the skull-mounted FFC and unfolded to allow connection to external electronics. Electrical 

connection of syringe-injectable electronics for chronic recording and stimulation was achieved 

through our previously reported direct contact interfacing method.43  

For the micro-CT imaging experiment, the mouse was euthanized 1 h post-injection via 

intraperitoneal injection of Euthasol at a dose of 270 mg/kg body weight and decapitated. The 

mouse head was placed in 4% paraformaldehyde (PFA) (Sigma-Aldrich Corp., St. Louis, MO) for 

24 h for initial brain tissue fixation, which was followed by transfer into 1x PBS at 4˚C for 24 h to 

remove excess formaldehyde. The exposed skull was ground using a high-speed rotary tool 

(Dremel, Racine, WI) at 10,000 rpm, which was followed by resection of the brain from the 

cranium. The brain was subsequently placed in 4% PFA for 24 h for further fixation, which was 

followed by transfer into 1x PBS at 4 ̊ C for 24 h to remove excess formaldehyde. The mouse brain 

was then fixed on a user-made stage for micro-CT imaging. 

3.4.9 Microcomputed Tomography  

ZIV-implanted ultra-flexible mesh electronics probe conformations in brain tissue after in 

vivo injection were characterized using an HMXST Micro-CT X-ray scanning system with a 2000 

x 2000 pixels flat-panel 16-bits X-ray detector (model: HMXST225, Nikon Metrology, Inc., 

Brighton, MI). Typical imaging parameters were 75 kV and 120 μA with 1 second exposure using 

reflection tungsten target. Shading correction and flux normalization were applied before scanning 

to adjust the X-ray detector. The CT Pro 3D software (ver. 2.2, Nikon-Metris, UK) was used to 



 

 86 

calibrate centers of rotation for micro-CT sinograms and to reconstruct the images. VGStudio MAX 

software (ver. 3.0, Volume Graphics GmbH, Germany) was used for 3D rendering and analysis of 

the reconstructed images. 

3.4.10 In Vivo Chronic Electrophysiology in Mice 

For chronic recording from restrained awake mice, mice with implanted mesh electronics 

and FFC connector were recorded chronically on a twice per week basis. Mice were restrained in 

a Tailveiner® restrainer (Braintree Scientific LLC., Braintree, MA) while the head-mounted FFC 

was connected to an Intan RHD 2132 amplifier evaluation system (Intan Technologies LLC., 

Los Angeles, CA) through a home-made printed circuit board (PCB). An 0-80 set screw was 

used as a reference. Electrophysiological recording was carried out with a 20-kHz sampling rate 

and a 60-Hz notch filter. 

3.4.11 Analysis of Electrophysiological Recording Data 

The recorded data were analyzed offline in a similar manner to our previous reports.30 In 

brief, raw recording data were filtered using the 'filtfilt' function in MATLAB in the 250–6,000 

Hz frequency range to extract single-unit spikes. Single-unit spike sorting was performed by 

amplitude thresholding of the filtered traces, automatically determining the threshold based on 

the median of the background noise with the improved noise estimation method.51 Sorted spikes 

were clustered to determine the number of single neurons and to assign spikes to each single 

neuron based on principal component analysis (PCA) using WaveClus software (version 2.0) 

that employs unsupervised superparamagnetic clustering of single-unit spikes.51 Spikes assigned 

to the same cluster were coded with the same color with their average spike waveforms. 

3.4.12 Histology Sample Preparation 
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Histology samples were obtained similar to previous reports.16, 30, 31 At designated time-

points of either 1.5 or 3 weeks post-injection, mice with implanted mesh electronics were 

anesthetized and then transcardially perfused with 1× PBS, followed with 4% PFA before 

decapitation at designated time points. The skin was removed, and the probe insertion site was 

ground at 10,000 RPM using a high-speed rotary tool (Dremel). Brains were removed from the 

skull and placed in 4% PFA for 24 h. Next, they were transferred to 1× PBS for 24 h at 4˚C to 

remove remaining formaldehyde. The brain was then transferred to incrementally increasing 

sucrose solutions (10–35%) (Sigma-Aldrich Corp., St. Louis, MO.) at 4˚C to cryoprotect the 

tissue. The brain was transferred to optimum cutting temperature (O.C.T.) compound (Tissue-

Tek® O.C.T. Compound, VWR) and frozen at -80˚C. The brain was then sectioned into 10-μm-

thick horizontal slices, orthogonal to the mesh electronics injection direction, using Leica 

CM1950 cryosectioning instrument (Leica Microsystems). 

Horizontal brain tissue sections were rinsed three times in 1× PBS and blocked using a 

blocking solution consisting of 0.3% Triton X-100 (Life Technologies) and 5% goat serum (Life 

Technologies) in 1× PBS for 1 h at room temperature. Slices were then incubated with the 

primary antibodies of either i: rabbit anti-NeuN (1:200 dilution; Abcam) and mouse 

antineurofilament (1:400 dilution; Abcam), or ii: rat anti-GFAP (1:500 dilution; Thermo Fisher 

Scientific) and rabbit anti-iba1 (1:400 dilution; Wako Chemicals), where both sets contained 

0.3% Triton X-100 and 3% goat serum, overnight at 4˚C. Slices were then rinsed with 1× PBS 

multiple times to remove excess antibodies. Samples were incubated with the corresponding 

secondary antibodies of either i: Alexa Fluor 488 goat anti-rabbit (1:200 dilution; Abcam), Alexa 

Fluor 568 goat antimouse (1:200 dilution; Abcam), or ii: Alexa Fluor 647 goat anti-rat (1:200 

dilution; Abcam) and Alexa Fluor 488 goat anti-rabbit (1:200 dilution; Abcam) for 1 h at room 
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temperature. Slices were rinsed with 1× PBS multiple times to remove excess antibodies before 

they were mounted on glass slides with coverslips using ProLong Gold Antifade Mountant (Life 

Technologies). The slides were left covered at room temperature for 24 h before microscopic 

imaging.  

3.4.13 Histology Confocal Imaging and Analysis 

Confocal fluorescence imaging of the samples was acquired on a Zeiss LSM 880 

confocal microscope (Carl Zeiss Microscopy GmbH). Confocal images of antibody-labeled 

horizontal slices were acquired using 488-, 561-, and 633-nm lasers as the excitation sources for 

Alexa Fluor 488, Alexa Fluor 568, and Alexa Fluor 647, respectively, and a 1-Airy unit (AU) 

pinhole. The mesh electronics was imaged with differential interference contrast (DIC) on the 

same microscope and was assigned as a false blue color in the composite images using custom 

MATLAB code. The extracted images were then merged with corresponding confocal images 

using ImageJ software for composite images. 

ImageJ software and custom MATLAB code were used for image analysis of the 

horizontal tissue slices. First, the mesh boundary was defined by a polygon that is drawn to 

encompass all mesh ribbons tangentially. This mesh boundary separates all pixels in a given 

image into interior pixels and exterior pixels. The distance of each pixel from mesh electronics 

was defined as its shortest distance to the boundary of mesh electronics. Pixels in the image were 

grouped according to the distances from mesh electronics. The distance of each pixel from mesh 

electronics in a given image was defined as its shortest distance from mesh boundary and the 

intensity values for all pixels with distances binned over an interval of 20 μm were averaged and 

normalized against the baseline intensity, which is defined as the average fluorescence intensity 



 

 89 

of all pixels 500–520 μm away from the mesh boundary. Fluorescence intensities were 

calculated for either i: NF and NeuN, or ii: GFAP and iba-1. 
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Chapter 4 

Chronic in vivo recording and modulation of intact mouse spinal 

cords with implanted tissue-like electronics 

 

Devices interfaced with the spinal cord are critically important for investigations and 

treatment of spinal cord injury (SCI) as well as diseases such as spinal muscular atrophy and 

amyotrophic lateral sclerosis. Traditional intraspinal probes, which are capable of recording and 

stimulating spinal cord neurons have been used to study and develop protheses for the spinal cord. 

However, these rigid intraspinal devices generally cause immune responses that lead to glial scar 

formation and neuronal cell depletion at the tissue/probe interface, thus making chronic 

applications difficult. Here we report a minimally-invasive and chronically-stable intraspinal cord 

interface based on tissue-like mesh electronics. Mesh probes containing recording and stimulation 

electrodes are injected into the mouse spinal cord spanning both the dorsal and ventral regions 

without removal of vertebrae. Implanted probes do not adversely affect motor behavior and show 

a similar recovery times as mice undergoing sham surgery but without implants. Significantly, 

histology analyses show that mesh probes form a seamless interface with surrounding spinal cord 

tissue and do not elicit glial scar formation or neuronal cell depletion near the probe surface. The 

seamless mesh implants yield stable in vivo chronic electrophysiology recordings of spinal cord 

neurons for at least 6 weeks, and have been used to measure neural spike correlations between the 

motor cortex and spinal cord using optogenetic methods for well-defined stimulation in the motor 

cortex. Notably, implanted mesh probes have been used to evoke stable movement of mouse limbs 

via electrical stimulation of spinal cord motor neurons. This novel, tissue-like spinal cord interface
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provides advantages complementary to other spinal cord implants that can enable opportunities for 

in vivo studies and therapies relevant to SCI and spinal cord diseases.  
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4.1 Introduction 

The spinal cord is an essential component of the central nervous system (CNS) that connects 

the brain and peripheral nervous system (PNS) to integrate sensory information from peripheral 

inputs and process commands from the brain through its internal circuitry.1-4 Electronic devices 

interfaced to the spinal cord5 are essential for investigation and treatment of SCI6, 7 as well as 

diseases including spinal muscular atrophy8 and amyotrophic lateral sclerosis.9 However, 

developing minimally-invasive chronically-stable spinal cord interfaces is challeging because of 

the mechanical mismatch between soft neural tissue and neural devices that leads to damage to the 

spinal tissue and glial scarring.10, 11 In addtion, natural bending12 of the spinal cord makes it 

intrisically more challeging to achieve a stable interface compared to relatively fixed neural tissue 

of the brain.13-16 

Conventional spinal implants, such as intraspinal metal microwires, which are capable of 

single-unit recording and stimulation of spinal cord neurons, have been used to study spinal 

neurons and to develop neural protheses.17-20 Microwire spinal implants are mechanically 

mismatched to soft spinal tissue and generally elicit a foreign body immune response that leads to 

glial scar formation and neuronal cell depletion at the tissue/probe interface.21 Advances in soft 

electronic technologies22 over the past decade have led to novel spinal cord interfaces with reduced 

stiffnesses and correspondingly lower invasivness.12, 23-25 For example, flexible polymer fibers 

coated with Ag-nanowires23 and implanted into mouse spinal cord have been used for optogenetic 

stimulation and electrical recording for one week. These implants were limited to a single large 

recording electrode, with correspondingly low spatial resolution, and it is unclear whether longer 

term stability can be achieved without glial scarring. In addition, flexible epidural spinal cord 

implants with bending stiffness values close to the dura matter have shown significantly reduced 
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spinal tissue immune reponse compared with that of control epidural implants with 11-fold larger 

values.12 These flexible dorsal epidural implants have been used to electrically stimulate the spinal 

cord and restore limb motion in paralyzed animals,12, 24, 25 although there is a degradation of evoked 

motion over time24 that may be related to indirect stimulation of ventrally-located motor neurons 

that control limb motion. 

 Herein we present a mimimally invasive spinal cord interface for recording and 

modulation of in vivo spinal cord neurons in mice. The interface exploits tissue-like, multichannel 

mesh electronics that is injected between spinal vertebrae spanning from dorsal through ventral 

regions of the spinal cord to access both sensory and motor neuronal signals, respectively. We find 

that the implantation has no effect on recovery of motor behavior compared to sham surgeries, and 

moreover, histology studies show that the implanted mesh electronics forms a seamless interface 

with the spinal tissue without any evidence of glial scarring on a time scale of at least 3 months. 

Implanted mesh devices were able to record stable chronic electrophysiology, including 

spontaneous activity of sensory and motor neurons as well as motor neurons associated with 

optogenetic-stimulation in the motor cortex. Last, implanted mesh electronics containing 

stimulation electrodes positioned in the ventral region of the spinal cord were used to evoke motion 

of mouse limbs with good stability in response to continuous stimulation.  



 

 98 

4.2 Results and Discussion 

 

Figure 4.1 Implantation of mesh electronics in mouse spinal cord. (a) Overall schematics of 

mesh electronics implantation into the mouse spinal cord between two adjacent vertebrae 

segments. (b) Zoom-in longitudinal (I, II) and cross-sectional (III) views from the red and green 

boxes in (a) where (I) shows the mesh-loaded needle inserted between two vertebrae of interest 

and (II) highlights the mesh electronics injected into the spinal cord; black, blue and yellow arrows 

indicate vertebral segments, glass capillary needle, and mesh electronics, respectively. (III) 

Schematic cross-section of the spinal cord with implanted mesh electronics. (c) Photographs 

during surgery of the mesh electronics implantation with (I) highlighting the glass capillary needle 

loaded with mesh electronics inserted between C6|C7 vertebrae and (II) showing the mesh 

electronics injected into the spinal cord. Colored arrows indicate same regions as in (b) with 

anterior (A) and posterior (P) directions indicated by white arrow in (I). (d) Schematic (I) and 

photograph (II) of mesh electrodes injected into the spinal cord and the I/O end injected on a flat 

flexible cable (FFC) for interface connection. Blue, red and green arrows indicate FFC, mesh 

electronics I/O interface and mesh electronics stem interconnects, respectively. 
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To realize a seamless spinal tissue-electronics interface with minimally invasive delivery, 

we focused our approach on syringe injection of mesh electronics directly into the spinal cord 

between and without removal of two adjacent vertebrae (Figure 4.1a,b) with several key points as 

follows. First, a glass capillary needle preloaded with mesh electronics is inserted into the ca. 500 

μm gap between two adjacent vertebrae (Figure 4.1b, I). We have focused on the specific case of 

insertion between C6|C7 of the mouse spinal cord, which is relevant to the forelimb, but note that 

other implantation sites are also possible. Second, the portion of mesh electronics with electrodes 

is preferentially injected from the capillary needle into the spinal cord tissue, while the other end 

that contains the input/output (I/O) electrical connection interface remains inside the glass needle 

(Figure 4.1b, II). Third, a cross-sectional schematic of spinal cord with implanted mesh electronics 

(Figure 4.1b, III) highlights that the probe is implanted into the gray matter of spinal cord with 

electrodes spanning from the dorsal to the ventral regions, thus providing access to both sensory 

and motor neurons in the spinal cord. 

The mesh electronics were designed26 such that the transverse bending stiffness was reduced 

to enable reproducible loading and injection through a small glass capillary needle with 330 μm 

outer diameter (OD) that can be readily inserted between vertebrae, in contrast to larger OD 

needles used in our previous studies.27, 28 Specific mesh electronics designs used for recording 

(Figure 4.2a) and electrical stimulation (Figure 4.2b) of spinal cord neurons consist of three major 

parts, including (i) the mesh structure that mimics the spinal cord tissue and incorporates 

electrodes, (ii) the stem that routes isolated parallel interconnect line for addressing the electrodes, 

and (iii) the I/O pad array that is used for direct connection29 to the instrument interface cable. 
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Figure 4.2 Structural designs for the mesh electronics spinal cord and brain implants. The 

mesh electronics designs were composed of three regions: the implanted mesh; the stem; and the 

I/O pads. (a) Overall design (I) of mesh electronics with 16 recording electrodes for recording of 

spinal cord neuron activity. Green arrows define transverse and longitudinal direction. Yellow-

dashed parallelogram in (II) indicates a unit cell. (b) Overall design (I) of mesh electronics for 

electrical stimulation of the spinal cord with 4 stimulation electrodes and 8 recording electrodes. 

(c) Overall design (I) of mesh electronics for recordings of motor cortex neuron activity with 32 

recording electrodes. In (a-c), (II), (III), (IV) highlight the recording and/or stimulation electrodes, 

interconnects and I/O interface, which are indicated with black, red and green boxes in (I). In (II), 

(III), (IV) of (a-c), schematics in the brown and purple boxes indicate cross-sectional view of the 

part indicated by brown and purple dashed lines in (II, i), (III, i) and (IV, i). Blue/purple, orange 

and gray colors in the schematic indicate SU-8 (blue indicates regular SU-8 while purple indicates 

thinner SU-8), gold and platinum, respectively. 
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Figure 4.3 Fabricated ultra-flexible spinal cord interface. (a) (I) Tiled bright-field optical 

microscopy images of fabricated ultra-flexible spinal cord interface for electrophysiology 

recordings of spinal cord neurons. Scale bar is 1 mm. (b) (I) Tiled bright-field optical microscopy 

images of fabricated ultra-flexible spinal cord interface for electrical stimulation of the spinal cord. 

Scale bar is 1 mm. In (a-b), (II-IV) show bright-field optical microscopy images of a recording 

electrode (a, II) or stimulation electrode (b, II), interconnects (III), and I/O interface (IV), which 

are outlined regions from (I) indicated with black (II), red (III) and blue boxes (IV), respectively. 

Scale bars are 100 μm. 
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The recording mesh electronics (Figure 4.2a) has 16 recording electrodes spread evenly over 

1.6 mm that spans the dorsal to ventral spinal cord grey matter post implantation. The stimulation 

mesh electronics has three of the four stimulation electrodes designed to span the ventral spinal 

cord region and 8 recording electrodes spread over dorsal to ventral regions. The overall mesh 

width, W, for both designs is 0.9 mm (Figure 4.2a, I and b, I) with mesh unit cell dimensions of 

125 μm (L2) × 333 μm (L1), longitudinal (w1) and transverse (w2) elements with widths of 20 and 

10 μm, respectively, and an angle α of 70˚ relative to the transverse direction (Figure 4.2a, II and 

b, II).The design parameters for the stem (Figure 4.2a, III and b, III) and I/O pad parts (Figure 

4.2a, IV and b, IV) were the same as previously reported.29 

Mesh electronics were fabricated using photolithography procedures similar to previous 

reports.27-33 Bright-field optical microscopy images of fabricated recording and stimulation mesh 

electronics are shown in Figure 4.3a, b, where zoom-in views of recording/stimulation electrodes 

(Figure 4.3a, II / b, II), the interconnect stem region (Figure 4.3a, III and b, III) and interface 

connection I/O pads (Figure 4.3a, IV and b, IV) are highlighted with black, red and blue boxes, 

respectively. The fabricated mesh electronics for implantation into the spinal cord have a bending 

stiffness of ca. 2.8 × 10-15 N·m2 that is comparable to the reported range of spinal cord tissue,34 8.3 

× 10-15 ~ 5.5 × 10-14 N·m2. The bending stiffness of fabricated mesh electronics is approximately 

700,000 and 150,000 times less than single channel nanowire-coated fibers23 and e-dura,12 

respectively. 
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Figure 4.4 Post-implantation behavior studies. (a) Schematic illustrating the MSD studies of a 

freely-behaving mouse. (b) Time-dependent MSD analysis of mesh-implanted mice (n=3) and 

sham-operated mice (n=3) as a control at 2 days (I), 1 week (II), 2 weeks (III) and 8 weeks (IV) 

post-surgery. (c) Schematic illustrating mouse rotarod studies. (d) Time-dependent rotarod test of 

mice implanted with mesh electronics in the spinal cord (n=3, magenta), sham-operated mice as a 

control (n=3, green) and mice without any surgery (n=3, dark gray). Y-axis shows duration of mice 

on the rotarod during linear acceleration experiments. Error bars denote standard deviation. Two-

tailed t-test was used and P-values of less than 0.05 were considered statistically significant. 
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The mesh electronics were loaded into 330 m OD capillary needles and then implanted 

between C6|C7 vertebrae. Images of the implantation (Figure 4.1c) highlight the insertion of the 

mesh-loaded capillary between the two vertebrae and into the left side of the spinal cord, followed 

by injection of the mesh electronics with retraction of the needle such that the mesh is implanted 

in the spinal cord. Subsequently, the stem is ejected in an incision as part of the surgery to the base 

of the skull and the I/O pads are ejected and aligned on a flexible flat cable (FFC) to enable direct 

connection29 of the interface (Figure 4.1d). Finally, the wound was closed with tissue glue with 

the stem portion of the mesh electronics remaining beneath the skin. The success rate of our 

implantation surgery and connection approach is ca. 70% with breakage of the stem representing 

the major factor leading to failure. 

We then investigated whether the mesh electronics device implantation in the spinal cord 

affected motor behavior of mice using mean square displacement35 (MSD) and rotarod36 studies. 

Time-dependent MSD studies (Figure 4.4a) were carried out on freely behaving housed mice (n 

= 3) with mesh electronics implanted in the spinal cord and sham-operated mice (mice that 

experienced the same surgery without capillary insertion and mesh implantation). The MSD results 

(Figure 4.4b) are similar for both mesh-implanted and sham-operated mice at all recorded times 

from 2-day to 8-week post-surgery, with quantitative analyses demonstrating that there is no 

statistical difference between implanted and sham surgery mice at each of the times. Comparison 

of the MSD plateau values for both mesh-implanted and sham-operated groups versus an age-

matched group not undergoing surgery shows substantial decrease at the earliest time point (2-day 

post-surgery, Figure 4.4b, I) compared with the group without surgery. Further comparisons of 

the time-dependent data show ca. 75% recovery of both surgery groups at 1-week (Figure 4.4b, 

II) with full recovery based on these MSD comparisons by 2-weeks post-surgery as evidenced by 
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the absence of a statistically significant differences between the average MSD values for the 

surgery (mesh-implanted and sham) and non-surgery groups. Interestingly, the similar decreases 

in MSD plateau values for the mesh-implanted and sham surgery groups at early times is consistent 

with the damage and healing of musculature associated with the overall surgical procedure, and 

not implantation of the mesh in the spinal cord. Finally, it is notable that the mesh-implanted mice 

showed no decreases in MSD plateaus at 2-month post-surgery, indicating that mesh implantation 

did not elicit a negative chronic response affecting motor function. 

Time-dependent rotarod tests (Figure 4.4c) were also conducted to study the post-

implantation motor behavior of mesh-implanted (n = 3) and sham-operated (n = 3) mice. At time 

points from 2-days to 8-weeks post-surgery (Figure 4.4d) the mesh-implanted and sham-operated 

groups showed no statistically significant difference in duration on the rotarod during linear 

acceleration experiments. Similar to the MSD studies, decreased rotarod performance was 

observed at 2-days and 1-week for both surgery groups compared to a group (n = 3) that did not 

undergo surgery; however, by 2 weeks post-surgery, the rotarod performance of mesh-implanted 

and sham-operated groups was comparable to that of the non-surgery group. This similarity in 

rotarod performance between the three groups was observed to 8 weeks post-surgery (Figure 

4.4d), suggesting stable recovery from surgery and an absence of chronic motor effects due to the 

mesh implantation.  
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Figure 4.5 Post-implantation chronic response of spinal cord tissue to implanted mesh 

electronics. (a) Schematics of (I) the spinal cord with implanted mesh after removal from spinal 

column and (II) microscopy imaging of the sectioned spinal cord tissue slice with implanted mesh 

electronics. The purple blocks in (I) and (II) indicate the tissue slice with implanted mesh 

electronics. (b) 3D reconstructed confocal microscopy images of 4-week post-implantation spinal 

cord sample, where neuron soma are stained with NeuN (I, II; green), neurofilaments with NF (I, 

III; yellow), astrocytes with GFAP (I, IV; magenta), and the mesh electronics is covalently-

labelled with rhodamine (red). Scale bars denote 200 μm. (c) Quantitative analysis of the 

normalized fluorescence intensity of NeuN (green line), NF (yellow line) and GFAP (magenta 

line) as a function of distance from the mesh boundary for two independent 4-week post-

implantation samples (I, II), where (I) corresponds to data in (b). The shaded pink region indicates 

mesh interior.  Error bars denote standard error of the mean (SEM).  (d) 3D confocal microscopy 
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Figure 4.5 (Continued): images of 12-week post-implantation spinal cord sample stained as 

described above for (b). Scale bars denote 200 μm. (e) Quantitative analysis of the normalized 

fluorescence intensity as a function of distance from the mesh boundary for two independent 12-

week post-implantation samples (I, II) with color coding the same as in (c) and where (I) 

corresponds to data in (d). Pink region indicates mesh interior. Error bars denote SEM. 

 

Next, we asked how the soft spinal tissue responds to implanted mesh electronics. To address 

this question, we conducted time-dependent histology studies of the intact three-dimensional mesh 

electronics spinal cord tissue interface using an adaptation of recently reported methods.28 In short, 

mice implanted with mesh electronics in the spinal cord were sacrificed at 4 and 12-weeks post-

implantation and the segments of spinal cord tissue containing the mesh electronics were extracted 

from the vertebral column sectioned into slices with thickness of 600~800 μm containing the 

implants (Figure 4.5a, I). Spinal cord tissue slices containing the implanted mesh electronics, 

which were labelled during fabrication with rhodamine fluorophore, were processed through tissue 

clearing, standard antibody immunostaining and confocal microscopy imaging (Figure 4.5a, II) 

to provide subcellular resolution mapping of the intact 3D tissue-probe interface, which has not 

been possible for previously reported spinal cord implants.12, 17, 18, 23 

Representative reconstructed 3D confocal microscopy images of the spinal cord including the 

intact mesh electronics at 4-weeks post-implantation (Figure 4.5b) show no obvious decreases in 

neuron soma (Figure 4.5b I, II) or axons (Figure 4.5b I, III) as well as no apparent proliferation 

of astrocytes (Figure 4.5b I, IV) near the surface of the implanted mesh electronics. These images 

also suggest some interpenetration of neuron somata, axons and astrocytes within the interior of 

the 3D mesh boundary surface. To quantify these observations, we analyzed the fluorescence 

intensity of neuron somata, axons and astrocytes for two independent implanted mice at 4-week 
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post-implantation (Figure 4.5c, I and II). Normalized NeuN and NF fluorescence intensity 

demonstrated there is essentially no decrease in neuron soma (109 ± 5 and 97 ± 1% of baseline, 

mean ± standard deviation) or axon (110 ± 4 and 91 ± 1% of baseline) density, respectively, near 

the mesh probe surface for the two independent samples. The normalized GFAP fluorescence 

intensity also did not show clear evidence for systematic accumulation of astrocytes (120 ± 5 and 

81 ± 2% of baseline) with the values slightly elevated and suppressed in the two samples near the 

mesh probe surface. Analyses of the mesh probe interior volume (pink, Figure 4.5c, I & II) shows 

obvious NeuN, NF and GFAP signals although reduced to 20-50% of the values for the 

surrounding spinal tissue.   

To assess further the chronic stability of the mesh electronics/spinal tissue interface at 

substantially longer times we carried out similar analyses of mesh-implanted mouse spinal cord 

samples at 12-week post-implantation (Figure 4.5d,e). Similar to the 4-week samples, 3D confocal 

microscopy images of the intact mesh electronics/spinal tissue volume showed no apparent 

decreases in neuron soma (Figure 4.5d I, II) or axon (Figure 4.5d I, III) densities as well as no 

obvious increase in astrocyte density (Figure 4.5d I, IV) around the mesh probe surface at this 12-

week time point. Additionally, images (NF, Figure 4.5d I, III) indicate more uniform penetration 

of axons through the mesh compared to the 4-week samples. Analyses of images of samples from 

two independent mice (Figure 4.5e I, II) quantify the above observations showing no decrease of 

NeuN (106 ± 5 and 98 ± 3% of baseline) and NF (93 ± 3 and 99 ± 2% of baseline) signals and no 

increase of GFAP (86 ± 3 and 103 ± 3% of baseline) signals near the probe surface. In addition, 

analyses of the mesh interior volume yield reproducible increases in the NF signals (94 ± 1 and 99 

± 1% of baseline) compared to 4-week samples and suggest a density similar to the external volume 

with the averaged signals for NeuN and GFAP, which show greater sample-to-sample variation, 
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are larger than at 4 weeks but below that detected at the exterior surface of the mesh. Together, 

these observations demonstrate a mesh electronics-spinal cord tissue interface with near 

endogenous distribution of neurons, axons and astrocytes and no evidence of a foreign body 

response on a time scale of at least 3 months.  

Having demonstrated that the mesh electronics has a negligible effect on performance of 

motor tasks and forms a seamless interface with spinal cord tissue at the cellular level without 

eliciting chronic immune response, we then asked whether it would be possible to detect the 

electrophysiological activity of spinal cord neurons. Multiplexed 16-channel mesh electronics 

were implanted into the spinal cords of mice between the C6 and C7 segments spanning the dorsal 

and the ventral regions (Figure 4.6a, I). Representative 16-channel electrophysiology 

measurements from the spinal cord of an awake head-fixed mouse at 1-week post-implantation 

(Figure 4.6a, II) shows clear spontaneous single unit spiking events in the recording traces. The 

distribution of electrodes for the implanted mesh electronics through the spinal cord tissue (Figure 

4.6a, I) indicates that we are able to record stable activity of neurons located in both the ventral 

and the dorsal regions of the spinal cord over at least a 6-week period. 
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Figure 4.6 Electrophysiology recording from spinal cord neurons. (a) (I) Schematic indicating 

positions of the recording electrodes in a cross-sectional view of the spinal cord. (II) Multiplexed 

recording from an awake mouse at 1-week post-implantation with a 16-channel mesh electronics 

probe. The recording traces from individual channels are stacked sequential from 1 (bottom) to 16 

(top). (b) Average waveforms of spike-sorted peaks recorded from Ch3, 4, 10 and 13 for weeks 1, 

3 and 6 post-implantation. (c) Average spike amplitude of recorded spinal cord neurons in Ch3, 4, 

10 and 13 for weeks 1, 3 and 6 post-implantation. (d) Firing rates of recorded spinal cord neurons 

in Ch3, 4, 10, 13 for weeks 1, 3 and 6 post-implantation. Error bars denote standard deviation. 
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Figure 4.7 Analysis of electrophysiology recording from spinal cord neurons. (a) Average 

spike waveforms of recorded neurons in Figure 4.6a at 1, 3 and 6 weeks post-implantation from 

channels other than those shown in Figure 4.6b. Each distinct color in the sorted spikes represents 

a unique identified neuron. (b) Average spike amplitudes of recorded neurons from Figure 4.6a at 

1, 3 and 6 weeks post-implantation for all channels not shown in Figure 4.6c. (c) Firing rates of 

recorded neurons from Figure 4.6a at 1, 3 and 6 weeks post-implantation for all channels not shown 

in Figure 4.6d. Error bars denote standard deviation. 
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Spike-sorting analyses carried out on the 16-channel data recorded at 1, 3 and 6 weeks post-

implantation (Figure 4.6b, 4.7) highlight several key points. First, the spike waveforms of isolated 

neurons, illustrated in different colors in each of the 16 channels, were consistent through 6 weeks 

(Figure 4.6b, 4.7), demonstrating the capability to stably record and track single unit spikes 

chronically. While no single-unit signals are lost over the 6 weeks of recording, new neuron signals 

were observed in later time points in 7 out of the 16 channels. Additionally, the average peak-to-

peak spike amplitudes of the individual spike-sorted neurons (Figure 4.6c, 4.7) were relatively 

constant over the 6-week recording period, as were the spontaneous firing rates for each of these 

neurons (Figure 4.6d, 4.7). 

These electrophysiology results are consistent with our histology data and testify to the 

functional chronic recording stability of the implanted mesh electronics in the spinal cord. In 

contrast, patch clamp recordings of spinal cord neurons usually requires sectioning of spinal cord, 

making in vivo recordings challenging, especially for ventral spinal cord neurons.35 Conventional 

microwire spinal cord recording probes are capable of in vivo recordings of up to 30 spinal cord 

neurons although recordings were conducted acutely on one day and tracking of same neurons 

over days were not reported.19, 20 State-of-the-art fiber based23 spinal cord recording probes have 

only shown chronic recordings for 1 week (versus stability for at least 6-weeks here), and the fibers 

were only single channel with limited spatial recording resolution compared with 16-channel with 

electrodes spanning ventral through dorsal regions in our work. 

  



 

 113 

 

Figure 4.8 Simultaneous recordings from spinal cord and primary motor cortex neurons 

with implanted mesh electronics. (a) Schematic of simultaneous recordings from spinal cord 

(SC) and contralateral primary motor cortex (mCTX) of a ChR2 transgenic mouse with optical 

stimulation in the contralateral mCTX. Orange arrows indicate the neural connectivity between 

spinal cord and mCTX. (b) Simultaneous recording of selected channels from spinal cord (Ch4, 

Ch5, Ch6) and mCTX (Ch9, Ch10, Ch11, Ch12) with optical stimulation (pink shaded regions) in 

the mCTX with frequency of 10 Hz and power density of optical stimulation of 9 mW/mm2. (c) 

Zoomed-in view of simultaneous recordings from spinal cord and mCTX with optical stimulations 

in the mCTX (from dashed-blue box in b). Inset in dashed green box shows zoomed in view of the 

green box on the left. The cyan-dashed lines indicate laser on. Red and orange arrows indicate 

firing events in mCTX and spinal cord, respectively. (d) Schematic and simultaneous recordings 

of control experiment in which the ipsilateral motor cortex was optically stimulated with the 
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Figure 4.8 (Continued): same parameters as b. (e) Cross-correlogram for neuron action potentials 

recorded in mCTX Ch11 and spinal cord Ch5, with peak offset by 17 ± 3 ms (mean ± standard 

deviation). In (b-d), each red vertical line in the laser on pink shaded region indicates a laser 

stimulation pulse. 

 

 

 

 

Figure 4.9 All channels from simultaneous recordings. Simultaneous recordings from spinal 

cord (SC) and contralateral primary motor cortex (mCTX) of a ChR2 transgenic mouse with 

optical stimulation in the contralateral mCTX. Frequency: 10 Hz, power density of optical 

stimulation: 9 mW/mm2. The channels in red-dashed boxes were shown in Figure 4.8 

 

  



 

 115 

We then asked whether we could record the activity of spinal cord motor neurons directly 

following commands from the brain. To carry out these measurements a 16-channel mesh 

electronics device was implanted into the left side of the C6 | C7 spinal cord segment of a 

channelrhodopsin-2 (ChR2) transgenic mouse36-38 and at the same time a second mesh and tapered 

optical fiber were implanted into the contralateral (right) motor cortex (mCTX). 

Simultaneous recording from both implanted mesh electronics probes with and without optical 

stimulation of the contralateral mCTX of an anesthetized mouse (Figure 4.8b, 4.9) showed several 

key points. First, coincident with optical stimulation we observe enhanced spiking in channels 9, 

10, 11 and 12 of the mesh in the mCTX adjacent to the optical fiber and channels 4, 5 and 6 of the 

mesh in the ventral region of the spinal cord (pink-shaded regions in Figure 4.8b, 4.9) Second, 

other recording channels for the mesh electronics implanted in the mCTX (Ch1-8 and 13-27, 

Figure 4.9) and dorsal region of the spinal cord (Ch10-16, Figure 4.9) did not exhibit enhanced 

spiking activity during optical stimulation. These results are consistent with expectations that (i) 

only some of the optically-activated cortical neurons will be detectable by the implanted mesh and 

(ii) that motor signal will be transmitted through the ventral region of the spinal cord,39 and thus 

suggest that the observed results are due to activation of motor circuitry from the cortex and not 

optically-induced artifacts in the recording mesh probes. Third and as a further test of this 

conclusion, a control experiment with optical stimulation in the ipsilateral (left) area of the motor 

cortex relative to the left-side spinal cord mesh implant (Figure 4.8d) showed no obvious light-

activated spikes recorded either from the spinal cord implanted (left) or the contralateral (right) 

motor cortex mesh. 
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Figure 4.10 Spike waveforms and cross-correlation analysis. (a) Average spike waveform of 

the light-on neural activity in mCTX channels 9-12 and spinal cord channels 4-6 from Figures 4.8, 

4.9. (b) Average spike waveform of the neural activity in mCTX channels 28 independent of light 

on and off. (c) Cross-correlation analyses between the spike trains in mCTX channels 9-12 (I-VI) 

and cross-correlation analyses between spinal cord channels 4-6 (VII-IX). (d) Cross-correlation 

analyses between the light-activated spike trains in mCTX channels 9-12 and spinal cord channels 

4-6. 

 

We then asked whether we could determine further details about the light-activated neural 

circuitry detected between the mCTX and ventral motor neurons in the spinal cord. Overall, the 

higher-resolution views of the mCTX and spinal cord data during light activation (Figure 4.8c) 

exhibit an obvious delay in the spikes recorded from the spinal cord relative to those in 

contralateral mCTX. To investigate the origin of the delay we first carried out spike sorting 

analyses of the light-on activity in the mCTX and spinal cord (Figure 4.10a), which showed only 
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a single well-defined neuron in each of the channels. In addition, Ch28 in the mCTX (Figure 4.9, 

4.10b) exhibited a single sorted spike with firing independent of light-on/light-off. Cross-

correlation analyses between the spike trains in mCTX channels, Ch9-12 (Figure 4.10c) show 

single sharp peaks at time zero; additionally, the cross-correlation analyses of the spike trains for 

the three isolated spinal cord neuron signals in Ch4-6 (Figure 4.10c) show single sharp peaks at 

time zero. These results indicate that Ch9-12 each detect the same mCTX neuron while Ch4-6 

detect the same spinal cord motor neuron. Significantly, cross correlation analyses between the 

light-activated mCTX and spinal cord spike trains (Figure 4.8e, 4.10d) show well-defined peaks 

at 17 ± 3. These delay in firing between recorded spinal cord motor neurons and the 

optogenetically-stimulated motor cortex neurons is consistent with literature40 and a multi-synaptic 

corticospinal tract propagation.41 This provide strong support for the capability to monitor mCTX 

to spinal cord motor activity in corticospinal circuits with the implanted mesh electronics. 

We then asked whether the implanted mesh electronics could be used to evoke stable 

movement of mouse limbs through electrical stimulation of the surrounding spinal cord motor 

neurons. We designed mesh electronics with larger 150 μm diameter stimulation electrodes 

(Figure 4.2b) and fabricated the stimulation mesh as described above for the recording only 

structures. The mesh probes were implanted in the spinal cord at the C6|C7 segment (Figure 4.11a) 

with the stimulation electrodes specifically targeted to the ventral region of spinal cord.  
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Figure 4.11 Stimulation of spinal cord motor neurons with implanted mesh electronics. (a) 

Schematic of electrical stimulation of mouse spinal cord to evoke corresponding limb motion. 

(Inset, green-dashed box) Schematic indicating positions of electrodes in a cross-sectional view of 

the spinal cord. (b) Forelimb movement evoked by electrical stimulation of mouse spinal cord 

through the ventral-most stimulation electrode (Ch2) at day 14 post-implantation with charge-

balanced stimulation pulses of 1 Hz 0.2 ms duration, 200 μA current. (I) and (II) show mouse limb 

position before and upon stimulation, respectively. Black-dashed line indicates the same horizontal 

level. (c) Limb kinetic analysis of mouse forelimb movement through 8 electrical stimulation 

events of mouse spinal cord at day 14 post-implantation. The positions of the mouse left forelimb, 

indicated by red dots in (b, I) and blue dots in (b, II), were used to conduct the limb kinetic analysis. 

(d) Average limb movement in 8 stimulation events through Ch2 at day 3, day 7, and day 14 post- 
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Figure 4.11 (Continued): implantation with charge-balanced stimulation pulses of 1 Hz 0.2 ms 

duration, 200 μA current. Two-tailed t-test was used and P-values > 0.05 were considered not 

statistically significant, NS. (e) Average limb movement at different times of an independent 

mouse continuously stimulated in the spinal cord through Ch2 for 4 hours with 1Hz charge-

balanced stimulation pulses of 0.2 ms duration, 200 μA current. The movement distances within 

the 1-minute period (60 stimulation events) at 0, 30, 60, 90, 120, 150, 180, 210 and 240 min, 

respectively, were averaged to give the mean moving distance at a specific time for each tracking 

point. Error bars denote standard deviation. Two-tailed t-test was used as described in d. 

 

Representative data for left forelimb motion in an anesthetized mouse during charge-balanced 

stimulation of the ventral-most electrode, Ch2, at day 14 post-implantation (Figure 4.11b) shows 

clear and reproducible movement coincident with every stimulation pulse. We then investigated 

whether implanted mesh electronics can evoke consistent movement of the mouse forelimb at 

positions 1-4. Limb kinetic analysis in which the olecranon process (position 1), radiocarpal joint 

(position 2), metacarpophalangeal joint (position 3) and tip (position 4) of the mouse forelimb 

were tracked before and upon stimulation for 8 stimulation events (red or blue dots, respectively, 

in Figure 4.11b,c) shows that the positions of the mouse forelimb upon each stimulation events 

were very similar to each other.  

To assess stability of the stimulation implant we carried out limb kinetic analysis and 

calculated the limb movement distance at day 3, 7 and 14 post-implantation (Figure 4.11d). At 

day 3, the average displacements at 1, 2, 3 and 4 were 0.24 ± 0.22, 1.37 ± 0.38, 1.61 ± 0.16 and 

1.98 ± 0.23 mm, respectively, with similar results obtained for stimulation tests at days 7 and 14. 

Two-tailed t-test showed no statistically significant differences between the stimulation evoked 

motion at the four positions for the data acquired over this ca. 2-week period.  
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Figure 4.12 Mouse limb motion evoked by different stimulation electrodes. Ch2, Ch8, Ch11 

in 8 stimulation events at day 7 post-implantation. Charge balanced 1Hz, 0.2 ms width, 200 µA 

current stimulation pulses were applied though Ch2 and Ch8 electrodes in the ventral region of the 

spinal cord. For Ch11 electrode located in the dorsal region of the spinal cord a similar (to Ch2 

and 8) stimulation did not evoke limb motion; however, a 300 µA stimulation pulse (other pulse 

parameters the same) did evoke motions as quantified. Error bars denote standard deviation. Two-

tailed t-test was used and P-values > 0.05 were considered not statistically significant (NS) and 

**** indicates P-values of less than 0.0001. 

 

We also asked whether there were advantages to stimulation of limb motion via ventral verses 

dorsal excitation using different electrodes of the implanted mesh device. Electrical stimulation of 

the spinal cord through Ch8 located at ventral region and Ch11 located at dorsal region (Figure 

4.12) showed that Ch8 evoked similar movement as discussed above for Ch2 while Ch11 (dorsal 

region) showed no evoked motion for the same current (200 A) stimulations, and even with 50% 



 

 121 

greater pulse current of 300 A showed reduced amplitude in limb movement. Statistical analysis 

shows that there is no significant difference between the evoked motion at positions 2-4 through 

ventral electrodes Ch2 and Ch8, while there is significant 38-46% reduction in motion at these 

limb positions evoked by ventral electrode Ch11 even with the larger stimulation current pulses.  

Last, we assessed endurance of the evoked limb motion by continuous electrical stimulation 

of mouse spinal cord with implanted mesh electronics through the ventral-most electrode (Ch2). 

Four-hour long continuous electrical stimulation of a mouse spinal cord with charge-balanced 

stimulation pulses at day 7 post-implantation with limb motion analyzed every 30 min (Figure 

4.11e) demonstrates no statistically significant differences between the evoked motion at positions 

1-4 from the start of the experiment (time = 0) versus 30, 60, 90, 120, 150, 180, 210 and 240 min. 

Together these data suggested that the evoked movement of the mouse limb during continuous 

stimulation is remarkably stable and reproducible.  
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4.3 Conclusion 

In this study, tissue-like mesh electronics were implanted between vertebrae through the 

ventral to dorsal regions of mice spinal cords for chronic recording and stimulation studies. The 

implanted mesh electronics have negligible effect on normal motor function on at least a 2-month 

time scale as evidenced by post-implantation MSD and rotarod studies of freely moving mice. 

Histology studies of the full 3D mesh/spinal cord tissue implant region further demonstrated 

neither harm to surrounding neurons nor proliferation of astrocytes close to the implanted mesh 

electronics for at least 12 weeks post-implantation, suggesting a seamless chronic interface with 

the surrounding spinal cord tissue. Consistent with the seamless and immune response free nature 

of the mesh implant we achieved multiplexed electrophysiology recordings across the dorsoventral 

mouse spinal cord neurons for at least 6 weeks with good stability. These results contrast 

conventional spinal cord recording probes that are capable of only acute recordings19, 20 or state-

of-the-art single channel fiber based spinal cord probes that cannot provide multichannel 

recordings across different functional regions of the spinal and have not yet been evaluated for 

chronic recording stability or possible glial scarring.23 In addition, we found that the implanted 

mesh electronics allowed for electrical stimulation of mouse spinal cord with stable evoked limb 

motion with no decreases in amplitude over hours of continuous or weeks of intermittent 

stimulation. The consistency of evoked movement of the mouse forelimb contrasts state-of-the-art 

spinal cord stimulation implants12, 24 that showed degradation of evoked motion over minutes of 

continuous stimulation.24 

The mesh electronics implants described in these studies also have limitations that should be 

addressed in the future. For example, the mesh electronics were implanted in a single spinal cord 

segment and are thus unable to evoke complex limb motion that have been reported for implants 
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placed on the spinal cord dorsal surface across multiple spinal cord segments.12, 24 On the other 

hand, the stable recording and modulation of spinal cord neurons through the implanted mesh 

electronics suggests potential applications towards the study of spinal cord neural circuits,1, 4, 42, 43 

the study of mechanisms underlying spinal cord neurodegenerative diseases,44,45 facilitating 

injured spinal cord tissue regeneration,28, 46 and the development of neural prosthetics.5, 47 Future 

work that allows for further increases in the number of mesh electronics electrode channels for 

high density mapping of sensory and motor neurons and the implantation of multiple mesh 

electronics probes in different spinal cord segments, which could enable more complex evoked 

limb motion would be particularly interesting. Last, we note that our approach is not limited to 

mice, which are especially challenging given the small size of the spinal cord and vertebrae 

separation, and should be readily adaptable to larger mammals, including rats,12 cats,48 nonhuman 

primates,49 and human beings.50  
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4.4 Materials and Methods 

4.4.1 Design and Fabrication of Mesh Electronics 

The free-standing mesh electronics was fabricated using standard photolithography 

procedures as reported previously.27-29, 31 It consists of three main regions similar to previous 

report:29 the mesh region to be implanted in the tissue, the stem region for interconnection and the 

I/O pads to connect individual channels to an external recording/stimulation instrumentation 

interface (Figure 4.2a, I and b, I). Key parameters involved in the geometrical design of the mesh 

region (Figure 4.2a, II and b, II) of mesh electronics are given as follows: (i) total mesh width, W 

= 0.9 mm; (ii) longitudinal SU-8 ribbon width, w1 = 20 μm, transverse SU-8 ribbon width, w2 = 10 

μm; (iii) angle between longitudinal and transverse SU-8 ribbons, α = 70˚ to reduce the transverse 

bending stiffness for loading and injection through small needles;26 (iv) longitudinal spacing (pitch 

between transverse ribbons), L1 = 333 μm, transverse spacing (pitch between longitudinal ribbons), 

L2 = 125 μm; (v) metal interconnect line width connected to recording electrodes, wmr = 4 μm; 

metal interconnect line width connected stimulation electrodes, wms = 10 μm; the gap between 

metal interconnect lines for recording electrodes, g1 = 4 μm; the gap between metal interconnect 

lines for a recording electrode and a stimulation electrode, g2  = 5 μm. (vi) longitudinal ribbons 

have three-layer sandwich structure (SU-8 polymer / metal / SU-8 polymer); (vii) diameter of 

recording electrodes, dr = 20 μm; diameter of stimulation electrodes ds = 150 μm. Thickness of the 

three-layer structure (SU-8/metal/SU-8) is 420 nm/100 nm/420 nm and thickness of the two-layer 

structure (SU-8/SU-8) in transverse elements is 420 nm/420 nm. The design of the stem region 

and the I/O pads region is the same as previously reported.29 In brief, the stem region (Figure 4.2a, 

III and b, III) is composed of a single contiguous insulating layer encapsulating all of the metal 

interconnects with SU-8 width of ws = 150 μm, metal interconnect line width of 4 μm when 
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connected to recording electrodes, 10 μm when connected to stimulation electrodes and the same 

thickness with the mesh part for the three-layer structure. The I/O interface region (Figure 4.2a, 

IV and b, IV) consists of three-layer (metal/SU-8/metal; thickness 100 nm/100 nm/100 nm) 

structures for connection and a single-layer (SU-8; thickness 100 nm) structure for spacing and 

parameters are the same as previously reported.29 The width of I/O pads, a = 200 μm; the gap 

between adjacent I/O pads, b = 300 μm; the length of I/O pads, LIO = 300 μm, width of Au elements 

in I/O pads, w3 =10 µm; width of supporting thin SU-8 elements, w4 = 6 µm. The angle between 

transverse and longitudinal elements in I/O pads, αi = 45˚.  

The key steps of mesh electronics fabrication are as follows.29 (i) A 100 nm thick sacrificial 

layer of Ni was thermally evaporated onto an oxygen plasma pre-cleaned (50 W, 1 min) 3" Si 

wafer (600-nm thermal oxide, Nova Electronic Materials). (ii) The Si wafer was then cleaned using 

oxygen plasma (50 W, 1 min), spin-coated with MCC Primer 80/20 and LOR 3A lift-off resist 

(MicroChem Corp.), and baked at 180˚C for 5 min. After cooling, the wafer was spin-coated with 

Shipley 1805 positive photoresist (Microposit, Dow Chemical Company), baked at 115˚C for 4 

min, patterned for bottom Au I/O pads as defined by PL and developed in MF-CD-26 (Microposit, 

Dow Chemical Company) for 90 s. A flood exposure was then performed on the sample 

afterwards. (iii) A 100-nm thick Au layer was then thermally evaporated (Thermal Evaporator, 

Sharon Vacuum), followed by a lift-off step using CD-26. (iv) Negative photoresist SU-8 (SU-8 

2000.5, MicroChem Corp.) was diluted in cyclopentanone (Sigma-Aldrich Corp., St. Louis, MO) 

to a ratio of 2:1 and spin-coated on the wafer at 4000 rpm. The wafer was pre-baked at 65˚C for 1 

min and 95˚C for 4 min, patterned by PL to define the I/O SU-8 layer, post-baked at 65˚C for 1 

min and 95˚C for 3 min, developed (SU-8 Developer, MicroChem Corp.) for 1 min, rinsed with 

isopropanol, and dried in a N2 flow. (v) Negative photoresist SU-8 (SU-8 2000.5; MicroChem 
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Corp., Westborough, MA) was labeled with Lissamine™ rhodamine B ethylenediamine (RhBen; 

Thermo Fisher Scientific Inc., Waltham, MA) to afford stable fluorescence labeling as reported 

previously28. In brief, SU-8 was mixed with RhBen (ca. 10 μg/mL) and placed in dark at room 

temperature (RT) for 3 days. The primary amine groups of RhBen covalently react with epoxide 

groups of SU-8 to afford stable fluorescence labeling. To eliminate any possible undissolved 

RhBen, the SU-8/RhBen solution was then centrifuged (Thermo Fisher Scientific Inc., Waltham, 

MA) at 10,000 rpm for 3 min immediately before use. Supernatant of SU-8/RhBen solution was 

spin-coated at 4000 rpm, pre-baked at 65˚C for 1 min and 95˚C for 4 min and patterned to the 

bottom layer mesh structure by photolithography (PL). After PL exposure the sample was post-

baked sequentially at 65˚C for 1 min and 95˚C for 3 min. The SU-8 photoresist was then developed 

(SU-8 Developer, MicroChem Corp.) for 1.5 min, rinsed with isopropanol, dried in a N2 flow and 

hard-baked at 180˚C for 1 h. (vi) Step (ii) and (iii) were repeated to pattern of the Au interconnects 

and the top I/O pad with a 5 nm Cr layer and 100 nm-thick Au layer. (vii) Steps (ii) and (iii) were 

repeated for patterning and deposition of the Pt sensing electrodes (Cr/Pt, 5 nm/50 nm) by electron-

beam evaporation (E-beam Evaporator, Denton Vacuum). (vii) Step (v) was repeated for patterning 

the top SU-8 layer, which was aligned to the bottom SU-8 layer and served to fully encapsulate 

the metal interconnect lines but not the Pt recording/stimulation electrodes, with the exception of 

hard-baking performed at 190˚C. Figure 4.3 shows bright-field optical microscopy images of 

fabricated mesh electronics for spinal cord recording (Figure 4.3a, I) and stimulation (Figure 

4.3b, I) before releasing the probes from wafer. Zoom-in images highlight recording (Figure 4.3a, 

II) or stimulation (Figure 4.3b, II) electrodes, interconnects in stem region (Figure 4.3a, III and 

b, III) and I/O pads (Figure 4.3a, IV and b, IV). (viii) Finally, the wafer was cleaned in oxygen 

plasma (50 W, 1 min), and then transferred to a Ni etchant solution (40% FeCl3:39% HCl:H2O = 
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1:1:20) to remove the sacrificial Ni layer and release the mesh electronics from the Si substrate. 

Free-standing probes were rinsed at least 4 times in deionized (DI) water and transferred to sterile 

1× phosphate buffered saline (PBS) before injection. 

4.4.2 Bending Stiffness Calculations 

We estimated and compared the bending stiffness, D, values of different neural probes 

using a beam model.51 The bending stiffness of tungsten microwire spinal cord device reported 

previously17 can be estimated as 𝐷𝑇𝑀 = 𝐸𝑇𝑀 
𝜋𝑑𝑇𝑀 

4

64
, where 𝐸𝑇𝑀 = 400  GPa,52 𝑑𝑇𝑀 = 50 μm, 

which yields 𝐷𝑇𝑀 ≈ 1.2 × 10−7 N·m2. Similarly, previously reported platinum-iridium microwire 

reported previously21 can be estimated as 𝐷𝑃𝐼𝑀 = 𝐸𝑃𝐼𝑀 
𝜋𝑑𝑃𝐼𝑀 

4

64
, 𝐸𝑃𝐼𝑀 = 220  GPa,53 𝑑𝑇𝑀 =

30 μm, which yields 𝐷𝑇𝑀 ≈ 8.7 × 10−9 N·m2. The bending stiffness of single channel nanowire-

coated fibers23 can be estimated as  𝐷𝑓𝑖𝑏𝑒𝑟 = 𝐸𝑓𝑖𝑏𝑒𝑟 
𝜋𝑑𝑓𝑖𝑏𝑒𝑟 

4

64
 where 𝐸𝑓𝑖𝑏𝑒𝑟 =  1.7 GPa,54 𝑑𝑓𝑖𝑏𝑒𝑟 =

 70 μm, which yields 𝐷𝑓𝑖𝑏𝑒𝑟 =  2.0 × 10−9 N·m2. The bending stiffness of previously reported 

epidura spinal cord device12 can be estimated as 𝐷𝑒−𝑑𝑢𝑟𝑎 = 𝐸𝑒−𝑑𝑢𝑟𝑎𝑤
ℎ3

12
, where 𝐸𝑒−𝑑𝑢𝑟𝑎 =

0.001 GPa,12 the width 𝑤 = 0.3 cm, the thickness ℎ = 120 μm, which yields 𝐷𝑒−𝑑𝑢𝑟𝑎 ≈

4.3 × 10−10 N·m2.  The estimated bending stiffness of the mesh electronic spinal cord recording 

device is 𝐷𝑚𝑒𝑠ℎ𝑅 =  
𝐸𝑠

12
(𝑤ℎ3 − 𝑤𝑚𝑟ℎ𝑚

3 × 2) +
𝐸𝑚

12
𝑤𝑚𝑟ℎ𝑚

3 × 2, where 𝐸𝑠 and 𝐸𝑚 are the 

Young’s moduli of SU-8 and gold, 2 GPa and 79 GPa, respectively. w and h are the total width 

and thickness of mesh ribbons, 20 µm and 940 nm, respectively. wmr and hm are the width and 

thickness of metal layer, 4 µm and 100 nm, respectively. 𝐷𝑚𝑒𝑠ℎ𝑅 ≈ 2.8 × 10−15 N·m2. The 

estimated bending stiffness of the mesh electronic spinal cord stimulation device is 𝐷𝑚𝑒𝑠ℎ𝑆 =

 
𝐸𝑠

12
(𝑤ℎ3 − 𝑤𝑚𝑠ℎ𝑚

3) +
𝐸𝑚

12
𝑤𝑚𝑠ℎ𝑚

3
, with 𝐸𝑠, 𝐸𝑚, w, h, wms and hm of 2 GPa, 79 GPa, 20 µm, 940 
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nm, 10 µm and 100 nm, respectively, 𝐷𝑚𝑒𝑠ℎ𝑆 ≈ 2.8 × 10−15 N·m2. The estimated bending 

stiffness of the spinal neural tissue is 𝐷𝑛 =  
𝐸𝑛

12
𝑤𝑛ℎ𝑛

3
, where En, wn and hn are the Young’s 

modulus, width and thickness of neural tissue. With En ≈ 10 kPa,34 wn and hn ≈ 10~16 µm (size of 

neuron soma),55 𝐷𝑛 ≈ 8.3 × 10−15~5.5 × 10−14 N·m2. The bending stiffness of mesh electronics 

for both designs is similar to that of the neural tissue and at least 150,000-fold less than state-of-

the-art spinal cord devices (700,000-fold less than nanowire coated fiber23 and 150,000-fold less 

than e-dura12). 

4.4.3 Vertebrate Animal Subjects 

Adult (25-35 g) male C57BL/6J mice (stock no. 000664, Jackson Laboratory, Bar Harbor, 

ME) and Thy1-ChR2-YFP mice (stock no. 007615, Jackson Laboratory, Bar Harbor, ME) were 

used in this study. Exclusion criteria were pre-established: animals with failed surgery or 

substantial acute implantation damage (>100 μL of initial liquid injection volume) were discarded 

from further chronic recordings. All procedures performed on the mice were approved by the 

Animal Care and Use Committee of Harvard University. The animal care and use programs at 

Harvard University meet the requirements of the Federal Law (89-544 and 91-579) and NIH 

regulations and are also accredited by the American Association for Accreditation of Laboratory 

Animal Care (AAALAC). Animals were group-housed on a 12 h:12 h light:dark cycle in Harvard 

University’s Biology Research Infrastructure (BRI) and fed with food and water ad libitum as 

appropriate. 

4.4.4 Stereotaxic Injection of Mesh Electronics in the Mouse Spinal Cord 

In vivo injection of mesh electronics into the spinal cord of live mice was performed using a 

controlled stereotaxic injection method described previously.33 First, all metal tools in direct 

contact with the surgical subject were autoclaved for 1 h before use, and all plastic tools in direct 
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contact with the surgical subjects were sterilized with 70% ethanol and rinsed with sterile DI water 

and sterile 1× PBS before use. Prior to injection, mesh electronics was sterilized with 70% ethanol 

followed by rinsing in sterile DI water and transferred to sterile 1× PBS. 

C57BL/6J or Thy1-ChR2-YFP mice were anesthetized by intraperitoneal injection of a 

mixture of 75 mg/kg ketamine (Patterson Veterinary Supply Inc., Chicago, IL) and 1 mg/kg 

dexdomitor (Orion Corporation, Espoo, Finland). The degree of anesthesia was verified via the toe 

pinch method before beginning surgery. To maintain body temperature and prevent hypothermia 

of the surgical subject, a homeothermic blanket (Harvard Apparatus, Holliston, MA) was set to 

37˚C and placed underneath the anesthetized mouse, which was placed in a stereotaxic frame (Lab 

Standard Stereotaxic Instrument, Stoelting Co., Wood Dale, IL) equipped with two ear bars and 

one nose clamp that fix the mouse head in position. Puralube® ocular lubricant (Dechra 

Pharmaceuticals, Northwich, UK) was applied to both eyes to moisturize the eye surface 

throughout surgery. A hair clipper was used for depilation of the mouse head and neck, and 

iodophor was applied to sterilize the depilated scalp skin. A 5-mm longitudinal incision along the 

sagittal sinus was made in the scalp with a sterile scalpel, and the scalp skin was resected to expose 

a 6 mm × 8 mm portion of the skull. METABOND® enamel etchant gel (Parkell Inc., Edgewood, 

NY) was applied over the exposed cranial bone to prepare the surface for mounting the electronics 

on the mouse skull later. 

A 1 mm diameter burr hole was drilled using a dental drill (Micromotor with On/Off Pedal 

110/220, Grobet USA, Carlstadt, NJ) according to the following stereotaxic coordinates: 

anteroposterior: -4.96 mm, mediolateral: 3.10 mm. After the hole was drilled, the dura was 

carefully incised and resected using a 27-gauge needle (PrecisionGlide®, Becton Dickinson and 

Company, Franklin Lakes, NJ). Then a sterilized 0-80 set screw (18-8 Stainless Steel Cup Point 
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Set Screw; outer diameter: 0.060" or 1.52 mm, groove diameter: 0.045" or 1.14 mm, length: 3/16" 

or 4.76 mm; McMaster-Carr Supply Company, Elmhurst, IL) was screwed into this 1-mm burr 

hole to a depth of 500 μm as the grounding and reference electrode. A scalpel blade was used to 

create a small (ca. 5 mm) incision above the vertebrae of interest and the size of the incision was 

then increased by forceps or surgical scissors. A surgical scissor was then used to gently dissociate 

connective fascia and underlying muscle to expose the dorsal spinal cord. Using a combination of 

scalpel blade, cotton swabs, and/or bone scraper, all overlying tissue from the dorsal laminae was 

removed and a gap was carefully opened between two vertebra segments by removal of any 

remaining tissue.56, 57 Sterile 1× PBS was swabbed on the surface of the spinal cord tissue to keep 

it moist throughout the surgery. The mesh electronics was injected into the desired spinal cord 

tissue using a controlled injection method.33 In brief, the mesh electronics was loaded into a glass 

capillary needle with inner diameter (ID) 200 μm and OD 330 μm (Produstrial LLC, Fredon, NJ). 

The glass capillary needle loaded with mesh electronics was mounted onto the stereotaxic stage 

through a micropipette holder (Q series holder, Harvard Apparatus, Holliston, MA), which was 

connected to a 5 mL syringe (Becton Dickinson and Company, Franklin Lakes, NJ) through a 

polyethylene IntramedicTM catheter tubing (ID 1.19 mm, O.D. 1.70 mm). The glass capillary 

needle was then inserted into the gap between the two adjacent vertebra segments at ca. 0.5 mm 

from the middle line with depth of ca. 1.5 mm. Controlled injection was achieved by balancing the 

volumetric flow rate (typically 10-30 mL/h), which was controlled by a syringe pump (PHD 2000, 

Harvard Apparatus, Holliston, MA), and the needle withdrawal speed (typically 0.2-0.5 mm/s), 

which was controlled by a motorized linear translation stage (860A motorizer and 460A linear 

stage, Newport Corporation, Irvine, CA). Using the controlled injection method with field-of-view 

(FoV)33 visualization through an eyepiece camera (DCC1240C, Thorlabs Inc., Newton, NJ), the 
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mesh electronics was delivered to specific spinal cord tissue with elongated morphology along the 

injection direction. For successful long-term recordings, the total injection volume is usually less 

than 50 μL. The other end (I/O end) of the mesh electronics was injected on the skull-mounted 

flexible flat cable (FFC); and unfolded to allow connection to external electronics. Electrical 

connection of syringe-injectable electronics for chronic recording and stimulation was achieved 

through our previously reported direct contact interfacing method.29 Then, ca. 0.2 mL silicone 

adhesive (Kwik-Sil, World Precision Instruments, Sarasota, FL) was applied at the boundary of 

FFC and tissue, and the wound was sutured with tissue glue with the interconnect region of mesh 

electronics kept beneath the skin. For in vivo spinal cord and brain recordings following optical 

stimulations, 200 μm diameter tapered optical fibers connected were connected to ceramic ferrules 

(1.25-mm outer diameter with 270-μm inner diameter bore; Thorlabs, Newton, NJ) in similar way 

with previous reports.58, 59 They were sterilized with 70% ethanol, rinsed with sterile DI water and 

sterile 1× PBS, and implanted into the primary motor cortex, and additional 32-channel mesh 

electronics brain probes29 were implanted into the primary motor cortex of the mouse brain by 

previously reported methods27 to the following stereotaxic coordinates: anteroposterior, 0.05 mm; 

mediolateral, 2.00 mm; dorsoventral, 0.50 mm. 

4.4.5 Mouse MSD Performance Test 

To study MSD performance, the mouse was placed in a clean standard mouse cage with 

size of 30 cm (L) x 18.5 cm (W) x 13.5 cm (H) and allowed to behave freely. A camera was 

positioned above the cage so that the whole cage could be observed within the camera’s field of 

view in advance. The mouse’s freely behaving movements were video recorded by the camera 

continuously for at least 5 minutes for each mouse. Custom MATLAB software was used to extract 

the trajectory of mouse movement from the recorded video and to calculate MSD at different times 
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post-surgery for mesh-implanted mice, sham-operated mice and mice without any surgery. The 

MSD was calculated according to the following formula: 

𝑀𝑆𝐷(𝜏) =< ∆𝒓(𝜏)2 >=
1

𝑁
 ∑[𝒓(𝑡𝑛 + 𝜏) − 𝒓(𝑡𝑛)]2

𝑁

𝑛=1

 

where 𝒓(𝑡) is the position of the mouse at time t, and τ is the lag time. Average MSD plateau 

values were calculated by averaging the MSD values at 100~200 s lag time. 

4.4.6 Mouse Rotarod Performance Test 

Mice were trained with two training sessions separated by 1 h one day before the test on 

rotarod (Harvard Apparatus, Holliston, MA): i) three trials with a single speed (15 rpm) rotarod; 

ii) three trials on linear acceleration from 4 to 40 rpm over 2 min. At the time of test, the rotarod 

was set with a start speed of 4 rpm, with linear acceleration from 4 to 40 rpm over 2 min. Ensuring 

that the mouse is facing forward before acceleration, acceleration was started 10 s after placing the 

mouse on the rotarod. The rotation speed at which the mouse fell off and the duration of time on 

the rotarod following initial acceleration were recorded with SEDACOM Software (Harvard 

Apparatus, Holliston, MA). The test was repeated three times with 10 min between each trial for 

each mouse, and recorded duration values represented the mean of the three trials.  

4.4.7 Tissue Preparation and Histology Studies 

Mice with mesh electronics implanted in the spinal cord were anesthetized with 

ketamine/dexdomitor and transcardially perfused with 40 mL 1× PBS and 40 mL 4% 

formaldehyde (Electron Microscopy Sciences, Hatfield, PA). The skin and muscle on the neck was 

removed to expose the spinal cord. The part of the spinal cord tissue where mesh electronics was 

implanted was extracted from the spinal cord column without removal of mesh electronic from the 
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spinal cord tissue, placed in 4% formaldehyde for 24 h, and transferred to 1× PBS for another 24 

h to remove the residual formaldehyde. 

Harvested spinal cord tissue was first sectioned in a way similar to previously reported 

procedures.28 In brief, extracted spinal cord tissue were embedded in 3% agarose (SeaPlaque 

agarose, Lonza) hydrogel and cut into blocks of 2 cm (length)×1 cm (width)×1 cm (height) with 

another mesh electronics injected into the agarose hydrogel block to serve as a reference for the 

measurement of distance in subsequent micro-computed tomography (micro-CT) and vibratome 

sectioning steps. The hydrogel block containing the mouse spinal cord sample was then imaged 

by a micro-CT X-ray scanning system (HMX ST 225, Nikon Metrology) and CT Pro 3D software 

(Nikon Metrology) was used to calibrate the centers of rotation and to reconstruct the images. 

VGStudio MAX 3.0 sofware (Volume Graphics) was used to render and analyze the 3D 

reconstructed images. The distance between the mesh electronics in spinal tissue (target mesh) and 

the reference mesh electronics (reference mesh) in addition to the angle θ (usually less than 5˚) 

between the longitudinal axis of the target mesh were measured from reconstructed images. The 

reference surface of the hydrogel block was then cut using a homemade sectioning stage according 

to measured angle θ so that this surface was parallel to the longitudinal axis of the target mesh. 

Finally, the mouse spinal cord was sectioned into 600–800μm slices in the direction parallel to 

middle line of the spinal cord (Figure 4.5a) using a vibratome (VT1000S vibrating blade 

microtome, Leica) with reference mesh as a landmark to indicate the distance to the target mesh 

to facilitate accurate sectioning so that one spinal tissue slice contains the entire target mesh 

electronics. 

The spinal cord tissue slice that contains the whole mesh electronics was then cleared and 

stained in a way similar to previously reported procedures.28 In brief, the sample was placed in 1× 
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PBS containing 4% (w/v) acrylamide (Sigma-Aldrich Corp., St. Louis, MO) and 0.25% (w/v) VA-

044 thermal polymerization initiator (Fisher Scientific, Hampton, NH) at 4˚C for 3 days. The 

solution was replaced with fresh solution immediately before placing the spinal cord tissue in X-

CLARITY™ polymerization system (Logos Biosystems, South Korea) for 3 hours at 37˚C. After 

polymerization, the remaining gel was removed from the tissue surface and the sample was rinsed 

with PBST (1× PBS with 0.2% Triton X-100, Thermo Fisher Scientific Inc., Waltham, MA) before 

being placed in electrophoretic tissue clearing solution (Logos Biosystems, South Korea) at 37˚C 

for 4-6 days until the samples were translucent. After clearing, the spinal cord tissue was rinsed 

once with PBST containing 0.3 M glycine (Sigma-Aldrich Corp., St. Louis, MO), placed in fresh 

PBST containing 0.3 M glycine and incubated at 4˚C overnight. The samples were then placed in 

fresh PBST and gently shaken for 5 hours, with PBST replaced hourly. The spinal cord tissue was 

blocked with 3% donkey serum (Sigma-Aldrich Corp., St. Louis, MO) in PBST overnight, 

incubated with 1:100-1:200 primary antibody, rabbit anti-NeuN (Abcam, Cambridge, UK), mouse 

anti-NF (Abcam, Cambridge, UK), and rat anti-GFAP (Abcam, Cambridge, UK) for 4 days at 4˚C. 

After incubation, the sample was placed in fresh PBST at RT to let excess antibody diffuse out of 

the tissue. The PBST was replaced with fresh solution every eight hours over the course of two 

days. Then the samples were incubated with 1:100-1:200 secondary antibody, donkey anti-rabbit 

Alexa Fluor 488, donkey anti-mouse Alexa Fluor 594, or donkey anti-rat Alexa Fluor 647 (Abcam, 

Cambridge, UK) for 4 days at 4 ˚C in PBST. Again, the sample was placed in fresh PBST at room 

temperature to allow excess antibody to diffuse out of the tissue, and the PBST replaced with fresh 

solution every eight hours over two days. 

The stained spinal cord slices were then refractive index matched in the similar way of 

previously reported.28 In brief, the slices were glued at their edges to the bottom of 50-mm-
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diameter Petri dishes by Devcon 5 minute epoxy (ITW Polymers Adhesives) and then incubated 

in the refractive index matching solution PROTOS52 (diatrizoic acid, Sigma-Aldrich; N-methyl-d-

glucamine, Sigma-Aldrich; OptiPrep, Accurate Chemical and Scientific) or 80% glycerol:20% 

PBS (glycerol, Sigma-Aldrich Corp., St. Louis, MO) 24h before microscopy imaging. 

Fluorescence images were acquired on a Zeiss LSM 880 confocal/multiphoton microscope (Carl 

Zeiss Microscopy GmbH, Jena, Germany) with a 20x objective (numerical aperture = 1.0, free 

working distance = 5.6 mm). Confocal images of cleared and immunostained samples were 

acquired using 488, 561 and/or 633 nm lasers as the excitation sources for Alexa Fluor 488, RhBen, 

Alexa Fluor 594, and Alexa Fluor 647, respectively. The corresponding bandpass filters are 

typically 500-553, 562-590, 595-650, and 677-755 nm, respectively. Images were acquired by 

taking a tile scan together with Z stacks, with a voxel size of 0.2~0.6 m (X) × 0.2~0.6 m (Y) × 

2.0~2.5 m (Z) and tile scan overlap of 10%. ZEN software (Carl Zeiss Microscopy GmbH, Jena, 

Germany) was used for stitching tile scan images. Imaris software (Bitplane, Zurich, Switzerland) 

was used for color rendering and generating 3D images. 

Image data analysis was achieved through our previously reported methods.28 A 

combination of Imaris, ImageJ (National Institutes of Health, Bethesda, MD) and MATLAB 

(MathWorks, Natick, MA) was used for quantitative analysis of fluorescence intensity as a 

function of the distance from the 3D mesh electronics boundary in the acquired images. In brief, 

Imaris was used to define the smallest 3D boundary that encompasses all the mesh electronics 

elements. This 3D boundary separates all voxels into ‘interior’ voxels and ‘exterior’ voxels. Imaris 

was also used to define the 3D volume of each brain region according to their specific shape. 

ImageJ was used to export fluorescence intensities, distances from the 3D boundary and associated 

3D coordinates in matrix format that was later imported into MATLAB. MATLAB was used to 
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calculate fluorescence intensity as a function of the distance from the 3D boundary. The intensity 

values for all voxels with distances binned over an interval of 20 m was averaged and normalized 

against the baseline value defined as the average fluorescence intensity of all background voxels 

250-310 m away from the 3D mesh boundary. The average intensity values of NeuN, NF and 

GFAP near the mesh probe surface was calculated by averaging the resulting intensity values 

within 80 m of the mesh surface. The quantified distances interior of the mesh boundaries varied 

across samples due to variability of mesh conformation in tissue. 

4.4.8 Chronic Spinal Cord Recording in Mice 

For chronic spinal cord recording from restrained awake mice, mice with implanted mesh 

electronics and FFC connector were recorded chronically on a weekly basis. Mice were restrained 

in a Tailveiner® restrainer (Braintree Scientific LLC., Braintree, MA) while the head-mounted 

FFC was connected to an Intan RHD 2132 amplifier evaluation system (Intan Technologies LLC., 

Los Angeles, CA) through a home-made printed circuit board (PCB). An 0-80 set screw was used 

as a reference. Electrophysiological recording was carried out with a 20-kHz sampling rate and a 

60-Hz notch filter. 

4.4.9 Spinal Cord and Brain Recording Following Optical Stimulations 

For in vivo spinal cord and brain recording following optical stimulation, mice were 

intraperitoneally injected with a mixture of 37.5 mg/kg of ketamine (Patterson Veterinary Supply 

Inc., Chicago, IL) and 0.5 mg/kg dexdomitor (Orion Corporation, Espoo, Finland). Similar to the 

aforementioned recordings, the head-mounted FFCs were connected to an Intan RHD 2132 

amplifier evaluation system (Intan Technologies LLC., Los Angeles, CA) through a home-made 

PCB. An 0-80 set screw was used as a reference. Electrophysiological recording was made with a 

20-kHz sampling rate and a 60-Hz notch filter. The implanted optical fiber with ceramic ferrule 



 

 137 

was connected to a mating sleeve (1.25-mm inner diameter; Thorlabs, Newton, NJ) and then 

connected to pigtailed laser diode (LP488-SF20, Thorlabs, Newton, NJ) and laser diode driver 

(CLD1010LP, Thorlabs, Newton, NJ) in similar way with previous reports.58, 59 10 Hz optical 

pulses (5-ms width for each pulse) with a power density of 9 mW/mm2 (wavelength λ = 473 nm) 

were used. 

4.4.10 Analysis of Electrophysiological Recording Data 

The recorded data were analyzed offline in a similar manner to our previous reports.27, 28, 32. 

In brief, raw recording data were filtered using the 'filtfilt' function in MATLAB in the 250–6,000 

Hz frequency range to extract single-unit spikes. Single-unit spike sorting was performed by 

amplitude thresholding of the filtered traces, automatically determining the threshold based on the 

median of the background noise with the improved noise estimation method.60 Sorted spikes were 

clustered to determine the number of single neurons and to assign spikes to each single neuron 

based on principal component analysis (PCA) using WaveClus software (version 2.0) that employs 

unsupervised superparamagnetic clustering of single-unit spikes.60 Spikes assigned to the same 

cluster were coded with the same color with their average spike waveforms plotted in Figures 4.6, 

4.8. 

For cross-correlation analysis in Figure 4.8e, 4.9, spike sorting was firstly conducted in the 

same method with that was describe in the previous paragraph. In Figure 4.8, 4.9 mCTX channels 

9-12 and spinal cord channels 4-6, we have conducted spike sorting separately for the light on and 

light off period, where all the light on parts were group together and all the light off parts were 

grouped together. Light off period of these channels did not show sorted spikes and spike 

waveforms in the light on period of these channels were shown in Figure 4.10. Other channels did 

not show sorted spikes except for mCTX channel 28 in Figure 4.9, which showed sorted spikes in 
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both light on and off period independent of light stimulation and its spike waveform was shown in 

Figure 4.10b. The cross-correlation analysis between neuron spike trains recorded from different 

channels (Figure 4.8e, 4.10) was then carried out with a custom-made MATLAB program. In 

brief, according to the spike timestamps of each of the identified neurons, the original high-pass 

filtered recording traces were turned into binary spike trains with a ‘1’ indicating a firing event 

and a ‘0’ indicating a non-firing event. Then the binary spike trains were subjected to standard 

Pearson product-moment correlation coefficient analysis of each pair, according to the following 

formula: 

𝐶𝑜𝑟𝑟(𝑌1, 𝑌2, ∆𝑡) = ∫ 𝑌1(𝑡)𝑌2(𝑡 + ∆𝑡)𝑑𝑡
𝑇

0

 

Y1 and Y2 represent the binary spike trains and ∆t represents the time lag. 

4.4.11 Functional Electrical Stimulation of Mouse Spinal Cord 

For electrical stimulation of the spinal cord, mice were intraperitoneally injected with a 

mixture of 37.5 mg/kg of ketamine (Patterson Veterinary Supply Inc., Chicago, IL) and 0.5 mg/kg 

dexdomitor (Orion Corporation, Espoo, Finland). The head-mounted FFC of anesthetized mice 

was connected to an Intan Stimulation/Recording Controller (Intan Technologies LLC., Los 

Angeles, CA) through a home-made PCB and an 0-80 set screw was used as the reference. 

Cathode-first charge-balanced stimulation pulses with 0.2 ms duration and 50~350 A current 

were used for electrical stimulations of the spinal cord. The limb kinetic analysis of stimulation-

evoked forelimb movement was carried out with custom-designed MATLAB software. In brief, 

the video frames before and upon each stimulation was extracted from the recorded video. The 

positions of mouse forelimb olecranon process, radiocarpal joint, metacarpophalangeal joint and 

the tip (Figure 4.11b) were then tracked from the extracted video frames before and upon each 

stimulation. The positions before stimulation are color-coded red while the positions upon 
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stimulation are color-coded blue (Figure 4.11b, c). The moving distances were calculated by 

calculating the distance of a specific tracking point (Positions 1-4 in Figure 4.11c) before and 

upon each stimulation and multiple distances from each stimulation were averaged to give the 

mean value for each tracking point. For four-hour long continuous stimulation experiments, 1Hz 

charge-balanced stimulation pulses of 0.2 ms duration and 200 μA current were continuously 

applied and videos at 0, 30, 60, 90, 120, 150, 180, 210 and 240 min of the stimulation period were 

recorded for analysis. In Figure 4.11e, the calculated distances within the 1-minute period at 0, 

30, 60, 90, 120, 150, 180, 210 and 240 min were averaged to give the mean moving distance at a 

specific time for each tracking point. 
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Chapter 5 

Autoclave Sterilization of Mesh Electronics with a Prebonded 

Input/Output Interface 

 

Implantable electronics open significant opportunities for neuroscientific studies as well as 

clinical applications. While brain-implanted electronic stimulators are used in modern therapies of 

neurodegenerative disorders, mismatches in topological and mechanical properties between the 

implants and brain tissue limit chronic efficacy of such therapies. Here, we report on the 

investigation of autoclave as a method for mesh electronics sterilization to facilitate near future 

clinical use. Autoclave is a readily accessible and simple sterilization technique; however, high 

temperature and humidity processing pose risks to polymeric materials in addition to electrical 

functionality. We have demonstrated that autoclave can successfully sterilize mesh electronics 

after bacteria inoculation and that mesh electronics retain electrical functionality post-autoclave. 

To further expand upon accessibility of mesh electronics use for other scientists and for clinical 

therapies, we investigated several input/output (I/O) prebonding and packaging approaches. While 

I/O bonding and packaging approaches applied for previous studies in rodents provide an 

electrically functional interface post-autoclave, single channel impedances were observed to 

increase by ca. 2 – 3-fold, indicating interfacial degradation from autoclave processing. We 

determined that a combination of a silicon dioxide substrate and epoxy-based non-hermetic sealing 

of the prebonded interface can allow for a stable prebonded interface for autoclave sterilization. 

This readily sterilizable, prebonded interface should enable significant new opportunities for mesh
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electronics in clinical therapies of neurological diseases and disorders as a replacement for 

conventional brain implants and beyond. 
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5.1 Introduction 

The development of implantable brain probes in the form of microwire1, 2 and silicon3, 4 

probes has enabled significant opportunities for the study of neuroscience as well as the treatment 

of neurological diseases and disorders.5-7 Despite the advantages afforded by these technologies, 

chronic tissue integration is hindered by chronic inflammation due to a strong disparity of 

mechanical properties between the implants and the brain.8, 9 Flexible brain implants have been 

developed to mitigate this critical issue,10-12 rendering the conception of a chronically compatible 

human brain-computer interface for therapeutic or other applications increasingly more attainable. 

To translate these promising technologies for human studies or therapies, it is critical to 

properly sterilize the implants prior to surgical implantation.13-15 Numerous reports have validated 

sterilization of conventional probes using techniques such as ethylene oxide16, 17 and autoclave,17, 

18 demonstrating that the probes remain functional after sterilization processing. On the other hand, 

polymer-based implants face additional difficulties with sterilization due to possible implant 

degradation. For this reason, the effects of sterilization techniques such as gamma irradiation,13, 15, 

19-27 ethylene oxide,15, 20, 25, 28 hydrogen peroxide,20, 22, 29, 30 and autoclave13-15, 20, 28 have been 

extensively reported for various polymer systems. Across these studies, clear evidence has 

emerged that different polymer systems offer physical property stability under the different 

sterilization processing approaches, and other considerations like cytotoxic byproducts are also of 

critical concern. While autoclave sterilization poses significant challenges for temperature and 

moisture sensitive polymers,13, 14 it is a readily accessible sterilization technique for clinical 

applications. Importantly, it has been reported that autoclave sterilization of polymers such as 

poly(3,4-ethylenedioxythiophene) doped with polystyrene sulfonate (PEDOT:PSS) is possible 

without inducing significant degradation to morphology or electrical functionality.14 



 

 147 

To mitigate any potentially deleterious effects on a brain implant and its electrical 

functionality in particular, interconnection technique and packaging of the wiring and electrical 

interfaces must be carefully considered.17 For example, interconnection between implant I/O 

connectors and external electronic interfaces can be achieved using methods such as wire 

bonding31 and anisotropic conductive film (ACF).32 In terms of packaging technologies, hermetic 

sealing is performed to achieve an air-tight seal on the packaged components;33, 34 however, some 

reports have indicated that moisture ingression is still possible for a hermetic seal,35 whereas plastic 

mold packaging technologies for non-hermetic seals can be more suitable dependent upon the 

application.35, 36 In addition, hermetic sealing is generally incompatible with polymer-based 

implants due to high temperature processing requirements. In the case of ACF bonding, the 

polymer matrix provides the underfill packaging of bonded joints. Prior reports have indicated that 

while it is possible to achieve an autoclave stable packaged interface, most ACF formulations are 

not stable, demonstrating that heavy optimization work may be required for each specific packaged 

electrical interface.37, 38 On the other hand, aluminum (Al) wire bonding retains limited autoclave 

stability under normal conditions, and changing the geometry from thin wires to robust ribbons 

can extensively improve stability under autoclave processing.31 

 Prior studies using the chronically biocompatible brain implant mesh electronics39-43 have 

primarily been focused on murine models. Translating this unique technology for near-future 

clinical experimentation poses significant challenges in achieving a structurally and functionally 

stable probe after clinically-compatible sterilization processing. In addition, clinical translation 

would be better facilitated with an electrically prebonded I/O interface to both substantially 

simplify the required surgical procedures and to minimize potential risks of pathogen introduction 

to the sterilized devices from additional handling steps. Noting previously reported successes, we 
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chose to focus our approach on autoclave sterilization of a prebonded mesh electronics I/O 

interface that is packaged using a non-hermetic polymer-based seal. Herein, we report on the 

sterility and electrical functionality of a prebonded mesh electronics I/O interface after autoclave 

to enable near-future clinical translation of mesh electronics. 
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5.2 Results and Discussion 

 

 

Figure 5.1 Implantation strategy to enable prebonding of mesh electronics. Schematic 

overview of mesh electronics injection to enable prebonding of the mesh electronics I/O pads to 

an FFC. After unfolding and aligning mesh electronics I/O pads onto FFC conductors, the 

recording region (opposite end) can be loaded into a glass capillary needle, the needle can be 

inserted into brain tissue, and PBS injection flow can be synchronized with needle retraction rate 

to achieve successful injection of the mesh electronics with a prebonded I/O interface. 
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While developing autoclave-sterilizable mesh electronics with a prebonded I/O interface 

could enable significant new opportunities in clinical environments and beyond, a significant 

challenge related to probe delivery precludes this for existing approaches. Notably, mesh 

electronics are loaded completely inside of glass capillary needles starting from the I/O end, which 

ordinarily renders prebonding the I/O interface difficult if not impossible. Achieving 1:1 channel 

connections to external interfaces has been accomplished in prior studies using flexible flat cables 

(FFCs), which are connected to recording equipment by custom designed printed circuit boards 

(PCBs).40, 44-46 Because directly loading and injecting mesh electronics prebonded to an FFC 

through a small diameter glass needle is not practically feasible, a modified injection procedure 

was conceived (Figure 5.1). First, mesh electronics can be prebonded to an FFC by directly 

unfolding the I/O region onto FFC conductors, as described in a recent study,46 and a glass capillary 

needle can be used to load the recording end of the probe only to contain the sensor elements. 

Next, the needle can be inserted into the brain tissue, and saline injection volume can be applied 

to extrude the mesh electronics into the brain. Under this configuration, the most distal recording 

electrodes from the I/O region would lie at the most superficial region of the brain, representing a 

reversal of the ordinary relative electrode distribution in comparison to prior studies. This simple 

procedural modification can therefore readily enable successful prebonded mesh electronics 

injection into the brain, although additional length of the mesh electronics will necessarily be 

injected when using this strategy. 
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Figure 5.2 Experiment overview for assessment of mesh electronics sterility. (a) Table 

defining all sample groups, which contain mesh electronics that are ordinarily handled (Group A), 

autoclave sterilized (Group B), inoculated with E. coli and subsequently autoclaved (Group C), 

and inoculated with E. coli but not autoclaved. (b) Flow chart of experiment overview, such that 

Groups C and D were inoculated with E. coli, then Groups B and C were autoclaved, and all groups 

were analyzed for sterility using spectrophotometry on respective growth media and colony 

forming unit assays. (c) Photographs of Group B samples sealed inside of sterilization pouches. Al 

foil was used to create a height barrier between the inner pouch surface and the surface of the mesh 

electronics. 
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To first validate sterilization efficacy of a prebonded mesh electronics and FFC assembly, 

the experiment process flow is outlined in Figure 5.2. First, mesh electronics probes were 

fabricated and organized into four separate groups (Figure 5.2a). Groups A and B were not 

inoculated with E. coli, and Groups C and D were inoculated with E. coli. Groups A and D were 

not autoclaved, but Groups B and C were. The four groups covered all possible permutations with 

the following individual interpretations: Group A represents ordinarily handled mesh electronics, 

Group B represents ordinarily handled mesh electronics which were autoclave sterilized, Group C 

represents E. coli-inoculated mesh electronics which should be sterilized from autoclave 

processing, and Group D represents baseline expectations for bacteria growth for E. coli 

inoculation of mesh electronics. To prepare the individual mesh electronics, an FFC was fixed 

onto a cleaned glass slide using dental cement. Then, mesh electronics was deposited onto the 

glass slide such that the I/O region was properly aligned onto slide-fixed end of the FFC conductors 

and the remainder was unfolded in an elongated conformation down the length of the slide. Finally, 

each assembly was allowed to dry. 

After dividing the mesh electronics probes into the four groups, the following procedure 

was implemented (Figure 5.2b). Luria-Bertani (LB) broth and agar were prepared and autoclave 

sterilized, and then LB agar was poured into Petri dishes for future colony forming unit (CFU) 

assays. A wire loop was used to scratch a frozen glycerol stock of E. coli (ATCC 25922), and the 

wire loop was dipped into 5 mL of the LB broth for inoculation of the starter culture. After 

overnight incubation at room temperature with continuous shaking, the starter culture was 

expanded by adding the 5 mL to 1.5 L of sterile LB broth, and it was allowed to grow for ca. 4 h. 

The prebonded mesh electronics assemblies from Groups C and D were placed into sterile 50 mL 

centrifuge tubes, and 40 mL of the E. coli culture was added to each centrifuge tube. Incubation 
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was carried out for 1 h with continuous shaking, and the samples were subsequently rinsed several 

times using sterile deionized (DI) water. Group D samples were sealed and allowed to dry 

overnight. 

After completing the E. coli inoculation of the appropriate samples, Groups B and C were 

then prepared for autoclave processing. The prebonded assemblies were inserted into autoclave 

sterilization pouches, and either small pieces of Al foil (Figure 5.2c) or shallow 

polytetrafluoroethylene (PTFE) dishes (not shown) were added prior to sealing in order to create 

a height barrier between the mesh electronics and the pouch cover. Otherwise, contact made 

between the mesh electronics and pouch inner surface during autoclave processing could result in 

irreversible adhesion and damaging of the mesh electronics. For clinically-compatible sterilization, 

autoclave processing conditions were designated as 132˚C for 20 min. Once the autoclave 

processing was completed, the samples were removed from their pouches and immediately 

transferred into sterile 50 mL centrifuge tubes. Then, all other samples not already inside of a tube 

were placed into sterile 50 mL centrifuge tubes. Ca. 40 mL of sterile LB broth was added to each 

tube, and samples were incubated at room temperature for 24 h to allow growth of any potentially 

present microbes. 

To perform the CFU analysis to confirm successful E. coli inoculation of Group C and D 

mesh electronics, we then began the cell plating on the LB agar plates. We focused cell plating 

experiments on Group D, to confirm and quantify E. coli inoculation, and on Group A, the only 

other group which was expected to provide microbial growth in order to establish baseline 

expectations regarding mesh electronics sterility under ordinary handling conditions. First, a 20 

μL aliquot was taken from each sample and diluted to 200 μL in a multi-well plate using sterile 

LB broth. Next, 10-fold dilutions were serially performed to constitute wells spanning 10-1 to 10-6 
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dilutions. 100 μL from a given well was then distributed onto a LB agar plate and evenly spread 

across the surface. Each plate was incubated at 37˚C for 24 h, and then the plates were examined 

under a magnifying glass to manually count each CFU. 

Photographs of the LB agar plates for the 10-1 and the 10-4 dilutions from each sample are 

shown in Figure 5.3. For the Group D samples (Figure 5.3a), lawn growth of E. coli was readily 

observed for each sample on the 10-1 dilution (Figure 5.3a, i – iii). To count a large number of 

discrete colonies, the 10-4 dilution plates provided the best results (Figure 5.3a, iv – vi).  Manual 

counting of the number of discrete colonies on each plate (ca. 200 each), averaging the result, and 

extrapolating the result to the original concentration indicated that the Group D mesh electronics 

samples were inoculated with ca. 2 x 108 CFU/mL. This provided quantitative confirmation that 

the mesh electronics were successfully inoculated with E. coli, allowing examination of whether 

autoclave could completely sterilize the prebonded mesh electronics assemblies. In the case of the 

Group A samples, we did not intentionally expose the assemblies to any microorganisms, so the 

presence of any, which would not be limited to only E. coli, would reflect incomplete sterilization 

during ordinary handling. Unexpectedly, no evidence of bacterial growth was found on any sample 

plate, including the corresponding 10-1 (Figure 5.3b, i – iii) and 10-4 (Figure 5.3b, iv – vi) dilution 

plates. While this result provided positive confirmation that ordinary handling procedures appear 

to be in compliance with sterile technique, it is insufficient justification for potential clinical 

applications, and additional sterilization procedures, such as autoclave, remain necessary. 
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Figure 5.3 Colony forming unit assays. (a) Photographs of E. coli cultured on LB agar plates 

using Group D sample broths. Serial dilutions at 10-1 (i – iii) and 10-4 (iv – vi) are shown, where 

10-4 samples allowed for optimal discrete colony counting. (b) Photographs of culturing on LB 

agar plates using Group A sample broths. Serial dilutions at 10-1 (i – iii) and 10-4 (iv – vi) are 

shown, and no evidence of bacteria growth was observed for any sample. 
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Figure 5.4 Visual inspection of growth media post-final incubation. (a) Photograph of a Group 

C sample after final 24 h growth in sterile LB broth, which remained translucent. (b) Photograph 

of a Group D sample after final 24 h growth in sterile LB broth, which visibly increased in opacity. 

All scale bars are 16 mm. 
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Table 5.1 OD600 analysis of sample broths post-final autoclave. Summary of all OD600 

measurements using spectrophotometry. Values obtained were held in comparison to the sterile 

LB broth reference (Ref) to assess whether samples were sterile. Error denotes standard error of 

the mean. 

 

 

 

To assess sterility of all of the prepared samples, spectrophotometry was used to measure 

optical density at 600 nm (OD600) of each sample broth. This method was utilized because OD600 

analysis reflects optical absorbance from the presence of bacteria at ca. 600 nm in growth media.47 

Direct visual inspection of the two E. coli inoculated groups, Groups C and D, provided strong 

initial insight into relative sterility (Figure 5.4a). Group C sample broths, which came from the 

autoclaved samples, were visually translucent (Figure 5.4a), whereas Group D samples, which 

were not autoclaved, were significantly opaquer in comparison (Figure 5.4b). OD600 
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measurements are summarized in Table 5.1, and several key points can be inferred. First, Group 

D samples demonstrated significantly elevated OD600 values of 1.02 ± 0.02 in comparison to the 

sterile LB broth controls of 0.01 ± 0.01. In conjunction with the CFU analysis, this provided a 

baseline absorbance measurement for the significant presence of E. coli in the growth medium. 

Second, Group A samples demonstrated absorbances of 0.02 ± 0.01, which were roughly 

equivalent to the sterile LB broth controls. This was consistent with the CFU analysis, which also 

indicated the complete absence of bacteria in the growth medium. Third, Group B samples, which 

were not inoculated with E. coli but were autoclave sterilized, demonstrated sterility with OD600 

of 0.03 ± 0.03, and this result was expected both due to the results from Group A and due to 

autoclave processing. Last, Group C samples were also determined to be sterile because the 

absorbances were 0.04 ± 0.02, comparable to the control groups and Groups A and B. Because 

Group C samples were inoculated with E. coli followed by autoclave, these results together 

indicate that autoclave can successfully sterilize prebonded mesh electronics assemblies, as 

demonstrated by complete eradication of the ca. 2 x 108 CFU/mL concentration of E. coli present 

before autoclave processing. 
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Figure 5.5 Packaging of prebonded interface. (a) Photograph of two prebonded samples post-

autoclave sealed using direct epoxy. (b) Photograph of two prebonded samples post-autoclave with 

epoxy-based non-hermetic sealing. (c) Photograph of two prebonded samples post-autoclave with 

dental cement-based non-hermetic sealing. 
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Having demonstrated sterility, we then examined mesh electronics impedance values 

before and after autoclave in order to validate probe and prebonded interface stability under 

autoclave processing. Briefly, an FFC was fixed onto a cleaned glass slide using dental cement, 

and a mesh electronics probe was unfolded to achieve elongated conformations of the recording 

region on the glass slide in addition to an electrically bonded interface with the FFC. Our initial 

I/O interface packaging strategy was kept consistent with prior studies: direct epoxy sealing or 

non-hermetic sealing. The interface of some samples was directly passivated by applying epoxy 

and allowing it to cure (Figure 5.5a). The remainder were non-hermetically sealed such that an 

epoxy barrier was created around the perimeter of the interface, a thin film of polyethylene 

terephthalate (PET) was placed onto the barrier, and epoxy was applied along the PET film edges 

to seal it in place (Figure 5.5b). Noting that autoclave resulted in discoloration of the epoxy from 

a light-yellow color to an amber-like color, we also sought to seal the interface without epoxy. 

Thus, we additionally prepared non-hermetically sealed interfaces which used dental cement 

height barriers and PTFE film (Figure 5.5c). In addition to the samples with sealed interfaces, we 

also prepared bare mesh electronics unfolded onto cleaned glass slides in order to identify the 

individual impacts of autoclave on the mesh electronics itself and the sealed interface. Impedance 

values were measured at 1 kHz before and after autoclave processing from the same channels by 

applying a small volume of 1× phosphate buffered saline (PBS) over the recording electrode 

regions, immersing one probe tip into the PBS, and contacting the second tip with the 

corresponding FFC conductor/mesh electronics I/O pad. 
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Figure 5.6 Impedance measurements of bare and sealed mesh electronics before and after 

autoclave. (a) Single channel (i) and inter-channel (ii) impedance measurements before and after 

autoclave obtained from bare mesh electronics on a glass slide. (b) Single channel impedance 

measurements before and after autoclave obtained from the following 3 sealed interface sample 

groups: direct epoxy (Group 1), epoxy-based non-hermetic seal (Group 2), and dental cement-

based non-hermetic seal (Group 3). 

 

First, we assessed the direct impact of autoclave processing at the designated conditions on 

bare mesh electronics. We found that the single channel impedance values (Figure 5.6a, i) 

remained roughly identical post-autoclave. Additionally, we measured inter-channel impedance 

values by connecting probe tips to adjacent or non-nearest neighbor channels in order to assess 

potential degradation of SU-8 passivation of the interconnects (Figure 5.6a, ii). While the inter-

channel impedances were observed to statistically significantly decrease, we note the following 

key observations. The measurement system was observed to demonstrate high measurement 

fluctuation at large impedance values (ca. 1 GΩ), and these post-autoclave impedance values were 

still two orders of magnitude larger than the singe channel impedances, indicating that any 
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resulting passivation degradation would not significantly impact mesh electronics recording 

capabilities. Therefore, it was determined that mesh electronics probes themselves exhibit 

sufficient autoclave stability. 

To investigate the potential issue of prebonded interface degradation, single channel 

impedance values were measured before and after autoclave for the three different packaging 

approaches. The direct epoxy-sealed interfaces (Group 1) demonstrated 100% channel 

disconnection post-autoclave, whereas both non-hermetic sealing groups using the epoxy barrier 

(Group 2) and the dental cement barrier (Group 3) exhibited ca. 90+% channel connection post-

autoclave but with a systematic impedance increase of ca. 2 – 3-fold (Figure 5.6b). Because the 

direct epoxy-sealed group yielded no connected channels post-autoclave and because the epoxy 

demonstrates reproducible color change in response to autoclave, this appears to indicate that 

autoclave likely degrades the epoxy, which results in complete interfacial destruction. For the non-

hermetically sealed mesh electronics, nearly all channels remain connected post-autoclave; 

however, the single channel impedance values were consistently observed to double or triple. 

While the underlying explanation for this observation was unclear, the stability of mesh electronics 

in autoclave suggested that some form of interfacial degradation or degradation of the FFC was 

responsible. These results indicate that standard underfill packaging is likely unsuitable for the 

prebonded mesh electronics assembly, but non-hermetic sealing represents a promising path 

forward.  
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Table 5.2 Impedance measurements from all other sample experiments. Impedance was 

measured for several different configurations to better characterize the mechanism underlying 

impedance degradation post-autoclave in a prebonded interface. Measurements were taken before 

and after baking or autoclave and consisted of either single channel or inter-channel impedance. 

Alternative substrates of polyimide-insulated FFCs and silicon dioxide wafer were examined in 

addition to the standard polyester-insulated FFCs. Error denotes standard error of the mean. 
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Table 5.3 Estimated coefficients of thermal expansion. Coefficients of thermal expansion are 

summarized for the relevant materials used in prebonded sample preparation and packaging.48-53 

 

 

While the prebonded mesh electronics are functional post-autoclave and are expected to 

enable chronic electrophysiology studies with these non-hermetic sealing approaches, the 

systematic impedance increase provided strong motivation to both better understand the source of 

this observation and to develop a superior packaging method to retain pre-autoclave electrical 

performance. We first sought to evaluate FFC stability in the autoclave by measuring before and 

after autoclave the inter-channel impedance values, which were measured directly between FFC 

conductors, and single channel impedance values, which were obtained by unfolding mesh 

electronics onto the FFC and measuring impedances, followed by mesh electronics removal then 

autoclave and mesh electronics re-unfolding for final measurement (Table 5.2). It was determined 

that single channel impedance values across FFC conductor lines performed equivalently before 
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and after autoclave, and the inter-channel impedance values were 78.8 ± 3.40 MΩ before and 69.5 

± 2.50 MΩ after autoclave processing, indicating minimal to no significant impact on the polyester 

insulation. These results provided strong indication that autoclave degradation of the FFC was 

unlikely the source of the impedance increase in the autoclaved prebonded assemblies. 

With the interface between the mesh electronics I/O and the FFC conductors itself 

identified as the most likely source, we noted that the autoclave processing presented two likely 

sources of interfacial degradation: thermal expansion and moisture expansion. Mismatches or too 

large of expansion values in the respective polymers were suspected to contribute to interfacial 

degradation by delamination or other mechanisms. We first focused our attention on thermal 

expansion. The coefficients of thermal expansion of relevant materials are summarized in Table 

5.3, and those of SU-8, polyester, and epoxy were estimated as ca. 100, 120, and 55 x 10-6 K-1, 

respectively.48, 49 To experimentally investigate the consequences of these differences, mesh 

electronics were unfolded onto glass slide-fixed FFCs and baked on a hotplate at 132˚C for 20 min 

with slow temperature ramp up and down. This was performed for both unsealed and direct epoxy-

sealed mesh electronics, where the latter would provide greater insight into the mechanism of 

failure for the underfill packaging strategy. Single channel impedance measurements demonstrated 

that the unsealed case changed from 204 ± 17.5 kΩ to 282 ± 43.1 kΩ post-bake, and the epoxy-

sealed changed from 460 ± 99.3 kΩ to 828 ± 326 MΩ post-bake (Table 5.2). Importantly, these 

values represent only the channels that remained electrically intact post-bake; 4 in 5 channels were 

found to be disconnected post-bake in the epoxy-sealed interfaces. The unsealed interfaces 

demonstrated notable but significantly lower impedance increase than observed under autoclave, 

and the measurement variability was significantly higher post-bake. The direct epoxy-sealed 

interfaces exhibited much higher impedance increase post-bake, with very large measurement 



 

 166 

variability, in addition to a majority of disconnected channels post-bake. Importantly, this 

indicated that direct epoxy sealing exhibits significant issues with high temperature cycling alone. 

Furthermore, the impedance changes found in the unsealed interfaces were not consistent with 

non-hermetically-sealed interfaces post-autoclave. Together, these results provided strong 

evidence that while thermal expansion appears to degrade the interface, other important 

contributions to interfacial degradation from autoclave processing were occurring. 

Next, we performed a series of experiments using different substrates to achieve a 

prebonded interface. We utilized FFCs which consisted of polyimide insulation, rather than 

polyester. Additionally, we fabricated Au contact pads directly on two ends of a silicon dioxide 

wafer, connected by narrow Au interconnect lines, to replicate the FFC conductor pads in terms of 

geometry and pitch. This enabled direct contact I/O connection to be achieved while replacing the 

substrate material of polyester to polyimide and silicon dioxide, which have thermal expansion 

coefficients of ca. 30 – 60 and 0.5 to 4 x 10-6 K-1, respectively (Table 5.3).50, 53 In the case of the 

polyimide-based FFC, single channel impedance measurements with a non-hermetically-sealed 

prebonded interface taken before autoclave yielded 621  ±  26.3 kΩ; however, all channels were 

found to be disconnected post-autoclave (Table 5.2). Autoclave tests on bare polyimide-based 

FFCs demonstrated significant inter-channel impedance decline post-processing, but the complete 

disconnection of all mesh electronics channels is likely not attributable to issues with the FFC 

alone. These experiments provided key indication that substrate material choice has a significant 

role in interfacial stability for autoclave processing. 
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Figure 5.7 Prebonded mesh electronics interface on a silicon dioxide substrate. (a) Bright-

field microscope image of Au pads and interconnects fabricated directly onto a silicon dioxide 

substrate, where mesh electronics I/O pads are unfolded and aligned onto the Au pads to achieve 

a prebonded interface. (b) Bright-field microscope image of the second set of Au pads, which are 

connected to the first set using thin Au interconnects. This set of Au pads can be directly connected 

to a wafer-mounted ZIF or Omnetics connector to enable facile interfacing with external recording 

electronics. 
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To further expand on this, similar experiments were performed using the silicon dioxide 

wafer-based substrate. Bright-field microscope images illustrate the direct contact I/O connection 

of mesh electronics on one set of Au pads (Figure 5.7a) in addition to the second set of Au pads 

and the interconnect lines (Figure 5.7b). We note that the second set of Au pads can be used for 

interconnection directly to a wafer-mounted zero insertion force (ZIF) or Omnetics connector, such 

as by wire bonding, which is expected to be autoclave stable for the sterilization conditions,31 to 

enable facile connection to external recording electronics. After non-hermetically sealing the 

interface, single channel impedance measurements were taken before and after autoclave. It was 

found that the post-autoclave impedances were ca. 105 ± 9% of their pre-autoclave values (Table 

5.2). The highly consistent impedance values are in stark contrast to the non-hermetically-sealed 

interfaces on polyester FFCs, which consistently demonstrated ca. 2 – 3-fold increase post-

autoclave. The results suggest that there exists a complex interplay of factors that contribute to 

interfacial stability in autoclave. The use of direct contact I/O bonding, silicon dioxide substrate 

with Au contact pads and interconnects, and epoxy barrier with PET film-based non-hermetic 

sealing represent one promising path forward to achieve an autoclave stable prebonded mesh 

electronics interface. This work therefore paves the way forward for potential near-term clinical 

experimentation using this prebonded mesh electronics interface after autoclave sterilization.  
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5.3 Conclusion 

We have investigated autoclave as a clinically-compatible sterilization technique for 

prebonded mesh electronics. Bacteria culture studies demonstrated that autoclave processing 

successfully removed all bacteria from the mesh electronics after E. coli inoculation, although 

mesh electronics were found to not carry bacteria under ordinary handling conditions. In addition, 

mesh electronics electrical functionality was determined to be preserved after autoclave 

sterilization; however, interface packaging with conventional approaches resulted in either single 

channel impedance roughly double to tripling or in complete channel disconnection entirely. It 

was identified that interfacial degradation between the mesh electronics I/O pads and the FFC 

conductor leads was the most likely explanation, and use of a silicon dioxide wafer as the substrate 

material eliminated the impedance increase observed post-autoclave. We demonstrated that 

autoclave represents a feasible sterilization procedure for mesh electronics with a suitable 

interconnection and packaging approach. This work opens up new mesh electronics applications 

for scientific and therapeutic use, including particular interest on clinical translation. 
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5.4 Materials and Methods 

5.4.1 Mesh Electronics Probe Design Parameters 

The mesh electronics designs contain the same unit cell parameters as that from a previous 

study.54 Unit cell design parameters include the relative angle between longitudinal and transverse 

elements (α), longitudinal element width (wl), transverse element width (wt), transverse element 

thickness (tt), Au interconnect width (wm), interconnect thickness (tm), spacing of longitudinal 

elements (Ll), and spacing of transverse elements (Lt). The following parameters were used: α = 

70˚, wl = 20 μm, wt = 10 μm, tt ≈ 400 nm (one SU-8 layer), tm = 105 nm (5 nm Cr and 100 nm Au), 

wm = 10 μm, tm = 100 nm, Ll = 140 μm, Lt = 333 μm, and total longitudinal element thickness ≈ 

900 nm (two SU-8 elements insulating a single gold interconnect). Each Au interconnect 

terminates with a metal recording device located on one end of the longitudinal element. The other 

end of each longitudinal element terminates in an Au input/output (I/O) pad for interfacing with 

external electronics by a direct contact I/O bonding procedure.46  

5.4.2 Fabrication of Mesh Electronics 

Mesh electronics fabrication has been described in several previous reports;39, 40, 44-46, 54 an 

overview of the key steps is as follows: (i) 100 nm of Ni was thermally evaporated (Sharon 

Vacuum, Brockton, MA) onto a silicon wafer (n-type 0.005 Ω⋅cm, 600 nm thermal oxide, Nova 

Electronic Materials, Flower Mount, TX) as a sacrificial layer. (ii) LOR 3A lift-off resist 

(MicroChem Corp., Newton, MA) was spin-coated at 4000 rpm and pre-baked at 180˚C for 5 min, 

and then Shipley 1813 positive photoresist (Microposit, The Dow Chemical Company, 

Marlborough, MA) was spin-coated at 4000 rpm and pre-baked at 115˚C for 1 min. Bottom Au 

I/O pad patterns were defined via photolithography (PL) (MA6 mask aligner, Karl Suss Microtec 

AG, Garching, Germany) at an h-line dose of 75 mJ/cm2 followed by development in CD-26 (MF-
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CD-26, Microposit, The Dow Chemical Company, Marlborough, MA) for 1.5 min and rinsing in 

deionized (DI) water. Next, an h-line flood exposure dose of 75 mJ/cm2 was applied on the sample. 

(iii) Thermal evaporation was used to deposit 5 nm of Cr and 100 nm of Au. Extraneous metal was 

removed in a lift-off process using CD-26. (iv) A thin I/O SU-8 layer was patterned by spin-coating 

a 2:1 mixture of SU-8 (SU-8 2000.5; MicroChem Corp., Newton, MA):cyclopentanone (Sigma-

Aldrich Corp., St. Louis, MO) at 4000 rpm, pre-baking at 65˚C for 1 min then at 95˚C for 3 min, 

patterning via PL with an i-line dose of 100 mJ/cm2, post-baking at 65˚C for 1 min then at 95˚C 

for 3 min, developing in SU-8 Developer (SU-8 Developer, MicroChem Corp., Newton, MA) for 

30 s, and rinsing with isopropyl alcohol. (v) The probe bottom SU-8 layer was patterned by 

repeating step iv, except with undiluted SU-8 and with development in SU-8 developer for 1 min. 

Samples were hard-baked at 185˚C for 1 hour with 30 min ramp and 30 min slow cooling. (vi) 

Steps ii and iii were repeated to define the Au interconnects and top Au I/O pads. (vii) Step v was 

repeated to fabricate the top SU-8 layer, except with a final hard-baking performed at 195˚C. (viii) 

Steps ii and iii were repeated to define 20 μm diameter Pt recording electrodes (3 nm Cr and 50 

nm Pt), except using electron-beam evaporation (Denton Vacuum, Moorestown, NJ) instead of 

thermal evaporation. (ix) Completed wafers were oxygen plasma cleaned (50W, 1 min) then 

immersed in Ni etchant solution (40% FeCl3:39% HCl:H2O = 1:1:10) for approximately 40 min to 

dissolve the sacrificial Ni layer and release the probes.  

Free-standing probes were rinsed 4 times in DI water and then stored in DI water. Cleaned 

glass slides were obtained, and flexible flat cables (FFCs), which consisted of either polyester or 

polyimide insulation, were fixed onto the glass slides using dental cement (Metabond Quick 

Adhesive Luting Cement, Parkell, Inc., Edgewood, NY). Mesh electronics were carefully 

deposited onto glass slides and unfolded using a capillary needle and DI water to align the mesh 
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electronics I/O pads onto the FFC conductors and to leave the remainder of the mesh electronics 

linearly elongated along the surface of the glass slide. For bacteria culture studies, 3 prebonded 

mesh electronics assemblies were prepared for each group, providing a total of 12 samples. 

5.4.3 Bacteria Culture and Inoculation of Mesh Electronics 

E. coli growth, handling, and measurement were performed based upon techniques from 

previous reports.47, 55 LB broth and agar (Sigma-Aldrich, St. Louis, MO) were prepared using 

deionized (DI) water and autoclave sterilized at 121˚C for 15 min. LB agar was then immediately 

poured into 36 individual Petri dishes (3 inch) near an open flame and allowed to cool. A wire loop 

was used to scratch a frozen glycerol stock of E. coli (ATCC 25922, ATCC, Manassas, VA). 5 mL 

of the LB broth was transferred into a 15 mL centrifuge tube, and the wire loop was dipped into 

the LB broth to generate the starter culture. Growth was permitted overnight at room temperature 

with continuous shaking. The 5 mL starter culture was then made up to 1.5 L using sterile LB 

broth. This was allowed to grow for ca. 4 h to reach OD600 of 1.07, which was measured using 

spectrophotometry on an aliquot of the growth medium.  

Group C and D mesh electronics sample were immersed in 40 ml of the bacteria culture 

inside of sterile 50 mL centrifuge tubes. After 1 h of continuous shaking at room temperature, the 

samples were rinsed several times using sterile DI water. Group D samples were covered and 

allowed to dry overnight. Group B and C samples were inserted into 5 inch by 10.5 inch self-seal 

sterilization pouches (Steriking, Nastola, Finland), and small pieces of Al foil were inserted near 

the glass slide edges to create a height barrier between the mesh electronics surface and the 

sterilization pouch inner surface. Alternatively, an assembly can be placed into 3 inch low-form 

PTFE evaporating dish (Fisher Scientific International, Inc., Pittsburgh, PA), and the dish can be 

directly inserted into and sealed in the sterilization pouch. The pouches were autoclaved at 132˚C 
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for 20 min, and the samples were then immediately transferred into sterile 50 mL centrifuge tubes. 

Group A and D samples were then also transferred into sterile 50 mL centrifuge tubes. Each tube 

was filled with 40 mL of sterile LB broth, and the samples were stored at room temperature for 24 

h with continuous shaking. A 20 μL aliquot from each Group A and D sample was diluted with 

sterile LB broth up to 200 μL in a multi-well plate. Serial 10-fold dilutions were made to obtain 

10-1, 10-2, 10-3, 10-4, 10-5, and 10-6 sample dilutions in separate wells for each sample. 100 μL from 

each sample was evenly spread across a separate LB agar plate. The plates were incubated at 37˚C 

for 24 h to allow E. coli growth. 

5.4.4 Assessment of Mesh Electronics Sterility 

CFU assays were performed by direct inspection of the LB agar plates after the 24 h growth 

period. Plates were positioned underneath a magnifying glass, and photographs were taken of each 

of the 36 samples. After determination that the 10-4 dilution agar plates were most suitable for 

discrete colony counting, photographs of the Group D 10-4 dilution samples were carefully 

analyzed to count each discrete E. coli colony. The colony counts across the three samples were 

averaged (185 ± 22), and extrapolation across the dilutions, accounting for used sample volumes, 

was used to determine the approximate E. coli concentration present in the source growth media 

within the centrifuge tubes. 

OD600 analyses were performed using spectrophotometry. 1 mL of each sample broth was 

collected and placed into a plastic cuvette, and sterile LB broth was also distributed into cuvettes 

to establish measurement baseline. After applying sterile LB broth background to subtract from 

sample measurement, each sample was inserted into the spectrophotometer to evaluate optical 

absorption at 600 nm. 

5.4.5 Preparation and Packaging of Prebonded Interface  
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Interface packaging of mesh electronics prebonded onto FFCs was performed using either 

direct epoxy-based sealing or non-hermetic sealing. Direct epoxy sealing was achieved by 

allowing epoxy (ITW Devcon, Solon, OH) to partially cure before gentle application over the 

entire FFC conductor and mesh electronics I/O interface. The epoxy was allowed at least 1 h for 

more complete curing before initiation of experimentation. Non-hermetic sealing was achieved 

using one of two approaches. The first strategy involved applying partially cured epoxy completely 

around the prebonded interface to form a height barrier surrounding the interface, placing a thin 

film of PET on top of the epoxy height barrier, and finally applying a small amount of epoxy over 

the edges of the PET film to ensure a completed seal. The alternative non-hermetic sealing method 

used several coatings of dental cement, as a consequence of the lower viscosity, for the height 

barrier and PTFE for the film. 

Replacement of the substrate material for silicon dioxide was achieved as follows: a 3 inch 

Si wafer with a 600 nm thick thermally grown oxide layer was obtained, and PL, as performed in 

Section 5.4.2, was performed to pattern two sets of 200 nm thick Au pads (0.2 mm width, 0.5 mm 

pitch) on opposite ends of the wafer, such that one pad at one end was connected to only one other 

pad at the opposite end by a 2 μm wide interconnect. The wafer was sectioned to its desired size 

and cleaned using isopropyl alcohol. Mesh electronics I/O pads were directly unfolded and aligned 

onto one end of the Au pads, and the interface was non-hermetically sealed using epoxy and PET. 

5.4.6 Measurement of Single Channel and Inter-Channel Impedance 

Mesh electronics impedance measurements were obtained using an Agilent B1500 

Semiconductor Analyzer (Keysight Technologies, Santa Rosa, CA) at 1 kHz. Mesh electronics 

were prebonded onto FFCs or Au pads on silicon dioxide, and the recording regions were unfolded 

in linearly elongated conformations. A small volume of 1× PBS was applied over the recording 
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electrodes. For single channel impedance measurements, one recording system probe tip was 

immersed into the drop of PBS, and the second probe was placed on the FFC conductor or Au on 

silicon dioxide pad corresponding to the channel of interest. Inter-channel impedance 

measurements were obtained by contacting probe tips on metal surfaces corresponding to different 

channels. 
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