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Abstract

The structures of many viruses are known in amazing detail, but little is known about the dynamics

of how these complex structures assemble and disassemble. This gap in our understanding is due to

the difficulties involved in imaging the dynamics of small viruses over the wide range of time scales

(subsecond to hours) relevant to their life-cycles. To bridge this gap, we use interferometric scattering

microscopy [Lindfors et al. Phys. Rev. Lett. 93, 037401 (2004)] to track, with high temporal resolu-

tion and high dynamic range, the positions and sizes of individual viruses. I begin by quantitatively

comparing the technique to other optical imaging techniques that can track viruses and nanoparticles.

I then discuss the microscope we have built and the additions that enable us to study the dynamics of

small viruses. I then describe our experiments on the bacteriophage λ. We show that the interfero-

metric scattering microscope allows us to track the positions of individual λ phages, and that their

tracks reflect the structure of the virus. We also demonstrate dynamic measurements of the masses of

individual viruses by measuring how λ phages eject their DNA.

The final two chapters focus on using interferometric scattering microscopy to understand how

viruses assemble. We first examine a model virus system, the P22-Gag particle, developed in Bogdan

Dragnea’s lab [Saxena et al. Small 12, 5862 (2016)]. With our microscope, we resolve the kinetics

of assembly of HIV-1 Gag capsid proteins on the spherical P22 template. The last chapter describes

our experiments on the assembly of 28-nm MS2 bacteriophages. We resolve the kinetics of assembly

of complete capsids from the coat protein and viral RNA. We find that the MS2 assembly process

is strikingly different than that of Gag shells, and we infer some of the mechanisms by which capsid

assembly can be disrupted.
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1
Introduction

1.1 Viruses, in Brief

Viruses consist of a genome that is protected by a capsid composed of protein, and sometimes en-

veloped in a lipid bilayer. Their dimensions typically range from a few tens of nanometers to a couple

hundred nanometers.

Viruses have no metabolism and cannot independently reproduce themselves; they must infect a

host and compel it to make more viruses. In the first step of an infection, the virus particle (“virion”)

must at least partially disassemble and release its genome into the cell. The host cell’s machinery then

follows the instructions encoded in the genome, which eventually results in more copies of the viral

genome being made, along with the proteins that form the viral capsid. The processes that lead to the

production of new viral genomes and proteins can be relatively simple (for example, for small positive-

senseRNAviruses 1), or quite complex (for example, for retroviruses2). But, regardless of how they are
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generated, the freshly synthesized genome and capsid proteins must then come together to assemble

into a new virion and exit the host cell. The new virion then goes on to infect another cell.

The life-cycles of viruses involve many dynamic processes that are interesting from both a biolog-

ical and a physical perspective, but are poorly understood. Take, for example, the assembly step. For

many positive-sense RNA viruses with icosahedral capsids, this step is thought to be driven by the

minimization of free energy; entropic effects and attractive interactions drive the capsid proteins and

genome into their equilibrium state, which is a fully assembled virus.3 However, even basic details of

how the capsid proteins andRNAcome together to forma regular structure are not known. For exam-

ple, the capsid might grow via a nucleation and growth pathway with the RNA acting as a nucleation

site, or it might grow by an “en masse” pathway in which the capsid proteins first bind to the RNA in

a diffusion-limited process to form a disordered intermediate and then rearrange to form a capsid.4,5

Furthermore, the time scales involved in assembly are unknown. The overall assembly process has

been estimated to take anywhere from seconds to hours to complete,6,7 and the protein could bind

to the RNA in as little as a millisecond if an en masse assembly pathway occurs.4,8 Understanding the

assembly process could enable the creation of new antiviral agents that work by disrupting assembly,

andmight also help us to understand nanoscale self-assembly in general, aiding in the development of

new nanomaterials.

Ideally, to investigate assembly or another process in a virus’s life-cycle, an experimenter would

track the full structures of individual viruses in time, but such an experiment is not currently possible.

The small sizes of viruses and broad range of time scales (milliseconds to hours) that could be involved

confound all current imaging techniques. The single-particle techniques that are capable of resolving

the structures of viruses, such as electron microscopy, either require the sample to be fixed, or they

are limited to frame rates of a few Hertz and about 100 sequential images owing to beam-induced

damage.9,10

To obtain new information about virus life-cycles, we use visible-wavelength light to follow in-
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dividual viruses with high temporal resolution (1 ms) and high dynamic range (nearly 106). We do

not attempt to measure their structures. We detect and track viruses using the recently developed

technique termed “interferometric scattering microscopy.” 11,12 Although this technique provides no

direct structural information about viruses, it can determine the positions and masses of individual,

unlabeled viruses. We perform experiments that demonstrate how interferometric scattering can be

used to track viruses over a wide range of time scales. With these experiments, we are beginning to

gain new insights into dynamic viral processes.

1.2 Overview

This thesis demonstrates how interferometric scattering microscopy can reveal the dynamics of indi-

vidual viruses. I begin by comparing interferometric scatteringmicroscopywith other optical imaging

techniques that can detect small viruses and nanoparticles, and then I quantitatively determine which

experimental systems interferometric scattering microscopy is well-suited to investigate, and how to

get the best signal-to-noise with an interferometric measurement (Chapter 2). I then detail the micro-

scope we have built, including new additions that enable it to be used to study the dynamics of viruses

over a wide range of time scales (Chapter 3).

I then describe our experiments on the bacteriophage λ (Chapter 4). We show that the interfer-

ometric scattering microscope allows us to track the positions of individual λ phages, and that their

tracks reflect the structure of the virus. We also demonstrate that interferometric scattering gives dy-

namic information about the masses of viruses by investigating how λ phages eject their DNA.

The final two chapters focus on using interferometric scattering microscopy to understand how

viruses assemble. We first examine a model virus system, the P22-Gag particle, developed in Bogdan

Dragnea’s lab at Indiana University 13 (Chapter 5). With the microscope we resolve the kinetics of

assembly of Gag capsid proteins from theHIV-1 virus on the spherical P22 template. The last chapter
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describes our experiments on the assembly ofMS2 bacteriophages, in which we resolve the kinetics of

assembly of complete capsids from the coat protein and viral RNA (Chapter 6). We find that theMS2

assembly process is strikingly different from that of Gag shells, and we infer some of the mechanisms

by which capsid assembly can be disrupted.

1.3 Optical Methods for Tracking Individual Viruses

Most viruses are smaller than the wavelength of light, so these viruses interact weakly with light and

require specialized optical microscopes to be detected at subsecond timescales. 14,15,16 In this section

I will detail a few of the major types of real-space optical imaging techniques that are used to detect

viruses and nanoparticles.

1.3.1 Fluorescence Microscopy

Fluorescence microscopy is widely used to track individual viruses and nanoparticles 14,17,18,19,20,21 be-

cause it enables nanoparticles to be readily and specifically detected.22 In fluorescence microscopy,

small labels called fluorophores are attached to the particle of interest. Fluorophores have two key

properties. First, they interact strongly with light because they have large absorption cross-sections.22

Second, they re-emit a large fraction (typically greater than 50%) of the light that they absorb at a

red-shifted wavelength, and it is this red-shifted light that is detected.22 The difference between the

wavelengths of the emitted and incident light enables any incident light that is not absorbed to be

efficiently rejected by a wavelength-specific filter. Together, these two properties enable single fluo-

rophores, and whatever they are attached to, to be detected and tracked.

There are now many experiments in which fluorescence microscopy has been used to track indi-

vidual viruses. 14,17,18,19 Here I will highlight one series of experiments 19 on the assembly ofHIV-1 viri-

ons that demonstrate the valuable information that single-particle techniques can reveal. By labeling
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different components of the HIV-1 virus with fluorophores and tracking the formation of individual

virions with total-internal-reflection fluorescence microscopy, Jouvenet and colleagues showed that

the HIV-1 particles assemble at the plasma membrane of the host just prior to budding. They also

identified the order in which the viral RNA, Gag, and other proteins gather at the membrane. This

work led to new models of the assembly and budding process.

However, fluorescencemicroscopy suffers from five significant limitations. Themostwell-known

problem is photobleaching. On average, a fluorophore can emit only about 106 photons before it

becomes chemically altered and no longer fluoresces.22 Consequently, photobleaching presents trade-

offs to themicroscopist. Either a large number of low signal-to-noise images or a small number of high

signal-to-noise images can be obtained. Also, because only a fixed number of images can be acquired,

the microscopist must choose between a high frame rate to ensure good temporal resolution, or a low

frame rate to follow a long process. These trade-offs limit the spatiotemporal tracking precision of

a fluorophore to about 1 nm2/Hz.23 A second limitation of fluorophores is quenching. If multiple

fluorophores are within about 10 nm of each other (a concentration on the order of 1 mM), they

begin to self-quench.24 This quenching leads to a decrease in the measured fluorescence and, more

importantly, makes the total number of emitted photons scale non-linearly with the number of co-

localized fluorophores, often precluding a quantitative measurement of the number of co-localized

fluorophores. A third limitation of fluorophores is their finite emission rate. A fluorophore emits

only one photon each time it enters the excited state, and it takes a few nanoseconds for it to emit

the photon after it has been excited, so that a fluorophore’s emission rate is limited to about 1 photon

per nanosecond.22 A fourth limitation is that adding a fluorescent label to a particle can alter how the

particle interactswith others by, for example, introducingnewhydrophobic interactions.25 These new

interactions can competewith the interactions inherent to the systembeing studied. A fifth limitation

is that when fluorophores are in an excited state, they are highly reactive and can generate free radicals

that can damage nucleic acids and proteins.26
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1.3.2 Tracking Viruses and Nanoparticles with Elastically Scattered

Light

To overcome the limitations of fluorescence microscopy, a number of label-free imaging techniques

have been developed that detect the light that is elastically scattered from nanoparticles. Elastic-

scattering-based techniques are not subject to any labeling artifacts, and, in principle, they offer an

unlimited photon budget. As long as the intensity of incident light is not so high that it directly dam-

ages the sample, there is no fundamental limit to the number of photons that can be scattered from

a nanoparticle. However, elastic scattering lacks specificity. Whereas with fluorescence microscopy

only the particles of interest are labeled and detected, with elastic scattering all particles near or in the

detection volume contribute to the measured signal. Thus, the systems that can be studied typically

consist of small numbers of well-separated particles.

The main difficulty in detecting small viruses and nanoparticles with elastically scattered light is

that they scatter weakly. Because they are smaller than the wavelength of light, their scattering prop-

erties can be described by Rayleigh scattering. In this regime, the intensity of the light scattered by a

sphere scales as Is ∝ Iia
6/

(
λ4r2

)
, where Ii is the incident light intensity, a is the particle radius, λ

is the wavelength of light, and r is the distance from the particle to the detector.27 Since a is smaller

than both λ and r, the intensity of the scattered light is always much, much smaller than the intensity

of the incident light.

Oneway todetect the small amount of light that elastically scatters fromnanoparticles is dark-field

microscopy. In a dark-field setup, the scattered light reaches the detector but the incident light is either

blocked by amask in the back focal plane of the objective (Fourier plane of the image), or incident at a

steep enough angle that it does not enter the objective (Figure 1.1). The original dark-fieldmicroscope,

built by Siedentopf and Zsigmondy in 1902,28 could detect silver nanoparticles with diameters of

about 50nmdiffusing in solution.29,30 Owing to the strong,a6 size dependence ofRayleigh scattering
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Figure 1.1: Left: A dark-field microscope in which the incident illumination is blocked by a mask in the back
focal plane. Right: A dark-field microscope in which the incident illumination is at too steep of an angle to
enter the objective.

and thedifficulties involved in efficiently rejecting the incident illumination,modern commercial dark-

field microscopes do not significantly exceed Zsigmondy’s detection limit. They cannot readily detect

gold particles smaller than 30 nm,31,32 and therefore cannot detect many small viruses.

However, two recently developed dark-field techniques have extended the detection limit by re-

jecting the incident light with high efficiencies (>107), while keeping unwanted background scattering

to a minimum. One technique, which was developed in theManoharan lab with some help fromme,

uses a single-mode optical fiber with a 100–400 nmhollow bore in its core. 15 When the hollow bore is

filled with a solution of nanoparticles, some of the light that is coupled into the fiber will scatter from

these particles and can be collected by an objective oriented perpendicular to the fiber. This micro-

scope was used to track 26-nm, 4.6-MDa cowpea chlorotic mottle viruses at a frame rate of 3.5 kHz. It

is able to efficiently reject the incident light because the incident light is guided down the optical fiber

and thus does not enter the collection objective. However, because the high surface-to-volume ratio

of the bore makes it difficult to exchange buffers within the fiber, this microscope is not well-suited

to study experimental systems that require an exchange of buffers. In the other recently developed
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dark-field technique, the incident illumination was carefully aligned, and a back focal plane mask was

optimized to achieved a high rejection efficiency.31 This microscope was used to detect 10-nm gold

particles at frame rates of 100 Hz. Although these recent dark-field microscopes have been used to

detect viruses and small nanoparticles, they have not been applied to a wide variety of experimental

systems, likely because the interferometric techniques discussed in the next section are both easier to

use and impose fewer constraints on the sample being studied.

1.3.3 Tracking Viruses and Nanoparticles with Interferometric Mi-

croscopy

The signal from small viruses and nanoparticles in an interferometric microscope has a more favor-

able size dependence than does the signal from a dark-field microscope. An interferometric micro-

scope uses coherent illumination and combines the light that elastically scatters from the nanoparticle

with undiffracted light to form a hologram (also called an interference pattern). The intensity of the

hologram is

I = Ir + Is + 2
√
IrIs cosϕ, (1.1)

where Ir is the intensity of the reference beam, andϕ is the phase difference between the scattered and

referencebeams. Because the scattered intensity Is is negligible forweakly scatteringnanoparticles, and

the reference term Ir gives a uniform background, the signal of interest is the remaining interference

term. The square-root is critical. Itmeans that the hologram intensity scales with particle radius to the

third power, instead of the sixth-power dependence in dark-field microscopy. Thus, smaller particles

can be detected more readily.

A downside of interferometric techniques is that it is difficult to obtain a spatially uniform back-

ground. Any imperfections in lenses or other elements in the optical path scatter light and create in-

terference fringes that extend over areas much larger than the physical size of the imperfection. These
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unwanted fringes appear in any microscope that uses standard, commercially available optical equip-

ment. They can easily overwhelm the faint interference fringes produced by nanoparticles.

In-line holographic microscopes are the simplest implementation of an interferometric micro-

scope for detecting nanoparticles. In such amicroscope, the same collimated laser beam serves as both

the illumination and reference light. An objective collects the incident light, as well as any light that

forward-scatters from the sample (Figure 1.2, left). This technique has been used to detect 60-nm and

40-nmgold particles.33,34 Individual vaccinia virus have also been tracked at a frame rate of 100 kHz.35

However, vaccinia is significantly larger than most viruses, having a diameter of about 300 nm. The

main factors preventing smaller particles from being detected are stray interference fringes and the

background from the reference beam, both of which can overwhelm the interference fringes from

nanoparticles.

The detection limit of an in-line holographic microscope can be improved by adding a “twilight”

filter,36,37 a Fourier-plane mask that enhances the contrast of the hologram of the nanoparticle by

attenuating the reference beam but not the scattered light (Figure 1.2, left). As in a dark-field micro-

scope, an absorbing circular mask is placed in the Fourier plane of the image; but instead of blocking

the reference beam, the mask allows a small amount through—hence the name “twilight.” With the

twilight filter, an in-line holographic microscope can detect 20-nm gold particles.37 However, the fil-

ter also increases the contrast of any spatial noise. So even though the twilight filter boosts the signal

from nanoparticles relative to the reference beam, it does not boost the signal relative to any spatial

noise.

In contrast to in-line holography, interferometric scattering microscopy both boosts the con-

trast of nanoparticle holograms and decreases the intensity of spatial noise. It was first used to detect

nanoparticles in Vahid Sandoghdar’s group in 2004, 11 and has since largely been developed in his and

Philipp Kukura’s group. It is a reflection-mode holographic technique in which the reference beam

is the weak reflection from a coverslip-water interface (Figure 1.2, right). That reflection is combined
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Figure 1.2: Left: An in-line holographic microscope with a twilight filter added. For a normal in-line holo-
graphicmicroscope, the camera is placed in the “image plane.” Right: An interferometric scatteringmicroscope.

with light that back-scatters from a particle near the interface, forming a hologram. The low reflectiv-

ity,R ≈ 0.004, of the coverslip-water interface attenuates the incident beam, enhancing the contrast

of the hologram. It also attenuates fringe noise because the fringes in the background are also dimmed

by the low reflectivity of the coverslip-water interface.

Interferometric scattering microscopy has been used to track nanoparticles with a spatiotempo-

ral precision and temporal dynamic range well beyond what has been achieved with fluorescence mi-

croscopy. By labeling proteins with 5–20-nm gold nanoparticles, researchers have used the technique

to track proteins diffusing in lipid bilayerswith precisions as high as 2 nm, at frame rates up to 913 kHz,

reaching spatiotemporal precisions below 10−5 nm2/Hz for as many as 106 frames, .38,39,40,41 Unla-

beled particles have also been tracked with high precision. Unlabeled microtubules have been tracked

to reveal the steps taken by kinesinmotors,42 and Simian virus 40 particles that are 45-nm in diameter

have been tracked with 2-nm precision at 125 Hz (spatiotemporal precision of 0.03 nm2/Hz) as they

diffuse on lipid bilayers. 16,43

Researchers have also begun using interferometric scattering to study the assembly and disassem-
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bly of unlabeled nanostructures. The technique has been used to detect lipid nano-vesicles and study

how these vesicles form a supported bilayer,44 as well as how different lipid nano-domains within a

bilayer form and merge with other domains.45 Kukura’s group has also shown that interferometric

scattering can follow the dynamics of taxol-stabilized microtubules shrinking upon the removal of

taxol.42 Most recently, they have quantitatively characterized key features of the growth of amyloido-

genic protein aggregates and actin filaments. 12

Researchers have also been pushing the detection limit of interferometric scattering. In 2014,

both Sandoghdar’s and Kukura’s groups reported the detection of individual proteins with masses as

small as 60 kDa and with detection rates of on the order of 1 Hz.46,47 The addition of a twilight filter

has since significantly boosted the contrast of the images, making it easier to detect and track single

proteins. 12,48,49

The range of experiments performed with interferometric scattering microscopy demonstrate its

potential to probe the dynamics of virus life-cycles. While it lacks the specificity of fluorescence mi-

croscopy, it can track small particles and measure their size with high precision, at high frame rates,

and with a large temporal dynamic range. The remaining chapters discuss our implementation of

interferometric scattering microscopy and the results of experiments on different viruses.
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2
A Quantitative Comparison of

Fluorescence, Dark-Field, and

Interferometric Microscopy

2.1 Introduction

As detailed in the preceding chapter, many real-space optical microscopy techniques have recently

been developed and used to study nanoparticle systems. Because nanoparticles are smaller than the

wavelength of light, no direct structural information can be obtained from these microscopy tech-

niques, but the position and mass of the nanoparticle can be determined as a function of time. This

information can be used to understand dynamic processes, such as diffusion,41 self-assembly, 12,19 or

12



disassembly.42 However, it can be difficult to determine which technique is best for a particular sys-

tem.

In this chapter I use a simple, quantitative model to estimate the intensity of the image of a

nanoparticle with differentmicroscopy techniques, and I showhow thismodel can determine the best

technique to use on a given system. I compare fluorescence microscopy, dark-field microscopy, in-line

holography (with and without a twilight filter), and interferometric scattering microscopy (with and

without a twilight filter). I choose these techniques because they are commonly used to track nanopar-

ticles.

Ortega-Arroyo and Kukura found that interferometric techniques are often preferable, owing to

the absence of labeling artifacts and less stringent requirements for the rejection of stray background

light.50 I use the same basic model and reach the same conclusion, but I present more quantitative

results that will hopefully enable researchers to more easily determine which technique is best for a

given application. I also extend themodel to compare how effectively each technique resolves changes

in the size of a nanoparticle — a question which Ortega-Arroyo and Kukura did not address.

All of the techniques are variations on themicroscope design drawn in Figure 2.1, left. We assume

that the particle of interest is smaller than the wavelength of the light and remains in the focal plane

of the microscope, so that it appears as a diffraction-limited spot. It is illuminated by collimated laser

light with intensity Ii. Most of the incident light passes though the sample and is collected by the

objective. A small fraction of the light scatters from the particle with intensity Is. Also, a fraction of

the incident light may be absorbed by the particle and re-emitted fluorescently with intensity If, and

we assume that this emitted light is incoherent with the incident and scattered light. We assume that

the objective captures a fraction fcol of the scattered and fluorescent light, where the fraction depends

on the numerical aperture of the objective. Filters in the back focal plane of the objective can modify

the intensity of the incident beam. We assume the filters have no effect on the scattered or fluorescent

light. After the incident beam passes through the filter, it becomes the reference beam with intensity
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Figure 2.1: Left: Themicroscopemodeled in this chapter. Right: The Fourier-plane filter used to attenuate the
incident beam in interferometric and dark-field microscopy.

Ir = IiT , where T is the fraction of the incident intensity that the filter transmits. The tube lens

of the microscope then focuses the scattered and fluorescent light onto the camera and collimates the

reference beam. We assume that if there aremultiple particles in the sample, their images on the camera

are well-separated so that the formation of each image can be considered independently.

Ideally, the camera records the total intensity of the reference, scattered, and fluorescent waves.

However, in any realmicroscope someunwanted stray lightwill also reach thedetector. This stray light

usually arises from scattering from imperfections in the optical components of the microscope. We

assume this stray light has intensity Istray = Iifstray where fstray is the fraction of stray light. Including

the stray light, the intensity at the camera is

Icam = Ir+Is+If+2
√
IrIs cosϕr,s+Istray+2

√
IrIstray cosϕr,stray+2

√
IsIstray cosϕs,stray, (2.1)

where ϕx,y is the phase difference between waves x and y.

For fluorescence microscopy, the filter in the Fourier plane passes long wavelengths. We assume

that it perfectly rejects the reference (Ir → 0) and scattered (Is → 0) light and perfectly transmits

the longer-wavelength fluorescence. The focused image of a fluorescent nanoparticle is a diffraction-

limited spot on a dark background, plus any stray light that may reach the detector.

For dark-field microscopy, we assume that the particles have negligible fluorescence (If → 0) and
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the reference beam is blocked (Ir → 0) by the Fourier-plane mask (T = 0) (Figure 2.1, right). This

filter does not significantly dim the scattered light because the reference beam is focused to a small spot

on the optical axis in the Fourier plane, while the scattered beam is spread across the plane.31,49 The

dark-field image of a nanoparticle is a diffraction-limited spot on a dark background, plus any stray

light.

For an in-line interferometric microscope, we assume that the particles have negligible fluores-

cence (If → 0) and that the Fourier filter is absent (T = 1). An interferometric-microscopy image

(hologram) of a subwavelength scatterer consists of a spot on a uniform, bright background. The spot

is bright if there is constructive interference between the reference and scattered light and dark if there

is destructive interference. Stray light is also in the image and can be particularly problematic because

of the coherence of the light source (note the interference term between Ir and Istray in Equation 2.1,

which can be significantly larger than the term linear in Istray). References 37 and 51 demonstrate how

the coherence of the light source can affect both the stray light in interferometric images as well as the

intensity of the hologram.

Wemodel a twilight filter by taking the transmittance of the circle in the Fourier-plane filter to be

small but non-zero (0 < T ≪ 1). The filter enhances the contrast of the hologramof thenanoparticle

relative to the background because it attenuates the reference wave but not the scattered light.36,37

We can model the interferometric scattering microscope by setting T = R, where R ≈ 0.004

is the reflectivity of the coverslip-water interface. With a twilight filter, an interferometric scattering

microscope has 0 < T ≪ R, with T/R being the transmittance of the twilight filter.

2.2 The Signal-To-Noise Ratio of Each Technique

Our goal is to determine which technique yields the highest-precision measurements of particle po-

sition, mass, and changes in mass. The precision of a position measurement is determined by the
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signal-to-noise ratio (SNR) of the image.50,52 The precision of a mass measurement is also set by the

SNR of the image, since the mass is determined from the calibrated intensity of the image. Thus, we

must determine which technique yields images with the highest SNR. Determining which technique

can measure changes in mass with the highest precision is the subject of Section 2.3.

To compare the different techniqueswemustmake several assumptions. First, we assume eachhas

the same incident intensity Ii, representingmonochromatic light with vacuumwavelengthλ. We also

assume that the sample is continuously illuminated, that the camera counts all photoelectrons gener-

ated within the measurement time t, and that each technique uses an oil-immersion objective with a

numerical aperture of NA = 1.4, so that the radius of a diffraction-limited spot is rdls = λ/(2NA),

and the area isAdls = πr2dls. Finally, we assume that during the measurement time the particle moves

a distance smaller than rdls, so that the image is not blurred by the particle’s motion.

The camera registers the number of photoelectrons that are generated in each diffraction-limited

spot at the camera sensor. The microscope’s magnification can be set so that there are many pixels

per diffraction-limited spot or only a few. The effects of magnification are important when setting

up a microscope,23,43 but are not important for the SNR calculations because the SNR depends only

on the number of photoelectrons. The average number of photoelectrons generated per diffraction-

limited spot during the measurement time is

Ncam = QcIcamAdls
λ

hc
t+Ndark, (2.2)

where hc/λ = hν is the energy per photon, Qc is the camera’s quantum efficiency, and Ndark is the

average number of electrons counted by the camera when no light is incident on the detector.

We define our noise level as the standard deviation in the number of electrons counted in each

measurement. If all external sources of noise, such as mechanical drift or light intensity instabilities,

have been eliminated, the remaining sources of noise are camera read noise and shot noise. The camera
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read noise δdark comes from the variation in Ndark from frame to frame. The shot noise comes from

the variation in the number of photoelectrons counted from frame to frame and arises because pho-

toelectrons are discrete particles. The number of photoelectrons generated during eachmeasurement

follows Poisson statistics, and the total noise level is

δNcam =
√

Ncam −Ndark + δdark. (2.3)

In a shot-noise-limited measurement, δNcam =
√
Ncam, and the stray light is negligible compared to

the signal of interest. Below, we compare the different techniques when they are shot-noise limited,

and we discuss what conditions must be met to achieve this limit.

2.2.1 Signal-to-Noise in the Fluorescence Microscope

In fluorescencemicroscopy, the reference and scattered light are eliminated by the fluorescence Fourier

filter, so that Ir → 0 and Is → 0. The intensity of the fluorescent light in the focal plane that is col-

lected by the objective is If = QfIifcolσa/Adls whereQf is the quantum efficiency of the fluorophore

and σa is the total absorption cross-section of all fluorophores on the nanoparticle. If quenching is

negligible, σa is the sum of the absorption cross-sections of each fluorophore attached to the particle.

Each cross-section is of the order 0.04 nm2.22 The fluorescence signal, minus the stray light andNdark,

is therefore

Nf = QcQfIi
λ

hc
fcolσat. (2.4)

To reach the shot-noise limit in fluorescence microscopy, the intensity of stray light on the

camera must be much smaller than the intensity of the fluorescence (Istray ≪ If or, equivalently,

fstray ≪ Qffcolσa/Adls), and the camera read noise must be small compared to the variations in

the total number of photoelectrons (δdark ≪
√
Nf). Thus, the magnitude of the noise simplifies
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to δNf =
√
Nf, and the SNR is

SNRf =

√
QcQfIi

λ

hc
fcolσat. (2.5)

Although themeasured signal scales linearlywithσa, and hencewith the total number of fluorophores

attached to the particle, the SNR scales sublinearly. Thus, improving the SNR by attaching more

fluorophores to the particle is inefficient, because doubling the SNRrequires quadrupling the number

of attached fluorophores.

It is important to note that this SNR is also limited by photobleaching and the finite emission

rate of fluorophores, which are not included in the model. Fluorophores bleach after emitting on the

order of 106 photons,22 so if the nanoparticle is labeled with only one fluorophore, the maximum

SNR is about 103, and this SNR can be attained for only one image before the fluorophore bleaches.

Similarly, because the emission rate of a fluorophore is limited to about 109 photons per second,22 the

maximumSNRof a nanoparticle labeled with one fluorophore is about
√
t · 109 Hz. However, satu-

rating the emission rate requires the incident intensity to be above 1,000 kW/cm2, which corresponds

to about 1 mW in a diffraction-limited spot. This high an incident intensity can only be attained over

a very small field of view. Thus, for most wide-field imaging techniques, the finite emission rate of

fluorophores is not a limitation. The main limitation is photobleaching.

2.2.2 Signal-to-Noise in the Dark-Field Microscope

In dark-field microscopy, the reference light is rejected before reaching the camera and the particle is

assumed to have negligible fluorescence, so that Ir → 0 and If → 0. The intensity of the scattered

light in the focal plane that is collected by the objective is Is = Iifcolσs/Adls where σs is the total
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scattering cross-section of the particle. The scattered signal is therefore

Ndf = QcIi
λ

hc
fcolσst. (2.6)

To reach the shot-noise limit, the stray light must be much dimmer than the scattered light

(2
√
IstrayIs ≪ Is or, equivalently,

√
fstray ≪

√
fcolσs/Adls), and the camera read noise must be

small compared to the variations in the total number of photoelectrons generated (δdark ≪
√
Ndf).

If these conditions are met, the magnitude of the noise simplifies to δNdf =
√
Ndf, and the SNR is

SNRdf =

√
QcIi

λ

hc
fcolσst. (2.7)

The SNR is determined by the incident intensity, themeasurement time, and the scattering cross-

section of the nanoparticle. However, the scattering cross-section depends on several important quan-

tities. The scattering cross-section of a subwavelength nanoparticle (Rayleigh scatterer) can be ex-

pressed either as a function of the particle’s volume and index contrast, or as a function of the particle’s

polarizability. That is,

σs =
128π5n4

ma
6

3λ4

∣∣∣∣m2 − 1

m2 + 2

∣∣∣∣2 = 8π4n4
m

3λ4
|α|2 , (2.8)

where nm is the refractive index of the medium, m is the refractive index of the particle relative to

that of the medium, a is the radius of the particle, andα is the particle’s relative polarizability.27 Note

that the scattering cross-section and the total signal scale with the square of the particle’s volume, but

the SNR scales only linearly with its volume, so while doubling the size of the particle quadruples the

amount of scattered light, the SNR only doubles.
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2.2.3 Signal-to-Noise in the Interferometric Microscope

In the interferometric microscope, the particle has negligible fluorescence, so that If → 0. Because

Is ≪ Ir, the term linear in Is in Equation 2.1 can be ignored. We assume that at the focus of the

microscope, cosϕr,s = 1.

The signal in an interferometric microscope is contained in the interference term, which is typi-

cally normalized to the bright background. The normalized signal is

Iint,norm =
Icam
Ir

− 1 = 2

√
fcolσs

TAdls
, (2.9)

where we have ignored any stray light and camera read noise, a valid approximation if the intensity of

the stray light is much dimmer than the reference beam (2
√

IstrayIr ≪ Ir or, equivalently,
√
fstray ≪

√
T ), and ifNdark ismuch smaller than the number of photoelectrons generated by the reference beam

(Ndark ≪ Nr whereNr = QcIiTAdlsλ/(hc)t).

To reach the shot-noise limit, again, the stray lightmust bemuchdimmer than the reference beam,

but the camera read noise must also be small compared to the variations in the total number of pho-

toelectrons generated by the reference beam (δdark ≪
√
Nr). In this case, the normalized noise level

is
√
Ncam/Nr ≈ 1/

√
Nr, where we have assumed that the interference term in Equation 2.1 is small

compared to the reference term (2
√
IrIs ≪ Ir or, equivalently,

√
fcolσs/Adls ≪

√
T ). Dividing the

normalized signal by the normalized noise then yields the SNR:

SNRint = 2

√
QcIi

λ

hc
fcolσst = 2SNRdf. (2.10)

Surprisingly, the SNR for interferometric microscopy is twice that of dark-field microscopy, as

previously noted by Ortega-Arroyo and Kukura.50 The SNR scales with the volume of the nanopar-

ticle because the signal scales linearly with volume, but the noise is independent of the particle’s size.
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The independence arises because we assume that the intensity of the interference term is small com-

pared to the intensity of the reference beam. Thus, the noise level is set by the shot noise from the

reference beam.

It is also interesting that the SNRdoes not dependonhowmuch the reference beam is attenuated,

as long the attenuation is not so much that the assumption 2
√
IrIs ≪ Ir breaks down (again, this

result was noted by Ortega-Arroyo and Kukura50). The signal relative to the background increases if

the reference beam is attenuated, but the noise also increases relative to the background by the same

amount. That the attenuation of the reference beam does not improve the SNR raises the question

of how attenuating the reference beam, whether with reflection from a coverslip or a twilight filter,

enables smaller particles to be detected.37,48,49 We address this question in Section 2.4.

2.2.4 Comparisons of Shot-Noise-Limited SNRs

Because the calculated shot-noise-limited SNRs for each technique (Equations 2.5, 2.7, and 2.10) have

similar functional forms, it is easy to compare them to one another. Although the SNR of interfer-

ometric microscopy is twice that of dark-field microscopy, this is a small difference. Practical exper-

imental considerations, such as differences in the long-term stability of the measured signal or the

maximum illumination intensity available, are more important factors in the decision of which elas-

tic scattering technique to use. In a comparison of elastic scattering and fluorescence microscopy, the

key variables are the scattering and absorption cross-sections. If the total absorption cross-section of

the nanoparticle is larger than its scattering cross-section, fluorescence yields a higher SNR.However,

photobleaching, quenching, and the finite emission rate of fluorophores can significantly decrease the

fluorescence SNR in many experiments.

To compare the techniques more quantitatively, we consider tracking a 28-nm, 4.6-MDa cowpea

chlorotic mottle virus (CCMV) for the duration of a 100-frame video. We assume a measurement

time of t = 0.002 s, a wavelength of λ = 500 nm, quantum efficiencies of Qc = 0.5 and Qf =
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0.8, and an objective with a numerical aperture of NA = 1.4 that collects spatially-uniform scattering

and fluorescence emission, corresponding to fcol = 0.31. The measurement time is chosen so that

the virus diffuses by approximately the radius of a diffraction-limited spot during each measurement

(at room temperature in water), so that the image is not blurred. The scattering cross-section of the

CCMV virion is σs = 0.0023 nm2, as estimated in Reference 15. We also assume that the virus has ηf

fluorophores attached to it, so that its total absorption cross-section is ηfσa,1, whereσa,1 = 0.04 nm2, a

typical absorption cross-section for a fluorophore.22 We ignore any quenching effects, but assume that

each fluorophore bleaches after emitting 106 photons, meaning that in a given frame each fluorophore

can emit up to 104 photons. The finite emission rate of fluorophores is not a limiting factor because

in a 0.002-s measurement time, the emission is limited by bleaching. If the measurement time were

10 µs or smaller and the illumination intensity were increased to maintain the same SNR per frame,

then we would also need to consider the finite emission rate.

At illumination intensities below that atwhichphotobleachingoccurs (Ii ≲ 5µWperdiffraction-

limited spot), fluorescence has a higher SNR than the elastic scattering techniques, but the reverse is

true at higher intensities (Figure 2.2). With low illumination intensities the fluorescence SNR is higher

because the absorption cross-section of one fluorophore is larger than the scattering cross-section of

a single virion, but at high illumination intensities photobleaching limits the fluorescence SNR, and

elastic scattering techniques provide a higher SNR. Note that if the virion is tracked for more frames,

then photobleaching limits the fluorescence SNR at a lower illumination intensity. For example, if

the virion is tracked for 10,000 frames, then photobleaching occurs at an incident intensity of about

0.05 µW per diffraction-limited spot, and the maximum fluorescence SNR is close to 3 if only one

fluorophore is attached to the virion (Figure 2.2).
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Figure 2.2: Shot-noise-limited SNR as a function of incident intensity with each technique for tracking a
CCMV particle with a measurement time of 0.002 s. The horizontal axis is the power per diffraction-limited
spot, which has an area ofAdls = 0.1µm2. The fluorescence SNR is plotted for the cases where 1 fluorophore is
attached to the virus (gray) and for when 10 are attached (black). The fluorescence SNRs for both a 100-frame
experiment (solid lines) and a 10,000-frame experiment (dashed lines) are shown.

2.3 Measuring Changes in Particle Size

We are also interested in measuring changes in the size of a nanoparticle. In fluorescence microscopy,

changes in size can bemeasured by changes in the number of fluorophores attached to a nanoparticle.

As more fluorophores bind to the nanoparticle, its absorption cross-section increases (assuming no

quenching), so wemodel an increase in size by a change in the particle’s absorption cross-section from

σa to σ′
a = σa +∆σa. Note that if all fluorophores that bind have the same absorption cross-section,

then∆σa is proportional to the number of additional fluorophores that bind. In dark-field and inter-

ferometric microscopy, changes in the size of a nanoparticle change its polarizability, and in turn, the

amount of light that scatters from it. Wemodel an increase in the size of the nanoparticle by a change

in polarizability fromα toα′ = α+∆α. Note that if the subunit that binds to the particle has a fixed

polarizability per unit mass (is composed of a single material) then∆α is proportional to the mass of

the new subunit. For the elastic scattering techniques, we assume that the particle’s polarizability has

no imaginary component (that is, the nanoparticle absorbs no light) and for fluorescence we assume

all fluorophores have the same quantum efficiency. To calculate the change in SNR, we use the noise
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after the size increase because this noise level is greater than (for fluorescence and dark-field) or equal

to (for interferometric) the noise before the change in size—and therefore gives a more conservative

estimate.

With these assumptions, the shot-noise-limited SNRs for changes in particle size are as follows.

For fluorescence microscopy,

∆SNRf =
Nf(σ

′
a)−Nf(σa)√
Nf(σ′

a)
=

∆σa√
σa +∆σa

√
QcQfIi

λ

hc
fcolt. (2.11)

For dark-field microscopy,

∆SNRdf =
Ndf(α

′)−Ndf(α)√
Ndf(α′)

= ∆α

(
2 + ∆α/α

1 + ∆α/α

)√
Qc8π4Iifcoln4

mt

3hcλ3
. (2.12)

And for interferometric microscopy,

∆SNRint =
Iint,norm(α

′)− Iint,norm(α)√
Nr

= 2∆α

√
Qc8π4Iifcoln4

mt

3hcλ3
. (2.13)

The SNRs have the same dependence on the incident illumination intensity and time, but they

scale with the initial size of the particle in different ways. In particular, the fluorescence SNRdecreases

as the initial absorption cross-section of the nanoparticle increases. Thus, if the initial number of

fluorophores on the nanoparticle is large, detecting the addition or removal of fluorophores is difficult,

as shown Figure 2.3, left. Interestingly, the interferometric SNR does not depend on the initial size

of the nanoparticle, and the dark-field SNR is the same as that for interferometric microscopy if the

change in particle size is small compared to the initial size of the particle (∆α ≪ α). However, if

the change in particle size is comparable to the initial particle size, the dark-field SNR decreases by as

much as 25%, as shown in Figure 2.3, right.

In most cases, fluorescence microscopy gives a better SNR for measuring changes in mass than
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Dark-Field

Interferometric

Figure 2.3: Shot-noise-limited SNR for measuring changes in mass. Left: SNR for measuring the addition of
one fluorophore to a nanoparticle as a function of the number of fluorophores already on the particle. We
assume the absorption cross-section of each fluorophore is 0.04 nm2, the measurement time is 0.002 s, and
the incident power is 5 µW (solid line), 0.5 µW (dotted line), or 0.05 µW (dashed line) per diffraction-limited
spot so that 100, 1,000, or 10,000 measurements can be made before the fluorophores bleach. Right: SNR for
measuring the addition of a subunit to a nanoparticle using the elastic scattering methods as a function of the
initial size of the nanoparticle. The plotted SNR is normalized to ∆SNRint. The initial polarizability of the
particle is α and the change in polarizability upon the addition of the subunit is∆α.

interferometric or dark-field microscopy because the scattering cross-sections of most nanoparticles,

including CCMV, are smaller than a fluorophore’s absorption cross-section. Furthermore, the scat-

tering cross-sections of the subunits are even smaller. However, fluorescence microscopy is not as

well-suited formeasuring the addition or removal of fluorophores when∆σa ≪ σa, since in this case,

∆SNRf ∝ ∆σa/
√
σa, whereas the∆SNR for the elastic scattering techniques depends only on∆α,

and not α, when∆α ≪ α.

A fair comparison of techniques must account for photobleaching. Tomonitor changes in mass,

the nanoparticle must be continuously illuminated, which is likely to bleach the fluorophores on the

nanoparticle. If low-intensity light is used to delay photobleaching, the SNR of the experiment will

decrease (Figure 2.3). An alternative is to take advantage of photobleaching to decrease the noise level.

If all fluorophores on the particle are photobleached, then the noise level is zero (ignoring stray light

and camera noise). The experimenter can then detect the addition of individual fluorophores with

very good time resolution.53 However, because the experimenter cannot determine if fluorophores

leave the nanoparticle, disassembly events cannot be detected.
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2.4 Discussion

The choice of technique depends not only on the shot-noise-limited SNR, but also on whether the

shot-noise limit can be met. For fluorescence microscopy, shot-noise-limited measurements can be

made if both δdark ≪
√
Nf and Istray ≪ If. The first condition can bemet with high-quality cameras

that have a low dark current, or when many photons are used for each measurement. The second

condition canbemetbyusingwavelength-specific filters to attenuate the incident light, so long as there

is no significant amount of autofluorescence frommaterials in optical train. Owing to the popularity

of fluorescence microscopy, optical components with low autofluorescence have been developed and

are routinely used to limit instrumental autofluorescence to negligible intensities.22

Shot-noise-limited measurements with dark-field microscopy require δdark ≪
√
Ndf and

2
√
IstrayIs ≪ Is. Again, the first condition can be met with high-quality cameras or with many

photons per detection. However, the second condition can be challenging to meet because it is diffi-

cult to reject stray light without also rejecting scattered light. The best rejection ratio yet achieved for

incident light is on the order of 107. 15,31 At this ratio, shot-noise-limited measurements can be made

only if
√

σsfcol/Adls ≫
√
10−7. For CCMV, σsfcol/Adls ≈ 10−8, so that the shot-noise limit cannot

be met even in the best dark-field microscopes. While CCMV particles can be tracked after removing

the time-averaged stray light from videos in post-processing, 15 fluctuations in the intensity of the stray

light still increase the noise level above the shot-noise limit.

Shot-noise-limitedmeasurements with interferometricmicroscopy requireNdark ≪ Nr, δdark ≪
√
Nr, and 2

√
IstrayIr ≪ Ir. The first two conditions are easily met by maximizing the number of

photons per image, which is achieved by ensuring that the reference beam nearly saturates the detec-

tion camera. The third condition may be difficult to achieve, depending on how much the reference

beam is attenuated and how bright the stray fringes are. For interferometric scattering microscopy,

the reference beam is attenuated to 0.004 times the incident intensity, so that reaching the shot-noise-
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limit requires
√
fstray ≪

√
0.004 ≈ 0.06. Therefore, much less stray light must be rejected to

reach the shot-noise limit than must be rejected for shot-noise-limited dark-field measurements of

most nanoparticles. Specifically, for CCMV particles a shot-noise-limited dark-field measurement re-

quires
√

fstray ≪ 10−4, which is nearly three orders of magnitude smaller than required for an inter-

ferometric scattering measurement.

Attenuating the reference beam using the reflection-mode geometry of an interferometric scat-

tering microscope has the additional advantage that any stray light that reflects off the coverslip is also

attenuated, whereas in an in-line holographic microscope with a twilight filter the stray light is not

attenuated. Thus, compared to an in-line microscope with a twilight filter with T = 0.004, an in-

terferometric scattering microscope enables measurements closer to the shot-noise limit. However,

adding a twilight filter that further attenuates the reference beam couldmake its intensity comparable

to that of stray light, bringing the measurement further from the shot-noise limit.

When the scattered intensity becomes comparable to that of the reference beam, the noise level

in an interferometric measurement is not constant. Instead, it increases as the scattering increases and

eventually approaches the SNR for dark-field microscopy. Thus, to obtain the highest SNR in an

interferometric measurement, the reference beam should be much more intense than the scattered

light.

We have therefore established that a bright reference wave enables measurements closest to the

shot-noise limit. Furthermore, we found that in the shot-noise limit, the SNR is highest when the

reference wave is much brighter than the scattered wave. But if this condition is met, the SNRdoesn’t

depend on the amount of attenuation. Why then does attenuating the reference beam, whether by

reflecting it off a coverslip or with a twilight filter, enable smaller particles to be detected?37,48,49

There are two reasons. One is that the contrast of the hologram relative to the background in-

creases as T decreases, making weak scatters more visible to the eye in unprocessed holograms. The

other is more fundamental. With a dimmer reference beam, fewer total photons must be detected
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by the camera in a given measurement time to reach a given SNR.49 Because the maximum incident

intensity that can be used is limited by the camera’s sensitivity and maximum frame rate, attenuating

the reference beam can improve the SNRby enabling a higher illumination intensity to be used. That

is, dimming the reference beam increases the fraction of detected photons that come from the particle,

so that if the camera limits the maximum detected photon flux, dimming the reference beam while

increasing the illumination intensity to maintain the same detected photon flux boosts the maximum

attainable SNR. More details on how attenuating the reference beam can boost the SNR of interfer-

ometric microscopy can be found in Reference 49.

2.5 Conclusion

Our quantitative comparison of fluorescence, dark-field, and interferometric microscopies serves as

a guide to determine the best technique for a particular experiment. We find that fluorescence mi-

croscopy gives the highest SNR for tracking the position and mass of a nanoparticle if the nanopar-

ticle’s scattering cross-section is smaller than the combined absorption cross-section of all attached

fluorescent labels. Furthermore, the Stokes shift enables background light to be efficiently rejected,

allowing the shot-noise limit to be reached easily. However, if the particle’s scattering cross-section is

larger than its absorption cross-section, if it cannot be labeled, or if the SNR is limited by photobleach-

ing, quenching, or the finite emission rate of the fluorophores, it is better to use elastically scattered

light. For experiments requiring high temporal dynamic range, such as those I discuss in the subse-

quent chapters, photobleaching makes fluorescence microscopy unsuitable, and elastic scattering—

particularly interferometric microscopy—is the method of choice.

The elastic scattering techniques, dark-field and interferometric microscopy, give similar shot-

noise-limited SNRs, but interferometric microscopy makes it easier to reach the shot-noise limit.

When detecting changes in themasses of particles, both techniques yield the same SNR if the addition
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of mass is small compared to the original size of the particle, but the SNR of dark-field microscopy is

slightly reduced (by as much as to 25%) otherwise. More importantly, reaching the shot-noise limit

for dark-fieldmicroscopy requires any stray light to bemuch dimmer than the light scattered from the

nanoparticle, while for interferometric microscopy the stray light just needs to be dimmer than the

reference beam. Furthermore, the reflection-mode geometry of interferometric scatteringmicroscopy

is typically the best way to attenuate the reference beam since it also attenuates stray light that reflects

from the coverslip.
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3
Methods for Maintaining a Stable Signal

with an Interferometric Scattering

Microscope

Some of the work described in this chapter was conducted jointly with Dr. Rees Garmann, and some

of the work in this chapter is published online in a preprint [R. F. Garmann,∗ A. M. Goldfain,∗ and

V.N.Manoharan, “Measurements of the self-assembly kinetics of individual viral capsids around their

RNA genome.” arXiv, 1802.05211, (2018)]. ∗Equal Contribution.
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3.1 Overview

In this chapter I describe the interferometric scattering microscope and associated components that

we use to study the dynamics of individual viruses. We built the microscope to study the assembly of

small, 28-nm, single-strandedRNAviruses (as described inChapter 6), butwe tried to keep the design

modular and general so that it can be used to investigate other systems as well.

We chose to use interferometric scatteringmicroscopy to study virus assembly because it is one of

the few techniques that can track small, unlabeled particles without using fluorescence. We avoided

fluorescence because of the limitations outlined in Chapter 2. The main issue we encountered was

the stability of the signal. The change in intensity during the assembly of a small RNA virus capsid

is about 0.5% of the reference-beam intensity (Chapter 6). The components and methods detailed

in this chapter were designed to reduce the background intensity fluctuations below this level for the

duration of the experiment.

3.2 The Interferometric Scattering Microscope

Our microscope has two different imaging wavelengths: 450 nm and 635 nm. The short, 450-nm

light generally yields a higher signal because the scattered intensity from nanoparticles scales as λ−4,

and the index of refraction of dielectric materials tends to increase with decreasing wavelength in the

visible spectrum. We do not use shorter wavelengths becausewe found thatmicroscope objectives and

certain proteins are damaged by 405-nm light. We use the 635-nm light for such systems (Chapter 5).

In total, we use three diode lasers—the 450-nm (PD-01251, Lasertack, 100mW) and 635-nm (PD-

01230, Lasertack, 200 mW) imaging lasers, and a 785-nm laser (L785P090, Thorlabs, 90 mW) to sta-

bilize the focus of the microscope. We spatially filter each laser diode by coupling it to a single-mode

optical fiber (see Figure 3.1). Both imaging lasers are coupled into the same polarization-maintaining

single-mode fiber (PM-S405-XP, Thorlabs). The light emerging from each diode is collimated and
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Figure 3.1: Left: Diagram showing how the imaging lasers are fiber-coupled. Only one is used at a time. Right:
Diagram showing how the focus stabilization laser is fiber-coupled.

then focused into the fiber using short focal-length, molded glass aspheric lenses (Thorlabs). We use

aspheric lenses instead of singlet lenses because they reduce the amount of spherical aberration, en-

abling higher coupling efficiencies. We use a flip-mounted mirror to select which imaging laser is cou-

pled into the optical fiber. A shutter blocks the imaging lasers when they are not needed, and an ND

filter wheel attenuates the laser light so that it nearly saturates the camera at the desired exposure time.

The focus stabilization laser is coupled into a single-mode optical fiber (S630-HP, Thorlabs) in a simi-

larway, except that a singleND filter attenuates the laser to the optimal intensity for focus stabilization

(see Section 3.4).

Our interferometric scattering microscope operates in wide-field mode with the incident beam

collimated at the sample (Figure 3.2). The imaging light Ii that emerges from the polarization-

maintaining fiber is collected by an achromatic lens (achromatic doublet, focal length = 25mm, Thor-

labs) and focused onto the back aperture of the objective (100× oil-immersion, 1.45 NA PlanApo λ,

Nikon). We use an achromatic doublet lens because it produces less spherical aberration than a singlet,

which helps to maintain a clean, Gaussian illumination beam. The objective collimates the imaging

laser.

Since we use an oil-immersion objective, the next optical interface is the top surface of the cov-
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Figure 3.2: A complete optical diagram of the interferometric scatteringmicroscope we use. The imaging beam
is blue and the focus stabilization beam is red. Mirror 2 is not necessary, but it is included in the microscope in
hope of a future improvement described in Chapter 7.
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erslip. We mount the coverslip on a 3-axis linear translation stage (MAX343, Thorlabs) with piezo-

electric actuators that we use for active stabilization (see Section 3.4) and stepper motors for coarse

positioning. The objective collects light that reflects off the coverslip and light that back-scatters from

particles in the sample chamber.

The tube lens (achromatic doublet, focal length = 300 mm, Thorlabs) collimates the reflected

light Ir and focuses the scattered light Is onto the interferometric scattering detection camera (MV1-

D1024E-160-CL, Photon Focus). The total magnification is 150×, such that each pixel on the camera

views a field of 70 nm. To minimize any possible radiation damage to the sample, we use an exposure

time that is almost equal to the total time between frames, andwe dim the imaging beamwith theND

filter wheel so that the camera pixels are nearly saturated.

We use achromatic half and quarter-wave plates (AHWP3 and AQWP3, Bolder Vision Optik)

and a polarizing beam splitter (CCM1-PBS251, Thorlabs) to make an optical isolator that maximizes

the intensity of light that reaches the interferometric-scattering camera.23 If a non-polarizing beam

splitter were used, power losses of at least 75% would occur because all detected light must pass

through thebeamsplitter twice. However, thepolarizingbeamsplitter andwaveplates enable the light

that is initially incident on the beam splitter to reflect with nearly 100% efficiency, and the reference

beam and back-scattered light to transmit through the beam splitter with nearly 100% efficiency.23

We take a number of measures to minimize vibrations and long-term mechanical drift. We make

the imaging beampath as short as possible, mount the apparatus on an isolated optical table (RS4000,

Newport), and secure all cables going to non-isolated equipment using clamps that we line with semi-

rigid foam (0.75-in-thick polyethylene; 8865K522, McMaster-Carr). To minimize thermal drift and

the effects of air currents, we cover the entire apparatus in foam-core boxes. The interferometric scat-

tering microscope (Figure 3.2) is enclosed in one box, and each of the fiber coupling apparatus (Fig-

ure 3.1) are enclosed in separate boxes. We also allow all electronics associated with the microscope to

warm up for a few hours before starting an experiment, so that any thermal gradients can equilibrate.
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Back-reflections from the lens componentswithin the objective can severely degrade interferomet-

ric scattering images. The reflectivity of glass surfaces treated with broadband anti-reflection coatings

is about 0.5%, which is comparable to the reflectivity (R ≈ 0.004) of the coverslip-water interface

that produces the reference beam for the hologram. If the imaging beam is aligned on axis, the back-

reflections from the objective’s components overlap with one another and overwhelm the reference

beam. To solve this problem, we misalign the imaging beam so that the back-reflections from the ob-

jective do not overlap with the reference beam on the detection camera. We mount the polarization-

maintaining fiber on a two-axis linear translation stage and mirror 1 (see Figure 3.2) on a two-axis

kinematic mount. By adjusting both the position of the fiber and the angle of mirror 1, we align the

reference beam so that it emerges at about a 10° angle from the objective and is offset by several hun-

dredmicrometers from the center of the objective. If themisalignment is too large, the images of point

scatters are asymmetric and have lower intensity. We optimize themisalignment to retain a nearly sym-

metric point-spread functionwhile keeping the back-reflections spatially separated from the reference

beam.

Successfully separating the back-reflections from the reference beam requires a small incident

beam. As the beam diameter increases, the diameters of the spots formed by back-reflections increase,

and new back-reflections can appear. The intensity and size of these back-reflections can vary signifi-

cantly between objectives. The Nikon 100×, 1.45 NA PlanApo λ objective has the least problematic

back-reflections of all the objectives we have tested. Nikon’s 100×, 1.4 NA PlanApo VC is the second

best. With the PlanApo λ objective, we use an incident beam diameter of 10 µm or less in the focal

plane to separate back-reflections from the reference beam. The diameter of the incident beam is set

by the focal length of the achromat in Figure 3.2. As the focal length of this lens increases, the nu-

merical aperture of the light focused into the back focal plane of the objective decreases, leading to a

smaller field of view. With a 10-µm-diameter field of view there is enough intensity to record videos

with the camera nearly saturated at frame rates of a few thousandHertz with 450-nm light, and a few
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tens of thousands Hertz with 635-nm light. The 635-nm laser enables higher frame rates because it

has a higher power, and the longer-wavelength light is transmitted though the microscope with less

power loss.

Because interferometric scattering uses coherent light, the light scattered from every imperfection

in optical components interferes with the reference beam to form a hologram. Tominimize the inten-

sity of these holograms, we use as few optical components as possible and ensure that each component

is far fromplanes conjugate to the focal plane. However, because these holograms come fromelements

that are out of focus, their interference fringes extend over large areas. Therefore, we decrease the co-

herence of the illumination intensity. The temporal coherence length of the laser must remain larger

than twice the distance between the sample and the coverslip, which is typically less than a microme-

ter. In fact, in a recent study,37 the optimal temporal coherence of an in-line holographic microscope

was found to be about 2.5 µm, corresponding to a spectral bandwidth of about 50-nm. Because light

sources with this broad of a spectrum have insufficient intensity for high frame-rate microscopy, we

use single-mode laser diodes that are much less coherent than other lasers. We broaden the spectrum

of the diode by pulsing the current that drives it at a frequency of 1MHz, which decreases the intensity

of background fringes51 to about 10% of the reference beam intensity.

3.3 Images from the Interferometric Scattering Microscope

Images from an interferometric scattering microscope contain static and transient background fringe

patterns, fixed pattern noise from the camera, and shot noise, as shown in Figure 3.3, left. Apart from

the Gaussian illumination profile, the most prominent features in the image are background fringes

and pattern noise from the camera. These unwanted features can be removed by dividing the image

by a background image, as shown in Figure 3.3, center and right. The most prominent features in the

background-divided image are the hologram of a 20-nm gold particle on the coverslip (dark spot), and
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Figure 3.3: Interferometric scattering images of a 20-nm gold particle and coverslip roughness. Left: An unpro-
cessed interferometric scattering image of a 20-nm gold particle on a coverslip taken with 635-nm light. Center:
A background image acquired by taking the median of 85 frames while translating the coverslip. Some fixed
pattern noise (thin horizonal stripe) is indicated by the red arrow and some background fringes (∼1 µm-wide,
nearly-vertical stripes) are indicated by the blue arrow. Right: The unprocessed image divided by the median
image.

a speckle pattern that has a normalized intensity of about 2%. The gold particle is dark because there

is destructive interference between the scattered and reflected light at the focal plane we chose. The

background speckle pattern results from scattering from the surface of the coverslip, which is rough

on the scale of a few nanometers.50 A freshly cleaved mica surface (which is atomically flat) does not

produce such a speckle pattern,44 but mica is more difficult to functionalize than glass coverslips.

To obtain a speckle-free image while using a glass coverslip, we must take a background image

withoutmoving the coverslip. Dividing by such an image renders static features on the coverslip invis-

ible, but leaves dynamic events, such as particles adsorbing to or desorbing from the coverslip visible,

as shown in Figure 3.4, left. After this background division, the hologram of a 20-nm gold particle is

easily seen, and the only other feature visible in the image is shot noise. Although the intensity of the

shot noise can be reduced by averaging frames (Figure 3.4, center), ultimately, themechanical stability

of amicroscope limits the smallest particles that be detected because instabilities cause the background

fringes to shift over longer time scales (tens of seconds to minutes), as shown in Figure 3.4, right.

To make it possible to detect small particles by eye, we perform a simple, real-time image pro-

cessing routine while collecting data. The routine consists of a background division and a moving
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Figure 3.4: Interferometric scattering images of a 20-nm gold particle with a background takenwithoutmoving
the coverslip. Left: An interferometric scatteringmicroscope image of a 20-nmgold particle divided by an image
taken just before the particle adsorbed to the coverslip. Center: Same as left, but with images that are averaged
over 20 frames. The shot noise level is reduced and the hologram of the gold particle is much clearer. It is now
evident that the hologram is asymmetric due to the slight misalignment of the incident beam. Right: Same as
center, but with the image taken 30 seconds after the background image was acquired. Additional gold particles
have adsorbed to the coverslip. Vertical stripes that are about 1µmacross are now visible in the background due
to shifts in the background fringes. Such shifts limit the smallest particles than can be detected, as well as the
long-term-stability of the measured intensity of a particle.

time-average. It is implemented with a Python script that enables us to view images and control the

camera (http://github.com/manoharan-lab/camera-controller). The same script interfaces with the

focus stabilization camera and piezoelectric actuators on the microscope stage to implement the feed-

back loops for active stabilization, as described in the next section.

3.4 Active Stabilization

To make measurements for tens of minutes, the time scale for viral assembly to complete (Chapters

5 and 6), we must actively stabilize the position of the coverslip relative to the objective. Even sub-

wavelength movements of the coverslip over the course of the measurement can shift the background

fringes and the speckle pattern from coverslip roughness, degrading the measured signal. Although

active stabilization of the coverslip height reduces the degradation,23 previous experiments on weakly

scattering nanoparticles have been limited to a few seconds, 12,48 likely because of shifts in the back-

ground due to in-plane drift of the coverslip.
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We therefore actively stabilize the position of the coverslip in all three dimensions using a separate

proportional control loop for each dimension. In each iteration of the loop, the computer registers

the position of the coverslip and modifies the voltage driving the piezoelectric actuators to keep the

coverslip in its original position. The height of the coverslip above the objective is measured by track-

ing the position of a laser (red lines in Figures 3.1 and 3.2) that is totally internally reflected by the

coverslip-water interface, as described byOrtega-Arroyo, Cole, and Kukura.23 We drive the laser with

a constant current (27mA) that is well below threshold (35mA),which improves its intensity stability

at the output of the optical fiber (an LED could likely be used instead). After exiting the optical fiber,

the beam is collected by the singlet lens in Figure 3.2 (plano-convex, focal length = 20mm, Thorlabs),

is reflected from a dichroic mirror (700 nm short-pass, EdmundOptics), and is focused onto the back

aperture of the objective. The total power emerging from the objective is less than 1 µW, which is

significantly lower than that used for the imaging lasers (see Chapters 4, 5, and 6). We align the beam

so that after exiting the objective, it totally internally reflects from the coverslip-water interface and

re-enters the objective. To do this, we first align the single-mode fiber and the singlet lens on the axis

of the microscope, and then use a two-axis linear translation stage to offset them from the axis of the

microscope by a couple of millimeters. The return beam that reflects from the coverslip also reflects

from a D-shaped mirror (Thorlabs) and is detected with the focus stabilization camera (DCC1545M,

Thorlabs). We use a D-shaped mirror because it can reflect the return beam without clipping the

incident beam. A long-pass filter (700-nm, Thorlabs), prevents light from the imaging beam from

reaching the stabilization camera. We did not find it necessary to focus the active stabilization beam

onto the stabilization camera, as was done by Ortega-Arroyo, Cole, and Kukura.23

Wemeasure the position of the return beam by determining the center of brightness of the image

recorded by the camera. When the height of the coverslip changes, the return beam is displaced later-

ally, resulting in a change in the measured center of brightness. The control loop runs at 33 Hz. We

use an exposure time of about 25ms, and we attenuate the laser using anND filter before it enters the
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Figure 3.5: Measured coverslip position with and without active stabilization. Inset: A processed interferomet-
ric scattering image of a 30-nm gold particle used for in-plane stabilization, taken with 450-nm illumination.
The field of view is 1.1 µm on each side.

fiber so that it nearly saturates the camera in each frame.

We measure the in-plane position of the coverslip by tracking a 30-nm gold particle that is ad-

sorbed to the coverslip surface (see next section for details of how we prepare the coverslips). Before

each experiment, we locate one of the adsorbed gold particles with the interferometric scattering cam-

era by looking for spots that have a normalized intensity of approximately 0.2. We then move the

coverslip so that the spot is near the edge of the field of view. Using a 16× 16-pixel region of the field

of view, we record a static background image of the coverslip with no particles present, and then we

move the gold particle into the center of this small field of view. Before tracking the position of the

gold particle, we process its image in the small field of view by subtracting off the static background,

applying a bandpass filter (passing features of size 1 to 7 pixels) to smooth the image, and taking the

time-median of 33 images of the particle (recorded at 33 Hz) to reduce shot noise. A processed image

of a gold particle is shown in the inset of Figure 3.5. We use the programTrackpy54 to locate the center

of the particle. We use this position for the active stabilization loop, which runs once per second. The

in-plane control loop frequency (1 Hz) is lower than that of the out-of-plane control loop (33 Hz)

because of the time required to collect the median image of the particle.

This active stabilizationproceduremaintains thepositionof the coverslip towithin a fewnanome-
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ters in each dimension, as shown in Figure 3.5. We calibrate the out-of-plane position by changing the

voltage applied to the piezo stage by a fixed amount and measuring how far the focus stabilization

beam moves on the camera. Assuming that the position of the piezo stage scales linearly with the ap-

plied voltage, we can convert changes in the beam position on the camera to changes in the coverslip

height above the objective. We calibrate the in-plane position by taking an interferometric scattering

image of a graticule to determine the size of the field that each pixel views.

To understand how this level of stabilization affects the image, we estimate the change in intensity

due to the drift. We assume everything in the interferometric scattering image is a diffraction-limited

spot and that changes in the intensity of a given pixel in a spot are proportional to how far the coverslip

drifts. If the coverslip has drifted a distance x and a spot has a normalized intensity of Ispot, the change

in intensity due to the drift is Ispotx/rdls, where rdls = λ/(2NA) ≈ 160 nm. With a drift level of

3 nm or smaller (as in Figure 3.5), the noise level will be below about 0.02Ispot. But, because the

speckle pattern from coverslip roughness is always present and has a normalized intensity of Ispot ≈

2%, the noise level can never be below about 0.04%. This noise level is sufficient to detect MS2 virus

capsids, which have an intensity that is about 10 times higher (Chapter 6).

3.5 Coverslip Functionalization

Because nanoparticles and viruses rapidly diffuse out of the focal plane if not confined, we keep them

near the focal plane by specifically binding them to the coverslip, while passivating the coverslip against

binding by other particles. To do this we use a functionalization method based on the protocols de-

scribed by Joo and Ha.55

In an experiment where we want any nanoparticles in the solution to stick to the coverslip, we

treat the coverslips with (3-aminopropyl)triethoxysilane (APTES) (99%, Sigma-Aldrich) to impart a

positive surface charge when the coverslips are submerged in a neutral-pH buffer. Nearly all particles
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Figure 3.6: A cartoon of our DNA-PEG functionalized coverslips with a nonspecifically bound 30-nm gold
particle that is used for in-plane active stabilization.

we have examined, including viruses, nucleic acids, microtubules, and negatively-charged gold and

polystyrene nanoparticles, stick readily to this surface.

In an experiment where we want a specific particle to bind to a coverslip, we first passivate the

glass coverslip with a layer of polyethylene glycol (PEG) and then use DNA to bind the particles to

the surface (Figure 3.6). To do this, we first make APTES-functionalized coverslips. We then cova-

lently link the PEG to the amine groups of the APTES-functionalized coverslips by adding 90 µL

of 100 mM sodium bicarbonate buffer containing 9 mg of a 100:1 mixture of 5,000-Da NHS-PEG

(> 95%, Nanocs) and 5,000-Da NHS-PEG-N3 (purity unreported, Nanocs) between two 24 mm

× 60 mm APTES-functionalized coverslips. We then let the “sandwich” sit overnight at room tem-

perature in a box that is kept humid with a wet paper towel before washing the coverslips with ul-

trapure water (obtained from a Millipore RNase-free system; Synthesis, Milli-Q). We attach DNA

oligonucleotides to the surface-bound NHS-PEG-N3 molecules by copper-free click chemistry. The

20-base-long oligonucleotides are synthesized with a dibenzocyclooctyne (DBCO) group on the 5’-

end (RNase-free HPLC purified, Integrated DNA Technologies). We place 90 µL of 10 µM DBCO-

DNA in phosphate-buffered saline (PBSwithoutCa orMg, Lonza) between two coverslips and let the

sandwich sit overnight at room temperature in a humid box. By attaching different DNA sequences

to the PEG layer, we can specifically stick particles to the surface that have been functionalized with

the complementary DNA sequence.
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Weadd the 30-nmgold particles that are used for active stabilization to these functionalized cover-

slips. We use 30-nm amine-functionalized particles (Nanopartz) that we passivate by adding 20mg of

NHS-PEG to 200 µL of 10 nM of gold particles in 100 mM sodium bicarbonate buffer. The mixture

is left overnight in a tube rotator. The particles are then washed five times by centrifuging themixture

at 8,000 g for 5 min and then resuspending in TE buffer (10 mM tris-HCl, pH 7.5; 1 mM EDTA). To

allow the PEG-passivated gold particles to bind nonspecifically to the coverslip, we sandwich 70 µL

of a 0.1-nM suspension of the particles between two coverslips and let them sit for 10 min at room

temperature before washing the coverslips with deionized water. With this method, we obtain an av-

erage surface density of about 1 particle per 100 µm2, as measured with the interferometric scattering

microscope. We store functionalized coverslips under nitrogen gas at −20 °C and discard them after

2 months. The coverslips functionalized in this way are protected against nonspecific binding, while

still having high affinity for particles labeled with the complementary DNA sequence, as shown in

Chapters 5 and 6.

Many coverslip sizes and brands are unsuitable for interferometric scattering experiments. Small

imperfections in coverslips that are invisible to other microscopy techniques can produce bright holo-

grams. In our experience, most coverslip brands that are #1.5 thickness or thinner work with interfer-

ometric scatteringmicroscopy only after we clean them by pyrolysis (PYRO-CLEAN,TempyroxCo.),

or in a plasma cleaner for at least one minute (PDC-32G, Harrick). If we need to make a more rigid

sample chamber, we use #2 coverslips fromGlobe Scientific, Inc. The #2 coverslips that we have tested

from several other brands have many particles stuck to them which are not removed by pyrolysis or

plasma cleaning (1–20 per 10 µm × 10 µm field of view), each of which produces holograms with

normalized intensities above 10%. The high-intensity fringe noise from these particles degrades the

interferometric scattering images.

43



Grease Ring
Top View

Grease Ring
Side View

Lean-To
Top View

Lean-To
Side View

coverslip

vacuum grease

glass slides

Figure 3.7: Cartoons of the vacuum grease ring and lean-to sample chambers.

3.6 Sample Chambers

The interferometric scattering microscope places two constraints on the sample chambers that can

be used. First, reflections from the roof of the chamber must not reenter the objective, because they

can overwhelm the reference wave reflected from the coverslip. This requirement precludes the use

of thin chambers in which the top of the chamber is parallel to the bottom coverslip, such as sam-

ple chambers made by sandwiching double-sided tape between coverslips. Parallel chambers that are

thicker than a few hundred micrometers work because the intentional misalignment of the incident

beam prevents the reflection from the roof from re-entering the objective. Second, if the experiment

requires exchanging buffers while collecting data, the sample chamber must not bend under the flow.

Even nanometer-scale warping of the coverslip can cause the background to shift. Another constraint,

not imposed by themicroscope but by the limited amount of sample we have, is that the dead volume

of the chambers must be small. We aim to fill the chamber using no more than 20 µL of the sample.

Given these requirements, we developed three types of sample chambers, each for a different type

of experiment (Figures 3.7 and 3.8). For simple binding experiments where we want to measure the

intensities of particles that adsorb to the coverslip, we deposit vacuum grease (High vacuum grease,

Dow Corning) in an approximately 5-mm-diameter ring on a coverslip, and then pipette a droplet of

our sample into the ring. The ring keeps the droplet from spreading on the coverslip, ensuring the

droplet has a curved top that does not reflect light back into the objective.

When we want to exchange buffers in the sample chamber but do not need to take data while do-
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ing so, we use a “lean-to” chamber made from two 5mm× 15 mm pieces of rectangular glass that are

cut from a 1-mm-thick glass slide (Figure 3.7). We clean them by pyrolysis (PYRO-CLEAN, Tempy-

roxCo.), sonicate them in ultrapure water for 30 min, and then dry them with a stream of nitrogen

gas. We assemble the lean-to by sealing one piece of glass flat on the coverslip with vacuum grease,

leaning the other on top of it, and sealing all contacts with vacuum grease, except for the ends, which

are left open (see Figure 3.7). We deposit a half-ring of grease on each end of the chamber to prevent

the sample from spreading across the coverslip. To exchange buffers in a lean-to, we deposit the new

buffer in the ring at one end of the chamber, and then pull it through the chamber by sucking fluid

out from the other end with a pipette. Because the sample chamber is tall, reflections from the roof of

the chamber do not re-enter the objective. The tilting of the top is not strictly necessary given that the

incident beam is misaligned, but it allows us to use only two pieces of glass instead of the three that

would be needed for a flat roof. Although the lean-to chambers are easy to construct and use, the flow

rate during buffer exchange is not reproducible because it is manually controlled.

For experiments where we need to exchange buffers with reproducible flow rates and record data

as we do so, we make flow cells assembled from acrylic sheets that brace the coverslip against warping

when fluid flows through the cell. With these flow cells, we find that changes in the background in-

tensity due to the coverslip warping are usually below 1%. To minimize warping we always use thick

coverslips (#2, 24 mm× 60 mm).

We build chips containing 10 separate flow cells above a single coverslip. Each chip consists of two

sheets of cut, clear acrylic that are sealed together and to the coverslip with melted Parafilm (Bemis),

as shown in Figure 3.8, right. Each flow cell has an imaging chamber that is used for the experiments,

an inlet cup to hold fluid before it is introduced into the imaging chamber, a short inlet chamber to

connect the inlet cup to the imaging chamber, and an outlet chamber.

The chips consist of multiple layers, as shown in Figure 3.8, left. The bottom acrylic sheet (Optix

Acrylic, ePlastics) is 0.75 mm thick and contains 10 rectangular through-holes (1 mm× 4.6 mm) that
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Figure 3.8: A schematic of the rigid flow cells used to exchange buffers reproducibly without significantly warp-
ing the coverslip.

are cut with a laser cutter (HSE 150W, KERN). These rectangular holes form the imaging chamber of

each flow cell. The top acrylic sheet (6.35 mm thick cast acrylic, McMaster-Carr) serves as the roof of

the imaging chambers and contains the inlet cups, the inlet chambers, and the outlet chambers. Each

inlet cup is 3.35 mm deep and 4 mm in diameter. Each inlet chamber is a 1-mm-diameter through-

hole that begins at the base of an inlet cup and connects to an imaging chamber in the bottom acrylic

sheet. The outlet chambers are 1.6 mm-diameter through-holes. All holes in the top acrylic piece

are machined with a mill. We epoxy (5 minute epoxy, Devcon) a 10-mm-long aluminum tube (inner

diameter 0.9 mm, outer diameter 1.6 mm, McMaster-Carr) into each outlet chamber. The Parafilm

sheets used to seal together the layers of the flow cell contain rectangular gaps cut with a computer-

controlled vinyl cutter (CAMM-1Servo,Roland) so that they are the same size as the imaging chamber.

To assemble each chip, we first clean the acrylic sheets and Parafilm by sonicating in a 2% w/v

aqueous solution of sodium dodecyl sulfate (> 99%, Sigma-Aldrich) for 30 min. After sonicating, we

rinse the acrylic and Parafilm with ultrapure water and then dry them under a stream of nitrogen gas.
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Next, we stick one sheet of Parafilm to the bottom acrylic sheet and we place this assembly, along with

the top acrylic sheet, in a 65 °C oven for 5 min. When we remove the acrylic sheets from the oven

and press them firmly together, themelted Parafilm seals the two sheets of acrylic together to form the

chip. We then press the other sheet of Parafilm onto the bottom of the chip so that it sticks, and we

place the chip in a 65 °C oven for 5 min. We remove the chip from the oven and press it firmly onto

the functionalized coverslip (which is not heated) to seal the chip to the coverslip. We use all of the

flow cells on a coverslip within one or two days.

We inject buffer solution into each imaging chamber using a plastic syringe (3mLBD,VWR) that

is connected to the aluminum outlet tube by a short (approximately 4 cm) length of tubing (Tygon

PVC,McMaster-Carr). We fill the inlet cup with solution and then pull it through the imaging cham-

ber by actuating the syringe with a motorized linear translation stage (PT1-Z8, Thorlabs). Each time

we inject a solution into the imaging chamber, we typically use the motorized stage to inject 10 µL of

solution at a constant rate over 20 s. Higher flow velocities or larger volumes cause toomuch warping

of the coverslip. Before further injections we use a Kimwipe (Kimberly-Clark Professional) to wick

any remaining solution from the inlet cup. To ensure that the fluid injection is reproducible, we pre-

vent any air bubbles from entering the flow cell, tubing, or syringe. We mount the syringe vertically

to prevent air bubbles from being trapped inside it.

We have found that soft materials, such as polydimethylsiloxane (PDMS), are not well-suited for

building flow cells. They lead to more warping of the coverslip during injection, typically causing

changes in the background fringes that produce normalized intensities greater than 2%. We also find

that higher flow velocities and chambers with smaller cross-sections increase warping, owing to the

higher pressures needed to drive the flow.

Finally, we find that using certain materials in the construction of sample chambers can spoil the

surface functionalization of our coverslip. Using UV-cured epoxy renders the DNA linkages on the

surface unusable. Also, wehave found thatAPTES-treated coverslips lose their ability to bindparticles

47



if double-sided tape, epoxies, or acrylic are used tomake the sample chamber. Thus, the rigid flow cells

described above cannot be used with an APTES surface. We suspect that small particles from these

materials can leach into solution and then bind to the APTES surface, thereby passivating it.

3.7 Image Processing

The combination of optical, mechanical, and biochemical methods described above lead to back-

ground images that are stable for about 1 min. However, some background fringes still shift in a typi-

cal experiment. Wemitigate the effects of these fringes through image processing. Although the basic

background divisionmethods described in Section 3.2 remove some fringe noise, amore sophisticated

approach can do much better. We use an approach similar to the “pseudo-flat-fielding” method de-

scribed by Ortega-Arroyo, Cole, and Kukura,23 which removes all features from the image that have

sizes different from those of the interference fringes in the hologram of the nanoparticle.

In our method, each interferometric scattering image, denoted Iunpr, is processed according to

the following steps: First, a dark image, Idark, is acquired from the time-median of many frames

(typically about 200 frames for 100 Hz data and 2,000 for 1,000 Hz data) taken when the illumi-

nation beam is blocked. This image is subtracted from each unprocessed image, yielding Ibkgd =

Iunpr − Idark. Second, features bigger than σ1 pixels are removed by subtracting a Gaussian blur,

yielding Ismooth = Ibkgd − blur(Ibkgd, σ1), where blur(I, σ) is the 2D Gaussian blur of the image

I using a standard deviation σ. Third, the image is normalized to blur(Ibkgd, σ2), so that particles

on the coverslip and stray fringes smaller than σ2 do not affect the normalization. This process yields

Inorm = (Ismooth)/blur(Ibkgd, σ2). We typically useσ1 = 1.5 for 450-nm light andσ1 =6 for 635-nm

light, andσ2 = 10–20, independent of the illuminationwavelength. Because each image is normalized

independently of other images in the time series, fluctuations in the illumination intensity in time do

not affect Inorm. Therefore, we do not need to stabilize the intensity of the illumination. Finally, all re-
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Figure 3.9: Interferometric scattering images of wild-typeMS2 particles adsorbed to a coverslip takenwith 450-
nm light. Datawas recorded at 100Hz and is displayedwith a 100-frame average. Both images are correctedwith
a background that was taken 90 s earlier. Left: The image processed using only background division. Center:
Image processed using the full algorithm described in this section. Right: Intensity as a function of time for
the spot indicated with an arrow. The spot appears when the particle adsorbs to the surface approximately 50
seconds into the time series.

maining static features in the background are removedby subtracting the time-median ofmany frames

(typically about 300 frames for 100Hz data and 3,000 for 1,000Hz data) from the video, yielding the

final processed image, Ifinal = Inorm − Inorm, median. The noise in Ifinal is dominated by shot noise in

the first few seconds after the frame(s) used for background subtraction, and then by fluctuations in

the background intensity due to uncorrected mechanical drift.

After processing the images, we extract the intensity as a function of time for the particles of in-

terest. To do this, we first manually locate the center position of the concentric rings in the hologram

with a localization precision of 0.1–0.5 pixels, depending on the signal-to-noise ratio of the hologram.

Then, we measure the mean intensity in a circle (radius of 1 pixel for 450-nm light and 1.5 pixels for

635-nm light) that is centered on the particle or assembly. We often smooth the intensity traces using

a sliding window to reduce the shot noise level, at the expense of time resolution.

To demonstrate how the the image processing routine decreases the effects of background fringes,

we process images of wild-type MS2 virions that have adsorbed to an APTES-functionalized cover-

slip, as shown in Figure 3.9. Shifting background fringes cause broad horizontal stripes to appear in

the image processed with the simple method, but these stripes are much less noticeable in the image
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processedwith the full procedure. The stability of the blue intensity trace in Figure 3.9 (right) demon-

strates that our interferometric scattering microscope can not only detect a small RNA virus, but that

it also has sufficient signal-to-noise to track the size of the virus as a function of time. We use this

capability to make the measurements described in the next three chapters.
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4
Dynamic Measurements of the Position,

Orientation, and DNA Content of

Individual Unlabeled Bacteriophages

In this chapter I describe the first experiments that we performed on viruses. We chose bacteriophage

λ because it large and is thus easy to detect with an interferometric scattering microscope. Its mass of

61 MDa is over 10 times the mass of the single-stranded RNA virus we investigate in Chapter 6, and

it produces an interferometric scattering hologram that is proportionally more intense. The work

presented here is based on experiments that are published in Reference 56. Many of the methods de-

scribed in the previous chapter had not been implemented at the time of publication. Any differences

in the methods will be noted.
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4.1 Introduction

Bacteriophages (phages) are viruses that infect bacteria. Phages come in a variety of morphologies and

exploit a range of infection pathways. Here we focus on long-tailed phages with a bulky, hollow pro-

tein head that is packed with a high density of double-stranded (ds) DNA and that is connected to a

slender, tubular protein tail. In the first stages of infection, the tip of the tail binds a specific protein

receptor on the exterior surface of the bacterium, and the phageDNA is ejected from the head through

the tail, through the bacterial cell wall, and into the bacterial cytoplasm. While much is known about

the specific molecular interactions that underpin tail-receptor binding,57,58,59,60,61 and the thermody-

namic forces that driveDNA ejection,62,63,64 much less is known about the kinetic pathways bywhich

these processes occur. How does the phage navigate the cell surface in order to find and orient itself

about its receptor? Andhowdoes the densely packedDNAmake itsway out of the phage head during

ejection?

Answering suchquestions requires resolving the often fast and inherently subtle dynamics of indi-

vidual phages at the bacterial cell surface. This is amajor experimental challenge. Todate, fluorescence-

basedmethods have been the onlymeans of probing the kinetics at the single-phage level: fluorescence

microscopy and single-particle tracking have provided the first glimpses into how fluorescently labeled

phages traverse the exterior surface of the bacterium 14,65 andhow they eject theirDNA. 18,66,67,68 How-

ever, the full kinetics of these processes remain unresolved, owing to the low measurement rates of
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standard fluorescence microscopy techniques. The highest frame rates used to track phages thus far

have not exceeded a few tens ofHertz, limited by the inherently low emission of available fluorophores

and the time required to scan a 3D image. Higher temporal resolution is possiblewith non-fluorescent

methods such as elastic scattering, which has recently been used to track individual animal viruses 16,43

and plant viruses. 15 However, elastic scatteringmethods have not yet been applied to image individual

bacteriophages.

Here we apply a label-free imagingmethod based on holographicmicroscopy to track the dynam-

ics of a model phage69 (λ) in solution near a planar glass surface. Themethod, which has been termed

“interferometric scattering” or “iSCAT” by Kukura, Sandoghdar, and coworkers, 16,23,43,46,47,50,70,71

records the pattern of interference between light scattered from the phages and the reflection from a

nearby coverslip-water interface. This interference pattern is a hologram, and so the technique is simi-

lar to other holographicmicroscopy techniques,72,73 except that theweak reflection from the coverslip

attenuates the reference wave, improving the fringe intensity relative to the background and making

it easier to see weak scatterers such as single phages. Although it is not possible to label and track

individual phages in crowded solutions using this technique, it has four key advantages over fluores-

cence techniques formeasurements of dynamics in purified solutions: first, the phages can be detected

without the use of chemical or physical labels, eliminating labeling artifacts; second, the intensity of

the scattered light depends on the mass of the phage; third, the low-intensity incident light does not

damage the sample, so that holograms can be acquired indefinitely; fourth, the measurement speed is

much higher. The temporal resolution is limited only by the intensity of the illumination source and

the speed of the detector. In our experiments, we can follow over one hundred individual phages in a

single frame, corresponding to a 33 µm× 33 µm field of view, and we can capture frames at 100 Hz

for tens of minutes. Rates in excess of 1,000 Hz are possible for smaller fields of view.

We shall show that the holograms encodenot only the position, but also the orientation andDNA

content of each phage. From the hologramswe track the in-planemotion of phages as they diffuse and
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stick to the functionalized glass surface. By tracking their out-of-plane motion, we are able to observe

the phages spontaneously standing up on their tails. Finally, we demonstrate that the technique can

temporally resolve the dynamics of DNA ejection upon addition of detergent solubilized receptor.

While the in vitro results presented here are indeed far removed from biologically realistic scenarios

involving the infection of living bacteria, they demonstrate how holographic microscopy might be

used to study the fast kinetics of long-tailed phages interacting with cellular surfaces, orienting about

and attaching to membrane receptors, and ejecting their genomic DNA.

4.2 Experimental Section

4.2.1 Growth and purification of phage and receptor

Weharvest and purifywild-type λ from infectedE. coli strain LE392 (AgilentTechnologies Inc., Cedar

Creek, TX, USA) based on the protocols described by Evilevitch et al.64 Additionally, we perform

a second CsCl density gradient centrifugation step in order to more completely remove impurities

that contribute to the background scattering. Following extraction from the second CsCl gradient,

we dialyze the purified phage against TNM buffer (50 mM Tris-HCl pH 7.5, 100 mM NaCl, 8 mM

MgCl2) and store thephage solution at 4 °C.Weuse aplaque assay tomeasure thenumber of infectious

phages; that is, the number that are full of DNA and capable of ejection. We dilute the phage stocks

to 1012 plaque forming units (pfu) permL.We use negative-stained transmission electronmicroscopy

to determine that the majority of phages are intact (Figure 4.1, left).

We purify LamB receptor from E. coli pop154 (provided by Bill Gelbart and Chuck Knobler,

UCLA) as described in Evilevitch et al.64 After purification, we dialyze the LamB against TNMbuffer

containing 1% n-octyl-oligo-oxyethylene (oPOE) detergent (EnzoLife Sciences Inc., Farmingdale, NY,

USA) and store the receptor solution at 4 °C.We filter the LamB solution directly before use through

a sterile 0.2 µm syringe filter (Acrodisc, Low Protein Binding; Pall Life Sciences, Port Washington,
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Figure 4.1: Left: Negative-stained transmission electron micrograph of purified λ phages. Right: Close-up of λ
phage with its head and tail dimensions labeled.

NY, USA) to minimize the scattering from aggregates that can form at 4 °C.

We prepare DNA-empty phages by equilibrating a few microliters of wild-type λ in 100 µL of

TNM with 1% oPOE containing LamB at room temperature for 1 h. We perform time-resolved bulk

fluorimetry according to the protocols described in Chiaruttini et al.74 in order to verify that phages

eject their DNA within 1 h: indeed, we observe that the majority of phages eject in less than 10 min.

Following ejection, DNase I (New England Biolabs Inc., Ipswich, MA, USA) is added to digest the

ejected DNA.

4.2.2 Glass coverslip functionalization

We modify the glass coverslips based on the protocols described in Joo and Ha.55 For tracking mea-

surements we functionalize the glass with (3-aminopropyl)triethoxysilane (APTES) (98%purity; Alfa

Aesar, Ward Hill, MA, USA) in order to generate an electrostatic attraction between the positively

charged APTES surface and the negatively charged phage.75 For DNA ejection measurements we re-

act the APTES-coated coverslips with 5000 MW polyethylene glycol (PEG) that is functionalized at

one end with anN -hydroxylsuccinimide (NHS) group (>95% purity, used as received; Nanocs Inc.,
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NY, USA). To favor lower densities of surface grafted PEG, we modify the protocol of Joo and Ha55

to reduce the amount of PEG by a factor of 100 to 1000. The patchy layer of covalently grafted PEG

limits the number of phages that bind to a given area of the APTES-coated surface and also restricts

the motion of the bound phages. Note that this is the same functionalization procedure outlined in

Chapter 3, except that less PEG is used, and DNA is not attached to the PEG.

4.2.3 The microscope

The reflection-mode holographic microscope sketched in Figure 4.2A is based on the interferometric

scattering microscope first described by Jacobsen et al.70 with polarization optics to minimize losses

at the beam splitter.23,46 A laser (Toptica iBeam Smart, 300mW, wavelength λ = 405 nm) is coupled

into a single mode optical fiber and focused into the back aperture of an infinity-corrected oil immer-

sion objective (Nikon PlanApo VC, 100×, NA = 1.4) to produce a collimated beam (intensity Ii ≈

10W/cm2) with diameter∼100 µm illuminating the sample chamber. A fraction (R ≈ 0.004) of the

illuminating beam is reflected at the bottom of the sample chamber by the coverslip-water interface.

The reflected beam serves as the reference wave for the hologram. The reference beam (intensity Ir)

and the light scattered from the virus (intensity Is) are collected by the objective, and the resulting

hologram is imaged onto a camera (Andor Zyla 5.5) with 100× total magnification, yielding an ef-

fective pixel size of 65 nm. The sample chamber is designed so that reflections from the top of the

chamber do not re-enter the objective (see Section 4.2.4).

A major challenge of using wide-field coherent illumination is reducing spatial variations in the

intensity of the reference beam caused by interference fringes from dust particles, scratches, and in-

herent imperfections in the optical components. To eliminate back-reflections from the objective we

slightly tilt and displace the incident beam, which moves these reflections out of the field of view and

makes the holograms slightly asymmetric. We smooth some of the remaining spatial intensity varia-

tions by reducing the temporal coherence of the laser. We do this by pulsing the current to the laser
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Figure 4.2: An overview of our setup for investigating λ phage. (A) Schematic of the reflection mode holo-
graphicmicroscope and sample chamber. SMF= singlemode optical fiber, UST= ultrasonic transducer, HWP
= half-wave plate, L1 = lens, PBS = polarizing beam splitter, QWP = quarter-wave plate, OBJ = objective, SC
= sample chamber, L2 = tube lens, CAM = camera. (B) Our optical model of phage λ assumes that its polariz-
ability is directly proportional to the total mass of the phage head including DNA, as described by Rajagopala
et al. 76 (C) Cartoon of our hologrammodel for λ phage, nw =water refractive index, ng = glass refractive index,
r = distance from head center to a point in focal plane, z = height of head center above focal plane, zf = dis-
tance from coverslip to focal plane, Ir = reference beam intensity, Is = scattered light intensity. (D) Background
divided hologram (10-frame average) of λ phages bound to an APTES-PEG functionalized coverslip recorded
with a 6.2 ms exposure.
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diode at 1 MHz with a 50% duty cycle. Pulsing the current with a period shorter than the exposure

time of the camera reduces the temporal coherence because the wavelength shifts slightly when the

current changes.51 We further reduce the variations by oscillating the illuminating beam at frequen-

cies larger than the inverse exposure time; we do this by epoxying the end of the optical fiber to an

ultrasonic transducer and horn (Figure 4.2A; built in-house) thatmechanically oscillate the end of the

fiber by tens of micrometers at 20 kHz. The resulting reflected beam is significantly more uniform

than the stationary beam. We digitally remove the remaining spatial variations in the reflected beam

as described below (see Section 4.2.6).

There are several significant differences in the apparatus describedhere compared to that described

in Chapter 3. First, we use 405-nm light which we had not yet discovered was damaging our objective.

Second, the illumination beam is 10 times the diameter. The larger illumination beam is necessary

because the ejection events described below occur infrequently, and by having a larger field of view

we could capture more of them. Third, we use a different camera that is more sensitive, but also

slower. Fourth, we used an ultrasonic transducer setup to remove background fringes, which aremore

prominent in the larger field of view. We later stopped using the ultrasonic transducer for reasons

detailed in Chapter 7.

4.2.4 Loading the Sample

We construct a special sample chamber to facilitate buffer exchange and minimize unwanted reflec-

tions. As shown in Figure 4.2A, the sample chambers have a “lean-to” design. Each chamber consists

of a single No. 1 glass coverslip and two rectangular strips of a glass slide (thickness = 1 mm) cut with

a glass scorer. The coverglass serves as the floor of the sample chamber, and one of the strips of glass

serves as the tilted roof that rests along its long edge on the second strip of glass. The internal volume

of each chamber is approximately 20µL. All of the glass–glass contacts are sealed with vacuum grease

(Dow Corning, High vacuum grease). The ends are left open.
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All experiments are carried out at room temperature. We introduce phage into the sample cham-

ber by pipetting a 20 µL aliquot of 1010 pfu per milliliter of λ-phage in TNM buffer into one end of

the sample chamber. After a few minutes, we flush any phages that are not adsorbed to the coverslip

out of the sample chamber by depositing a 20 µL aliquot of TNM at one end of the chamber and as-

pirating an equal volume from the other end. A similar flushing procedure is used to introduce TNM

with 1% oPOE detergent or TNM with 1% oPOE detergent and receptor LamB.

4.2.5 Recording Holograms

Time-series of holograms are typically recorded with a frame rate of 100 Hz and an exposure time

of about 6 ms. We use a total field of view of 33 µm × 33 µm to simultaneously track hundreds of

phages. Higher frame rates (over 1,000Hz) can be obtained with a narrower illumination beam and a

smaller field of view. Background images, representing the reference beam intensity and any scattering

that arises from imperfections along the optical path, are obtained by taking the time median of 10–

4,000 frames when the phages are either not present or while they are moving distances larger than

the spacing between hologram fringes. We set the focal plane of the microscope slightly below the

coverslip so that the coverslip is still in focus. In this configuration, the central fringe of the holograms

has its maximum intensity when the head of the phage is adsorbed to the coverslip.

4.2.6 Image processing and data analysis

All of our image processing and data analysis operations are carried out using the Python program-

ming language with Numpy77 and Scipy78 extensions. After obtaining the raw data, we reduce the

fringe noise by using a spatial bandpass filter (Fourier radial step filter, keeping features of size 0.5–

5 pixels) on the raw holograms and then dividing themby a background imagewith no phage present.

The remaining noise in the image is primarily shot noise (root-mean-square intensity of 0.006 relative
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to background). When a higher signal-to-noise ratio is desired we decrease the shot noise intensity by

averaging subsequent frames.

Note that this image processing routine is different from that described in Chapter 3. We use a

bandpass filter insteadof the flat-fielding technique. While bothmethods reduce the amountof spatial

noise in the image, a bandpass filter changes the intensity of holograms relative to the background if

the background intensity varies significantly across the field of view. This change in intensity is not

significant for the experiments in this chapter because the incident beam diameter is 3 times as large as

the field of view, but it is significant for the smaller beam diameters and fields of view described in the

subsequent chapters, which necessitated the use of the flat-fielding technique detailed in Chapter 3.

To track phages in-plane, we identify the center of the bright central fringe of the hologram by

fitting it to a 2D Gaussian using the software package TrackPy.79 We estimate the positioning uncer-

tainty using fixed phages, as described in Section 4.3.1. To track the out-of-planemotion of the phage,

we use the Hough-transformmethod80 implemented in the software package HoloPy81 to locate the

center of the ring pattern recorded in each frame.

Interpreting the holograms and extracting information about the position andmass of individual

phages requires a model of hologram formation (Figure 4.2 panels B and C). We model phage λ as a

Rayleigh scatterer with its center coincident with the center of the phage head. We assume that the

tail does not contribute significantly to the scattering. These approximations are supported by the

observations that the diameter of the head is much smaller than the wavelength of the scattered light

and that the head contains roughly 90% of the total mass of the phage. We take the mass of the DNA

in the head to be 32 MDa, the total mass of protein in the head to be 22 MDa, and the total mass

of protein in the tail to be 7 MDa (Figure 4.2B), based on the protein interaction map described in

Rajagopala et al.76

The intensity of the circular fringes of the hologram recorded by the camera (Figure 4.2D) is

I = Ir+Is+2
√
IrIs cosϕ, where Ir = RIi andϕ is the phase difference between the planar reflected
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wavefronts and spherical scatteredwavefronts. 16,23,43,46,47,50,70,71 After background divisionwe obtain

the normalized hologram H = I/Ir ≈ 1 + 2
√

Is/Ir cosϕ, where we have dropped the scattered

intensity term, which is negligible compared to the interference term. For our model of phage λ as a

Rayleigh scatterer,27 Is = Ii[π
2/(2(λ/nw)

4)](α2/r2)and ϕ = k(r + z + zf), where α is the total

polarizability of the phage head, z is the height of the phage above the focal plane, zf is the distance

from the focal plane to the water-coverslip interface, r =
√

x2 + y2 + z2 is the distance from the

phage to a given point in the focal plane, and k = 2πnw/λ. The resulting normalized hologram is

H ≈ 1 +
π
√
2/R

(λ/nw)2
α

r
cos k(r + z + zf), (4.1)

where we have assumed that the objective and tube lens simply relay the magnified hologram to the

camera.72,73,82

Equation 4.1 shows how a single hologram, which records both the phase and the intensity of

light scattered from the sample,71,72,73,82 encodes the 3D position and the DNA content of unlabeled

phage. The DNA content can be inferred from the total polarizability (α), which depends on the

mass of the capsid and themass of theDNA.27 Wemeasure the relationship betweenα and theDNA

content of the phage in Section 4.3.2, below. Thus, the 3Dposition andDNAcontent can be sampled

at rates limited only by the illumination intensity and frame rate of the camera.

Most non-interferometric scattering methods cannot detect phages because the intensity of the

scattered light scales as the square of the polarizability α, which is small. Such weak scattering is diffi-

cult to detect unless the background is extremely uniform. 15 In interferometricmethods such as holog-

raphy, the signal intensity relative to the reference beam intensity scales linearlywithα, making it easier

to detect weak scatterers.

The normalized intensity of a reflection-mode hologram is further enhanced because the refer-

ence wave is attenuated relative to the incident beam, owing to the low-intensity reflection from the
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coverslip–water interface. The attenuation of the reference beam ensures that shot noise does not

overwhelm the interference fringes of the phage. Furthermore, the fringes of reflection-mode holo-

grams invert when the scatterer moves in the axial (z) direction by just a quarter of the illumination

wavelength inmedium (76 nm), as seen from the cosine term of Equation 4.1. The strong dependence

of fringe intensity on z gives rise to the excellent axial precision previously reported with reflection-

mode holographicmicroscopes.71,82 Below, we describe howwe use ourmodel of the phage hologram

to infer the orientation and DNA content of the phage.

4.3 Results and Discussion

4.3.1 Phage motion

First we examine the motion of individual λ phages near functionalized glass surfaces. Recent single-

particle trackingmeasurements 14,65 of fluorescently labeled λphages in solutionwith livingE. coli have

revealed both reversible and irreversible binding between the tail of the phage and the anisotropic dis-

tribution of LamB receptors that populate the bacterial surface. These measurements have raised a

number of questions concerning the fast kinetics of both specific binding (interactions between the

tip of the tail of the phage and the cellular receptor) and nonspecific binding (between any part of

the phage and any portion the cell surface) and the related problem of how phages identify and ori-

ent about the final ejection site. While the surfaces we feature are not biological, the recorded tracks

demonstrate that a surprisingly rich variety of phage-surface interactions can be resolved on short time

scales.

The types of interactions we observe depend on both the surface functionalization and the buffer

conditions. We find that phages inTNMbuffer are bound tobutnot completely immobilizedonnon-

functionalized glass that was cleaned either by heating in Alconox detergent 18 or by pyrolysis (PYRO-

CLEAN, Tempyrox Co.) followed by sonication in ultrapure water for 30 min. We infer the motion
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Figure 4.3: Representative in-plane tracks of phagesmoving along coverslipswith different functionalizations in
different buffer solutions; 34.7 s of each track is shown. When there is no detergent in the buffer the holograms
are recorded at 10 Hz with a 28-ms exposure. When there is detergent the frame rate is 100 Hz with a 6.5-ms
exposure. The gray arrow points to a circular portion of the track.

of the phages from the recorded holograms, which show fluctuating fringe patterns. We interpret

these fluctuations as arising from motion of the head of the phage perpendicular to the surface on

time scales shorter than our 1 ms exposure time. We attribute this perpendicular motion to phages

that are adsorbed to the glass only by their tails, with their heads subject to thermal motion above the

surface. This interpretation is discussed in more detail at the end of this section.

To obtain higher quality holograms, we functionalize the coverglass with APTES to produce an

electrostatic attraction between the negatively charged phage75 and the positively chargedAPTES sur-

face. On APTES-functionalized glass we find that phages in TNM buffer produce holograms with

stable fringe intensity. However, the fringes typically translate between frames (Figure 4.3, left), con-

sistent with phages moving slowly across the APTES surface with their heads down. The addition

of 1% oPOE detergent to the TNM buffer solution increases the general mobility of the phages (Fig-

ure 4.3, right) as well as the frequency of large displacements between frames. In addition to the large

numbers of mobile phages, we also observe a few phages that appear to be immobilized on the sur-

face. We quantify our tracking precision bymeasuring the standard deviation of the tracked positions

of an immobilized phage.83 The tracking precision is 5.6 nm with a standard deviation of 1.4 nm for

holograms recorded at 100 Hz with a 6.5 ms exposure time.

For phages on APTES-functionalized glass in TNM with 1% detergent, about half of the tracks
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have segments that are constrained along the perimeter of a circle (see the portion of the track indicated

by a gray arrow in Figure 4.3). In some cases the circular track lasts many tens of seconds, and in each

case the radius is roughly 180 nm. For example, Figure 4.4A shows a circular track with a radius of

180± 12 nm. We therefore infer that these tracks represent the head of the phages diffusing in a circle

with the tip of the tail immobilized at a point, as illustrated in Figure 4.4B, arrow 2. The 180 nm

radius of the circular tracks is consistent with the coarse structural model of phage λ where the head

radius measures between 30 and 35 nm (depending on orientation of the facets) and the tail length

is between 150 and 165 nm (depending on the fine structure of the tip). Additionally, the agreement

between the radius of the circular tracks and the distance of the head from the tip of the tail validates

our optical model of the phage as a Rayleigh scatterer positioned at the center of the head. However,

thewidthof the distributionofmeasured radii is larger than the trackingprecision,whichmight reflect

the flexibility of the tail or indicate that the tip of the tail is moving slightly across the surface. The

observation that certain tracks show segments of circular motion in between segments of random

unconfined motion (illustrated in Figure 4.4B 1) demonstrates that tail binding is reversible.

We also find that phages occasionally stand up on their tails (illustrated in Figure 4.4B arrow 3) on

APTES-functionalized glass in TNMwith 1% detergent. Figure 4.4C shows the track of such a phage.

For the first 4 s of the track, the phage traverses the coverslip with its headmostly on the surface (black

track) and its tail not bound. During this time the normalized central fringe intensity, which is mea-

sured by averaging the intensity within a 100 nm radius of the center of the normalized hologram, is

1.043with a standarddeviationof 0.004 (Figure 4.4 panelsDandE, black). For thenext 30 s, the phage

remains within a 180 nm radius. During most of this 30 s window, the phage hologram has a darker

center and the fringe pattern is blurred (red track): the normalized central fringe intensity is 1.002with

a standard deviation of 0.007 (Figure 4.4 panels D and E, red). A dark center fringe indicates that the

phage head is above the coverslip (see Section 4.2.6), and a broad distribution of the normalized cen-

tral fringe intensities in time suggests movement perpendicular to the coverslip. The blurring of the
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Figure 4.4: Tracking λ phages on APTES-functionalized coverglass in TNM buffer with detergent. Videos are
recorded at 100 Hz with a 6.5-ms exposure. (A) 40.95-s in-plane circular track of a phage with the tip of its tail
adsorbed to the coverslip. (B) Illustration of a phage (1) moving parallel to the surface with its head down and
its tail not bound, (2) moving with its head down and the tip of its tail fixed at a single point, (3) standing up
on its tail. (C) 34.53-s track of a phage moving with its head on (black) and off (red) the coverslip. Insets show
holograms when the phage is on and off the coverslip. A phage is determined to be off the coverslip when its
normalized central fringe intensity is below1.03, as determined from(D)Thenormalized central fringe intensity
of the hologram at each frame of the video. (E) Histograms of the normalized central fringe intensity when the
phage head is on (black) and off (red) the coverslip.
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hologram further suggests that the perpendicular movement occurs on time scales shorter than the

exposure time. Taken together, these observations are consistent with the phage standing up. While

standing, the head is shuffled about by thermal motion above the coverslip and the tail is fixed at a

single point on the surface.

We note that the in-plane tracking precision is significantly degraded for phages that are standing

up because the holograms are blurred. We are not able to quantify the tracking precision for standing

phages by measuring the standard deviation in the position of an immobilized phage, as is done for

phages with their heads on the surface, since standing phages are continuallymoving. Instead, we esti-

mate the tracking precision by locating the center of the hologram by eye and measuring the distance

from the center to the tracked position. In this way we estimate the upper bound on the tracking

precision to be 100 nm.

Returning to the case of the bare glass coverslip, we conclude that the majority of the phages

are standing up with their tails bound securely to the glass. This observation is consistent with the

presence of electrostatic repulsions between the head of the phage and the coverglass, which are both

expected to bear negative surface charges at neutral pH. Furthermore, the observation that the heads

of phages bind readily to the positively charged APTES-functionalized coverslip suggests that electro-

statics might play a significant role in how phages attach to surfaces, but additional experiments in

which the ionic strength of the buffer is varied are necessary to test this hypothesis.

The observed dynamics demonstrate that holographic microscopy can be used to measure the

orientation of phages on a surface at biologically relevant time scales. Information about the orienta-

tion allows us to distinguish tail-surface binding from head-surface binding and unbinding, and thus

enables measurements of the kinetics of phage adsorption in the presence of specific and nonspecific

interactions. Performing similar experiments with a supported lipopolysaccharide bilayer containing

the appropriate receptor proteins that mimics the outer membrane of Gram-negative bacteria may

further elucidate the target-finding mechanisms that precede irreversible binding and DNA ejection
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for a variety of different long-tailed phages.

4.3.2 DNA ejection

Here we demonstrate that holographic microscopy can be used to resolve the dynamics of DNA ejec-

tion from individual phages. The kinetics of DNA ejection has been the subject of a number of the-

oretical84,85 and computational86,87,88 studies, and has been treated experimentally both in vitro 18,66

and in vivo.68,89 In general, ejection of the initial portion of DNA from the phage into the bacterium

is driven by the internal stress associated with the dense packing of DNA in the capsid.84,90,91 DNA

ejection from certain phages into bulk solution can be triggered spontaneously by the addition of a

receptor that is made soluble by incorporating it into detergent micelles. This in vitro ejection process

has been the subject of a number of bulk60,61,64,92,93,94 and single-molecule 18,66,67,68,95,96,97,98 studies.

Most recently, single-molecule fluorescence microscopy 18,66 was used to measure the time scale for

the DNA to translocate from the capsid of phage λ into solution: it was found that the DNA ejects

completely and continuously in 1 to 10 s, depending on the concentrations of monovalent (Na+) and

divalent (Mg2+) ions in solution.

The smooth ejection profile previously measured for phage λ 18,66 is distinct from that of phage

T560,67 which ejects its DNA in a number of bursts separated by long pauses that are thought to

be associated with the reconfiguration of the DNA inside the capsid.98 It is not currently knownwhy

such long pauses are not seen for phage λ. However, it is possible that smaller fluctuations in the rate of

ejectionmay be present but not resolved by the low (4Hz) frame rates of the previous measurements.

We resolve the kinetics of DNA ejection with higher (100 Hz) time resolution by measuring the

decrease in the intensity of the phage hologram that occurs as DNA exits the capsid. To character-

ize the reduction in intensity following ejection, we record holograms of DNA-full and DNA-empty

phages in the same sample chamber (see Section 4.2.1). The two types of phages are readily distin-

guished (Figure 4.5A). We measure the normalized central fringe intensity of 10 holograms of 10 dif-
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ferent DNA-full phages and find a mean value of 1.035 with a standard error of 0.002 (Figure 4.5B).

We perform a similar measurement on DNA-empty phages (mass relative to full phage of 0.41) and

find a mean value of 1.014 with a standard error of 0.001 (Figure 4.5B). A plot of these values, along

with the normalized intensity over a comparable area of the coverslipwithout any phage (relativemass

0.0), reveals a linear relationship between the normalized central fringe intensity and the relative mass

of the phage head. We also compare line scans (Section 4.5) of the holograms of full and empty phages

and find that the scans are consistent with the same linear relationship. While fully determining the

relationship between the central fringe intensity and the total mass of the head will require additional

measurements of phages containing varying amounts of DNA, we assume here that the two are di-

rectly proportional because this is the simplestmodel that is consistentwith the data. This assumption

implies that the polarizability per mass of the capsid is roughly equal to that of the DNA, in contrast

to the results of previous bulk light scattering measurements by de Frutos et al.60 on a different phage

(T5) using 633 nm light.

Because motion of the phages on the coverslip makes measurement of the normalized central

fringe intensity difficult, we increase the fraction of immobile phages by partially passivating the

APTES surfacewith an incomplete coating of covalently boundPEG; our interpretation is that phages

can adsorb to sparse defects in the PEG layer but cannot explore the neighboring PEG-coated surface

(Figure 4.3, bottom).

We image the dynamics of DNA ejection by first flowing TNMbuffer with detergent solubilized

LamB over the phages and then recording holograms at 100 Hz for tens of minutes. We observe a

small number of phage holograms whose normalized central fringe intensities smoothly decrease by

an amount corresponding to the difference between DNA-full and DNA-empty phages. The ob-

served decreases in intensity occur over approximately 7 s, a time scale consistent with that obtained

in previous studies 18,66 performed under different concentrations of Na+ and Mg2+ ions. Further-

more, we do not observe any such events in the absence of LamB, leading us to conclude that the
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Figure 4.5: Phages stuck securely to a APTES–PEG functionalized coverslip eject their DNA upon interaction
with the receptor proteinLamB.Holograms are recorded at 100Hzwith an exposure time of 6ms. (A) 10-frame
averaged holograms of phages before (top) and after (bottom) ejecting their DNA. The normalized intensity is
indicated in the legend in the lower hologram. (See Section 4.5 for line scans of these holograms.) (B) The
normalized central fringe intensity of full phages, ejected phages, and no phages as a function of themass of the
head relative to that of the full phage. Error bars represent the standard error on the mean. (C) The fraction of
DNA in the capsid during one ejection event is plotted in light gray. The dark gray curve is a 10-frame moving
average of the data. The black curve is a 100-frame moving average. (D) The fraction of DNA in the capsid
during five separate ejections using a 10-frame moving average. The black curve corresponds to the data in
Figure 4.5C.
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changes in intensity are indeed due to DNA ejections.

Only a few percent of the phages that are bound to the surface eject their DNA within 30 min of

adding LamB. However, in bulk, the majority of phages eject within the first 10 min under identical

solution conditions (see Section 4.2.1). While we did not directly investigate the cause of this discrep-

ancy, it is possible that the tail-surface interactions that we describe above (see Section 4.3.1) interfere

with the initiation of ejection.

We quantify the amount of DNA remaining in the phage as a function of time by exploiting the

proportionality between the normalized central fringe intensity and the number of DNA base pairs

remaining in the capsid. We show in Section 4.5 that the ejected DNA outside of the phage does not

generate appreciable scattering, as was previously shown by de Frutos et al.60 Figure 4.5C shows the

inferred DNA content as a function of time for one ejecting phage. The vertical axis is linearly scaled

so that the time-averaged value of the normalized central fringe intensity of the phage hologrambefore

ejection corresponds to aDNA-fractionof 1, and the time-averaged intensity after ejection corresponds

to aDNA-fraction of 0. Themain contribution to the noise in our holograms is shot noise and, when

averaged over the area of the central fringe, the root-mean-square shot noise intensity is 0.002. Given

that the difference in intensity betweenDNA-full andDNA-empty phages is 0.021 (Figure 4.5B) and

the length of the DNA is 48.5 kbp, the shot noise contributes a measurement uncertainty of 4.2 kbp

per frame. The shot noise intensity can be diminished by averaging subsequent frames (Figure 4.5C),

giving a measurement uncertainty of 1.3 kbp with a 10-frame average, and 0.4 kbp with a 100-frame

average.

We repeat the experiment in order to recordmany tens of ejection events, five of which are plotted

in Figure 4.5D. The curves are offset horizontally so that they all overlap at the point where half of the

DNA remains in the capsid. The similarity between the separate curves confirms that they are repre-

sentative of the same general ejection process. Determining whether there are fine-scale fluctuations

in the instantaneous rate of ejection or significant differences between the shapes of the curves that
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might reflect the presence of non-equilibrated conformations of the packed DNA98,99,100,101 will be

the focus of future work.

4.4 Conclusions

Ultimately, a combination of complementary time-resolved techniques will be required to fully ad-

dress some of the longstanding questions about the early stages of the bacteriophage life cycle. Here

we have demonstrated that holographic microscopy may be able to help address such questions. We

have shown that the technique can be used to infer—with high temporal resolution (100Hz) and long

duration (tens ofminutes)—the position andorientation ofmanyunlabeled λ phages interactingwith

a surface. The technique is capable of localizing the in-plane position of mobile phages to a precision

of about 5 nm. The precision of out-of-plane measurements is sufficient to infer the head–tail orien-

tation of the phage with respect to the surface. In addition, the technique can be used to measure the

DNA content of immobilized phages and to resolve the kinetics of DNA ejection with a precision of

4.2 kpb per frame.
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4.5 Appendix: Line Scans of Holograms

In Figure 4.6 we show line scans of the normalized holograms of the full and empty phages from

Figure 4.5A in the main text. We show a horizontal and a vertical line scan of each hologram because

the holograms are asymmetric owing to the slight tilt of the illumination beam. Additionally, we

generate a hologramof theDNA in the capsid by dividing the hologramof a phage just before ejection

by its hologram just after ejection. The ejecting phage we use to generate this hologram is the phage

that produced the green curve in Figure 4.5D of the main text. This particular phage is chosen for

comparison because the focal plane of the microscope during this ejection is most similar to the focal

plane used when recording the full and empty phage holograms. Line scans of this DNA hologram

are shown in Figure 4.6A along with those of the full and empty phages.

In Figure 4.6B we show the line scans from Figure 4.6A scaled by the mass of each phage head.

For the full and empty phages the scaled line scans are calculated by subtracting off the background

and dividing by the mass of the phage head,

ff,e =
Hf,e − 1

mf,e
.

Here ff,e is the interference pattern from the full (f) or empty (e) phage normalized by the phage head

mass,Hf,e is the hologram of full or empty phage divided by an image of the reference beam, andmf,e

is the phage head mass (mf = 54 MDa and me = 22 MDa). When calculating the scaled line scans

for the DNA hologram, we must include the contribution of the empty phage,

fDNA =
HDNA − 1

mf −meHDNA
.
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A

B

Figure 4.6: Vertical (left) and horizontal (right) line scans of holograms. A 10-frame time average was used for
each hologram. Error bars represent the root-mean-square intensity of shot noise. Line scans of a full phage
are plotted in red, line scans of an empty phage are plotted in black, and line scans of the DNA hologram are
plotted in blue. A: Line scans of normalized holograms. B: Line scans of the hologram interference patterns
scaled by the mass of the head of the phage.
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Here HDNA is the hologram of a phage just before ejecting its DNA divided by the hologram of the

same phage just after it has ejected its DNA.

The scaled line scans are similar to one another, particularly for the central fringes. Based on our

hologrammodel for Rayleigh scatterers given in Equation 4.1 of the main text, we expect the interfer-

ence patterns of different scatterers to be equivalent after scaling each by its total polarizability. The

fact that the line scans of the different phage holograms overlap when scaled by the phage head mass

supports our optical model of phage λ as a Rayleigh scatterer and suggests that the total polarizability

is proportional to the mass of the head of the phage. Moreover, the excellent overlap between the

central fringes of all 3 scaled interference patterns supports our choice to use the normalized central

fringe intensity as a measure of the DNA content of phages during ejection. The agreement of the

scaled fringe pattern from the DNA hologram with those of the empty and full phages also indicates

that ejected DNA does not significantly contribute to the hologram after ejection.
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The Eve Virus

Looks like sugar.
Let it enter.
You are not sugar.
Your shell falls off.

You are a string.
You get too big.
You cannot fit.
I cannot fit?

You make me carry.
You make me more.
I carry all.
We both fit well.

You stay in me?
I stay with you.
This is our life.
You make me more?

I am unwell.
I make a shell.
I make another.
Then they are strings.

I do not fit.
The shells are you.
You cut the membrane.
I’ll let you out.

–Amanda Auerbach, Conjunctions
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5
Measuring The Assembly Kinetics of

Scaffolded HIV-1 Gag Protein Shells

In this chapter I describe our experiments on the assembly of shells of Gag proteins that form the cap-

sid of the HIV-1 immature virion. These are the first assembly experiments we performed. The Gag

shells are much more massive and hence much brighter in an interferometric scattering microscope

than the single-stranded RNA virus capsid we investigate in the following chapter. These bright as-

semblies not only serve as a test system that enables us to fine-tune our microscope to follow the as-

sembly kinetics of small RNA viruses, but they also exhibit interesting assembly kinetics.

The work described in this chapter was conducted jointly with Dr. Rees Garmann. Drs. Pooja

Saxena and BogdanDragnea supplied the sample materials used in this chapter (see Section 5.2.1) and

assisted with the conception of the experiments and the interpretation of the results. A small portion
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of the work in this chapter is published online in a preprint [R. F. Garmann,∗ A. M. Goldfain,∗ and

V.N.Manoharan, “Measurements of the self-assembly kinetics of individual viral capsids around their

RNA genome.” arXiv, 1802.05211, (2018)]. ∗Equal Contribution.

5.1 Introduction

Unlike the capsids ofmany viruses, which canbemonodisperse andhighly symmetric, 102,103 the capsid

of the immatureHIV-1 virion is irregularwith large defects. 104,105 The immatureHIV-1 capsid ismade

ofmany copies of theGag protein. The number ofGag proteins in an immature capsid and the sizes of

these capsids varies significantly; immature capsids have between 3,000 and 11,000 proteins and range

from120–250nm indiameter. 106,107 In the immatureHIV-1 capsid theGagproteins formahexagonal

unit cell, but because a hexagonal lattice cannot form a closed shell, the shell must incorporate defects.

TheGag shell incorporates these defects as large gaps in the hexagonal lattice. 104 The enclosed genome

cannot escape through the gaps because the shell is enveloped in a lipid membrane.

In the shell of an immature HIV-1 particle, the rod-like Gag proteins and point radially outward,

and although they form a hexagonal unit cell, they are not arranged in a simple, close-packed lat-

tice. Each unit cell consists of a hexagon of 6 Gag proteins with a hole in the center, as shown in

Figure 5.1A. 104,105

Each Gag protein is composed of multiple domains (Figure 5.1B). The MA domain is thought

to bind to the host cell membrane during an infection, the CA domain is thought to control the in-

teractions between Gag proteins, and the NC domain binds to the viral genome. 108 The interaction

between the NC domain and nucleic acid is partly due to electrostatics, and consequently the NC do-

main can bind both RNA and DNA. 106,109,110,111 There are also two spacer regions, SP1 and SP2, and

a terminal region called P6 (not shown in Figure 5.1B). The Gag proteins in shells are oriented with

their MA domains pointing outward and the P6 and NC domains pointing inward.
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Although the assembly of HIV-1 capsids has been investigated in vivo using fluorescence mi-

croscopy, 19,112,113 these studies have not determinedmany details of the assembly process. As described

in Chapter 1, researchers using total-internal-reflection fluorescence microscopy found that immature

HIV-1 capsids assemble at the membrane of their host cell just before they bud from the cell. 19 These

experiments resolved the sequence by which the different components of the immature capsid gather

at the membrane, but could not quantify the amounts of each, and thus could not provide a quanti-

tative description of the assembly process. 19 In separate experiments, researchers tracked fluorescently

taggedGag proteins during an infection and found that before any assembly occurs on themembrane,

the amount of Gag present in the cytoplasmmust reach a concentration on the order of 0.5µM. 112,114

Upon reaching this concentration, low-order Gag multimers (for example, dimers, trimers, etc.) that

are associated withRNA are observed in the cytoplasm, and shortly thereafter higher order assemblies

(which eventually bud and become immature virions) are observed at the cell membrane. 112,114 This

observation suggests the hypothesis that low-order Gag multimers, and not Gag monomers, nucleate

the assembly process and add to the assembling lattice, 113,114 which is interesting because a close in-

spection of the Gag lattice reveals it can form by the addition of monomers, dimers, trimers, and/or

hexamers of Gag proteins (Figure 5.1A).

Complementary in vitro assembly experiments that use mutated Gag proteins have investigated

the interactions involved in the assembly of Gag shells. The results of these experiments also suggest

that low-order multimers of Gag may be the subunits that add to growing shells. Datta and cowork-

ers 115 have shown that Gag proteins exist not just as monomers in solution, but as monomers in equi-

libriumwith either dimers or trimers, depending on the particular Gag mutant and the solution con-

ditions. In all cases the association constant is approximately 5 µM. Because this concentration is not

much larger than the concentration needed to initialize Gag shell assembly in vivo, these results sup-

port the idea that low-order Gagmultimers form just before participating in the assembly of the shell.

Other in vitro studies take advantage of the remarkable ability of Gag shells to assemble in vitro
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from nucleic acids and Gag proteins. Researchers have found that monomers of Gag proteins lack-

ing their P6 domain (ΔP6) are U-shaped in solution with the MA domain near the NC domain, 116

but they must straighten into rods in order to assemble into shells. 117 To fully straighten they must

interact with a membrane (or phosphoinositides), RNA, and other Gag molecules. 110,118 Only with

all three of these interactions can Gag proteins form shells that have sizes similar to those of wild-type

immature virions. 117 By contrast, Gag proteins lacking their P6 domain and most of their MA do-

main (ΔMA-CA-NC-SP2) are rod-like in solution, 115 and require only the presence of nucleic acid to

form properly-sized shells. 106,111 These proteins form properly-sized shells around free DNA in solu-

tion 106,111 and around spherical DNA scaffolds, 13,119 but it is not known if they bind to nucleic acid as

monomers or multimers.

Despite all of the progress that has beenmade toward understanding howGag shells assemble, ba-

sic features of the assembly process remain unknown. As alreadymentioned, we donot knowwhether

Gag monomers or low-order multimers are the subunits that add to the assembling shell. 114,117 But

more generally, two distinct assembly pathways have been proposed for the assembly of virus capsids,5

and it is unknown which (if either) of these pathways is operative. 108 One is an en masse pathway in

which the viral proteins rapidly adsorb to the viral genome in a disordered state before reorganizing

into the final ordered shell. A simple Langmuir binding process quantitatively describes the adsorp-

tion step if the time scale for the rearrangement of the proteins is significantly longer than the adsorp-

tion time scale.4 The other is a nucleation-and-growth pathway in which the proteins do not bind to

the genome in large numbers until after a critical, ordered nucleus forms. After nucleation, an ordered

shell grows rapidly.

Here we directly follow the assembly of individual Gag shells in vitro in order to determine the

assembly pathway. We use themodel system described by Saxena et al. 13 in which ΔMA-CA-NC-SP2

Gag proteins assemble aroundnucleic acid scaffolds that consist of a 60-nm-diameter spherical particle

coated with single-stranded DNA oligonucleotides, as shown in Figure 5.1C. The scaffold is synthe-
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Figure 5.1: An overview of our setup for investigating Gag shell assembly. (A) The lattice in Gag shells. A
hexamer, a trimer, and a dimer are highlighted. These are all potential subunits that add to the lattice. (B) A
cartoon of the ΔMA-CA-NC-SP2 Gag protein. (C) A cartoon of Gag proteins assembled around a spherical
DNA scaffold. DNA is in green. (D) A cartoon of our assembly experiment. We tether DNA scaffolds to a
coverslip with a DNA linkage, illuminate the sample with light from below, and record the interference pattern
between light that reflects from the coverslip and light that scatters from Gag shells that grow around the scaf-
fold. (E) Interferometric scattering images of a DNA scaffold (top) and a fully assembled scaffold-Gag particle
(bottom) adsorbed to an aminosilane-functionalized coverslip. Both images are shownwith a 10-frame average.
The gray scale indicates the normalized intensity.

sized from a bacteriophage P22 procapsid whose exterior surface is covalently linked to approximately

150 copies of a 12-base DNA oligonucleotide ([AC]6) that is hybridized to an additional 80-base-long

oligonucleotide ([GT]10[GGTT]15). The ΔMA-CA-NC-SP2 Gag proteins are approximately 15 nm

long. Mixing Gag and scaffold at neutral pH and moderate (100 mM) ionic strength leads to the self-

assembly of Gag shells around the scaffolds. 13 Within each shell, approximately 2400 Gag molecules

form a hexagonal lattice. 13 Unlike immatureHIV-1 capsids, which have large gaps in theGag shell, the

scaffolded Gag shells are thought to instead have small scars or point defects that allow the hexagonal

lattice to adopt an approximately spherical shape. 13 Additionally, the scaffolded assemblies are much

more monodisperse than wild-type immature capsids or shells assembled in vitro around free nucleic

acid, because the scaffold is monodisperse. 13 Because of this monodispersity as well as the ability to

assemble without amembrane, the system is amodel for understanding how theGag-nucleic acid and

Gag-Gag interactions drive the assembly of Gag shells.

We use interferometric scattering microscopy to follow the assembly of individual Gag shells. We

tether theDNA scaffolds to a coverslip surface using aDNA linkage, introduceGag protein, and then
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record videos of the shell growing. Interferometric scattering microscopy is a wide-field, reflection-

mode holographic imaging technique that uses visible-wavelength light to detect weakly scattering

nanoparticles in solution near a microscope coverslip. 11,12 An objective collects back-scattered light

fromparticles in solution (intensity Is), alongwith light that reflects from the coverslip-water interface

(intensity Ir) (see Figure 5.1D). The scattered and reflected light coherently interfere and a camera

records the resulting hologram, which has intensity I = Ir + Is +2
√
IrIs cosϕ, where ϕ is the phase

difference between the reflected and scattered light.

Because the scaffold-Gag assemblies are smaller than the wavelength of light, the interferometric

scattering image of a shell is a diffraction-limited spot (Figure 5.1E) with an intensity that depends

on the number of proteins in the shell. The normalized intensity of the spot, Inorm = I/Ir − 1 is

proportional to the total polarizability of the assembling particle, 12 which is approximately the sumof

a protein component and a component from the scaffold. Because continuous background correction

in our measurement renders the scaffold component invisible, our final signal depends only on the

total number of proteins that have adsorbed. Thus, while the images give no information about the

spatial organization of subunits within the growing Gag shell, the intensity of the recorded images

provides a quantitative measure of the number of proteins associated with the structure as a function

of time.

By simultaneously following the assembly of many Gag shells, we find that the assembly kinet-

ics are consistent with an en masse assembly pathway, but the Gag proteins likely do not bind to the

scaffolds as monomers. We also confirm that the interaction between the DNA scaffold and Gag pro-

teins is largely electrostatic, and find that some of the proteins in the Gag shell bind irreversibly to the

scaffold on the time scales of our experiments, while others bind transiently.
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5.2 Experimental Section

5.2.1 DNA scaffolds and Gag proteins

Pooja Saxena and Bogdan Dragnea provided us with the DNA scaffolds and ΔMA-CA-NC-SP2 Gag

proteins. Reference 13 describes the synthesis procedure for both. The DNA scaffolds were supplied

in what we call the “standard assembly buffer” (25 mMTris-HCl; 75 mMNaCl; pH 7.5) at a concen-

tration of 1 mg/mL. The mutated Gag proteins were supplied in a high-salt buffer (50 mM HEPES;

500 mM NaCl) at a concentration of 52 µM (2 mg/mL). We store the DNA scaffolds at 4 °C. We di-

vide theGag solution into small aliquots and store them at -80 °C. To perform experiments, an aliquot

of Gag is thawed and used within one day without being refrozen.

Note that the 12-base oligonucleotide on the DNA scaffold has a fluorescent tag (6‐carboxyfluo-

rescein) on its 3’ end. This tag is used to help characterize the DNA scaffold upon synthesis, but we

do not use it in our experiments.

5.2.2 The Apparatus

We use the interferometric scattering microscope with 3D active stabilization described in Chapter 3.

We use the 635-nm imaging diode for all experiments with Gag proteins because we found that the

Gag proteinsmay be damaged by both 405-nm light and 450-nm light at the 0.3 kW/cm2 illumination

intensity required to recorddata at 100Hz (see Section5.5.1). Whenperforming assembly experiments

with Gag (Section 5.2.4) we use the 635-nm laser with an illumination intensity of approximately

0.1 kW/cm2. The total field of view at the camera is 200 pixels× 200 pixels (14µm× 14µm). Because

the diameter of the illumination beam is only about 10 µm, the recorded field of view is larger than

the illuminated region of the sample. We use data only from the portion of the field of view that is

illuminated by at least one quarter of the maximum illumination intensity.
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We use #2 thickness, 24 mm × 60 mm rectangular glass microscope coverslips from Globe Sci-

entific, Inc. and the procedure detailed in Chapter 3 to passivate and functionalize them. We attach

short, 20-base single-stranded DNA oligos to 1 out of every 100 of the PEG molecules. The sequence

of the surface-bound DNA is 5’-(DBCO)-AACCAACCAACCAACCAACC-3’, which is complementary

to the outermost DNA strand on the DNA scaffold. We also bind passivated 30-nm gold particles

to the surface to use as tracer particles for in-plane active stabilization of the coverslip, as described in

Chapter 3.

We use the flow cells described in Chapter 3 as sample chambers for the assembly experiments.

We inject 10 µL at a time when we inject buffer into the imaging chamber.

We use the flat-fielding technique described in Chapter 3 with σ1 = 6 pixels and σ2 = 12 pixels.

5.2.3 Specificity of scaffold-coverslip binding

We confirm successful functionalization by testing howwell the coverslips are passivated against non-

specific binding and howwell they can specifically bind theDNA scaffolds. We add theDNA scaffolds

to two different coverslips, each of which is functionalized with a different 20-base DNA strand. One

coverslip is functionalized with the [AACC]5 sequence mentioned in the preceding section, which is

complementary to the outermost DNA strands on the scaffolds, while the other coverslip is function-

alized with a [GGTT]5 sequence, which is not complementary to the DNA on the scaffolds.

We find thatmore of theDNAscaffolds stick to the glasswith the complementaryDNAsequence.

In these experimentswe do not use a flow cell. Instead, we use a “lean-to” sample chamber as described

in Chapter 3. Also, for these experiments (and these experiments only) we use 405-nm light for the

illumination and a larger field of view (40 µm× 40 µm) because these experiments predate the addi-

tion of the 635-nm diode and the reduction in field of view. We perform the experiments by filling the

sample chamber with a 10 µg/mL solution of the DNA scaffolds in the standard assembly buffer and

then counting the number of particles that bind each coverslip over a 3-min period while recording
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videos at 10Hz. We find that 9 particles bind to the glass with non-complementaryDNA and 40 bind

to the glass with complementary DNA. Thus, while some particles can bind nonspecifically to the

glass, most of the particles that bind do so through the specific DNA linkage

5.2.4 Assembly Experiment Procedure

For the assembly experiments, we first fill a flow cell with hybridization buffer (50 mM Tris-HCl;

200 mM NaCl; 1 mM EDTA), focus the microscope onto the coverslip, and begin the out-of-plane

active stabilization control loop. Then we locate a 30-nm gold particle within 50 µm of the center of

the imaging chamber and start the in-plane active stabilization control loop. With the setup actively

stabilized in all three dimensions, we inject 50 µg/mL of the scaffolds in hybridization buffer and

record a short movie of them adsorbing to the coverslip. Before injecting the scaffolds, we dilute them

20× in hybridization buffer. After 10–100 scaffolds bind, we flush the imaging chamber by injecting

120 µL of assembly buffer through the chamber over the course of 12 min. The standard assembly

buffer we use contains 25 mM Tris-HCl and 75 mM NaCl. In Section 5.3.2, we discuss the effect

of changing the NaCl concentration. After flushing the imaging chamber with assembly buffer, we

start recording a movie and inject a solution of Gag proteins in assembly buffer starting 4 s into the

movie. The fluid is introduced with a constant flow velocity. For experiments performed with a Gag

concentration of 1.3µM,we inject 10-µL of the protein over 10 s, and for experiments with lowerGag

concentrations, we inject 10-µL over 20 s. Before injecting the Gag proteins into the assembly buffer,

we dilute 0.5 µL of the stock Gag solution into the volume of assembly buffer needed reach the Gag

concentration desired for each experiment. For experiments with 1.3 µMor 0.65 µMof Gag protein,

we record videos at 100Hz for 600 s, and for the experiment with 0.325µMofGag protein, we record

a video at 33.33 Hz for 2,376 s.
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5.2.5 Calibration Experiment

We estimate the intensity of a complete Gag shell from the difference between the measured inten-

sity of fully assembled scaffold-Gag particles and that of the scaffolds. We measure these intensities

by imaging the particles as they adsorb to an aminosilane-functionalized coverslip. For these experi-

ments we use a “lean-to” sample chamber. We prepare the fully assembled scaffold-Gag particles in a

bulk assembly reaction by mixing 5 µg/mL of scaffold particles with 0.65 µM of Gag protein in the

standard assembly buffer and waiting for 10 min. We prepare the bare scaffolds by diluting them to a

concentration of 5 µg/mL in assembly buffer.

To perform the calibration experiment, we first fill the sample chamber with the standard assem-

bly buffer, focus the microscope onto the coverslip, and begin the out-of-plane active stabilization

loop. We then exchange the buffer in the sample chamber with a solution containing either the bare

scaffolds or the fully assembled particles in assembly buffer. We record movies (10 Hz) of these par-

ticles nonspecifically adsorbing to the coverslip. Figure 5.1E shows holograms of a bare scaffold and

a fully assembled scaffold-Gag particle. The distribution of the assemblies is broader than that of the

scaffolds (Figure 5.2). We estimate the range of shell intensities by taking the distribution of assembly

intensities and subtracting the median intensity of the scaffolds (Figure 5.2).

5.2.6 Identifying assemblies in interferometric scattering movies

To identify the assemblies, we manually locate the centers of all dark spots that are between 2 and 5

pixels across and that appear during each processed movie. We repeat this procedure using different

frames for the background subtraction to ensure that we do notmiss any dark spots. For each of these

spots, we measure intensity as a function of time, as described in Chapter 3.

We then determine which spots likely represent the assembly of Gag proteins on DNA scaffolds.

We reject spots using the following criteria: (1) The spot instantaneously appears in the movie, indi-
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Figure 5.2: Ahistogramof the distribution ofmeasured interferometric scattering intensities ofDNA-scaffolds,
fully assembled scaffold-Gag particles, and the inferred distribution of Gag shell intensities.

cating that it is from a particle that has adsorbed to the coverslip; (2) the spot is near the gold particle

used for active stabilization or near a defect on the coverslip that has comparable intensity (greater than

0.1); (3) the spot is near a particle that adsorbs to or desorbs from the coverslip, such that its intensity

is altered by the particle; (4) the spot is so close to another spot that the interference fringes of the two

spots overlap; (5) the spot is moving or wiggling on the coverslip. Below we describe how each of the

criteria are applied.

The spots from particles that adsorb to the coverslip are easily identified because they appear in-

stantaneously in one frame of the movie rather than gradually over the course of many frames. In

some cases, such particles can be seen approaching the coverslip before adsorption.

Spots within 8 pixels of the gold particle used for active stabilization or a bright defect on the

coverslip are rejected because theymay be due to growth that is occurring on the gold particle or defect

instead of on the scaffold. Furthermore, the in-plane active stabilization keeps the coverslip position

constant to within only a few nanometers, and when particles as bright as the gold particles move by

a few nanometers they produce intensity changes that are similar to or larger than the intensity of a

Gag shell. These intensity changes affect the measured intensity of any nearby spots.

To determine if a spot is near a particle that adsorbs to or desorbs from the coverslip, we check
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if the interference fringes of the adsorbing or desorbing particle overlap with the spot at any point

during the movie. If they do, we check if there is an abrupt change in the intensity of the spot that

occurs on the same frame as the adsorption or desorption event. If the abrupt change in intensity is

greater than 0.003 (10%of the intensity of aGag shell), we reject the spot for analysis. By not analyzing

these spots, we avoid misinterpreting intensity changes that are due to the adsorption or desorption

event as features of the assembly kinetics.

We determine a spot to be too close to another spot if their centers are within 6 pixels of each

other. If two spots are closer than this distance, their interference fringes overlap, and the measured

intensity of each depends on the intensity of the other.

We determine if a spot is moving or wiggling on a coverslip by checking if its center moves by

more than about half a pixel. We exclude these spots because the movement affects their measured

intensities. We suspect particles can wiggle on the coverslip because the DNA scaffolds and coverslips

are multivalent, and thus have many attachment points that the scaffold can shuffle between.

5.3 Results and Discussion

5.3.1 Gag Shell Growth in the Standard Assembly Buffer

We first investigate the kinetics ofGag shell growth in the standard assembly buffer. As detailed in Sec-

tion 5.2.4, we perform an assembly experiment by recording interferometric scattering images while

introducing a fixed concentration of Gag to DNA scaffolds that are tethered to a coverslip. We elimi-

nate the static background from each image by subtracting an image of the surface-tethered scaffolds

taken just before adding the Gag.

Immediately after adding 1.3 µM Gag in the standard assembly buffer, we see faint spots appear

and gradually grow more intense before suddenly dropping to a negative normalized intensity (Fig-

ure 5.3A and B).We do not see similar spots in control experiments performedwithout scaffolds. The
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spots grow to intensities consistent with those of fully assembled shells. While the spots’ intensities

tend to different maximum values, the shape of each kinetic trace is similar. The sudden drops in in-

tensity occur at different times for each spot, but in each case the intensity drops to a value consistent

with the negative intensity of a scaffold.

The observed kinetics depend strongly onGag concentration (Figure 5.3C). The fraction of spots

that show the abrupt drop in intensity decreases at lower Gag concentration (see Section 5.5.2). We

also observe that the rate of growth depends onGag concentration, but not the final intensity reached

before the drop.

We interpret each spot as aGag shell assembled on a surface-tethered scaffold, because the number

of spots corresponds to the number of scaffolds on the surface, and we do not observe similar spots if

the scaffolds are not added to the surface. Since the final plateau intensities of the spots are consistent

with the intensities of fully assembled shells, we conclude that the shells grow to sizes similar to those

of shells assembled in bulk. The broad range of assembly intensities suggests that the shells contain

different numbers of Gag proteins.

The abrupt drops in intensity likely result from the entire scaffold-Gag assembly detaching from

the surface. The negative intensity after the drop can occur only if a particle that is present in the back-

ground image leaves the coverslip. Thus, because we introduce the Gag after we take the background,

a negative intensity must correspond to the detachment of the scaffold. The detachment suggests

that completion of the Gag shell can sever the DNA linkage and liberate the assembly from the sur-

face. That fewer assemblies detach at lower Gag concentrations suggests a competition between shell

completion and survival of theDNA linkage, where the driving force for completing the shell depends

on the concentration of free Gag in solution.

The observed kinetics are more consistent with an en masse assembly pathway than with a

nucleation-and-growth pathway. In an en masse assembly pathway, all assemblies begin to grow in

synchrony, but in a nucleation-and-growth pathway we do not expect synchronous growth unless ei-
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Figure 5.3: Gag assembly in the standard assembly buffer. (A) A time series of interferometric scattering images
of Gag assembling around 4 separate scaffolds with 1.3µMofGag in solution. For clarity, we only show a small
fraction of the full field of view. Furthermore, we remove static background features by subtracting an image
taken moments before adding the Gag. The images are shown with a 10-frame average. (B). Plots from one
experiment showing the measured intensity traces (points) for individual Gag-scaffold assemblies with 1.3 µM
Gag. The labeled full-shell intensity range corresponds to the 10th to 90th percentiles of the distribution of
Gag shell intensities shown in Figure 5.2. The lines are fits to the data, as described in the text. The data are
shown with a 30-frame average. (C) Intensity traces for individual assemblies under different Gag concentra-
tions (points), and fits to the data as described in the text (lines). The data are shown with a 30-frame average.
In panels B and C we show traces for only a subset of the assemblies observed. Section 5.5.3 contains traces for
all of the observed assemblies. (D) The characteristic assembly time τ extracted from experiments at different
concentrations (points) and a power-law fit to the data (lines). Each data point represents one assembly exper-
iment; its value is the mean of all growth times τj in the experiment, and the error bars reflect the standard
deviation of the growth times in the experiment.
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ther the nucleation barrier is smaller than the thermal energy, or the characteristic time required to

overcome the barrier is small. Because the assembly traces overlap and cannot be distinguished, we

determine that the time required to overcome a nucleation barrier, if it exists, must be shorter than

approximately 2 s with 1.3µMGag, 5 s with 0.65µMGag, and 30 s with 0.325µMGag. But because

in each experiment we cannot discern a difference in the delay time before each assembly begins to

grow, our data is consistent with an en masse assembly pathway.

We also find that the adsorption kinetics in each experiment are quantitatively well-described by

a model of en masse assembly. In en masse assembly, the kinetics are exponential if the scaffolds are

instantaneously immersed in Gag protein and the time for proteins to rearrange on the scaffold is

long compared to the time required to adsorb to the scaffold.4 We therefore fit each experiment to

the exponential function Imax,j (1− exp [−(t− t0)/τj ]), where Imax,j is the maximum intensity of

each assembly, t is the time since the start of the video, t0 is the delay time before growth begins, τj is

the characteristic growth time for each assembly, and j is an index denoting each assembly in a given

experiment (Figure 5.3B and C). We also fit the detachment event, as described in Section 5.5.4. We

find that the exponential model fits the measured kinetics of each assembly well, except for a short

period at the start of the growth where the traces increase in intensity more slowly than the model

predicts (see Section 5.5.4 for details of the fit). We constrain every assembly within each experiment

to have the same value of t0 since in an en masse assembly pathway the initial binding of proteins

occurs simultaneously for each assembly.4 In an en masse pathway the initial binding of proteins can

vary for different assemblies only if the local concentration of protein surrounding eachDNA scaffold

varies, but, since the time it takes a Gag protein (hydrodynamic radius∼4 nm) 116 to diffuse across our

field of view is on the order of 4 s, we do not expect any concentration gradients across our field of view

on the experimental time scales. Also, at the concentrations we use, there are on the order of 1,000

Gagmolecules per cubic micrometer, so we do not expect large fluctuations in the local concentration

of Gag around each scaffold, and we do not expect the bulk concentration of Gag to diminish as Gag
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proteins bind to the scaffolds.

The slow start to the assembly compared to that predictedby themodel likely results from theGag

concentration at the coverslip surface gradually increasing as the protein diffuses to it. The time scale

for proteins to diffuse to the coverslip is approximately 20–70 seconds (see Section 5.5.5), comparable

to the growth times for the 1.3µMand 0.65µMexperiments. For the 0.325µMexperiment—where

the growth times are long compared to the time for proteins to diffuse to the surface—the exponential

function fits the data better at the start of assembly. Thus, the time scale of the slow start to the

assembly is consistent with the time it takes the protein to diffuse to the coverslip. While we cannot

rule out more complicated processes, such as cooperative interactions between Gag molecules that

accelerate the assembly process as more proteins bind, the diffusion of proteins to the coverslip is the

simplest explanation.

We also reason that the assembly likely does not proceed by the addition of monomers to the

scaffold. If it did, we would expect the growth time to scale inversely with the concentration of Gag

monomers in solution, in accordance with the law of mass action.4,120 However, we find that the

characteristic growth times, τ , are well-fit by a power law where the growth time scales with Gag con-

centration to the power of−2.6± 0.4 (Figure 5.3D; see Section 5.5.6 for details of the fit). Note that

because this reported scaling is not from a fully marginalized parameter estimation, the uncertainty

may be underestimated. One interpretation of this scaling (if it is to be trusted), based on the law of

mass action, is that the adsorption time scales inversely with the concentration of dimers or trimers

in solution, and so these multimers are the subunits adsorbing to the scaffold, and not monomers. 120

This interpretation is supported by the results of other in vitro and in vivo experiments. 114,115

If the slow start to the assembly compared to the exponential fit is indeed due to the time it takes

Gag to diffuse to the coverslip, then our interpretation that theGag proteins do not add to the scaffold

as monomers is strengthened. As detailed in Section 5.5.5, the time for the concentration of proteins

at the coverslip to reach the bulk concentration is approximately 20–70 s. Because this time is com-
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parable to the assembly growth times at 1.3 µM and 0.65 µM of Gag, these assemblies may finish

growing before the Gag concentration at the coverslip reaches the bulk concentration. Assembling

at this lower Gag concentration leads to a longer assembly time. When we introduce 0.325 µM of

Gag, the assembly time is long compared to the time for protein to diffuse to the coverslip, so most

of the assembly occurs at the full bulk concentration of Gag, and the gradual introduction of protein

does not increase themeasured assembly time. Since the assembly times at high concentrations ofGag

are overestimated, but the assembly times at our lowest concentration of Gag are not, the measured

power-law exponent is less negative thanwewould expect if the concentration at the surface were con-

stant. Thus, the exponent is likely more negative than the measured−2.6 ± 0.4, strengthening our

conclusion that Gag proteins do not add to the shell as monomers.

5.3.2 Electrostatics and reversibility

To test if electrostatic interactions drive the Gag-scaffold binding, we systematically increase the con-

centrationofNaCl in the assembly buffer from150 to 1,000mM,while keeping theGag concentration

fixed at 0.65µM.We find that assembly proceedsmore slowly at higher salt, and that the shells grow to

smaller intensities (Figure 5.4A).The smaller final intensities imply that the assemblies grow to smaller

final sizes, because the decrease in the intensities is too large to be explained by the slight change in the

refractive index of the buffer at different salt concentrations (see Section 5.5.7). In high salt, we also

see a decrease in the fraction of detached assemblies (see Section 5.5.2).

We take advantage of the increasedDNAtether lifetimes at higher salt concentrations to probe the

reversibility of Gag-scaffold binding. Tenminutes after introducing the Gag, we inject fresh assembly

buffer to rinse out the free Gag in a series of four 10-µL, 20-s injection events separated by 1 min

each. The intensity of the assemblies decreases after we rinse the Gag out, indicating that the shells

partially disassemble (Figure 5.4A). The amount of disassembly is small at 200 mM or less of NaCl,

but increases at higher salt concentrations. To further test the reversibility of the assembly reaction in
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600 mM NaCl, we inject Gag back into the sample chamber and then rinse it out again. We find that

shells regrow with trajectories similar to those seen in the initial assembly, reaching final intensities

consistent with the initial assembly (Figure 5.4B). In fact, the mean intensity of the initial assemblies

is 0.0206± 0.0017, and theirmean intensity after regrowing is 0.0189± 0.0017, where the uncertainty

reflects the standard error from the variation between assemblies. However, after rinsing out the Gag

again,we find that the assemblies donot decrease in intensity asmuch as theydo initially (Figure 5.4B).

The intensity initially decreases to 0.0055 ± 0.0014, but after the second rinse it decreases to 0.0087

± 0.0017.

The smaller final sizes and lower growth rates of the assemblies at higher salt concentration point

to a decrease in the driving force for assembly, consistent with the notion that electrostatic attractions

between Gag proteins and the scaffold are important. 106,109,110,111 The observation that fewer assem-

blies detach from the surface at higher salt concentrations reinforces the hypothesis that a competition

between shell completion (weaker at high salt) and DNA linkage survival (stronger at high salt) char-

acterizes the end of the assembly process.

The apparent disassembly thatweobserveupon rinsing out the freeGag indicates that someof the

Gag proteins bind reversibly to the DNA scaffold. The Gag proteins that leave the scaffold must not

be securely bound to it andmay be in an equilibrium, binding and unbinding from the scaffolds prior

to the rinse. That not all of the Gag proteins detach from the assembly after the rinse indicates that

either some proteins bind to the scaffold more strongly than others, or that some residual amount of

Gag remains in the imaging chamber and establishes a new equilibrium coverage fraction. However,

our rinsing steps decrease the concentration of Gag in the imaging chamber to about 0.03 times the

original concentration (see Section 5.5.5), while the number of bound Gag molecules remains above

about 0.2 times themaximumnumber. Thus, we find it unlikely that Gag proteins are still binding to

and unbinding from the scaffold with a new equilibrium coverage fraction. Instead, after an assembly

grows and plateaus in intensity, it is likely that someGag proteins are irreversibly bound to the scaffold
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Figure 5.4: Gag assembly in high-salt buffers. (A) Plots of the intensity as a function of time for individual Gag-
scaffold assemblies under different NaCl concentrations with 0.65 µM of Gag. From 600–800 s, we flush out
the free Gag with an excess of buffer. (B) Plots of the intensity as a function of time for individual scaffold-Gag
assemblies containing 0.65 µM Gag and 600 mM NaCl. From 600–800 s we flush out the Gag. At 1500 s, we
repeat the assembly-disassembly process. There is no data from 1200–1500 s because during that time we save
the video of the first 1200 seconds of the experiment. Arrows indicate when Gag is added and rinsed out. All
data is plotted with a 100-frame average. Traces are only shown for a subset of the assemblies observed in each
experiment. Section 5.5.3 contains traces for all of the observed assemblies.

while others transiently bind, in equilibrium with Gag proteins in the surrounding solution.

The apparent reassembly that we observe upon reintroducingGag (Figure 5.4B) further supports

the hypothesis that the Gag proteins that detach after the first rinse are bound reversibly, since each

assembly regrows to a similar size. The higher signal that occurs after the second rinse indicates that ad-

ditional Gag proteins may irreversibly bind to the scaffold when the proteins are reintroduced. How-

ever, we have only performed one experiment where we add and rinse out Gag twice, so additional

experiments must be performed to confirm these results.

While an en masse assembly pathway can account for why some Gag proteins bind irreversibly to

the scaffold and others do not, we cannot rule out alternative interpretations. In the en masse path-

way, the irreversibly bound proteins rearrange into the final lattice and thus bind strongly, while the

reversibly bound proteins bind to the scaffold in a disorganized state and thus bind less strongly. The

observation that fewerGag proteins detach from the lattice after the second rinse supports this model,

since additional proteins could add to the structured lattice during the second assembly step. An al-
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ternative interpretation is that the reversibly bound proteins are not actually bound to the scaffold

itself, but are instead weakly associated with Gag proteins that are irreversibly bound to the scaffold.

Additional experiments and comparisons to quantitative models of the assembly process are needed

to test the validity of both of these interpretations.

5.4 Conclusion

We have measured the assembly kinetics of individual ΔMA-CA-NC-SP2 Gag shells around DNA

scaffolds. We find that Gag proteins likely bind to the scaffolds as low-order multimers (although

confirming this result still requires a more detailed uncertainty analysis), and that electrostatic inter-

actions are important in the assembly process. We also find that the shell likely grows by an en masse

assembly pathway. Finally, we find that on our experimental time scales, some Gag proteins bind re-

versibly to the scaffold while others bind irreversibly, and, interestingly, the number of irreversibly

bound proteins may increase with the amount of time the scaffold is exposed to a solution of Gag

proteins. This observation further suggests that an en masse assembly pathway is occurring, but addi-

tional experiments are necessary to confirm it, as well as the overall assembly pathway.

Comparing the assembly kinetics that we observe to quantitative models of the assembly pro-

cess, as well as to the results of other experimental techniques, will help determine how Gag shells

assemble. In particular, the discrepancy at the start of assembly between our kinetic data and the ex-

ponential growth model used in Figure 5.3 prevents us from precisely determining how the assembly

growth time scales with Gag concentration. More sophisticated models that account for the observed

slow start to the assembly will help to determine the concentration dependence more precisely, and

in turn, the size of the multimers that bind to the scaffold. Furthermore, combining our interfer-

ometric scattering measurements with fluorescence measurements that can detect Gag multimers in

solution 114,117 could reveal if the Gag multimers form before they bind to the scaffold, or just as they
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bind to it. Finally, structural techniques (such as electronmicroscopy) andnewassemblymodels could

be combinedwith the kinetic data presented here to reveal why someGag proteins bind to the scaffold

reversibly.

5.5 Appendix

5.5.1 405 and 450-nm light may damage Gag proteins

When we use 405 or 450-nm light in assembly experiments, we observe spots that grow without

plateauing in intensity. Because we find no such oversized assemblies far from the illuminated field of

view, we conclude that the illumination causes this phenomenon. We do not observe these oversized

assemblies when we use 635-nm light. We suspect that the fluorescent labels on the scaffolds damage

the Gag proteins. The labels are excited by the 405 and 450-nm light, but not 635-nm light, and are

highly reactive in their excited states.26

5.5.2 The fraction of assemblies that detach from the coverslip

To determine the fraction of assemblies that detach from the coverslip, we first identify the spots in

the videos that correspond to assemblies, as described in Section 5.2.6. However, we do not apply

criteria 3, 4, and 5 listed in Section 5.2.6. Thus, we count assemblies that are near other particles that

land on the coverslip, assemblies that are so close to each other that their interference fringes overlap,

and assemblies that are moving or wiggling on the coverslip. We count these assemblies because we

are interested in determining if an assembly detaches from the coverslip, and not in measuring the

kinetics. Next, we identify those assemblies that show an abrupt drop to a negative intensity. The

fraction of assemblies that detach in each of our experiments is shown in Figure 5.5.
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Figure 5.5: The fraction of assemblies that detach from the coverslip before the end of each experiment. The
number next to each data point is the total number of assemblies observed in that experiment. (A) Experiments
in the standard assembly buffer ([NaCl] = 75mM) at different concentrations ofGag. (B) Experiments at [Gag]
= 0.65 µM and at different concentrations of NaCl in the assembly buffer.

5.5.3 Assemblies not shown in Section 5.3

For clarity, only a subset of the observed assemblies are shown in Section 5.3. Here we show kinetic

traces for all of the observed assemblies that fit the criteria in Section 5.2.6. Figure 5.6 shows the ki-

netic traces along with fits to Equation 5.1 for all assemblies in the standard assembly buffer. Three

experiments were performed at 1.3 µM Gag, two at 0.625 µM, and one at 0.325 µM of Gag.

Figure 5.7 shows the kinetic traces in buffers with a higher concentration of NaCl. One exper-

iment was performed at each concentration of NaCl. The Gag concentration is 0.65 µM. As de-

scribed in Section 5.3, we rinse out free Gag to initiate disassembly. In one experiment (with [NaCl]

= 600 mM) we reintroduce Gag so that it can bind to the scaffolds again, and then we rinse out the

free Gag once again.

97



Time (s)Time (s)

N
o
rm

a
liz

e
d

 I
n
te

n
si

ty
 (

1
0

-2
)

N
o
rm

a
liz

e
d

 I
n
te

n
si

ty
 (

1
0

-2
)

N
o
rm

a
liz

e
d

 I
n
te

n
si

ty
 (

1
0

-2
)

[Gag] = 1.3 μM [Gag] = 1.3 μM 

[Gag] = 1.3 μM [Gag] = 0.65 μM 

[Gag] =0.65 μM [Gag] = 0.325 μM 

*

*

*

 

Figure 5.6: Intensity as a function of time for all experiments in the standard assembly buffer. Each plot shows
the result of one experiment. The intensity of each assembly is shown (points) along with fits (lines) to Equa-
tion 5.1. We use a 100-frame average to plot the data in the 0.325 µM Gag experiment and a 30-frame average
for all other plots. The asterisks indicate the experiments used for the plots in Figure 5.3B andC. The intensities
in the left-center plot are fainter because the coverslip was slightly out of focus.
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5.5.4 Details of the exponential fits

We fit all the kinetic traces in each experiment simultaneously, since they share a common value of t0,

as described in Section 5.3.1. We use the following model for each kinetic trace:

Ij(t) =



0 t < t0

Imax,j

(
1− exp

[
− t−t0

τj

])
t0 ≤ t < tf,j −∆j

Id(t) t ≥ tf,j −∆j

, (5.1)

where we use the logistic function

Id(t) =
(
I
(
tf,j

)
− If,j

) e−kj(t−tf,j)

1 + e−kj(t−tf,j)
+ If,j (5.2)

to model the detachment event. The parameters in the model are

• t: Time since the start of the video

• t0: Delay time, or time before assembly begins

• j: An index denoting each intensity trace in an experiment

• Imax,j : The plateau value of an intensity trace

• τj : The characteristic time scale for exponential growth

• tf,j : Time of detachment from the coverslip

• If,j : The intensity of the trace after the particle detaches

• kj : The steepness of the logistic function describing the detachment
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• ∆j = 1/kj ln [g/(1− g)]: The time at which logistic decay takes over from exponential

growth

• g = 0.999: The exponential function is used when the logistic function reaches this fraction of

its maximum value.

The fit parameters are t0, Imax,j , τj , tf,j , If,j , and kj . For assemblies that do not detach from the

coverslip, we do not use the logistic piece of Equation 5.1, and we do not fit for tf,j , If,j , or kj .

We use a nonlinear least-squares routine to fit the data. We do not average or smooth the data

before fitting. We impose the following constraints: t0, τj , tf,j > 0, If,j < 0, kj > 0.5, and that

Imax,j is between the 2nd and 98th percentiles of the distribution of Gag shell intensities shown in

Figure 5.2.5.

5.5.5 The flow profile in the flow cell

To estimate how long it takes Gag proteins to reach the surface-bound scaffolds after the protein is

injected into the imaging chamber, we first model how fluid is introduced into the imaging chamber

(Figure 5.8). Downstream of the inlet cup, the flow cell contains a cylindrical inlet chamber (1 mm

diameter, 3 mm long), which is followed by the imaging chamber (0.75 mm tall, 1.0 mm wide, and

4.6 mm long) that contains our field of view. The field of view is in the center of the bottom surface

of the imaging chamber. To simplify our calculations, we assume that the flow cell consists of a single

cylindrical chamberwith a radius of rmax = 0.375mmand that our field of view isL = 9.3mmfrom

the entrance to the cylinder. The diameter of the cylinder is chosen tomatch the height of the imaging

chamber, and the lengthL is chosen so that the volume πLr2max is the same as the total volume in the

actual inlet and imaging chambers upstream of the field of view.

We assume a no-slip boundary condition, such that the flowprofile in themodel cylindrical cham-

ber is laminar and parabolic. 121 In our experiments, we inject V = 10 µL of fluid over 10 to 20 s, so
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Figure 5.8: Model of the flow profile for the injected protein. We model the flow chamber as a cylinder. The
dashed line represents the parabolic boundary between the injected protein solution and the solution that is
already in the chamber.

that the average flow velocity is approximately 0.5 mm/s. Thus the Reynolds number is 0.5, which

justifies the laminar assumption. We further assume that the diffusion of protein across the chamber is

negligible over the duration of the injection, so that the parabolic front that separates the new protein

solution from the old buffer solution is sharply defined. Indeed, the time it takes for aGag protein (hy-

drodynamic radius 4 nm 116 with diffusion coefficient, D = 55 µm2/s) to diffuse across the cylinder

radius is approximately 2500 s, much longer than the injection duration. The shape of the parabolic

boundary is described by x(r) =
(
2V/πr2max

)
(1 − (r/rmax)

2), where r is the radial coordinate of

the cylinder, andx(r) is the distance down the cylinder from the endwhere the protein is injected (see

Figure 5.8). Note that in the center of the cylinder, x(r = 0) ≈ 45mm. Thus, the tip of the parabola

following an injection of V = 10 µL extends well beyond the field of view. Above the field of view,

the distance from the parabolic boundary to the surface is d = rmax

(
1−

√
1− πr2maxL/2V

)
≈ 40

µm. This is the distance that the protein must diffuse to reach the surface-bound scaffolds.

To experimentally determine the distance from the parabolic boundary to the surface just after the

injection, we use a bright-field microscope (Eclipse Ti, Nikon) and tracer particles (1 µm sulfate latex,

Invitrogen). We fill the flow cell with water, position our field of view in the center of the imaging

chamber, inject a solution of tracer particles (0.08% w/v in water), and measure the distance of the

tracer particles from the coverslip immediately after the injection. We find that the boundary between

the solutions is well-defined, and that it lies d = 20–50 µm above the coverslip, depending on the
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particular injection and flow cell. This distance agrees with the distance calculated above (40 µm).

With this length scale and the diffusion coefficient, we calculate the time it takes proteins to diffuse

to the surface, tD = d2/D. More specifically, at a distance d from the protein solution, tD is the time

it takes for the concentration of proteins to reach approximately half of the injected concentration.

We find that, for a 20–50 µm distance, tD = 7–45 s. We inject the proteins 4 s after the start of the

assembly video. In experiments at 1.3µMGagwe inject for 10 s, and in all other experiments we inject

for 20 s. Thus, in the 1.3 µM experiments we expect the concentration at the surface to reach half of

its value 20–60 s after our time series begins, and in all other experiments 30–70 s.

We use the flow profile to determine how much Gag remains in our chamber after rinsing it out,

as described in Section 5.3.2. We assume that all Gag that is further than 35 µm from the surface (the

middle of our experimentally determined range) is rinsed out after one injection. At this time the Gag

near the surface diffuses toward the center of the chamber. In the 40 s between the rinses, the Gag

diffuses approximately 50 µm, and the concentration near the surface decreases to about 35/(35 +

50) ≈ 0.4 times its original concentration. Thus, by rinsing the sample chamber four times with

fresh buffer and spacing the rinses apart by one minute, we decrease the concentration of Gag in the

sample chamber to approximately 0.44 ≈ 0.03 times the original value.

5.5.6 Details of the power-law fit

We fit the characteristic growth time as a function of concentration (Figure 5.3D) to a power law using

a nonlinear least-squares algorithm. Each data point is the mean of all the characteristic growth times

τj in one experiment. The uncertainty in each data point is the standard deviation of the values τj in

the experiment. The uncertainty that we report for the scaling exponent comes from the covariance

matrix reported by the fitting algorithm.
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5.5.7 Dependence of the interferometric scattering signal on the refrac-

tive index of the buffer

To compare assembly experiments in different buffers, we must determine the effect of the buffers on

the interferometric scattering intensity. In particular, we are interested in the effect of the refractive

index, which increases approximately linearly with the salt concentration, reaching 1.342 at 1,000mM

NaCl. 122

The refractive index alters the intensity of a particle in several ways. First, the reflectivity of the

coverslip-air interface decreases as the buffer’s refractive index increases and becomes closer to that

of the coverslip. The reduction in reflectivity boosts the interferometric scattering signal relative to

the background. Second, the refractive index of the buffer changes the index contrast of the particle,

which changes the signal relative to the background. Third, when the refractive index of the buffer

increases, the wavelength in medium decreases, and the scattering increases, owing to the wavelength

dependence of Rayleigh scattering.

We use a simplified version of themodel presented inChapter 2 to determine how the intensity of

the image depends on the refractive index of the buffer. We simplify themodel by ignoring losses in the

microscope, ignoring any stray light, ignoring the camera read noise and dark current, and assuming

that the reflected light is much more intense than the scattered light. The normalized signal is

Inorm = 2

√
σs

RAdls
, (5.3)

where bothR and σs depend of the refractive index of the buffer. If the reference beam is perpendic-

ular to the coverslip-water interface,R =
∣∣(ng − nm)/(ng + nm)

∣∣2 where ng is the refractive index
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[NaCl] (mM) 

Figure 5.9: Inorm as function of the buffer’s refractive index and NaCl concentration, with ng = 1.515. The in-
tensity of each particle is normalized to its intensity in purewater (nm = 1.33). Weuse values ofnp ranging from
1.4 to 1.65 because these are reasonable values for the refractive index of protein and nucleic acid in water. 12,15

of the glass and ng of the buffer.27 For spherical particles smaller than the wavelength of light,

σs =
128π5a6n4

m
3λ4

∣∣∣∣m2 − 1

m2 + 2

∣∣∣∣2 , (5.4)

where a is the particle radius, m = np/nm, np is the particle’s refractive index, and λ is the vacuum

wavelength of the illumination.27

The resulting interferometric scattering intensity (Equation 5.3) can either increase or decrease by

a small amount as NaCl is added to the buffer (Figure 5.9). The intensity of particles with np = 1.4

and 1.45 decreases as the refractive index of the buffer increases, but the opposite is true for particles

with np = 1.5, 1.55, 1.6, and 1.65. However, in all cases the total change in the intensity is less than

10%. Since the final intensities of the Gag shells vary by much more than 10% as a function of salt

concentration (Figure 5.4), we conclude that the Gag shells must assemble to different final sizes in
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the different assembly buffers—and that the effects we see at different salt concentrations are not due

to changes in the refractive index.

In deriving Equation 5.3 we assumed that the scattered light is much dimmer than the reference

beam (σs/Adls ≪ R). If this condition is not met, the equation is not valid. At the highest concen-

tration of NaCl the reflectivity of the interface decreases toR(nm = 1.342) ≈ 0.0037 compared to

its value in water,R(nm = 1.33) ≈ 0.0042. Because this decrease is small, the assumption that the

scattered light is much dimmer than the reference beam still holds.
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6
Monitoring the Self-Assembly of Individual

Viral Capsids Around RNA

In this chapter I describe our experiments on the assembly of bacteriophage MS2 capsids around the

RNA genome of MS2. As described in Chapter 3, performing these experiments was the main focus

of my graduate studies, so I feel fortunate that they worked.

The work described in this chapter was conducted jointly with Dr. Rees Garmann and is pub-

lished online in a preprint [R. F. Garmann,∗ A. M. Goldfain,∗ and V. N. Manoharan, “Measure-

ments of the self-assembly kinetics of individual viral capsids around their RNA genome.” arXiv,

1802.05211, (2018)]. ∗Equal Contribution.
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6.1 Introduction

The formation of a viral capsid—the highly-ordered protein shell that surrounds the genome of a

virus—is the canonical example of self-assembly. 123 The capsids of some RNA viruses can be assem-

bled in vitro simply by mixing together the coat protein and RNA. 124,125 The high yield of proper

capsids that assemble in such experiments is remarkable, given the complexity of the structures: for

icosahedral viruses with a triangulation number 123 of 3 (T = 3), 180 identical proteins must arrange

into three distinct local configurations to form the capsid. Although the structures of fully assem-

bled capsids have been characterized in extraordinary detail, 103,126,127 little is known about how they

assemble. Simulations have established many possible pathways,5,128,129,130 but experiments have not

answered even the most fundamental kinetic questions, such as whether the pathway involves nu-

cleation or how the RNA affects the growth. Here we use interferometric scattering microscopy 11,12

to observe the assembly of unlabeled bacteriophage MS2 coat proteins around individual strands of

MS2RNA. Bymeasuring howmany proteins bind to each RNA strand over timescales ranging from

1 ms to 900 s, we find that the assembly kinetics consist of a variable start time followed by a rapid in-

crease in the number of bound proteins. These measurements provide direct evidence that assembly

proceeds by nucleation and growth. We also find that proper capsids assemble when a single nucleus

appears on the RNA and grows into a complete capsid, while malformed structures assemble when

additional nuclei appear on the same RNA before the first has finished growing. Our results, which

reveal the complex assembly pathways for viral capsids around RNA, may inform strategies for engi-

neering synthetic capsids 131 or for derailing the assembly of pathogenic viruses. 132

We work with MS2 (Figure 6.1a) because it is a model system for studying capsid assembly: com-

plete 28-nmcapsids canbe assembled in vitro from the coat proteins andRNA; 134 the resulting capsids

have T = 3, 135 such that the complete capsids must compete with many possible malformed struc-

tures; and the RNA is suspected to play an important role in the assembly process.6,7,136,137,138 Time-
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Figure 6.1: An overview of the capsid assembly measurement. (a) A structural model of the MS2 capsid from
cryo-electron microscopy data (reproduced from Reference 103) reveals its icosahedral structure with 2-fold,
3-fold, and 5-fold symmetry axes. (b) A cartoon of our experiment. We inject a solution of MS2 coat-protein
dimers over a coverslip on which MS2 RNA strands are tethered by specific DNA linkages (Section 6.4.3). 133
Theproteins bind to the tetheredRNA, and the resulting particles scatter light. We record, as a functionof time,
the pattern of interference between the scattered light and the reflection from the coverslip-water interface on
a high-speed camera. The assembling particles appear as dark, diffraction-limited spots owing to destructive
interference between the scattered and reflected waves. (c) The experiment allows us to monitor many individ-
ual assembling particles in parallel. A typical image, taken 126 s after adding 2 µM of coat-protein dimers and
representing an average of 1000 frames, showsmultiple dark spots, each of which corresponds to an assembling
particle. We record 1000 frames per second of this field of view for up to 15 minutes. (d) We infer the kinetics
of assembly from the intensity of each spot as a function of time. Above we show a time series of images for the
circled spot in (c). Below we show the kinetic trace for the same spot using a 1000-frame average. The arrow
indicates when the coat protein is injected.
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resolved experiments probing assembly in bulk solution have shown that specific RNA sequences

that interact strongly with the coat protein may initiate assembly by binding the first few coat pro-

teins.7 But because such measurements probe an ensemble of particles in possibly different stages of

assembly, important features of the process may be obscured. As a result, the full assembly pathway

remains unknown. The equally important question of how that pathway can be derailed—leading

to the often-overlooked minority of malformed structures observed in bulk assemblies of bacterio-

phages 136 and other viruses 139,140,141—also remains unresolved.

Our interferometric scattering experiments—described briefly in Figure 6.1b–d and in more de-

tail in Section 6.4—address these questions because they probe the assembly of individual capsids.

Such experiments must contend not only with the small length scales of the capsids, but also with a

broad range of time scales: bulk kinetic studies suggest that capsid assembly around RNAmight take

anywhere from seconds6 to many hours6,7 to complete. We overcome these challenges by measuring

the amount of light scattered from each assembling particle. Because the scattering is elastic, we can

use high illumination intensities with minimal risk of photodamage, enabling temporal resolutions

down to 1 ms. To simultaneously achieve durations of 900 s, we actively stabilize the microscope in

all three dimensions. The stabilization keeps the noise due to instrumental drift smaller than the sig-

nal of an assembled capsid, allowing us to accurately measure the intensity of the nanoscale assembly

intermediates over several orders of magnitude in time.

In our experiment, each assembling particle produces a diffraction-limited spot, and changes in

the intensity of the spot are directly proportional to howmany proteins have bound to theRNA.The

intensity of a spot is I = Ir + Is + 2
√
IrIs cosϕrs, where Ir is the intensity of the reflected wave, Is

the intensity of the scattered wave, and ϕrs the phase difference between the two. The term Is can be

neglected since the scattered light is dim compared to the reflected light, so the normalized intensity

Inorm = I/Ir − 1 is proportional to the total polarizability of the assembling particle, 12 which is

approximately the sum of a protein component and an RNA component. Because continuous back-
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ground correction in our measurement renders the static RNA component invisible, our final signal

depends only on the total number of assembling proteins. Thus, the time trace of the intensity for

each spot gives a direct measure of the assembly kinetics.

6.2 Results and Discussion

In a single experiment, we measure kinetic traces for many assembling particles in parallel, allowing

us to characterize the shape of each trace as well as variations between traces (Figure 6.2a and Sec-

tion 6.4.5). Most traces have an S-shape, consisting of an initial plateau at a low intensity followed

by a rapid rise and a second plateau at higher intensity. By comparing the final plateau values to the

intensities of wild-type capsids that we measure in a separate calibration experiment (Section 6.4.4),

we are able to infer the fraction of particles whose final size is consistent with a full capsid. For the

assembly experiment described in Figure 6.2a, in which we inject 2 µM of coat-protein dimers, we

find that most of the traces (40 out of 56) plateau at intensities consistent with full capsids, 7 of the

traces are slightly smaller than a full capsid, and 9 are significantly larger. A few of the traces show

intermediate plateaus.

To better understand the structures that form in our experiments, we use negatively stained trans-

mission electron microscopy (TEM). Because available methods for TEM cannot image through the

glass coverslip, we allow an equal concentration of coat proteins to assemble around RNA that is

instead tethered to the surfaces of gold nanoparticles. The TEM images of these surface-bound as-

semblies reveal proper capsids, partial capsids, and larger structures (Figure 6.2b and Section 6.4.9),

in roughly the same proportions as the three different categories of plateau values seen in the scatter-

ing experiments. We conclude that capsids can indeed form around tethered RNA strands, and we

infer that traces that reach intensities similar to those of wild-type capsids represent the formation of

complete or nearly-complete capsids.
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Figure 6.2: Assembly of 2 µM coat-protein dimers around surface-tethered RNA molecules. (a) Kinetic traces
for 12 randomly chosen assembling particles. The gray bar indicates the intensity range corresponding to wild-
type capsids (2.3th–97.7th percentile of the distributiondescribed in Section 6.4.4). Arrowspoint to 2 traces that
plateau to significantly larger values. (b) A negatively stained TEM micrograph of assembled particles (light
circles) that form around RNA molecules that are tethered to the surface of a gold nanoparticle (dark circle)
using DNA-linkages. The black arrowhead points to a structure with the same size and shape as a wild-type
capsid, the single white arrowhead to a smaller structure, and the double white arrowhead to a larger structure.
The scale bar is 28 nm. (c) The cumulative distribution of start times is well fit by an exponential function. We
define the start time as the time at which a trace reaches an intensity value of of 0.001. Uncertainties in the time
measurements are smaller than the diameter of the circles.
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With this understanding, we can infer characteristics of the assembly pathways from the ki-

netic traces. A key feature of the traces is that they do not increase in synchrony. Instead, the

time at which the rapid increase occurs (the “start time”) varies from particle to particle (Fig-

ure 6.2a). We find that the cumulative distribution of start times is fit well by an exponential function

A (1− exp [−(t− t0)/τ ]) (Figure 6.2c), where t is the start time, A = 56.62 ± 0.02 is the plateau

value, t0 = 91.8± 0.2 s is the delay before the start time of the first particle, and τ = 84.3± 0.2 s is the

characteristic time (Section 6.4.7 for details of the fit).

The delay t0 likely represents the time for the protein concentration near the coverslip to reach

a threshold for assembly. The existence of such a threshold is evidenced by the absence of assembly

when we inject 1 µM of coat-protein dimers and its presence with 2 µM (Section 6.4.5). Given the

flow velocity and duration, the dimensions of the chamber, and the hydrodynamic radius of a coat-

protein dimer7 (Rh =2.5 nm), we estimate the time for diffusion to be 30–55 s (Section 6.4.10), which

is of the same order of magnitude as the observed delay time.

The start times, however, do not appear to result from a diffusion-limited process. The start times

are broadly distributed, with the largest time extending to nearly 500 s, an order of magnitude larger

than the time for protein to diffuse to the surface. We would expect the observed start times to result

from diffusion-limited growth only if there were large differences in the local protein concentration

surrounding each RNA within the field of view of the microscope. But the time for a coat-protein

dimer to diffuse across the 10×10 µm field of view is only 1 s, much shorter than the median start

time. Furthermore, following the initial delay, there are about 1,000 coat-protein dimers within a mi-

crometer of each RNA (Section 6.4.10). Therefore, the local concentration is large enough that the

relative fluctuations are small, and the pool of coat proteins is not significantly depleted by assem-

bly. We conclude that the observed kinetic traces do not result from differences in the local protein

concentration around each RNA.

Instead, we find that our results are consistent with a nucleation-and-growth pathway. The expo-
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nential shape of the cumulative distribution of start times suggests a well-defined free-energy barrier

to nucleationwith a nucleation time of τ . Although nucleationmodels have been used to describe the

bulk assembly kinetics of empty capsids, 142,143,144 and computer simulations have explored nucleated

pathways for capsid assembly aroundRNA,5,129,130 direct experimental evidence for nucleation has re-

mained elusive. The evidence that we present—the precise distribution of start times—cannot easily

be extracted from bulk experiments,7 which average over an ensemble of particles, or from structural

experiments, 145 which have very coarse time resolution.

Our experiments constrain the critical nucleus size. Prior to the start time, assembling particles do

not give rise to rapid intensity fluctuations that exceed the peak-to-peak fluctuations from shot-noise.

Because the magnitude of these fluctuations decreases as one over the square root of the number of

frames averaged, we can set an upper bound for the size of sub-critical nuclei that persist for a given

length of time. For example, after applying a one-second moving average, the fluctuations from shot

noise are equivalent to six coat-protein dimers, so we conclude that sub-critical nuclei larger than six

dimers do not persist for longer that one second.

Nucleation events may also explain how assembly can go awry. The traces that have final plateaus

at intensities higher than that of a full capsid likely represent overgrown structures. Most of the these

traces also show intermediate plateaus at intensities consistent with that of a full capsid. Such traces

suggest that the particle undergoes a second nucleation event after the first capsid is nearly complete

(see traces indicated by arrows in Figure 6.2a).

To test this hypothesis, we measure additional kinetic traces at different concentrations of pro-

tein (Figure 6.3a). From the traces, we find that the nucleation time decreases with increasing protein

concentration (Figure 6.3b), as expected. The decrease in nucleation time is accompanied by an in-

crease in the percentage of overgrown particles, from about 10% at 1.5 µM of dimers (Figure 6.3c), to

about 20% at 2 µM of dimers, to over 40% at 4 µM. The sizes corresponding to the final intensities

in the overgrown traces are comparable to those of particles seen in TEMmicrographs of assembly re-
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Figure 6.3: Assembly kinetics as a function of protein concentration. (a) Kinetic traces for 10 randomly chosen
particles with 1.5 µMand 4 µMof coat-protein dimers. (b) The nucleation time for experiments with 1.5 µM,
2 µM, and 4 µM of dimers are plotted along with the median growth times. The uncertainty in each time
measurement represents the standard deviation from three experiments under identical conditions. (c) The
cumulative distribution of final intensities of traces for a single experiment with 1.5 µM, 2 µM, and 4 µM
of dimers. The uncertainty in each intensity measurement is represented by the length of its horizontal bar,
and represents the standard deviation from the last 50 s of each trace (with the 1000-frame average). (d) TEM
micrographs of overgrown assemblies for control experiments with untethered RNA. The left image is for an
experiment with 2 µM protein and shows an attached pair of nearly complete capsids. The right image is for
an experiment with 4 µM protein and shows a connected bunch of partial capsids.
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actions containing equal concentrations of coat protein mixed with untethered RNA (Section 6.4.9).

Many of the overgrown particles consist of bunches of partial or nearly-complete capsids, as shown in

Figure 6.3d.

The increased nucleation kinetics at higher protein concentrations and the observed structures

of the assembled particles are consistent with assembly pathways involving more than one nucleation

event on the same RNA. However, many of the traces at 4 µM of coat-protein dimers do not show

intermediate plateaus (Figure 6.3a). To understandwhy, we estimate the time it takes a capsid to grow.

To determine this time, we first take the portion of each kinetic trace that lies between the start time

and the time at which the intensity first reaches the 10th percentile of the capsid intensity distribution

(see Section 6.4.4 for the distribution), and we fit this portion of the trace to a line. We then estimate

the time required to grow a full capsid (bind 90 dimers) by approximating the growth rate as the slope

of the linear fit. We find that these “growth times” decrease with increasing protein concentration,

but less rapidly than the nucleation times decrease (Figure 6.3b): at 1.5 µM of dimers, the nucleation

time is large compared to the median growth time; at 2 µM, the nucleation time is comparable to

the growth time; at 4 µM, the nucleation time is smaller than the growth time. When the nucleation

time is smaller than the growth time, additional nuclei can form before the first has had time to grow.

Under such conditions, the kinetic traces should not show intermediate plateaus.

The viral RNA therefore creates a competition between nucleation and growth, as sketched in

Figure 6.4. Similar scenarios have been observed in computer simulations of capsid assembly on poly-

mer scaffolds,5,129 and may account for the formation of “monster” 139 and “multiplet” 140,141 struc-

tures that have been observed in experiments with other viruses. Such structures are not observed in

experiments on the assembly of empty capsids, 146,147 confirming the essential role of the RNA in the

assembly pathways.
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6.3 Conclusions

Our individual-particle measurements not only provide strong evidence for a nucleation-and-growth

pathway, but they also allow us to rule out other pathways. For example, the “en-masse” model,5,129

in which many proteins attach to the RNA and later assemble into a capsid, cannot explain the distri-

bution of start times that we observe. Also, the formation of proper capsids appears to follow a one-

step nucleation pathway, as opposed to the variety of multi-step pathways that have been observed

in other assembly processes. 148 Although the assembly pathway may differ for different experimental

conditions and for different viruses, these observations provide important constraints on models of

assembly.

The observation of a threshold concentration for nucleation may also shed some light on viral

replication in vivo. Because viral RNA that is contained within a capsid cannot serve as a template

for protein or RNA synthesis, RNA viruses like MS2 must delay encapsidation until these essential

components have been produced in sufficient yield. As in our experiments, the coat-protein concen-

tration in an infected cell increases over time. A nucleated pathway with a threshold concentration

might benefit viruses in cells by providing a delay time before the onset of capsid assembly, during

which time the viral RNA can be translated and replicated.

Our experiments open a newwindow onto self-assembly in biological systems. Although they do

not directly reveal the structures of the assembly intermediates or the critical nucleus, the kinetic traces

enable a powerful, indirectmethod for determining these structures through quantitative comparison

with computer simulations.5,129 Such models may help to identify new targets for antiviral therapies

that work by disrupting capsid assembly in pathogenic viruses.
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Figure 6.4: A cartoon of the assembly pathways for proper capsids and overgrown structures. In the first step,
a nucleus of coat proteins forms on the RNA. Bottom row: When the concentration of coat protein is low
(and the nucleation time is long compared to the time to grow a complete capsid), the nucleus grows into a
capsid before any additional nuclei form, leading to a proper capsid. Middle row: When the concentration of
protein is increased (and the nucleation time becomes comparable to the growth time), portions of the RNA
that remain unpackaged into late stages of the assembly process can interact with additional proteins to form
an extra nucleus, leading to multiplet structures that consist of a nearly-complete capsid attached to a second
partial or nearly-complete capsid. Top row: When the concentration of protein is further increased (and the
nucleation time becomes shorter than the growth time),multiple nuclei can formbefore the first has had time to
grow, leading to monster structures that consist of a connected bunch of partial capsids. Example TEM images
of the endpoints of each pathway are shown to the right of the cartoon. We note that a distribution of these
pathways are found in each experiment, leading to mixtures of proper capsids, multiplets, and monsters.

6.4 Methods, Materials, and Control Experiments

6.4.1 The apparatus

The interferometric scattering microscope is used with 3D active stabilization as described in Chap-

ter 3. We use the 450-nm imaging diode for all experiments in this chapter. The illumination intensity

is 3 kW/cm2 when recording data at 1,000Hz and 0.3 kW/cm2 when recording data at 100Hz, which

is similar to that typically used in single-molecule fluorescence experiments.22 The total field of view

is 140 pixels × 140 pixels (9.8 µm × 9.8 µm) at 1,000 Hz and 200 pixels × 200 pixels (14 µm × 14

µm) at 100 Hz.

We use #2 thickness, 24 mm× 60 mm rectangular glass microscope coverslips fromGlobe Scien-

tific, Inc. We use the procedure detailed in Chapter 3 to passivate the coverslips with a layer of PEG

and attach short, 20-base single-strandedDNAoligos to 1 out of every 100 of the PEGmolecules. The
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sequence of the surface-bound DNA is 5’-(DBCO)-GGTTGGTTGGTTGGTTGGTT-3’. We bind passi-

vated 30-nm gold particles to the coverslip to use as tracer particles for in-plane active stabilization, as

described in Chapter 3.

We use the flow cells described in Chapter 3 as sample chambers for the assembly experiments.

Each time we inject buffer into the imaging chamber, we inject 10 µL at constant velocity over 20 s.

We use the flat-fielding image processing technique described in Chapter 3 with σ1 = 1.5 pixels

and σ2 = 20 pixels.

6.4.2 Growth of MS2 and purification of its coat protein and RNA

We growwild-typeMS2 by infecting liquid cultures ofE. coli strain C3000 (a gift from Peter Stockley

at the University of Leeds) and purifying the progeny virions following the protocols of Strauss and

Sinsheimer. 149 We determine the final concentration ofMS2 by UV-spectrophotometry (NanoDrop

1000, Thermo Scientific) (Figure 6.5), assuming an extinction coefficient of 8.03 mL mg−1 cm−1 at

260 nm. 149 We store the purified virus particles at 4 °C and discard them after about 1 month.

We purify coat protein from the virus particles following the cold acetic acid method described

by Sugiyama, Hebert, andHartmann. 134 Then we exchange the coat protein buffer for 20 mM acetic

acid using 3-kDa-MWCO centrifugal filter units (EMD Millipore). In 20 mM acetic acid, the coat

proteins form non-covalent dimers. We determine the concentration of coat-protein dimers by UV-

spectrophotometry (Figure 6.5), using an extinction coefficient of 33,200M−1 cm−1 at 280 nm.7 We

check for RNA contamination bymeasuring the ratio of the UV-absorbance at 260 nm to that at 280

nm. We use only protein that has a 260/280 ratio less than 0.67 for assembly. We store the protein at

4 °C and discard it after 1 week.

We purify RNA from freshly grown MS2 virions using an RNA extraction kit (RNeasy, Qia-

gen). We collect the RNA in TE buffer (10 mM Tris-HCl, pH 7.5; 1 mM EDTA) and determine

its concentration by UV-spectrophotometry (Figure 6.5) using an extinction coefficient of 0.025
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Figure 6.5: Purities ofwild-typeMS2 virus, itsRNA, and its coat-protein are determinedbyUV-vis spectropho-
tometry. Absorbance spectra for purified (a) wild-type MS2, (b) MS2 RNA, and (c) MS2 coat protein. The
260/280 ratio of wild-typeMS2 inTNEbuffer (50mMTris-HCl, pH 7.5; 100mMNaCl; 1mMEDTA) is 1.84,
of MS2 RNA in TE (10 mM Tris-HCl, pH 7.5; 1 mM EDTA ) buffer is 2.16, and of unassembled coat-protein
dimers in 20 mM acetic acid is 0.58. Each spectrum is normalized so that the absorbance is 1.0 at 240 nm. All
absorbance measurements are made using a Nanodrop-1000 spectrophotometer (Thermo Scientific).
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mL mg−1 cm−1 at 260 nm. We check for protein contamination by measuring the ratio of the UV-

absorbance at 260 nm to that at 280 nm. We use only RNA that has a 260/280 ratio greater than

2.0 for assembly. Then we check the integrity of the RNA by native 1% agarose gel electrophoresis

(Figure 6.6). We store the RNA at−80 °C and discard it after about 1 year.

6.4.3 Surface-immobilization of MS2 RNA by DNA linkages

To immobilize MS2 RNA at the coverslip surface, we first hybridize the 5’-end of the RNA to a

60-base-long linker oligo (Integrated DNA Technologies). The 40 bases at the 5’-end of the linker

are complementary to the 40 bases at the 5’-end of the RNA, and the remaining 20 bases are com-

plementary to the sequence of the surface oligo. To anneal the linker to the MS2 RNA, we add a

10-fold molar excess of the linker oligo to 500 nM of MS2 RNA in hybridization buffer (50 mM

Tris-HCl, pH 7.0; 200 mM NaCl, 1 mM EDTA), heat the mixture to 90 °C for 1 s, and then cool

it to 4 °C at a rate of −1 °C/s. Excess linker is removed with a 100-kDa-MWCO centrifugal filter

unit (EMD Millipore) at 14,000 g. The 60-base-long oligonucleotides do not pass through the fil-

ter; instead, they stick to the membrane. We confirm RNA-DNA binding by native 1% agarose gel

electrophoresis (Figure 6.6). We confirm that the RNA-DNA constructs specifically bind our DNA-

functionalized coverslips by interferometric scattering microscopy (Figure 6.7). The sequence of the

linker is 5’-CGACAGGAAGTTGAGCAGGACCCCGAAAGGGGTCCCACCCAACCAACCAACCAACCAACC-3’.

6.4.4 Calibration experiment

We measure the intensities of MS2 RNA and wild-type MS2 virus particles by imaging the particles

as they adsorb to an APTES-functionalized coverslip. For these experiments we do not use a flow cell.

Instead, we use a “lean-to” sample chamber as described in Chapter 3. To perform the calibration ex-

periment, we first fill the sample chamber withTNEbuffer (50mMTris-HCl, pH 7.5; 100mMNaCl;
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Figure 6.6: Native agarose gel electrophoresis is used to determine the integrity of the RNA, the yield of RNA-
DNAhybridization, and the yield ofRNApackaging byMS2 coat protein. All gels consist of 1% agarose inTAE
buffer (40 mM Tris-acetic acid, pH 8.3; 1 mM EDTA). (a) The MS2 RNA used in the assembly experiments
appears as a single bandwithminimal smearing, indicating that theRNA is not degraded. The left lane contains
a 1-kb extended DNA ladder (New England Biolabs), and the right lane contains 1 µg of MS2 RNA. The gel is
visualized after staining with Gel Red (Biotium Inc.) ethidium stain. (b) Fluorescent linker and surface oligos
migrate with the RNA after hybridization and purification, indicating strong specific binding. The leftmost
lane is prepared by mixing 1 µg of MS2 RNA and a 10-fold molar excess of fluorescently labeled (5’-cy5) linker
oligo (Integrated DNA Technologies). The RNA is hybridized to the linker by thermal annealing, and the
unbound linker is removed by centrifugal filtration. The second-to-leftmost lane is prepared by mixing 1 µg of
MS2RNA and a 10-foldmolar excess of non-fluorescent linker oligo. TheRNA and linker oligo are hybridized
and the unbound linker purified as before. Then a stoichiometric amount of fluorescently labeled (5’-FAM)
surface oligo (IntegratedDNATechnologies) is added. The second-to-rightmost lane contains free 5’-cy5 linker
oligo, and the rightmost contains free 5’-FAM surface oligo. The gel is visualized without staining by imaging
the fluorescence emission of the cy5 and FAM dyes on separate channels. (c) MS2 RNA and wild-type virus
particles migrate to the same position in the gel. The left lane contains RNA, and the right lane contains virus
particles. The gel is visualized after staining with ethidium. (d) MS2 coat-protein dimers (CP) package MS2
RNA into RNase protected complexes with the same mobility as wild-type virus particles. The leftmost lane
contains 1-kb extended ladder. The next three lanes are prepared by mixing 1 µg of MS2 RNA and increasing
molar ratios of CP in 10 µL of TNE buffer. The mixtures are incubated for 30 min at room temperature and
then treatedwith 10ng ofRNaseA (Amresco Inc.). Electrophoresis is performed 30min afterRNase treatment,
and the gel is visualized after staining with ethidium. Protected RNA migrates with the same mobility as wild-
type virus particles, and digested RNA migrates farther down the gel. The amount of digested RNA decreases
with increasing CP. (e) Assemblies prepared and then treated with RNase as just described contain protein, as
evidenced by staining with coomassie (Instant Blue) protein stain.
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Figure 6.7: Specific binding of RNA to the coverslip via DNA linkages. To test whether the DNA-linkage
enables specific binding of the RNA to the coverslip, solutions containing 1 nM of either bare RNA or RNA-
DNA complexes in hybridization buffer are injected into the imaging chamber of the interferometric scattering
microscope. If the binding is specific, we expect only theRNA-DNAcomplexes to stick to the coverslip surface.
We inject the bare RNA first, andwe image the system for 60 s at 100Hz to detect eachmolecule that binds. We
then inject the RNA-DNA complexes, and we repeat the measurement. We show the location of each detected
binding event. We observe a total of 3 bare RNA molecules (red circles) and 47 RNA-DNA complexes (black
circles). We conclude that the binding between the RNA-DNA complexes and the coverslip is highly specific,
and that most of the RNA-DNA complexes that are bound to the coverslip are tethered by a DNA linkage.
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Figure 6.8: Cumulative distribution of the normalized intensities of MS2 RNA strands and wild-type MS2
virus particles measured in the interferometric scattering microscope. (a) Images of a single MS2 RNA strand
(left) and a single wild-type MS2 virus particle (right). Both images are recorded at 100 Hz and shown with a
300-frame average. (b)We infer the cumulative distribution of intensities forMS2 capsids that fully assemble on
surface-tetheredRNAby convolving the intensity distribution of the wild-typeMS2 particles with the negative
of the intensity distribution of theMS2RNAstrands. The gray lines, whichmarkwhere the capsid distribution
reaches 2.3% and 97.7%, denote the interval we use for identifying full capsids in the kinetic traces.

1mMEDTA) and focus themicroscope onto the coverslip. We then exchange the buffer in the sample

chamber with a solution containing both MS2 RNA and wild-type MS2 virus particles at a concen-

tration of 0.1 nM each in TNE buffer. We record movies (100 Hz) of these particles nonspecifically

adsorbing to the coverslip.

Upon measuring the intensities of the particles that bind, we see two well-separated intensity

populations (Figure 6.8). We assume that the lower-intensity population is due to theRNAmolecules

and the higher-intensity population is due to theMS2 viruses. We separate the two using an intensity
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threshold (0.003) that lies between them. We infer the distribution of capsid intensities by using a

convolution to subtract the RNA distribution from the wild-type distribution.

6.4.5 Assembly experiments

For assembly experiments, we fill a flow cell with hybridization buffer containing 0.2% Tween-20

(Sigma-Aldrich) and let it sit for 10min. We find that this 10-min incubation with Tween-20 prevents

theMS2 coat protein from adsorbing to the coverslip through defects in the PEG layer. Next, we flush

out the Tween-20 with fresh hybridization buffer, find the center of the imaging chamber, focus the

microscope onto the coverslip, and begin the out-of-plane active stabilization control loop. Then we

locate a 30-nm gold particle within 50µmof the center of the imaging chamber and start the in-plane

active stabilization control loop. With the setup actively stabilized in all three dimensions, we inject

1 nM of RNA-DNA complexes in hybridization buffer and record a short movie of them adsorbing

to the coverslip. After 50–100 complexes bind, we flush the imaging chamber by injecting 120 µL of

assembly buffer (42 mM Tris-HCl, pH 7.5; 84 mM NaCl; 3 mM acetic acid; 1 mM EDTA) through

the chamber over the course of 12min. Thenwe start recording amovie and inject coat-protein dimers

in assembly buffer. The injection starts 4 s into the movie.

Figures 6.10–6.12 show kinetic traces we measure for particles that we observe assembling after

introducing different concentrations of coat-protein dimers. 40 traces are randomly chosen from one

experiment at each concentration of coat-protein dimers.

6.4.6 Identifying assemblies in the interferometric-scattering movies

We identify particleswith the sameproceduredescribed inChapter 5, butwith fewdifferences. We first

locate all dark spots between 1 and 4 pixels across, and then reject spots for analysis using the criteria

previously described. However, when determining if a nearby particle that adsorbs to the coverslip
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Figure 6.9: Assembly of 1 µM coat-protein dimers. When we add 1 µM of coat-protein dimers (cyan arrow-
heads) to the surface-bound RNA, no assemblies appear over the course of 600 s. At this point, we add 2 µM
of coat-protein dimers (pink arrowheads), after which we observe assemblies at 75 locations within the field of
view. Intensity traces for 40 of these assemblies are shown above. We also show traces for the first 600 s at the
same locations. There is no data between 586 and 615 s, during which timewe block the illumination beam and
pipette the 2 µM protein solution into the inlet cup of the flow cell. Some traces show abrupt drops in inten-
sity, which we interpret as detachment events. Two of the above traces drop to an intensity of between -0.001
and -0.002, which is approximately the negative intensity of the RNA in the background image. We therefore
interpret such events as the detachment of the RNA and protein assembly from the surface. One trace drops to
an intensity near 0, suggesting that the protein assembly has detached from the RNA, while the RNA remains
on the surface. The data are recorded at 100 Hz and are plotted with a 300-frame average.

126



Figure 6.10: Assembly with 1.5 µM coat-protein dimers. Kinetic traces for 40 of the 73 observed assemblies in
one experiment are shown. A portion of the traces from the same experiment appear in Figure 6.3. The final
intensities of the assemblies in this experiment are used for Figure 6.3c. As in Figure 6.9, we interpret abrupt
drops in intensity after assembly as detachment events. The data are recorded at 1,000 Hz and are plotted with
a 1,000-frame average.
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Figure 6.11: Assemblywith 2µMcoat-protein dimers. Kinetic traces for 40 of the 56 observed assemblies in one
experiment are shown. A portion of the traces from the same experiment appear in Figure 6.2, and one trace
from the experiment appears in Figure 6.1d. The final intensities of the assemblies in this experiment are used
for Figure 6.3c. As in Figure 6.9, we interpret abrupt drops in intensity after assembly as detachment events.
One of the traces drops from an intensity near 0.005 by an amount (0.0032) that corresponds to a full capsid,
suggesting that overgrown assemblies can contain capsids. The data are recorded at 1,000 Hz and are plotted
with a 1,000-frame average.
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Figure 6.12: Assembly with 4 µM coat-protein dimers. Kinetic traces for 40 of the 80 observed assemblies in
one experiment are shown. A portion of the traces from the same experiment appear in Figure 6.3. The final
intensities of the assemblies in this experiment are used for Figure 6.3c. As in Figure 6.9, we interpret abrupt
drops in intensity after assembly as detachment events. The data are recorded at 1,000 Hz and are plotted with
a 1,000-frame average.

129



affects the measured kinetics (criteria 3), we use an intensity threshold of 0.003 (10% of the median

MS2 capsid intensity). Also, whendetermining if twoparticles are too close to one another (criteria 4),

we use a threshold distance of 4 pixels. Note that we do not observe particles wiggling on the surface,

so criteria 5 is not applied.

We also reject spots based on two additional criteria. First, we reject spots within 4 pixels of the

edge of the field of view. We do not analyze these spots because the interference patterns for the spot

are not fully visible, andwe cannot determine if there are particles beyond the edge of the field of view

that affect the spot’s intensity. This criteria was not necessary to apply in Chapter 5 because in the

work described there we used a larger field of view that extended beyond the illuminated area, so that

particles at the edge of the field of viewwere alreadynot analyzedowing to theweak illumination there.

Second, we reject spots that grow at a slow and consistent rate over the course of the measurement,

consistent with protein assembly in the absence of RNA. In a typical experiment, we observe fewer

than 10 of these spots (Figure 6.13a). Weobserve a similar number of spotswith similar growthkinetics

in control experiments where RNA is not added to the surface (Figure 6.13b). We therefore conclude

that these spots likely do not represent the assembly of coat-protein dimers around RNA. They may

represent protein aggregates growing on the coverslip surface. This criteria was not used in Chapter 5

because no such spots were observed.

6.4.7 Procedure for fitting the cumulative distribution of start times

The cumulative distribution functions of the start times before assembly (Figures 6.2 and 6.14 left)

are measured as follows. Each start time is defined as the time at which an assembly trace reaches an

intensity of 0.001. To measure this time, we smooth each trace using a 1,000-frame moving average.

The first time that the smoothed trace reaches an intensity greater than 0.001 is called t1, and the last

time that the smoothed trace has an intensity less than 0.001 is called t2 (ignoring any late detachment

events or decreases in intensity). The start time is then determined as tstart = (t1+ t2)/2. To estimate
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Figure 6.13: Some of the spots that appear in assembly experiments do not represent assembly around RNA.
(a) In addition to the 56 observed assemblies previously described in the experiment with 2µMof coat-protein
dimers (Figures 6.2 and 6.11), we observe 8 spots that grow slowly and synchronously and that show a consistent
growth rate over the course of themeasurement. (b) In a control experiment with 2µMof dimers but noRNA
on the surface, we observe 7 spots that grow slowly and synchronously, with kinetic traces similar to those shown
in panel (a). For this experiment, we bind the DNA linker oligos to the surface oligos, but we do not add the
RNA. For both parts of this figure the data are recorded at 1,000Hz and are plotted with a 1,000-frame average.
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the uncertainty in each start time, we calculate the half-width of the moving average window and

(t2 − t1)/2, and we take the greater of the two. The cumulative distribution function of start times

is obtained by sorting the measured values of tstart.

The cumulative distribution of start times is then fit to the exponential function N(t) =

A (1− exp [−(t− t0)/τ ]) using a Bayesian parameter-estimation framework. A uniform, un-

bounded prior is used for all parameters. The exponential function is first inverted, yielding

t(N) = t0 − τ ln (1−N/A) , (6.1)

where the fit parameters are t0, A, and τ . The posterior probability distribution p(t0, A, τ |

DCDF,M), whereDCDF is the observed cumulative distribution function andM is themodel (Equa-

tion 6.1), is then sampled using an affine-invariant ensemble Markov-chain Monte Carlo sampler 150

with 50 walkers that take 500 steps each. The walkers are initially distributed in a narrow Gaussian

around the peak of the posterior probability density function. The position of the peak is calculated

from a least-squares fit to t(N). The walkers reach an equilibrium distribution after approximately

200 steps. Pair plots of the positions of the walkers for every step after the burn-in are shown in Fig-

ure 6.14, alongwith themarginal distributions for each fit parameter. The best-fit parameters reported

in the text are taken as the 50th percentile of themarginal distributions, and the reported uncertainties

represent the interval between the 16th and the 84th percentile.

6.4.8 Control assembly experimentwith lower illumination intensity and

2 µM protein

To test whether the intensity of the incident beam affects the assembly process, we perform a set of

duplicate control experiments with 2 µM of coat-protein dimers and a light intensity that is 10-fold

smaller (approximately 0.3 kW/cm2). The results of these experiments are shown in Figure 6.15.
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Figure 6.14: Cumulative distributions of start times (left) for triplicate assembly experiments with 1.5 (a), 2
(b), and 4 µM of dimers (c), along with posterior probability distributions of parameter values obtained by
fitting the distributions (right). Each cumulative distributionof start times ismeasured froma separate assembly
experiment. The data are shown as circles with the bars representing the uncertainty in the time measurement,
and the fit is shown as a line. In the posterior probability distribution the plots along the diagonal show kernel
density estimates of the fullymarginalizedposterior distributions of eachparameter, while the off-diagonal plots
show the joint distributions. In each part of the figure, the data and fit shown in the lightest color are from the
experiments shown in Figures 6.2, 6.3a and c, and 6.10–6.12. Data from all of 9 the experiments in this figure
are used to obtain the nucleation times shown in Figure 6.3b
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distributions of each parameter, while the off-diagonal plots show the joint distributions.

The results of the control experiments are similar to those of the higher-intensity experiments

presented in Figures 6.2, 6.11, and 6.14. Again, different assemblies appear after different start times.

The cumulative distribution functionof the start times iswell-fit by the same exponential functionbut

with t0 = 62± 1 s,A = 39.08+0.04
−0.03, and τ = 49± 1 s for the first control experiment of the duplicate

set, and t0 = 148 ± 2 s, A = 38.5 ± 0.2, and τ = 159 ± 4 s for the second control experiment.

Also, most of the assemblies (24 of 39) grow to intensities consistent with that of a full capsid, 2 grow

to smaller intensities, and 13 grow to larger intensities in the first control experiment, while most of

the assemblies (25 of 36) grow to intensities consistent with that of a full capsid, 5 grow to smaller

intensities, and 6 grow to larger intensities in the second experiment. These fractions are similar to

those observed in the 2 µM, high-intensity experiment shown in Figures 6.2 and 6.11.

We conclude that the incident light does not qualitatively affect the assembly process. The

observed kinetic traces and distribution of start times are consistent with those expected from a

nucleation-and-growth process, and the observed nucleation times τ for the low-intensity control

experiments are consistent with the nucleation times in high-intensity experiments. Moreover, the
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spread in the nucleation times for the duplicate control experiments is actually larger than spread of

nucleation times in the high-illumination intensity experiments, suggesting that other experimental

uncertainties, such as differences in the injected protein concentration or in the flow profile within the

imaging chamber, have a larger affect on the kinetics than the illumination intensity. Indeed, the vari-

ation in both the nucleation times τ and the delay times t0 of the exponential fits between different

experiments is not unexpected, given the strong dependence of the start times on concentration.

6.4.9 TEM of assemblies

We use TEM and negative staining to image the protein assemblies that form on MS2 RNA. First

we describe our assembly experiments with MS2 RNA that is tethered to the surface of 30-nm gold

particles (Figures 6.2e and 6.16). The surfaces of the gold particles are functionalized in a way that

is similar to that used for the coverslips. The protocol is identical to that used to prepare the tracer

particles for active stabilization, except that we useNHS-PEG-N3 instead ofNHS-PEG. To conjugate

DNA oligonucleotides to the PEG-coated gold particles, we add 5 µM of DBCO-DNA to 10 nM of

gold particles in PBS without Ca or Mg. The mixture is left at room temperature overnight in a tube

rotator and then washed 5 times by centrifuging at 8,000 g for 5 min and re-suspending in TE buffer.

To perform the assembly reaction, we add a 100-fold molar excess of RNA-DNA complexes

(20 nM) to the gold particles (0.2 nM) and equilibrate the mixture in TNE buffer for 1 hr on ice.

We then take 6 µL of this mixture, add 0.42 µL of 30 µM of coat-protein dimers suspended in 20

mM acetic acid, and let the mixture sit for 10 min at room temperature. The mixture is then added to

a plasma-etched carbon-coated TEM gird (Ted Pella), left to sit for 1 min, and then removed by blot-

ting with filter paper. Then 6µL ofmethylamine tungstate stain solution (Nanoprobes) is added and

left to sit for 1 min before removal by blotting with filter paper. We visualize the samples on a Tecnai

F20 (FEI) transmission electron microscope operated at 120 kV. Images are captured on a 4,096 ×

4,096-pixel CCD camera (Gatan). Representative images are shown in Figure 6.16 along with images
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of control reactions involving bare RNA without the DNA linkage.

We also perform assembly reactions with RNA that is free in solution and prepare the assemblies

for TEM imaging in a similar way. We prepare solutions that contain 10 nM of RNA and varying

concentrations of coat proteins in assembly buffer. After allowing the assembly to proceed for a fixed

amount of time, the mixture is added to a carbon grid, blotted, stained, and imaged with an electron

microscope as described above. Representative electron micrographs of assemblies from experiments

performed with 1.5, 2, and 4 µM of coat-protein dimers are shown in Figure 6.17.

6.4.10 Estimating the time it takes for protein to reachthe surface-bound

RNA

We estimate how long it takes MS2 coat-protein dimers to reach the surface-bound RNA molecules

after the protein is injected into the imaging chamber using the model of the flow profile in the flow

cells described in Chapter 5.

In Chapter 5 we found the distance the protein must diffuse to reach the surface after being in-

troduced is 20–50 µm, so the time it takes a MS2 coat-protein dimer (hydrodynamic radius 2.5 nm7

with diffusion coefficient, D = 90 µm2/s) to diffuse this distance is tD = 5–30 s. Again, tD is the

time it takes for the concentration of proteins at the coverslip surface to reach approximately half of

the injected concentration.

This timescale agreeswith themeasureddelay time that precedes assembly inour experiments. For

our assembly experiments, we stop the injection 24 s after the time-series begins, sowhenwe introduce

of coat-protein dimers, the concentration of protein at the surface should reach half of the injected

concentration about 30–55 s after the beginning of the time-series. Since we do not observe assembly

on our experimental time scales when introducing 1 µM of protein dimers (Figure 6.9), we do not

expect to detect assemblies until after the concentration of dimers at the surface exceeds 1 µM. Thus,

when introducing 1.5 µM of dimers, we do not expect to detect assemblies until after this 30–55 s

136



Figure 6.16: Negatively stained transmission electron micrographs of virus particles, functionalized gold
nanoparticles, capsids assembled around RNA molecules that are bound to the surface of the gold particles,
and capsids assembled around untethered RNA. (a) Wild-type MS2 particles. (b) Amine-functionalized 30-
nm gold nanoparticles (Nanopartz) that are coated with PEG and decorated with surface oligos. The dark
spots are the gold particles, and the surrounding lighter halos are the negatively stained coatings on the particle
surfaces. These coatings consist of a proprietary polymer base layer, which is applied by themanufacturer to the
gold nanoparticles, and the PEG-DNA molecules that we conjugate to the particles. (c) An assembly reaction
in which 2 µM of coat-protein dimers in assembly buffer is added to RNA-DNA complexes that have been
incubated for 1 h with the functionalized gold particles. (d) A control reaction in which 2 µM of coat-protein
dimers in assembly buffer is added to bare RNA that has been incubated for 1 h with the functionalized gold
particles. The higher number of capsids near the surface of the gold particles for the experiments using RNA-
DNA complexes suggests that these capsids assembled aroundRNA-DNA complexes that were tethered to the
particle surface.
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Figure 6.17: Negatively stained transmission electron micrographs of assemblies from control experiments per-
formedwith untetheredMS2RNAand varying concentrations of protein. (a)Micrographs of assemblies when
1.5 µM of coat-protein dimers is used and the assembly reaction is stopped after 20 min. (b) Micrographs of
assemblies when 2 µMof coat-protein dimers is used and the reaction is stopped after 10 min. (c) Micrographs
of assemblies when 4 µM of coat-protein dimers is used and the reaction is stopped after 10 min.
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delay, which is indeed the case (Figure 6.14). Also, when introducing 2 µM and 4 µM of protein

dimers, we expect to detect assemblies a bit sooner, but not before this 30–55 s delay, which again, is

what we observe (Figure 6.14).

6.4.11 Buffer recipes

Assembly buffer: 42 mM Tris-HCl, pH 7.5; 84 mM NaCl; 3 mM acetic acid; 1 mM EDTA

Hybridization buffer: 50 mM Tris-HCl, pH 7.0; 200 mM NaCl; 1 mM EDTA

TAE buffer: 40 mM Tris-acetic acid, pH 8.3; 1 mM EDTA

TNE buffer: 50 mM Tris-HCl, pH 7.5; 100 mM NaCl; 1 mM EDTA

TE buffer: 10 mM Tris-HCl, pH 7.5; 1 mM EDTA
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7
Conclusions and Future Work

Interferometric scattering microscopy is a great label-free technique to measure the kinetics of indi-

vidual viruses in vitro, and in particular for measuring changes in the masses of virus particles. We

measured the kinetics of how DNA is ejected from λ, how shells of a mutated HIV-1 Gag protein

grow on spherical scaffolds, and how MS2 coat proteins encapsidate the MS2 RNA.

The qualitative difference in the observed assembly kinetics between the Gag shells andMS2 cap-

sids highlights the benefits of single-particle assembly assays. We observed that upon the introduction

of protein to nucleic acid, Gag shells begin assembling in synchrony, with each shell showing exponen-

tial growth kinetics, while MS2 capsids grow rapidly after an exponential distribution of long delay

times. These different kinetics would be difficult if not impossible to differentiate with bulk in vitro

assembly assays, such as static light scattering 151 or fluorescence correlation spectroscopy7, which are

sensitive only to the average size of the particles in the solution. In both virus systems the average size
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of the particles in solution increases exponentially with time, but the characteristic exponential times

reflect very different assembly pathways.

The apparatus described inChapter 3 can be used to study awide variety of virus andnanoparticle

systems. The modular DNA linkage enables different nucleic acids and other particles functionalized

with DNA to be used as growth sites. Also, the 2.5MDaMS2 capsid that we investigate is small com-

pared to most viruses, and the smallest virus capsids (those of satellite viruses) are not much smaller,

having masses around 1 MDa. 152 Thus, the general method can be used to study most other viruses.

Other nanoparticle systems with similar or larger masses can also be readily studied.

7.1 Future Improvements to the Apparatus

7.1.1 Buffer Exchange

Our protocol for buffer exchange limits the precision of our measurements. When we exchange

buffers the coverslip warps slightly, which causes the background interference patterns to change, pro-

ducing normalized intensity changes up to about 0.2%. The shifting fringes are not problematic for

our experiments on Gag, where the shells grow to intensities much brighter than 0.2%, but for our

MS2 assembly experiments, the coverslip warping produces an intensity change similar to that of an

MS2 capsid. We can still make measurements because the delay time before capsids nucleate allows

time for the background fringes due to the warping to stabilize. However, the changing background

fringes could present a serious problem if the assembly were to occur by an en masse pathway, where

proteins adsorb to the RNA just after they are introduced, which would likely be before the fringes

stabilize.

Also, the fluid flow in our flow chambers is not reproducible. As described in Chapter 5, the

newly injected buffer is in a region 20 to 50µmfrom the coverslip surface. Thus, proteinsmust diffuse

varying distances to reach the coverslip in different experiments. We believe that this variability is the
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reason for the variation in the growth times observed in different experiments with Gag and for the

variation in the nucleation times in our experiments with MS2 coat protein. A new design for the

flow cell and buffer exchange protocol might address both of these problems.

7.1.2 Automate the Analysis of Interferometric Scattering Images

Currently, wemanually locate all the spots in our interferometric scattering images that correspond to

particles, which is a tedious process. Automating the spot-finding process could dramatically speed up

our data analysis routine and enable more systems to be studied. We have not yet automated this pro-

cess because the centroid-finding algorithms that we have tested are not accurate. They are sensitive

to background interference fringes. Background fringes are particularly problematic for assemblies

that grow slowly because there is more time for the fringes to shift before the assembly becomes bright

enough to locate. Background fringes are less problematic for particles adsorbing to the coverslip be-

cause the adsorption event is fast compared to the time it takes the background fringes to shift.

A generative model of interferometric scattering images of point scatterers could aid automation.

An inference approach with a generative model 153 could reduce the effects of background fringes on

the measured contrasts and could allow viruses to be quantitatively tracked in 3D. Dr. Brian Leahy, a

postdoc in the Manoharan lab, is working on building such a model.

7.1.3 Adding a Twilight Filter

In Chapter 2 I described how a twilight filter can boost the signal-to-noise ratio. I experimented with

adding a twilight filter to our microscope, but decided against using it for our virus assembly experi-

ments. Because the twilight filter could be useful for future experiments, I give a short description of

my trials with it here.

I make the twilight filters by depositing a thin layer of metal (palladium) with an electron-beam
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evaporator on a 1-in diameter, #1-thickness glass coverslip (Micro, VWR). I make and test filters in

which the diameter of the metal layer ranges from 100 to 1,000 µm and its thickness from about 20

to 150 nm. I add a 4f-system to the microscope and place the twilight filter in its Fourier plane (see

Figure 1.2 left).

The twilight filter increases the intensity of particles relative to the background by a factor of

about 5. I do not see a larger enhancement even with a thicker metal layer. Other researchers have

since published results showing enhancements of 10 or more with a twilight filter.48,49 However, they

usedhigh-quality optical flats rather than a coverslip as the substrate for themetal layer. I use coverslips

because they are inexpensive, but if we were to make new twilight filters using optical flats, we might

be able to attain larger enhancements.

It is important to note that adding a twilight filter likely will not improve the signal-to-noise ratio

in the long assembly experiments described in Chapters 5 and 6, which is limited by mechanical drift

that causes the background interference patterns to shift. For experiments in which the frame rate

of the camera limits the maximum signal-to-noise ratio (as described in Chapter 2), adding a twilight

filter to the microscope could be helpful.

7.1.4 Smoothing Out Spatial Noise With an Ultrasonic Transducer (UST)

Background fringes tend tobeproblematicwhenwe illuminate a large field of view (30–50µmacross).

Most of these fringes come from imperfections in the optical components of the microscope. They

are especially problematic with a twilight filter, which boosts the contrast of high-frequency fringes.

The UST-fiber apparatus described here significantly reduces the contrast of high-frequency

background fringes and works well with a twilight filter to provide a uniform background. The twi-

light filter acts as a high-pass filter that removes low-frequency fringes, while the UST-fiber setup re-

moves high-frequency fringes.

TheUST-fiber setup oscillates the incident beam perpendicular to its axis, which causes the back-
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ground fringes to move a larger distance across the camera than images of particles in the focal plane.

If the exposure time is long compared to the oscillation period, the background fringes are averaged

out.

There are many ways to oscillate the incident beam—for example, with an acousto-optic

deflector—butwewanted tominimize the number of additional optical components, since each addi-

tional component might have imperfections that further degrade the background. Thus, we decided

to mechanically oscillate a part of the microscope. Although galvanometers can be used to oscillate

mirrors, they can be expensive, require a narrow beam diameter, and typically work only up to 1 kHz.

Instead, we use aUST to oscillate the position of an optical fiber. I machine an ultrasonic horn, attach

it to a 20-kHz UST (SMBLTF20W120, Steiner & Martins, Inc.) as described in Reference 154, and

epoxy the polarization-maintaining fiber (Figure 3.2) to the end of the horn.

The UST-fiber setup significantly decreases the amount of spatial noise in images. However, we

did not use it for the assembly experiments described in Chapters 5 and 6. Wewere hoping tomitigate

the effects of slightly shifting background fringes by reducing spatial noise, but we found that the

UST-fiber setup did not improve the long-term stability of the background.

Nevertheless, because the UST-fiber setup does decrease the spatial noise, it could be useful for

other experiments. For example, in experiments requiring a large field of view (such as those described

in Chapter 4) or when a twilight filter is used, the setup will help produce a smooth background.

Also, the smooth background enables fainter particles to be detected without applying a background

correction, which is critical for experiments where it is not practical to obtain a background image by

translating the coverslip or using a temporal median.

7.1.5 Beam Scanning

Both Dr. Philipp Kukura’s and Dr. Vahid Sandoghdar’s groups use acouso-optic deflectors (AODs)

to scan the incident beam and reduce the prevalence of background fringes.23,41 This method might
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prove more effective than the UST method because it involves standard optical equipment.

There are twoways to use AODs. In the first, the incident beam is collimated in the sample cham-

ber. The microscope is as described in Chapter 3, except that AODs are added into the incident beam

path before the beam-splitter. The AODs oscillate the position of the incident beam slightly, much

like the UST-fiber setup, which smooths the background noise. They can also slightly increase the

available field of view.41

In the second approach, the incident beam is focused to an approximately 1-µm-diameter spot

on the coverslip. The AODs then scan the incident beam position to illuminate the desired field of

view.23 During the exposure time, the beam traverses the field of view multiple times. There are sev-

eral advantages over collimated illumination: the illumination is most intense at the coverslip, so that

scattering from other optical components and particles out of the focal plane is weak; background

interference patterns cannot be larger than the 1-µm-diameter illumination spot; the size of the field

of view can be easily adjusted; and, because the beam is collimated in the back aperture of the objec-

tive, the light within the objective is less intense and there is less risk of damage at higher illumination

powers. However, the apparatus is more complex; the interference fringes from particles of interest

extend only over the 1 µm-diameter illumination spot, making it impossible to use the full interfer-

ence patterns in the analysis and making the hologram more difficult to model; and the contrast of

particles is slightly smaller.49

While it is worth testing a scanned, focused beam, this configuration may not eliminate the main

source of noise in our assembly experiment, long-term drift in the background image. An alternative

is to rebuild the microscope entirely to be as compact and stable as possible. Although the current

design of the microscope is compact, it was designed to be easily modifiable. Thus, a newmicroscope

built for a single purpose (that is, assembly experiments) could likely be optimized further.
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7.1.6 Improving How the Wave Plates Are Used

Because the achromatic half and quarter-wave plates have a lot of imperfections that contribute to

spatial noise in the microscope, upgrading or removing them will likely improve the measurements.

One approach is to purchase high-end wave plates that have fewer imperfections. Other options are

to remove the wave plates from the microscope or use them differently.

If the ultrasonic transducer is abandoned (see previous section), the half-wave plate can be re-

moved from the microscope. This plate is needed to align the beam’s polarization with the axis of

the polarizing beam splitter. Because the polarization-maintaining fiber is mounted on the horn of

the transducer, we cannot simply rotate the fiber to change the polarization direction of the light that

exits it. However, if the ultrasonic transducer is not used, the polarization-maintaining fiber can be

installed in a mount that can be rotated about the optical axis of the fiber, and the half-wave plate is

no longer necessary.

The quarter-wave plate might also be removed, but I do not recommend this option, since with-

out it at least 75% of the imaging beam power will be lost at the beam-splitter. The optical isola-

tor design prevents significant power losses at the beam splitter, and having this isolator requires the

quarter-wave plate.

However, if the quarter-wave plate could be placed between the objective and the sample, back-

reflections from the objective would not be transmitted to the camera through the beam splitter. Un-

fortunately, the short working distance of the high-numerical aperture objectives we use precludes

the use of most quarter-wave plates. I tested one polymer quarter-wave plate (C003553, Meadowlark

Optics) that was thin enough to fit between the coverslip and the objective. Even though it eliminated

the back-reflections from the objective, reflections from the surfaces of the quarter-wave plate and the

coverslip led to additional fringes. A thin quarter-wave plate with a refractive index similar to that of

the coverslip and index oil might overcome this limitation. Another possibility is a quarter-wave plate
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that could also serve as a coverslip, but it might be difficult to find one that can be functionalized and

is either reusable or cheap. It is also worth looking into the “Antiflex” objectives that Zeiss used to

make, which have a quarter-wave plate installed.

7.1.7 Adding Fluorescence Capabilities

Total-internal-reflection fluorescence microscopy can be integrated into an interferometric scattering

microscope.23 In our current microscope, the laser beam that we use to stabilize the height of the cov-

erslip above the objective totally internally reflects from the coverslip-water interface (see Figure 3.2).

This beam could also be used to excite fluorophores. To detect the fluorescently emitted light, mirror

2 in Figure 3.2 should be replaced with a dichroic mirror that transmits the fluorescence and reflects

the stabilization beam. A tube lens and fluorescence detection camera could then be placed behind

the dichroic to image the fluorescence.

The ability to identify labeled particles with fluorescence would enable many additional experi-

ments. For example, different nucleic acids labeled with different fluorophores could be used to ini-

tiate virus capsid assembly in the same field of view of the microscope. Thus, the different nucleic

acids could be identified, and interferometric scattering could be used to follow the assembly of cap-

sids around different nucleic acids in the same field of view. Such an experiment would enable us to

compare capsid assembly kinetics on different nucleic acids.

7.2 Future Work With λ Phage, Gag, and MS2

For each of the virus systems we have studied, there are a number of interesting questions that can be

answered using the current apparatus.
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7.2.1 λ Phage

Quantitative models that describe the driving force of ejection for DNA inside λ phage have been

developed and tested, 155 but models of the drag have not 156. We are working with Dr. Yohai Sinai to

determine if somemodels of the drag or pressure can be ruled out by our current data, but additional

ejection data will be needed to adequately test models of the ejection process.

Pauses during the in vitroDNAejection of phage T5were previously reported,67,74 but theywere

not observed for λ phage. 18,66 In contrast, we observed pauses in some of our ejection measurements.

Itwould be interesting to explore if the pauses are due to an experimental artifact—for example, due to

the illumination beamor interactionswith the coverslip surface—or if they are inherent to the ejection

process. To investigate the origin of the pauses we want to do experiments at different illumination

intensities and wavelengths, different surface functionalizations, and different solution conditions.

How λ phages find the lamB receptor on the surface of an E. coli cell has previously been stud-

ied by fluorescently tagging phages and tracking them as they bind to E. coli cells. 14,65 Phages bind

to the cell at a random location and then diffuse on the surface of the cell until their tail binds to a

lamB receptor. We could study this process in vitrowith an interferometric scattering microscopy ex-

periment using a supported lipid bilayer containing the lamB receptor in place of the cell membrane.

With interferometric scattering we could track the positions of λ phages as they bind to and diffuse

on the lipid bilayer, and potentially determine when the tail of the phage binds a lamB receptor. The

high spatiotemporal tracking precision of interferometric scatteringmicroscopy could enable new dy-

namics in the diffusion of the virus on the membrane to be uncovered. But more interestingly, since

interferometric scattering microscopy can be used to determine the height of the phage’s head above

the bilayer, we could see directlywhen the head is bound to the bilayer andwhenonly the tail is bound.
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7.2.2 Gag

As described inChapter 5, we found that the early stages of growth of theGag shell are slower than the

exponential growth predicted for a Langmuir binding process. We might understand this difference

by comparing our data to more sophisticated growth models. The slow start to assembly is likely

due to the gradual increase in the surface concentration of Gag as it diffuses to the coverslip. I have

built a quantitative model that combines the diffusion of protein to the coverslip with a Langmuir

growth model, but combining the two requires specifying how the shell growth rate depends on the

concentration of Gag near the scaffold. Because we do not know this concentration scaling a priori,

we must fit a model combining diffusion to the surface and Langmuir growth to the data from all of

our experiments simultaneously.

Another way to determine the size of the ΔMA-CA-NC-SP2 Gag subunits that add to the DNA

scaffolds is to directly detect the addition of individual Gag subunits. Interferometric scattering mi-

croscopy has been used to detect single proteins, 12 and, based on the signal-to-noise calculations in

Chapter 2, we expect that single Gag proteins can be detected in our microscope with a 1-s time aver-

age. Thus, if we lower theGag concentration to slow the assembly rate to approximately 1Gag protein

per second, we should be able to detect individual binding events. By measuring the change in inten-

sity associated with each binding event, we can determine the mass of each subunit that adds, and

hence determine the number of Gag proteins it contains. A potential complication is that the assem-

bly process might not occur by a simple series of binding events. Instead, proteins might rapidly bind

to and unbind from the scaffold, which would obscure the detection of individual binding events.

To investigate why some ΔMA-CA-NC-SP2 Gag proteins bind transiently while others bind ir-

reversibly, we could complement our measurements with structural studies. One hypothesis is that

the assembly proceeds by an en masse pathway in which the irreversibly bound proteins are part of the

ordered Gag lattice and the reversibly bound proteins bind to the scaffold but not the ordered lattice.
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In this scenario, the number of irreversibly bound proteins should increase as the assembly proceeds.

To test this prediction, we can do stop-flow experiments to determine if the number of irreversibly

bound proteins continues to grow as the scaffolds are immersed in Gag for longer periods of time. We

can also use transmission electron microscopy to image Gag shells on DNA scaffolds that have been

immersed in Gag protein for different periods of time.

The interactions between ΔMA-CA-NC-SP2 Gag proteins and between the proteins and nu-

cleic acid are different from those of ΔP6 Gag mutants, 115,118 but the shells formed by both mutants

around free nucleic acid are similar. 106,110,111 To determine if the assembly pathways are similar, we

could measure the kinetics of both mutants using interferometric scattering, with and without phos-

phoinositides in solution. One possible complication is that ΔP6 proteins have only been shown to

form Gag shells around nucleic acid that is free in solution. Thus, before proceeding with interfer-

ometric scattering experiments we must confirm that these proteins form properly-sized Gag shells

around the P22-DNA scaffolds.

7.2.3 MS2

To attach a DNA linker to the MS2 RNA we melt the secondary structure of the RNA and then

introduce the DNA linker to it. After the RNA cools it might have a different secondary structure,

which might affect the assembly process. To test this hypothesis, we can use RNA that has not been

denatured. To attach the DNA linker to the RNA while preserving most of the secondary structure,

we might use strand-displacement reactions 157,158 with short DNA oligonucleotides.

Certain regions of the MS2 genome that form hairpins have very strong interactions with MS2

coat-protein dimers. 159 These sequences, along with the overall length of the genome, affect the effi-

ciency of an in vitro assembly reaction.6 We can determine how different RNA sequences affect the

assembly process by using interferometric scattering to follow MS2 coat proteins assembling around

different RNA strands. We have already begun experiments in which we follow the assembly of MS2
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coat proteins around a∼3200-base single-strandedRNA from the bromemosaic virus (BMV), aswell

as around shorter portions of the BMVRNA.We also plan to do experiments onMS2RNAmodified

by binding DNA oligonucleotides that locally disrupt hairpins. These experiments might offer some

insights into how viruses selectively package their own genomes in vivo.

The results of coarse-grainedmolecular dynamics simulations suggest that the assembly pathways

of capsids can depend on the relative strengths of the protein-protein and protein-RNA interactions.5

We can vary these interactions experimentally by changing the pH and ionic strength of the assembly

buffer, 141 and then measure the assembly kinetics to determine if MS2 capsids can assemble by differ-

ent pathways.

We can also use the interferometric scattering microscope to study the assembly kinetics of other

viruses. In collaboration with Dr. Tuli Mukhopadhyay and Julie Button at Indiana University we

have begun to study the assembly of Ross River virus capsids. It would also be interesting to study

BMV and cowpea chlorotic mottle virus, which are well-studied in bulk and in vitro. Unlike the coat

proteins ofMS2, the coat proteins of these three viruses have a strong positive charge, 102,160,161 result-

ing in a strong nonspecific interaction with the negatively charged RNA. It is therefore possible that

these proteins assemble into capsids by an en masse pathway in which electrostatics drives the initial

adsorption of proteins onto the RNA.
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