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Developmental Genetics of Tendon Growth

Abstract

Extant apes are characterized by a high degree of variation in Achilles tendon

size, and a tendon’s capacity for energy storage is directly related to its relative size.

Thus, it has been hypothesized that the relatively long, thin human Achilles tendon is

an adaptation to decrease the cost of bipedal locomotion, especially during running.

However, there is poor understanding of the mechanisms involved in tendon growth and

how these processes lead to di�erences in adult tendon size among di�erent organisms.

Using a mouse model, this dissertation characterizes the transcriptomic and regulatory

mechanisms that control the postnatal growth of limb tendons to better understand

the process of tendon size evolution. Chapter Two introduces the concept of tissue

growth in the context of tendon biology, hominin evolution, and human locomotion.

Chapter Three examines the changing proliferative potential of tendon cells during

the six weeks immediately following birth. We also characterize expression profiles of

known target genes and show that mouse tendon growth occurs in two general phases:

proliferative growth and increased matrix production. Chapter Four establishes a

comprehensive transcriptomic profile of tendon and presents an open chromatin assay

to identify putative regulatory elements involved in the transcriptional regulation

of these growth-related genes. These studies reveal the complex gene interactions
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that coordinate growth and may drive the observed shift in cell phenotype. Lastly,

Chapter Five demonstrates how these putative regulatory modules can be used to

address questions about the evolution of Achilles tendon growth in primates in order

to contextualize our findings in mice within a human evolutionary framework.
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CHAPTER 1

INTRODUCTION

Comparative primate anatomists have long appreciated the di�erences in Achilles

tendon morphology among extant apes (i.e., hominoids), which includes humans,

chimpanzees, bonobos, gorillas, orangutans, gibbons, and siamangs. Upon gross

examination it is clear that the human Achilles is much longer and more developed

than that of chimpanzees (Figure 1.1), bonobos, gorillas, and orangutans (Swindler

and Wood 1973; Diogo 2011; Diogo 2013; Diogo et al. 2013; Aerts et al. 2018). The

average reported human Achilles tendon length is approximately 150 mm (110 to 260

mm) (Doral et al. 2010; Rosso et al. 2012) while the Achilles is poorly developed in

non-human great apes (Figure 1.1) (Rauwerdink 1991; Diogo 2011; Diogo 2013; Diogo

et al. 2013). This variation naturally provokes the question of what selective forces

determine Achilles tendon morphology in primates. Addressing this question requires

a brief review of tendon structure and function.

1.1 Tendon structure and function

Tendons are dense regular connective tissue structures that connect muscles to bones,

enabling muscle force transmission across joints to produce movement. Mature

vertebrate tendons are fibrous, matrix-rich structures consisting of extracellular matrix

(ECM) proteins embedded within a ground substance that is rich in proteoglycans and

water (Kannus 2000). Collagen (predominantly type I) and elastin are the primary

tendon ECM proteins, making up ~65-80% and ~1-2% of tendon dry mass respectively

(Hess et al. 1989; Kannus 2000), although elastin fibers are not found in all human



Homo sapiens (modern human)

Pan troglodytes (common chimpanzee)

photo by Carolyn Eng

Dalmau-Pastor et al. 2014

Figure 1.1: Representative images of adult modern human (top) and chimpanzee (bottom) Achilles
tendons.

tendons (Józsa, Bálint, and Demel 1978; Carlstedt 1987). These components of the

ECM are produced by the tendon cells, which can be found between bundles of

collagen fibrils called fibers, which are the basic unit of any tendon (Hess et al. 1989).

These fibers are further organized into primary, secondary, and tertiary fiber bundles,

creating a tissue out of hierarchically organized collagen (Kannus 2000).

The high proportion of type I collagen in tendon is largely responsible for the vis-

coelastic properties observed in this tissue (Biewener 2008). This allows limb tendons,

such as the Achilles, to store and release elastic strain energy during activities such as

running and jumping, thereby decreasing the cost of locomotion and enabling power

amplification (Alexander 1984; Alexander 2002; Biewener 2008; Biewener and Patek

2018). The compliance of a tendon, and thus the amount of elastic energy it can store,

is directly related to its structure; long, thin tendons can store more energy per unit

volume (Biewener and Roberts 2000). Additionally, for a given limb length, having

longer tendons necessarily leads to a more proximal grouping of the limb muscles.
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This decreases the relative mass of the limb, in addition to decreasing expensive

musculature, which can also help decrease the cost of locomotion (Biewener 2008).

For these reasons, increased limb tendonization has been proposed as one adaptation

for running and jumping in the animal kingdom (Alexander 1984; R. M. Alexander

1991b; Alexander 2002). However, increased tendon length and compliance comes at

the cost of positional control of the joint(s) crossed by the tendon (Rack and Ross

1984; Biewener (2008)). Thus the ecology and locomotor demands on a given animal

will strongly influence the anatomy of a limb tendon such as the Achilles.

1.2 Evolution of the primate Achilles tendon

The striking di�erences observed between humans and their closest living relatives

(non-human great apes), combined with the findings that limb tendons can store

elastic energy during running and jumping in other animals (see above), have led to

the hypothesis that a long Achilles tendon is an adaptation for endurance running in

humans (Bramble and Lieberman 2004). Meanwhile, the short Achilles observed in

extant non-human great apes is hypothesized to be beneficial for arboreal behaviors,

giving the animal better positional control of its foot and ankle during climbing

(Preuschoft 1992; Jens et al. 2004). Within this evolutionary paradigm, a short,

chimpanzee-like Achilles likely represents the ancestral state for all hominins and the

derived condition likely arose with the emergence of the genus Homo (Bramble and

Lieberman 2004).

Although several qualitative reports of relative Achilles length exist, there is remarkably

little quantitative data available on primate tendon size variation. A single study

by Rauwerdink (1991) contains the most exhaustive data set of primate tendon

measurements (normalized to a standardized tibia length) from ten di�erent primate

taxa and one outgroup (chinchilla). This work shows that Achilles tendon length
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varies widely among extant primates (Figure 1.2) and that this size variation exists

on a continuous gradient. While Rauwerdink’s sample size and taxonomic breadth are

not large enough to statistically investigate the e�ects of phylogeny and locomotor

repertoire on Achilles morphology, Rauwerdink claims that tendon size does not

correlate well with locomotor mode among these primates (Rauwerdink 1991). However,

locomotor behavior appears to be a better predictor of Achilles tendon morphology

than phylogeny alone (see Figure 1.2). Non-human great apes share many arboreal and

terrestrial locomotor behaviors, namely terrestrial quadrupedalism, vertical climbing,

clambering, and orthograde suspension (Hunt 2016). Rauwerdink only measured

the chimpanzee (Pan troglodytes) Achilles, but qualitative reports of gorilla (Gorilla

gorilla) and orangutan (Pongo pygmaeus) musculoskeletal anatomy suggest that their

Achilles tendons are of a similar relative size (Diogo 2011; Diogo 2013; Diogo et al.

2013). Interestingly, the woolly monkey (Lagothrix lagotricha) Achilles measured by

Rauwerdink was also short, similar to that of the chimpanzee (Figure 1.2) (Rauwerdink

1991). These taxa are phylogenetically distant but use similar arboreal locomotor

behaviors that may have driven convergence of this trait.

The Achilles tendons measured from cercopithecines (rhesus macaque (Macaca mulatta),

hamadryas baboon (Papio hamadryas), and grivet (Chlorocebus aethiops)) generally

fall in the intermediate range (Figure 1.2). All three of these species practice terrestrial

quadrupedalism, but Rhesus macaques and grivets are also known to be partly arboreal

(Fleagle 1988; Schmidt 2011). Hylobatids (gibbons and siamangs), also, exhibit an

intermediate relative Achilles length similar to that of baboons, and much longer

than that of non-human great apes (Rauwerdink 1991; Aerts et al. 2018); thus they

are more similar to taxa outside their clade. Although hylobatids are arboreal and

predominantly practice brachiation, they are capable of rapid terrestrial bipedal,

“tripedal”, and quadrupedal locomotion (Vereecke et al. 2006 JHE), in addition to

leaping (Fleagle 1976). Biomechanical analyses have suggested that hylobatid Achilles
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possess the potential for elastic energy storage during bipedal locomotion (Vereecke et

al. 2006; Vereecke and Aerts 2008). Other studies of leaping in hylobatids suggests

that their Achilles could perform power amplification during takeo� (Channon et al.

2009; Channon et al. 2010). Either behavior may have served as a selection pressure

for a longer tendon in hylobatids compared to the other apes. However, more recent

work asserts that hylobatid bipedalism is not conducive to elastic energy storage

by the Achilles tendon and thus the size of the Achilles in gibbons and siamangs

is not adaptive (Aerts et al. 2018). Given the similarities between hylobatid and

cercopithecine Achilles tendon morphology, Aerts and colleagues argue that perhaps

the ancestral hominoid Achilles was more cercopithecine-like, rather than short and

chimpanzee-like. Thus, they argue that Achilles morphology was not under selection in

hylobatids, but instead was inherited from their common ancestor with cercopithecines

(Aerts et al. 2018). However, power amplification during leaping behaviors (Channon

et al. 2009; Channon et al. 2010) could have served as a su�ciently strong selection

pressue to drive Achilles elongation in hylobatids. This debate about the ancestral

state potentially complicates Bramble and Lieberman’s hypothesis (Bramble and

Lieberman 2004), but does not negate the possibility that a long Achilles tendon is

an endurance running adaptation in Homo, it merely alters the magnitude of the

morphological change that has occurred over the course of primate evolution. It also

raises the interesting possibility that the extremely short Achilles in extant non-human

great apes is a derived feature that also underwent selection for positional control

during climbing behaviors. Regardless of the Achilles morphology of the last common

ancestor between humans and chimpanzees, or among hominoids, the limited data

from extant primates suggests that Achilles tendon size is evolutionarily labile and

has likely undergone intense selection for locomotor and positional behavior many

times during primate evolutionary history.
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Figure 1.2: Plot of Achilles tendon lengths from eleven primate taxa with one outgroup (Chinchilla).
Adapted from Rauwerdink 1991. Human data from Rosso et al. 2012.
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1.3 Relevance of postnatal growth

Regardless of which tendon morphology is truly ancestral among apes, the average hu-

man Achilles is markedly longer and more developed than anything observed in extant

non-human apes and cercopithecines (Figure 1.1 and Figure 1.2). How evolutionary

forces created this morphology in modern humans is unknown, although selection

almost certainly would have had to act on some mechanism(s) controlling the growth

of the tissue. Tendons, like all tissues, can grow via two primary mechanisms: making

more cells (proliferation) and making more ECM. During embryonic development, cells

proliferate readily in the future tendon as the cells are specified and tissue is patterned.

Much of mammalian tendon growth continues postnatally (Comer 1956), but by the

time tendons reach their adult size many of the tendon cells are no longer proliferative

(Kalson et al. 2015). Even the ECM does not appear to turn over after the tissue

reaches maturity, which is around the age of seventeen in humans (Heinemeier et al.

2013). Thus there is a discrete postnatal developmental window during which altering

the mechanisms of growth could have a marked e�ect on adult tendon morphology.

Such genetic mechanisms could explain the dramatic di�erences in tendon length and

the evolutionary patterns of variation in tendon morphology among primate species,

including humans.

1.4 Brief overview of the dissertation

The biomechanical consequences of such di�erent anatomical phenotypes have been

long appreciated, but there is a poor understanding of the molecular mechanisms

active during tendon development and growth that lead to these phenotypic di�erences

among primate species. In order to determine how evolution could tinker with cell

and/or matrix growth mechanisms in the tendon, we first need a better understanding

of 1) how a normal tendon grows postnatally and 2) how this is genetically controlled.

7



Previous work has shown that morphological diversity evolves primarily through

changes in expression of genes with relatively conserved coding sequences via mutations

in sequences involved in cis-regulation of developmental processes (see Chapter 2).

Thus, in this dissertation, I take a developmental regulatory genetics approach to

understanding the evolution of the variability in tendon size among primates.

Chapter 1 lays out a framework for using methods from developmental genetics to

address questions of musculoskeletal evolution in primates. Chapter 2 reports a novel

method for the extraction and purification of intact, high quality RNA from fresh

tendon tissue; this is necessary for reliable study of the tendon transcriptome. Chapter

3 examines the changing proliferative potential of tenocytes during the postnatal

growth period in a mouse model in order to better understand mechanisms of growth

in the tendon. Chapter 4 integrates transcriptomics and genome-wide profiling of

chromatin accessibility to identify genetic regulatory modules correlated with postnatal

growth in the tendon. Finally, the Discussion and Future Directions explores the

implications for the findings of this dissertation, and provides an example of how to

apply the results from Chapter 4 to the topic of genetic regulatory evolution in tendon

growth.
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CHAPTER 2

COMBINING GENETIC AND DEVELOPMENTAL METHODS TO STUDY

MUSCULOSKELETAL EVOLUTION IN PRIMATES

This chapter has been published as a book chapter: Capellini TD and Dingwall H.

2017. Combining Genetic and Developmental Methods to Study Musculoskeletal

Evolution in Primates. In Building Bones: Bone Formation and Development in

Anthropology. Cambridge University Press. pp 175-204.

2.1 Introduction

Among mammals, primates exhibit remarkable diversity in skeletal morphology. Much

of this diversity is readily apparent in the appendages, body parts that interact with

substrates during locomotion and positional behavior. Di�erences in the lengths,

shapes, and proportions of the major long bones of the forelimb (scapula, humerus,

radius, ulna) and hindlimb (pelvis, femur, tibia, fibula) reflect the myriad skeletal

adaptations primates have evolved to occupy diverse ecological niches. This diversity

is not only observable at the level of the entire appendage or individual limb segment,

but at specific functional zones, such as growth plates, joints, and muscle-attachment

sites. From an evolutionary perspective, this striking morphological diversity reflects

the actions of natural selection on variation in pre- and postnatal developmental

processes (Carroll, 2008). Historically, this diversity has inspired biologists to search

for the developmental and genetic underpinnings of skeletal shape. Yet despite many

decades of research, relatively little is known about the molecular mechanisms that

control the specific shapes of bones, let alone how modifications to pre- and postnatal



developmental programs influence the morphological variation within and between

species. A deeper exploration of these mechanisms is necessary to establish precise

connections between genotype and phenotype (Hartl and Ruvolo, 2011), and in doing

so to understand the nature of species adaptation and evolution.

A modern synthetic approach, one which integrates experimental findings from de-

velopmental biology, genetics, genomics, and bioinformatics, has the potential to

provide increased power and resolution in connecting genotype to phenotype and

revealing the causative mutations that underlie adaptive morphological evolution.

Given the noticeable and marked variation in animal appendages, the identification of

the molecular and cellular mechanisms that control limb skeletal development and

diversity has been one of the main areas of research within developmental biology for

well over 50 years. This is in part a consequence of the findings that experimental dis-

ruptions to limbs or natural mutations that impact limb morphology do not necessarily

influence embryonic survival, making limbs a tractable system to study developmen-

tal principles (Gilbert, 2013). Thus, studies treating the limb as a developmental

system have consistently been at the forefront of revealing the basic molecular and

cellular mechanisms underlying developmental processes. Not surprisingly, this area

of research has also consistently introduced cutting-edge experimental techniques that

have aided in the identification of genes, their expression patterns, and their functions

within living organisms. Importantly, such achievements have also been matched by

advances in genetics, specifically in the development and improvement of methods

that serve to map genetic regions to trait variation. For example, the development of

genome-wide association studies (GWAS) and refinements in quantitative trait loci

(QTL) mapping has achieved a heightened ability to elucidate regions in the genome

that explain variation in limb and skeletal morphology. Most recently, functional

genomics techniques, which have taken advantage of next-generation sequencing (NGS)

technologies, have permitted the genome-wide identification of gene transcripts and
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regulatory sequences involved in skeletal development. These newest approaches, when

used in the context of bioinformatics and comparative genomics, are beginning to help

to refine genomic signals within genetically mapped intervals to causative loci. When

all of these approaches are considered collectively, scientists now have a powerful,

versatile toolkit to understand limb and skeletal development and to elucidate how

nucleotide diversity underlies appendage morphological variation within and between

animals.

As alluded to earlier, a major finding that has been experimentally corroborated

through achievements in each of the above fields is that as DNA sequences are

the units of heredity, modifications to the DNA molecule directly impact molecular

processes. These modifications in turn influence the development of a phenotype and

phenotypic variation within a species. Under a selective regime, slight perturbations

to a developing system, which results in heritable variation, eventually can lead to

species-specific adaptations. Indeed, variation in adult skeletal phenotypes often has

its roots in changes to early developmental programs in utero and/or processes of

growth and maturation that occur during postnatal life (e.g., Young et al., 2006; Chan

et al., 2010). Within primates, for example, skeletal morphology and proportions of

the major long bones are often established in utero and/or early in postnatal growth

(Young et al., 2006), a likely consequence of natural selection operating on the genes

that control the patterning of skeletal elements (e.g., determining the number of cell

populations that form the femur versus the tibia), and/ or those that control skeletal

growth (e.g., regulating proliferation of chondrocytes in the growth plate).

In the context of development, another major finding is that developmentally encoded

traits, such as skeletal shape, are often controlled at the level of gene regulation rather

than through modifications to the protein-coding portion of the gene (Carroll, 2008).

Perhaps because of their visibility in the genome and their relative predictive e�ects

11



on protein function, for many years mutations in the protein coding portions of genes

were argued to play major roles in adaptive phenotypes. While there are examples

of this in the literature, it is now understood that the large majority of genes in

the genome have many di�erent roles during development and postnatal growth and

that alterations to their function via coding mutations can result in an extensive

pleiotropism with deleterious consequences to the organism and its fitness. On a

comparative genomics level, one signature of this impact has been the finding that

coding portions of genes display high sequence conservation across a large number

of vertebrate species, indicating a conserved function for the protein during life (Yue

et al., 2014). On the other hand, more recent studies, such as those examining

the regulatory control of single genes (e.g., Mortlock et al., 2003) or those focusing

of the regulatory architecture of di�erent cell types (ENCODE Consortium, 2012),

reveal that the majority of genes have complex regulatory sequences (i.e., on/o�

switches) that function to drive gene expression in highly specific spatial and temporal

domains. By controlling gene expression in a modular fashion, these regulatory

switches have the ability to mediate specific anatomical outcomes. This specificity in

the control of gene expression helps organisms avoid the extensive pleiotropic e�ects

of coding mutations and provides a mechanism for natural selection to target specific

components of functional anatomy. In light of these findings, it is not surprising that

recent comparisons of the regulatory architecture of the genomes of di�erent species

has revealed considerable divergence in the regulatory control of genes in similar

tissues and cell types (Yue et al., 2014).

One additional insight that has emerged into the developmental genetic control of

trait variation is that many morphological traits have a polygenic underpinning rather

than being controlled by only a single locus. Indeed, it has been known for some

time that specific anatomy, even down to a musculotendonous insertion site on bone,

may be controlled by tens to hundreds of loci, many of which of are likely regulatory
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(Carroll, 2008). However, it is also understood, via findings from comparative genetic

mapping experiments, that the extent to which each locus explains heritable variation

in a trait is dependent on each species’ evolutionary history. For example, in mice,

the Growth Di�erentiation Factor Five (Gdf5) gene, a bone morphogenetic protein

that is expressed in growth plates, controls approximately 10–15% of the growth

of normal long bones, whereas in humans, GDF5 contributes to less than 1% of

growth, even in cases when the gene’s function is entirely missing (Capellini et al.,

unpublished). When considering specific evolutionary histories, it is not surprising

that there are cases where only a few loci may have been under intense selection and

end up explaining large percentages of variation in the trait. For example, mutations

within a tissue-specific regulatory element for the Pitx1 gene explain approximately

65% of variation in pelvic fin presence/absence in some freshwater populations of

stickleback fish (Shapiro et al., 2004; Chan et al., 2010). On the other hand, given

the nature of selection on highly complex phenotypes, some traits have potentially

thousands of underlying loci, none of which control more than a small percentage of

variation. For example, human height is likely controlled by thousands of loci; the

most potent locus controls only about 1–2% of normal variation in this phenotype

(Wood et al., 2014). In lieu of the above, revealing the causative adaptive mutations

that control variation in skeletal shape within and/or between species is a daunting

task and one that will require insight from multiple scientific angles (see Chapter 1

for further discussion on parsing the genetic basis of complex traits like height).

Given the complicated relationship between genotypes and phenotypes, how then

do scientists identify functionally important loci and gauge how much variation

they control? How do they sift through the numerous genetic variants within an

identified locus to find the variants directly responsible for changes in a species-specific

phenotype? Finally, how do they functionally test these sequences to reveal molecular

mechanism and their impacts on development? This chapter addresses these questions
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and issues in the context of appendage skeletal development and evolution. The

goal is to inform the evolutionary developmental anthropologist as to the genetic,

molecular, and developmental tools that are available for them to explore aspects

of the genotype–phenotype puzzle in the context of primate skeletal variation and

evolution.

2.2 Connecting Genotype to Phenotype

To connect genotype to phenotype using a developmental genetics perspective, it is

imperative that the DNA base-pair sequences that control limb development, growth,

and maturation be identified, and this can be accomplished using multiple approaches.

For example, geneticists have historically used mapping approaches to reveal loci that

underlie variation in skeletal morphology (see Pardo-Diaz et al., 2015 for review),

while more recently, functional geneticists and genomicists have used NGS methods to

identify and then hone in on the types of genetic mutations that a�ect developmental

pathways and underlie variation in morphology and disease risk (Gibson and Muse,

2009; Barrett and Hoekstra, 2011). To establish direct functional links between loci

and traits and thus identify precisely how genes and their protein products contribute

to morphological development, developmental biologists have used techniques such

as gene mis-expression in the chick (e.g., Logan and Tabin, 1999) and targeted gene

deletion/replacement in the mouse model systems (e.g., Menke, 2013). When used

in concert to address evolutionary questions, these approaches can be quite powerful

in revealing the sequences that control adaptive trait variation. These topics are

addressed in detail below.
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2.2.1 Genetic Methods: Finding the Loci that Control Trait Variation

Studies that focus on identifying loci that control trait variation typically fall into

one of two main categories: “forward approaches” or “reverse approaches.” When a

phenotype is known to vary and researchers are seeking to identify the loci that control

its variation, these studies are often classified as either “forward genetics” or “forward

genomics.” Investigative genetic studies involving twins or family pedigrees with known

phenotypes fall under the “forward genetics” category, as do genetic association studies

such as QTL mapping and GWAS. Most recently, “forward genomics” has emerged

and involves using comparisons of known traits across many taxa (i.e., between group

variation) in concert with full genome sequences from those taxa to find recurrent

genomic regions that control convergent or divergent biological traits (e.g., Hiller et

al., 2012). On the other hand, the “reverse genetics” or “reverse genomics” approach

employs a de novo scan across a locus or the genome to find sequences that show

characteristics of functional and evolutionary change (e.g., evidence of natural selection

or drift). Both “reverse approaches” result in the identification of novel sequences,

albeit these sequences still need to be linked to biological phenotypes using some

of the functional techniques outlined below. This approach is especially powerful in

revealing regions of the genome that display evidence of potentially adaptive evolution

in di�erent primates and humans (Prabhaker et al., 2006, 2008; McLean et al., 2011;

Vitti et al., 2013). To make sense of any biological outcome, both approaches often

rely on previous knowledge of the genomic region under investigation and downstream

analyses often focus on known genes with established biological e�ects in chicks,

mice, or humans. This “candidate” gene perspective has been particularly useful

in twin and family studies to uncover causative mutations involved in limb skeletal

variation (Farooq et al., 2013). For example, novel mutations in a functional domain

of the GDF5 gene were identified in members of a large Pakistani family exhibiting

brachydactyly by sequencing the gene’s coding region in a�ected and una�ected
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individuals (Farooq et al., 2013). These mutations disrupted digit joint development,

resulting in the absence of the intermediate phalanx and revealed key functions for

GDF5 in distal joint development. However, many family studies are inherently limited

by the availability of families/cohorts with relevant phenotypes and by the fact that

the individual genetic influences on a trait are di�cult to identify because they can be

hidden by the segregation of other genes and/or noise produced by environmental or

experimental variation. Often candidate gene studies are conducted in patients and

yield no significant results that are then not reported; this is likely due to the fact

that many genes and regulatory regions control the trait in question. Moreover, the

candidate gene approach is still limited mainly to coding regions, yet mutations in

nearby or faraway non-coding regulatory sequences may be the true culprits responsible

for the phenotype of interest.

Recent genomics approaches, such as whole exome sequencing (WES) in which un-

translated and coding regions of genes are sequenced genome-wide, allow for a more

rapid identification of causative mutations (Tetreault et al., 2015). This is an espe-

cially powerful approach when a�ected and non-a�ected siblings are both sequenced.

For example, using WES, Parry and colleagues (2013) identified mutations in the

Goosecoid gene that cause short stature, auditory canal atresia, mandibular hypoplasia,

and skeletal abnormalities. This technique is even more powerful when it is performed

on multiple individuals with and without a given phenotype from di�erent families.

Nilsson and colleagues (2014) have identified several di�erent causative mutations in

the Aggrecan gene, which encodes a proteoglycan in the extracellular matrix of growth

plate cartilage, underlying idiopathic short stature syndrome in three di�erent families.

While WES and related techniques have been important in mapping relatively simple,

monogenic, Mendelian-inherited traits and diseases, they are only now being used to

identify the mutations that underlie complex, polygenic traits and diseases with some

(limited) success (e.g., autism via Codina-Solà et al., 2015; neural tube defects via
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Lemay et al., 2015).

The “forward genetic” approaches of linkage and association mapping (such as GWAS)

have more often been used to identify the loci that underlie complex, polygenic

traits that display patterns of normally distributed variation. Evolutionary biologists

routinely use linkage mapping to identify loci that influence quantitative variation

in a particular trait, or QTL (Hartl and Ruvolo, 2011). In QTL mapping, often

a broad locus can be uncovered if it is linked genetically via some marker in the

genome (e.g., microsatellite repeat, or single nucleotide polymorphism (SNP)) to

observable variation in a trait. Such markers, when dispersed across the genome, can

be tracked for how they co-segregate with variation in the trait in question, especially

after analyses are conducted on o�spring cohorts across several generations (e.g., F1

and F2 generations). Typically, QTL mapping is performed in organisms that have

marked genetic and phenotypic diversity. In evolutionary biology contexts (i.e., with

model and non-model organisms) researchers take advantage of this extensive trait

heterogeneity, and improvements in genome-wide genotyping, and experimentally

cross individuals in order to track alleles that influence phenotypic variation in the F1

and F2 hybrid generations. Statistical analysis then allows markers to be associated

with trait variation and can reveal significant, but often very wide (e.g., megabase)

QTL intervals that often harbor many putative functional loci (genes and regulatory

sequences). Experimental studies with o�spring cohorts possessing many individuals

(e.g., thousands) have generally uncovered more loci, including those of slightly smaller

e�ects, as well as loci that are a bit narrower due to the greater number of recombination

events that partition meaningful genetic and phenotypic variation into smaller co-

segregating blocks. One striking example was by Shapiro and colleagues, who used

QTL analyses on stickleback pelvic fin phenotypes to identify a genomic interval that

contained numerous genes including Pitx1, a key gene involved in pelvic development

(Shapiro et al., 2004; Colosimo et al., 2005). Other examples within mice include
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the identification of the cadherin11 locus in the control of femoral microarchitecture

(Farber et al., 2011); a locus on chromosome 6 that controls tibial length in LG/J

and SM/J inbred lines (Nikolskiy et al., 2015); the PAPP-A2 locus that controls

bone shape and size (Christians et al., 2013), and numerous other loci that have been

mapped by Cheverud and colleagues and shown to underlie limb and craniofacial

skeletal traits (e.g., see Kenney-Hunt et al., 2006). Within non-human primates, fewer

examples exist, but include the identification of QTLs governing craniofacial shape

in hamadryas baboons (Sherwood et al., 2008); and the identification of a QTL in

baboons governing variation in forearm bone mineral density (Havill et al., 2005).

GWAS, as well as other association mapping experiments, have taken advantage of

a highly prevalent class of markers called SNPs, and improvements in genotyping

technologies, to map population variation in traits to loci in the human genome

(reviewed in Hartl and Ruvolo, 2011). GWAS involve genotyping and phenotyping a

large number of individuals (tens to hundreds of thousands) from cases and controls that

are age- and sex-matched and are often from similar geographic localities. Genotyping

involves the use of a SNP-chip that often contains over one million SNP markers

spread across the genome. The use of more markers as well as knowledge of the

non-random association of alleles at di�erent loci, or linkage disequilibrium (LD),

recently acquired from the 1000 Genomes and the HapMap projects (Weir et al.,

2005), has improved GWAS studies and helped to narrow down genomic intervals of

association. Most recently, rare variant imputation (reviewed in Porcu et al., 2013),

along with fine-mapping and refined haplotype analyses in diverse human populations

(reviewed in Li and Keating, 2014) has lead to even narrower association windows (tens

of thousands of kilobases). Given that most GWAS studies are conducted on complex

traits that are extremely variable and highly polygenic, often thousands to hundreds

of thousands of individuals will need to be analyzed to identify associated loci; for

example, the most recent GWAS of skeletal height variation in human populations
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was conducted on over 250,000 individuals and revealed almost 700 loci that explain

at least 20% of heritable variation in height (Wood et al., 2014). Importantly, in all

GWAS studies to date, the causative base pairs that control variation remain largely

unknown due to the fact that many SNPs are often in strong LD within the association

interval (Wood et al., 2014).

2.2.2 Functional Genomics Methods: Defining Functional Sequences

Recently, functional genomics approaches have been implemented by large-scale

projects such as The Encode Project (ENCODE Project Consortium, 2012), The

Roadmap Epigenomics Project (Roadmap Epigenomics Consortium, 2015), and The

Fantom Project (Lizio et al., 2015), providing rich data sets upon which to screen

putative associated variants from GWAS or other association studies. These projects

have taken advantage of NGS to reveal genome-wide transcript production (transcrip-

tome) and usage, as well as the locations of regulatory sequences and their interactions

with target genes in a variety of cell and tissue types in humans and mice.

2.2.2.1 Genome-wide Transcript Detection

Detection of expressed transcripts has been carried out on genomic levels by surveying

the transcriptome of a specific tissue or cell type (Gibson and Muse, 2009; Dong and

Chen, 2013; Roux et al., 2015). Initially, this was accomplished by way of tissue

dissections followed by the generation of complementary DNA (cDNA) libraries, in

which double-stranded DNA is synthesized from messenger RNA extracted from a

tissue of interest. When cDNA is sequenced and mapped to an assembled genome,

these libraries produce a list of the expressed transcripts in that tissue (Gibson and

Muse, 2009). Early cDNA libraries did yield the locations of transcripts in the genome

and interesting di�erences in transcript abundance and variation between specific
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tissues in the body and between di�erent individuals or species (e.g., see Canavez

et al., 2001). However, the advent of the DNA microarray (reviewed in Gibson and

Muse, 2009), a microchip that contains DNA probes for nearly every known protein

coding gene in the genome, made faster, more refined studies of transcript expression

and variation possible. In these experiments, cDNA generated from a particular

tissue is applied to the chip allowing the sequences to hybridize to gene probes. The

hybridized transcripts are then detected using fluorescence or chemiluminescence.

This method allows for a relative quantification of which transcripts are either up-

or down-represented in the sample, especially when compared to appropriate control

genes and tissues. In an e�ort to characterize the gene expression profile of developing

limbs, microarray analyses have been performed on di�erent limb bud zones (Rock et

al., 2007; Schreiner et al., 2009), limb types (Shou et al., 2005), limb structures (Pazin

et al., 2012), tissue types (Zhang et al., 2008; Chau et al., 2014), and even between

di�erent growth zones of developing bones (Wang et al., 2004; Horvat-Gordon et al.,

2010; James et al., 2010; Lui et al., 2010).

More recent advancements, such as RNA-sequencing (RNA-seq; reviewed in Ozso-

lak and Milos, 2011), in which NGS is performed on RNA extracted from whole

tissues, cultured cells, and even single cells (see below), provide genome-wide maps

of transcriptional output including non-coding RNA transcripts. This technique can

be carried out on tissues from di�erent species, although the mapping of reads from

NGS can be impacted by the quality of the parent genome. To date, RNA-seq has

been performed in a number of di�erent contexts, including on a variety of skeletal

tissues and cell types, such as on chondrocyte cell lines and osteoblasts (ENCODE

Project Consortium, 2012; Bowen et al., 2014; Mori et al., 2014; Oh et al., 2014; Lizio

et al., 2015; Roadmap Epigenomics Consortium, 2015). While these experiments

have revealed novel loci that likely reflect cartilage and bone-specific biology, it is

important to note that they have been conducted mostly on in vitro derived cell lines
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and therefore transcriptomic profiles may be quite dissimilar to profiles acquired from

in vivo collected tissues, such as chondrocytes of the growth plate.

Historically, these transcriptomic techniques were more often than not performed

on heterogeneous cell populations extracted from a single organ or tissue. However,

techniques such as fluorescence-activated cell sorting (FACs) (reviewed in Tung et al.,

2007) and laser capture microdissection (reviewed in Datta et al., 2015) now allow

for the isolation of specific cell types for use with these functional genomics methods.

These approaches enable the identification of all transcripts produced by that cell or

tissue type at a given time point. Most recently, microfluidic techniques that permit

the isolation of single cells and subsequent “barcoding” of their RNA, permit rapid,

single-cell resolution transcriptomics (Macosko et al., 2015).

Using these types of refined data sets, scientists will be able to address a number

of issues. For example, they will be able to determine whether GWAS SNPs for

height are enriched near genes expressed uniquely within a specific growth plate zone

(e.g., in the proliferative zone versus the hypertrophic zone) and this could reveal

specific mechanisms that evolution has targeted to drive skeletal variation in human

populations. Comparative RNA-seq analyses performed on specific tissues, such as

growth plates, or on specific growth plate zones, from several di�erent species with

di�erent limb phenotypes will likely shed light on the molecular and evolutionary

mechanisms that generate interspecies variation in limb length, segment length, and

limb proportions. For example, Cooper and colleagues (2013) have demonstrated

that hypertrophic chondrocyte zones from the elongated distal metapodial growth

plate of the jerboa, a hopping rodent, are enlarged by over 50% compared to the

laboratory mouse. This suggests that genes and regulatory sequences controlling

hypertrophic zone formation, di�erentiation, and maintenance may have been the

target of selection during jerboa evolution; if so, it may be interesting to identify
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whether similar genetic changes are seen in other hopping or jumping rodents with

similar distal metapodial elongations. Hypertrophic cells from species with convergent

phenotypes may have very similar transcriptome profiles and be quite dissimilar to

more closely related (non-elongated) sister species. On the other hand, hypertrophic

chondrocyte zones in each hopping rodent species may exhibit significant transcript

expression divergence due to the evolution of distinct hierarchical factors regulating

growth plate transcriptional programs. In this case, knowledge of underlying genetic

variation within and between species will be paramount for identifying mutations

linked to expression di�erences in these rodents.

Transcriptome experiments, such as those described above, can help bridge the

genotype–phenotype gap, especially when they are coupled with direct measurements

of genome sequence variation in the same individuals. Accordingly, expression quanti-

tative trait loci or eQTLs (reviewed in Gilad et al., 2008; Majewski and Pastinen, 2011)

are loci that show expression variation in relation to underlying genomic variation.

SNPs have historically been the primary type of genomic variation examined, but more

recently insertion/deletion mutations have been analyzed (Huang et al., 2015). For

example, RNA-sequencing and SNP genotyping performed on HapMap and/or 1000

Genomes Project lymphoblastoid cell lines have revealed SNPs that are associated

with transcript variation for nearby genes (e.g., Lappalainen et al., 2013). These

eQTLs will help to narrow down causative mutations among the many associated

variants uncovered via GWAS and are useful for honing in on variants within QTL

intervals.

2.2.2.2 Genome-wide Regulatory Element Detection

One insight gained from The Encode Project (ENCODE Project Consortium, 2012),

The Roadmap Epigenomics Project (Roadmap Epigenomics Consortium, 2015), and

The Fantom Project (Lizio et al., 2015) is that most genomic variation (including
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eQTLs) resides in close proximity to, or directly overlaps with, a sequence with

known biochemical function, the majority of which is regulatory in nature. This

finding suggests that regulatory portions of the genome are important drivers of

developmental variation and evolutionary change. Recent advancements in the genome-

wide identification of regulatory sequences are improving our understanding of this

domain, specifically with respect to the spatiotemporal control of gene regulation in a

cell-type specific manner.

Techniques that reveal regulatory sequences (e.g., enhancers, repressors, promoters)

across the genome have been based on several fundamental observations. First, it has

been known for some time, via the development of chromatin immunoprecipitation

(ChIP) (reviewed in Orlando, 2000), that regulatory sequences are physically bound

by transcription factors (TF), which facilitate the expression of target genes (reviewed

in Krebs et al., 2014). Some TFs have been shown to act in a general manner; that is,

they bind to the same regulatory sequence in many di�erent cell types (e.g., P300)

(e.g., Visel et al., 2009). Other TFs have been shown to be functional only in a

particular cell type, bound to many targets, and/or responsible for hierarchically

controlling its transcriptional profile (e.g., Aziz et al., 2010). A typical hypothesis that

emerges from these findings is that if a TF is shown to interact biochemically with a

regulatory sequence, then a DNA modification (e.g., SNP) at the specific location of

binding may reduce or enhance TF binding, producing a functional impact on gene

transcription and phenotype. Importantly, recently ChIP has been combined with

NGS (i.e., ChIP-seq) to identify all locations in the genome bound by a specific factor

(reviewed in Furey, 2012). Projects such as The ENCODE Project (ENCODE Project

Consortium, 2012) have performed ChIP-seq on over 125 di�erent human cell types

for a number of transcription factors, some of which universally mark enhancers and

others that mark enhancers for specific cell types.
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ChIP-seq studies have only recently been performed on tissues related to limb and

skeletal development. Menke and colleagues performed ChIP-seq on early mouse

limb buds for the TF Pitx1 (Infante et al., 2013). As Pitx1 is a hindlimb-specific

regulator (Lanctôt et al., 1999), their work has revealed many targets genome-wide

that likely regulate hindlimb development in mammals; such targets can be screened for

mutations that potentially underlie variation in hindlimb morphology across mammals

and primates. ChIP-seq has also been performed on skeletogenic tissues for Sox9

(Oh et al., 2014), a hierarchical regulator of mesenchymal condensation and early

chondrocyte development in long bones (Bi et al., 1999; Ohba et al., 2015). This

data set of regulatory sequences can be used to identify whether any GWAS variants

for height reside within and thus potentially disrupt chondrocyte enhancer function.

Likewise, comparative genomic sequence analyses on such an enhancer data set can be

used to reveal suites of enhancers that have experienced evolutionary changes between

species that have di�erent long bone skeletal phenotypes.

Second, it has also been discovered that chromatin that is wound around histones in

the form of nucleosomes is actively unwound before transcription (reviewed in Krebs

et al., 2014). Importantly, where chromatin is unwound or “open,” it can then be

experimentally digested using nucleases, enzymes that cut DNA (Wu et al., 1979a,b;

Gross and Garrard, 1988). Numerous assays have been developed that use NGS to

sequence “open” digested nucleosome sequences (reviewed in Meyer and Liu, 2014)

with the goal of identifying the locations of these potential regulatory sequences across

the genome. These techniques include: DNase-seq (Crawford et al., 2004; Sabo et al.,

2004), FAIRE-seq (Giresi et al., 2007), and ATAC-seq (Buenrostro et al., 2013). DNase-

seq involves the digestion of “open” chromatin by the enzyme DNase I followed by

sequencing (Crawford et al., 2004; Sabo et al., 2004). DNase-seq protocols performed

on hundreds of cell and tissue types have revealed millions of active regulatory regions

across the genome (reviewed in Madrigal and Krajewski, 2012) and about one-third of
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these DNase sites are specific to individual cell types, reflecting the cell-type-specific

control of gene regulation (ENCODE Project Consortium, 2012). To date, DNase-seq

has been performed on mouse fore- and hindlimb buds at gestational day (E) 11.5

revealing a number of loci that regulate early limb bone patterning; on mouse limb

buds at E14.5 identifying loci involved in limb chondrogenesis (ENCODE Project

Consortium, 2012), and on in vitro-derived osteoblasts to study bone development

(Inoue and Imai, 2014; Tai et al., 2014).

Of these approaches, ATAC-seq, or assay for transposase-accessible chromatin and

sequencing (Buenrostro et al., 2013), is quite promising. This approach uses a specific

transposase that preferentially digests open chromatin regions and simultaneously

integrates built-in adaptor tags to the ends of the digested sequence that coincide

with the regions adjacent to nucleosomes. Using primers that recognize these tagged

sites, polymerase chain reaction (PCR) is then performed to amplify the library, which

then undergoes NGS and mapping of reads to the parent genome to reveal regulatory

sequences. This approach is quite promising because it is relatively simple, that is,

it can be accomplished in less than a day, and requires very little starting cellular

material. This latter property of ATAC-seq allows scientists to identify regulatory

regions on rare tissue samples (for example, human embryonic limb buds) or even

highly specific anatomies or cell types. While ATAC-seq has not yet been used on

skeletal tissues, one elegant study by Shubin and colleagues (Gehrke et al., 2015) has

compared genome-wide ATAC-seq signatures derived from mammalian limb-bud and

fish fin-bud tissues to understand the evolution of gene regulation during appendage

development over deep evolutionary time.

Third, chromatin wound around nucleosomes experiences chemical modifications that

lead to its relaxation and thus potential for active transcription (reviewed in Krebs et

al., 2014). At the nucleosome, core histone proteins possess exposed amino acid residues
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or tails that can be chemically modified or “marked” by a number of processes including

acetylation and methylation (reviewed in Rivera and Ren 2013). Specific histone tail

residues, when acetylated, can lead to the loosening of a chromatin–histone complex,

which exposes DNA for future occupancy by transcription factors. On the other hand,

methylation at specific histone tail residues can lead to repression and a highly wound

DNA–histone complex. Thus, based on the type of mark, it has been possible to

identify using ChIP-seq active and repressed regulatory sequences on a genome-wide

and cell-type specific level. Some of the most studied histone marks include: H3K27ac,

a mark of active enhancers (Heintzman et al., 2009; Creyghton et al., 2010; Rada-

Iglesias et al., 2011); H3K4me3, a mark of active promoters (Bernstein et al., 2005;

Pokholok et al., 2005); and H3K27me3, a mark of a repressed region (Bernstein et

al., 2006). The ENCODE Project (ENCODE Project Consortium, 2012) has studied

a series of these marks in human cell lines and tissues related to limb development,

while the Roadmap Epigenomics Project (Roadmap Epigenomics Consortium, 2015)

has focused on a variety of human fetal and adult tissues. With respect to skeletal

development, each consortium has performed a number of experiments for di�erent

histone marks on chondrocytes and osteoblasts derived from adult long bone marrow

cavities. These data sets have not yet been extensively examined.

All three of the approaches discussed above yield regulatory sequences which can be

screened and/or filtered for mutations that either have been associated with trait

variation, or are di�erent between two species or individuals under study. In addition,

these techniques provide an understanding of the localized control of gene expression

via the identification of regulatory sequences within a candidate locus. Thus, they can

be used to substantially narrow down the number of putative regulatory mutations

that need to be considered between a�ected and una�ected individuals in candidate

gene studies or in association intervals. Because these data sets are new, there have

not been many examples of their use in the above applications. However, one recent
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study has revealed that specific enhancers for SOX9 are physically removed from its

coding region due to chromosomal inversions in patients with limb defects such as

campomelic dysplasia (Gordon et al., 2009b; Fukami et al., 2012). It is through the

identification of the enhancers and their physical displacement that the causative

mutations underlying this phenotype were discovered.

2.2.2.3 Intrachromosomal Interactions between Regulatory Elements and Genes

In order to connect regulatory elements to their specific target genes, and thus be able

to understand how mutations within them impact gene expression and phenotypes,

assays that gauge biophysical connections, known as chromosomal conformation

capture assays, have been developed (reviewed in Rivera and Ren, 2013). These

techniques can be performed in a localized manner to reveal intralocus interactions

(i.e., chromosomal conformation capture (3C) (Dekker et al., 2002) or chromosomal

conformation capture carbon copy (5C) (Dostie et al., 2006)), or on a broader genome-

wide level (i.e., circular chromosome conformation capture (4C) (Zhao et al., 2006),

chromatin interaction analysis using paired-end tag sequencing (ChIA-PET) (Fullwood

et al., 2010), or Hi-C (Lieberman-Aiden et al., 2009)). One common finding of all

of these capture techniques is that regulatory sequences can target more than one

gene during development, making understanding the regulatory impacts of sequence

variants quite complicated. To date, few studies have been conducted using capture

assays for limb and skeletal development, although some notable examples exist.

Amano and colleagues (2009) used 3C to identify intralocus interactions in the Sonic

hedgehog (SHH) locus, revealing important expression kinematics of the SHH protein

in the limb bud. Mutations in SHH have been shown to alter digit morphology

and likely explain some variation in digit number in di�erent animals (see below).

3C was also used on the SHOX locus and revealed that disruptions in enhancer

interactions may underlie some cases of idiopathic short stature (Benito-Sanz et al.,
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2012). Finally, Lupiáñez and colleagues (2015) used 4C assays on patients with

brachydactyly and polydactyly and revealed that genomic disruptions (via deletions,

inversions, or duplications) to intrachromosomal interactions between enhancers and

promoters for the WNT6;IHH;EPHA4;PAX3 locus are likely the causative mutations

underlying these skeletal phenotypes. In time, these methods will be used in a

comparative framework to reveal how intrachromosomal interactions vary between

species displaying considerable variation in skeletal morphology.

2.2.3 Developmental Biology Methods: Testing Putative Functional Variants and

Understanding their Developmental Context and Phenotypic Impacts

While genetic mapping experiments are ideal for identifying loci associated with pheno-

typic traits, and functional genomic studies can help narrow down association and QTL

intervals to a smaller number of putative functional mutations, both lack the ability at

this time to directly test mutations for functional impacts on phenotypes. To acquire

this level of understanding for a given variant (or region of the genome that markedly

di�ers between individuals or species), developmental biology and molecular biology

methods must be utilized, and thus far they have been important for understanding:

(1) the identification of the spatiotemporal patterns of expression for transcripts and

proteins in specific tissues and cells; (2) the nature of signaling interactions between

and within tissues and cells; (3) the tracking of cellular contributions to developing

and mature tissues; (4) the identification of specific regulatory sequences for genes

used during development and growth; and (5) the functions of gene and regulatory

elements in the embryo at specific times and places. Below, each of these contributions

is discussed in the context of skeletal development and in the ways they have been

helpful in linking genotypes to phenotypes.
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2.2.3.1 Detecting Gene Expression and Protein Localization

For a coding or regulatory variant to impact morphological variation, the mutation will

likely alter the expression and/or function of the gene in a specific cell type of interest.

Therefore, methods have been developed that allow for the precise identification of the

spatiotemporal expression pattern of the gene and its protein product. The earliest

expression detection methods involved the qualitative detection of just one individual

gene or protein product either on a histological section or in a whole embryo using in

situ hybridization (reviewed in Hauptmann, 2015) or immunohistochemistry (reviewed

in Buchwalow and Böcker, 2014). In these cases, the endogenously expressed transcript

or protein of interest is first targeted using either a labeled-mRNA probe or antibody,

and once the probe is hybridized to the transcript, or the antibody is bound to the

protein, they are then detected via a colorimetric or fluorescence reaction. Assays

such as these, when simultaneously performed for cell-type specific marker genes or

proteins, and/or in conjunction with histological staining techniques (e.g., hematoxylin

and eosin staining), allow the researcher to define specific expression zones at the level

of cells and tissues (see Chapter 9 for an example). These methods provide important

information about where and when a gene is expressed and, if used in the context

of gene loss-of-function or mis-expression experiments (see below), they can serve to

reveal how the expression of downstream genes and specific molecular pathways are

disrupted (e.g., see Capellini et al., 2006, 2010). They can also be used to determine

whether species-specific mutations in regulatory elements lead to transcript down- or

upregulation at a localized subdomain of an entire gene’s expression pattern (e.g., see

Shapiro et al., 2004).
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2.2.3.2 Identifying How Signaling Interactions Sculpt Phenotypes

Because phenotypic variation arises during development, it is important to understand

how genetic mutations alter, ever so finely, signaling interactions within and between

tissues. A key component of this approach is characterizing these interactions in

model systems, so that the functional ramifications of mutations can be contextualized,

especially as they lead to the production of variation. Indeed, some of the earliest

studies in developmental biology used model systems such as the chick and the axolotl

to examine tissue interactions during development and how they control the formation

of distinct tissues (e.g., see Gilbert, 2013). These experiments involved either placing

foil barriers between tissues of interest or removing tissues to alter signaling and observe

the phenotypic consequences on the development of appendage skeletal elements (e.g.,

see Summerbell, 1979; Stephens and McNulty, 1981). For example, placement of a foil

barrier between the lateral plate mesoderm and somitic dermomyotome at the level

of the chick forelimb bud lead to the downregulation of bone morphogenetic protein

expression and severe scapula blade phenotypes. Likewise, removal of the somites at

the forelimb and hindlimb levels has revealed that signaling interactions between the

somites and lateral plate mesoderm are important for the formation of the scapula

but not necessarily the pelvis (Huang et al., 2006). These experiments also reveal that

one potential source of variation in scapula blade morphology is from the actions of

genes in adjacent non-scapula tissues.

Another early experimental approach involved grafting tissues from one part of the

body onto another to observe the phenotypic e�ects of disrupted signaling. For example,

early studies in chick limb development revealed that when a specific subpopulation

of posterior limb bud cells was grafted onto the anterior portion of a similarly staged

limb bud, an ectopic mirror image digit duplication occurred (MacCabe et al., 1973).

Furthermore, the grafting of the homologous mouse tissues onto the anterior chick limb

30



bud resulted in similar patterns (Tickle et al., 1976), revealing a conservation of digit

patterning mechanisms. These early experiments identified an important signaling

center called the zone of polarizing activity (ZPA) that is now known to express Shh,

which encodes for a protein that signals across the limb bud to drive posterior digit

formation (Riddle et al., 1993). Researchers have also used beads soaked in specific

proteins or chemical antagonists to explore how signaling occurs within and between

tissues. For example, the application of SHH protein-soaked beads to the anterior

portion of the chick limb bud yielded mirror image duplications, thus reproducing the

result of ectopic application of ZPA tissues (Yang et al., 1997). In addition, distal limb

truncations and digit loss occurred in response to the application of SHH antagonists

to the ZPA region, revealing the important role of this pathway in digit patterning

and outgrowth (Scherz et al., 2007). Beads soaked in bone morphogenetic proteins,

such as GDF5 or its antagonist, have helped to reveal their role in the formation of

synovial joints (Francis-West et al., 1996; Merino et al., 1999), whereas the application

of chemical inhibitors to developing growth plates has demonstrated the important

e�ects of signaling interactions in endochondral ossification (e.g., Nagai and Aoki,

2002; Wu and De Luca, 2006).

2.2.3.3 Fate-mapping

Many protocols have been designed to track or fate-map cellular contributions to

distinct tissues during development, thereby providing a context for understanding

how functional mutations in specific cells can influence morphological development

and variation. For example, studies in chick embryos using DiI labeling have fated cell

populations in the early limb bud to di�erent signaling centers as well as to proximal

and distal skeletal elements (e.g., Vargesson et al., 1997; Dudley et al., 2002). They

have also shed light on the cellular progenitors of both synovial joints (Koyama et al.,

2008) and muscles of the limb (e.g., Pacifici et al., 2006). Interspecies (quail–chick) cell
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labeling experiments, which take advantage of the use of species-specific antibodies for

detection, have also revealed the migratory pathways of muscle cells in the limb (e.g.,

Valasek et al., 2005), as well as the tissues that give rise to both girdles (reviewed in

Huang et al., 2006).

The laboratory mouse has been an exceptionally important model system for tracing

cell lineages during development (reviewed in Kraus et al., 2014). Using gene-targeting

procedures, researchers have created mouse strains harboring specific regulatory

sequences placed upstream of the Cre gene to drive its expression. The protein product

of this gene is the Cre-recombinase enzyme, which can excise artificial sequence tags

called loxP sites. For the purpose of fate-mapping, loxP sites have been engineered

to flank “stop” sequences upstream of regulatory elements capable of constitutively

activating a reporter gene, such as one that produces lacZ or green fluorescent protein

(GFP) (e.g., Soriano, 1999). Mouse lines harboring this reporter sequence can be

crossed to a line with a tissue-specific regulatory sequence driving the expression of

Cre-recombinase. The enzyme will then excise the stop sequence via recombination

at the loxP sites, thus activating lacZ or GFP gene expression in only that cell type.

Using detection methods, scientists can then track lacZ- or GFP-labeled cells as they

proliferate and migrate to the tissues they help form. For example, this procedure has

been used to fate cells that have expressed Shh to posterior digits (Harfe et al., 2004),

expressed Gdf5 to developing and mature joints (Koyama et al., 2008), and expressed

Sox9 to chondrogenic populations in the growth plates (Akiyama et al., 2005).

2.2.3.4 Regulatory Element Identification

The discovery that phenotypic variation within and between species is due to regulatory

mutations (King and Wilson, 1975), which has been recently documented by genome-

wide studies in humans (Grossman et al., 2013) and stickleback fish (Jones et al.,

2012), has lead scientists to interrogate conserved non-coding sequences for regulatory
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function using in vitro or in vivo assays (reviewed in Davidson 2001). In these assays,

candidate non-coding sequences are cloned upstream of reporter genes (lacZ or GFP)

to see if they can activate reporter expression when transfected in cells or injected

into living embryos. While cell assays have been useful in determining that a sequence

has regulatory potential, in vivo approaches, such as enhancer transgenesis, reveal a

sequence’s precise spatial–temporal control of gene regulation in the three-dimensional

embryo (Mortlock et al., 2003). For example, based on its high sequence conservation

in mammals, a specific regulatory enhancer for Shh was discovered that drives this

gene specifically in the ZPA (Lettice et al., 2003) in mouse embryos. Interestingly,

single point mutations in this enhancer in mice, cats, and humans each result in an

extra digit in the forepaw and hindpaw (Gurnett et al., 2007; Furniss et al., 2008;

Lettice et al., 2008; Sun et al., 2008), demonstrating the role of regulatory mutations

underlying phenotypic diversity. Recently, specific long bone and joint regulatory

sequences for the Gdf5 (Capellini, unpublished) and Gdf6 (Mortlock et al., 2003) genes,

along with several other musculoskeletal and limb genes such as Bmp5 (Guenther et

al., 2008), Fgf8 (MariniÊ et al., 2013), and Myf5 (Summerbell et al., 2000) have been

discovered also based on strong vertebrate conservation profiles. Importantly, these

sequences control variation, as for example, mutations in a long-bone growth plate

specific GDF5 regulatory element underlies limb length variation in humans (Capellini

et al., unpublished).

2.2.3.5 Identification of Gene and Regulatory Element Function

A major step in connecting genotype to phenotype is determining the biological

function of the RNA transcript, regulatory region, and/or specific DNA base-pair

mutation under study. Numerous protocols have been developed that allow for the

targeted interference or alteration of a DNA or RNA molecule in vivo (reviewed in

Behringer et al., 2014). Some of these assays, initially performed in chicks and mice,
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focused on using small hairpin RNA molecules (shRNAs) and the RNA interference

pathway to knock down transcript level in order to reveal a gene’s developmental

role (reviewed in Campeau and Gobeil, 2011). Other techniques involved gene mis-

expression by injecting replication-competent retroviral vectors (RCAS) possessing

complementary DNAs for target genes (reviewed in Gordon et al., 2009a). For example,

targeted RCAS mis-expression for the genes TBX4, TBX5, and PITX1 helped identify

their roles in the determination of chick limb identity and early outgrowth (Logan and

Tabin, 1999; Rodriguez-Esteban et al., 1999; Takeuchi et al., 1999), whereas similar

assays for Ihh, PTHrP, Wnt, Bmp, and Notch revealed their actions during growth

plate chondrocyte biology (Vortkamp et al., 1996; Zou et al., 1997; Hartmann and

Tabin, 2000; Church et al., 2002; Provot et al., 2006).

Gene targeting directly in mice has long been the gold standard for identifying how a

specific DNA mutation influences biological function (reviewed in Menke, 2013). The

earliest techniques allowed for the removal of a target sequence (known as a “knockout”),

or a replacement of an endogenous mouse sequence with a foreign sequence (known

as a “knockin”). These early techniques revolved around the process of homologous

recombination, which allowed scientists to use the cell’s own repair machinery in

concert with foreign sequence constructs to replace a targeted sequence with a new

sequence or none at all. Some of the earliest “knockout” and “knockin” alleles were

performed on loci involved in limb skeletal development. For example, knockout of

the Shh gene or its long-range regulatory element lead to a severe digit reduction and

truncation, which roughly phenocopied early tissue removal and bead experiments in

chicks (Chiang et al., 1996; Sagai et al., 2005). Many genes involved in growth plate

regulation and joint formation have been experimentally excised using this approach

(see Decker et al., 2014; Kozhemyakina et al., 2015). When data generated using

gene targeting are coupled with tissue expression and other functional studies, not

only has the understanding of the molecular circuitry of limb development, growth
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plate function, and joint formation been greatly expanded, but now scientists have

the ability to contextualize how sequence mutations associated with phenotypes (and

apparent within/between species) impact phenotypic variation.

Recently, techniques in genome editing using zinc finger nucleases (Urnov et al., 2010),

transcription activator-like e�ector nucleases (TALENs) (Christian et al., 2010), and

clustered regularly interspaced short palindromic repeats (CRISPR) with the CRISPR-

associated system (CRISPR-Cas9) (Jinek et al., 2012) have a�orded scientists more

rapid, cost-e�ective, and artifact-free ways of making targeted mutations at a locus

(reviewed in Gupta and Musunuru, 2014). Of these three techniques, CRISPR-Cas9

editing has proven to be the most popular due to its higher e�ciency, greater ease,

and lower cost. This technique works when short guide RNA (sgRNA) molecules,

which are complementary to the targeted DNA region of interest, are artificially

expressed together with a Cas9 nuclease in a cell (reviewed in Zhang et al., 2014). The

guides lead Cas9 to the specific DNA site of interest, so that it can cut and induce

a double-strand break. CRISPR-Cas9 has been used to create frameshift mutations

resulting in premature stop codons and loss-of-function of key developmental genes

(e.g., Fossat et al., 2015), as well as to excise enhancers (e.g., Zhou et al., 2014).

CRISPR-Cas9 has also been used to “knockin” human sequence (see Zhang et al.,

2014), which has revolutionized the study of the functional basis of normal and rare

variation underlying animal phenotypes (e.g., Gennequin et al., 2013). Techniques

have improved so rapidly that CRISPR-Cas9 can now be used to generate mutations

at multiple loci simultaneously (Wang et al., 2013) and it has been adapted to study

large-scale structural changes in chromosomes (Kraft et al., 2015) and to recreate

human structural rearrangements in the mouse model (Lupiáñez et al., 2015). More

recently, CRISPR-Cas9 has been used to manipulate the genomes of other organisms,

including humans (Liang et al., 2015), non-human primates (Niu et al., 2014; Chen

et al., 2015; Wan et al., 2015), and rats (Shao et al., 2014). CRISPR-Cas9 is also
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being used extensively in vitro, such as in human, primate, and mouse cell lines,

to characterize the e�ects that coding and regulatory mutations have on cellular

phenotypes (see Zhang et al., 2014).

2.3 Anthropological Perspectives

The last 10 years have witnessed remarkable progress in the development of a number

of important genetic, genomic, and developmental biology tools that help to identify

and test the specific base-pairs that control phenotypic variation. Given the specialized

nature of these techniques, there has not been a single study to date that has combined

all approaches to link a genotype to a skeletal phenotype. However, one landmark

project involved the discovery of a recurrent adaptive genotype in di�erent freshwater

stickleback populations (Shapiro et al., 2004; Chan et al., 2010). In this study, the

causative allele, an approximate 500-bp enhancer deletion near the Pitx1 gene, was

identified due to the use of extensive genetic mapping, population genetic approaches,

and functional tests in vivo. These approaches helped identify the Pitx1 locus as a

driver of variation in pelvic morphology in sticklebacks, discover freshwater stickleback

populations with Pitx1 haplotypes harboring recurrent enhancer deletions, reveal that

these haplotypes were under selection, and focus stickleback transgenic and knockin

studies to pinpoint the functional adaptive base-pair deletion controlling pelvic fin loss.

This discovery was borne out of the development of several genetic, molecular biology,

and developmental biology tools by David Kingsley’s laboratory over the last 15 years

that has made the stickleback a model system to study the evolutionary mechanisms

controlling phenotypic variation.

For practical, ethical, and monetary reasons, Evolutionary Developmental Anthropol-

ogists are unlikely going to acquire many of these tools and samples for their primates

of interest. For example, given the endangered status of many primates, there will
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likely always be a dearth of embryonic, infant, and juvenile tissues for functional

genomic and developmental biology studies. Even if these samples were made available

to a few experts (as in Chapters 4 and 6), they may not be high enough in number

to meet the requirements for biological replication. In fact, the most cutting-edge

functional genomics studies to date were performed on heterogeneous tissues from

only a few individuals of each primate species, each of which di�ered dramatically in

sex, age, health status, and post-mortem processing (e.g., see Khaitovich et al., 2005;

Perry et al., 2012). Another example includes the di�culties in acquiring enough

wild (and/or captive) individuals in large numbers and of diverse genetic makeup to

perform association mapping experiments.

There may be some improvements on some of these fronts in the next several years,

although they will only improve a portion of the tool types discussed above. For

example, regarding sample size, one possible remedy is the establishment of a unified

international system that fosters the opportunistic acquisition of tissues from animals

that have died due to injury, illness, or during pregnancy. In the proper organizational

setting, low cell number RNA-seq (Ozsolak and Milos 2011) and ATAC-seq (Buenrostro

et al., 2013) protocols can produce important functional genomic data sets from a host

of di�erent tissues and cell types from a single animal. Another improvement will be

the continued generation, expansion, and use of lymphoblastoid cell lines (LCLs) and

induced pluripotent stem cells (IPS) from multiple individuals of a single species (e.g.,

see Khan et al., 2013; Gallego Romero et al., 2015). These lines will allow for functional

genomic studies, although their use will be of limited value to directly understanding

three-dimensional skeletal morphology. To strengthen genetic mapping experiments

in primates, large-scale e�orts currently underway through a number of projects,

such as the International Vervet Research Project (IVRP) (Jasinska et al., 2012);

the Southwest National Primate Research Center (SNPRC) (https://www.txbiomed.

org/primate-research-center); the UC Davis California National Primate Research
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Center (UCDCNPRC) (http://www.cnprc.ucdavis.edu/); the Cayo Santiago Rhesus

Macaque Study (CSRMS) (e.g., Widdig et al., 2016); and the German Primate Center

(GPC) (http://www.dpz.eu/en/home.html). These projects all hold great promise for

increasing colony size, expanding knowledge of genetic diversity, improving animal

pedigrees, and enhancing the potential for mapping of genotype to phenotype in

captive and wild settings.

As these endeavors will improve some of the aforementioned tools, Evolutionary

Developmental Anthropologists will still be forced to use model systems to understand

the developmental and genetic basis of variation and this poses some important

issues. For example, recent comparisons of The ENCODE Project (ENCODE Project

Consortium, 2012) the Mouse ENCODE Project (Yue et al., 2014), and smaller-scale

(e.g., Cotney et al., 2013) data sets have revealed considerable divergence in the

regulatory genomes between humans and mice, suggesting that the use of the mouse

as a model system may lead to erroneous claims on how a locus controls variation.

Yet, for a portion of the regulatory genome, that is, orthologous regulatory sequences

that remain syntenic to their putative target genes, there appears to be significant

functional conservation (Yue et al., 2014). Additionally, Yue and colleagues (2014)

and other researchers (Cheng et al., 2014; Stergachis et al., 2014) have discovered that

human and mouse transcription factor binding at target loci, and the associated genetic

networks they control, are substantially more conserved than previously believed,

indicating that important molecular cascades remain intact from mouse to human.

Both findings support the continued use of the mouse to gauge the functional impacts

of mutations that alter conserved sequences have on phenotypic variation; although

they indicate that the use of the mouse as a model system for functional genomics

studies should be carefully undertaken and in a comparative framework. For this

reason, recent studies cataloging transcript and regulatory element usage in the mouse

have also performed assays on precious human and macaque embryonic tissues (Cotney
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et al., 2013; Reilly et al., 2015). While this level of experimentation is preferable,

it is not very feasible or likely because the acquisition of samples is unpredictable

and di�cult. In the absence of the appropriate primate tissue data sets, detailed

comparisons of novel mouse data sets with those compiled across many tissues from

The ENCODE Project (ENCODE Project Consortium, 2012) and The Roadmap

Epigenomics Project (Roadmap Epigenomics Consortium, 2015) should be helpful in

revealing the context of important mutations in primates.

Regardless of these suggested di�culties, the laboratory mouse has already had

tremendous utility, especially in the context of testing the functional consequences

of mutations that di�er between human populations and/or primate species. For

example, Kamberov and colleagues (2013) generated a coding mutation in the human

Ectodysplasin Receptor (EDAR) gene in mice to recreate a human mutation that

is high in frequency in Chinese populations and displays strong evidence of past

selection. This mutation resulted in several human-like phenotypes in mice, including

morphological changes in hair thickness, mammary biology, and eccrine gland density.

Mice will also continue to provide a unique in vivo three-dimensional mammalian

context for interpreting and/or characterizing morphological di�erences that result

from specific regulatory mutations. For example, by comparing the transcriptome of

human and mouse progenitor cell populations in the cortex, Florio and colleagues

(2015) identified over 50 genes that were preferentially expressed in humans. One

specific human gene, ARHGAP11B, when knocked into the orthologous mouse locus,

increased basal progenitor generation and self-renewal and increased cortical plate

area and gyrification, likely underlying some of the major developmental changes in

human brain evolution. Indeed, as more and more gene transcripts and regulatory

enhancers are discovered that are found to be expressed in and/or control highly

specific anatomy, the mouse will be the only system available to assess how mutations

in regulatory elements influence anatomy.
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Another major issue that Evolutionary Developmental Anthropologists are up against

concerns the acquisition of adequate phenotypic data within and between species.

While thousands of papers have been published on morphological variation in primates

o�ering tremendous insight into primate biology, most if not all have not acquired

genotypic information and many have measured the same trait di�erently, which

makes combining phenotypic data sets for future association mapping studies dif-

ficult, misleading, and highly problematic. In addition, measured phenotypes do

not necessarily reflect important developmental information, and their use in genetic

mapping experiments or comparative genomic studies may lead to many false positives.

Fortunately, there have been some recent attempts to remedy these issues. Centers like

the IVRP, SNPRC, UCDCNPRC, CSRM, and GPC, along with large-scale phenotype

data acquisition and cataloging by Morphobank (www. morphobank.org), are starting

to collect the relevant information and standardize measurements.

Finally, for studies to be informative on an evolutionary level, improvements must also

be made in addressing how functional mutations reflect and have a�ected the fitness

landscape (Barrett and Hoekstra, 2011; Vitti et al., 2013). While there is agreement

that this last aspect is critically important, being able to identify the adaptive value of

a specific phenotype encoded by a genetic mutation is extremely di�cult. There are a

few experimental techniques that help reveal how natural selection directly impacts

variation at any functional, putatively adaptive variant and some experiments have

laid the foundations for how these studies may be conducted (reviewed in Pardo-Diaz

et al. 2015). Other than these insights, many scientists have reverted to a “reverse

genomics” approach that relies on genome-wide scans to identify loci that display

characteristic signatures of natural selection. One comprehensive measure developed

by Pardis Sabeti and colleagues, called the composite of multiple signals (CMS)

score (Grossman et al., 2013), involves the integration of genome-wide datasets from

five di�erent selection methods into one score. CMS has been performed on human
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genomes spanning di�erent continents and populations and has produced lists of

candidate regions in the modern human genome, each of which can be functionally

interrogated using all of the methods described above (e.g., see Kamberov et al., 2013).

However, these tests do not reveal loci that have experienced selection between species

(e.g., between humans and chimpanzees from a last common ancestor), and further

improvements in methods that can detect such signatures are highly needed.

As powerful as it is, the CMS test statistic (or any approach that aims to reveal

selected regions of primate genomes) relies on sequence and SNP data sets generated

on many individuals (e.g., the 1000 Genomes Project). In human genomics, data sets

like these are the tip of the iceberg, and they will be greatly expanded upon to include

tens of thousands to millions of genomes in the next 5–10 years. Unfortunately, such

expansive data sets have not been generated for primates, although there are a few

projects that have augmented the number of sequenced genomes. For example, the

Great Ape Genome Diversity Project has sequenced genomes from approximately 100

hominoids, and this has improved our understanding of hominoid phylogenetic history,

allele sharing, genome-wide methylation patterns, chromosome evolution, and species

divergence at the sequence level (Hernando-Herraez et al., 2013; Prado-Martinez et al.,

2013; Sudmant et al., 2013; Nam et al., 2015). However, for each sequenced individual,

phenotype data are missing. Additionally, the sample size for each hominoid species

is still not large enough to perform CMS testing or tests to identify fixed, selected

regions of the genome. Given that for African apes we have genetic resources (e.g.,

linkage maps (e.g., Auton et al., 2012)), reference genomes (Chimpanzee Sequencing

and Analysis Consortium, 2005; Prüfer et al., 2012; Scally et al., 2012; Xue et al.,

2015), samplings of genomic or exomic diversity (e.g., Prado-Martinez et al., 2013;

Bataillon et al., 2015), biological reagents (e.g., iPS and LCLs cells (Khan et al., 2013;

Gallego Romero et al., 2015)), molecular tools such as microarrays (e.g., Khaitovich

et al., 2004), transcriptomic data sets (e.g., Khaitovich et al., 2005; Perry et al., 2012)
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and phenotypic data sets (e.g., 100+ years of field observation and sample collection at

multiple sites and museums), we should be focusing on large-scale genomic projects that

capture nucleotide variation, haplotype diversity, and phenotypic data in thousands of

remaining apes from around the world. These data sets may permit novel “reverse

genomics” scans for selection, the possibility of revealing broadly mapped loci, and

they will help partially transform these wild primates into “model-like” systems so

that we can explore adaptation and the genotype–phenotype relationship in animals

very pertinent to understanding the evolution of the human condition.
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CHAPTER 3

A ROBUST METHOD FOR RNA EXTRACTION AND PURIFICATION FROM A

SINGLE ADULT MOUSE TENDON

This chapter has been published as an article in PeerJ: Grinstein M*, Dingwall HL*,

Shah RR, Capellini TD, Galloway JL. 2018. A robust method for RNA extraction

and purification from a single adult mouse tendon. PeerJ, 6, e4664.

3.1 Introduction

Tendon injuries are common problems for active individuals and the aging population

(Kaux et al. 2011). Treatment options include physical therapy and surgical inter-

vention, but pain and limited mobility often persist, making complete restoration of

tendon function challenging (Nourissat et al. 2015). Our current understanding of the

molecular and cellular pathways regulating tendons during homeostasis, healing, and

aging are limited. Several studies using large animal models such as sheep, rabbits,

and rats have provided important information about tendon injury, biomechanics,

surgical techniques, and bioengineering strategies for tendon repair (Voleti 2012).

Other studies have used mouse genetics to gain an understanding of the molecular and

cellular response of tendons to acute injuries, changing load environments, and in gene

loss-of-function models (Dunkman et al. 2014; Dyment et al. 2014; Howell et al. 2017;

Mendias et al. 2008; Wang et al. 2017). The mouse system o�ers unique advantages

for implementing mechanistic studies of tendon biology as they permit genetic lineage

tracing and conditional knockout strategies, and they can be housed simply and in

large numbers to improve sample sizes for functional studies. Even with inbred mouse



strains, inter-animal variation can a�ect the conclusions drawn from gene expression

analyses (Sultan et al. 2007; Watkins-Chow & Pavan 2008). Therefore, the use of

several biological replicates of tendon tissues obtained from individual mice for RNA

analysis is essential for furthering our mechanistic understanding of tendon biology.

Mature tendons are comprised of type I collagen, which are arranged in a highly ordered

hierarchical manner along the long axis of the tissue (Kannus 2000). Tendon cells lie

between these organized fibrils and are surrounded by a hydrophilic, glycoprotein-rich

ground substance (Bi et al. 2007; Kannus 2000; Yoon & Halper 2005). This dense,

fibrous, water-rich matrix that surrounds the tendon cells poses a significant challenge

for the acquisition of high-quality RNA. In addition, tendons have low cell density

compared with other tissues such as muscle or liver, resulting in minimal RNA yield

per gram of tissue (Kannus 2000; Reno et al. 1997).

Previous studies have described protocols for RNA extraction from human or larger

mammalian animal models such as rabbit (Ireland & Ott 2000; Reno et al. 1997),

but analyzing RNA from small animal models such as mouse can be more di�cult.

This issue has led to several di�erent strategies for achieving RNA yield and quality

su�cient for gene expression analysis by RT-qPCR or RNA-seq. RNA amplification

methods have permitted gene expression analysis of single injured and uninjured

tendons (Dunkman et al. 2014), but this can be prohibitively expensive for analyzing

a large number of samples or target genes. In addition, studies in other tissues have

shown that such global pre-amplification can lead to biased results and increased

false negative rates, especially for low- and medium-copy transcripts (Dunkman et al.

2014). Targeted pre-amplification methods have been developed to minimize PCR

bias by using multiplexed primer pools at low concentrations combined with few PCR

cycles (Jang et al. 2011). The resulting amplified cDNA can be used either in SYBR

Green-based or probe-based qPCR assays. While such amplification methods have
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been shown to be highly sensitive and yield less-variable RT-qPCR results compared

to global cDNA amplification (Kroneis et al. 2017), the complex nature of the PCR

amplification reactions imposes some limitations. First, targeted pre-amplification

reactions require precision to yield usable cDNA. Because input sample concentrations,

mRNA copy number, PCR cycle number, the specific combination of targets, and

primer pool concentration can all a�ect the success of targeted pre-amplification,

each assay must be individually optimized (Korenková et al. 2015; Kroneis et al.

2017). Improperly formulated reactions can lead to poor specificity and sensitivity of

downstream qPCR, especially when using SYBR Green chemistry (Andersson et al.

2015). Such optimizations are time consuming and are not generalizable to di�erent

samples and di�erent gene sets. Additionally, the nature of amplifying a specific set

of targets inherently limits the possible downstream use of the pre-amplified samples.

Mendias and colleagues and Nielson and colleagues have performed gene expression

analysis on a single mouse Achilles or plantaris tendon in di�erent loss-of-function

mouse models or in altered loading conditions (Mendias et al. 2008; Mendias et al.

2012; Nielsen et al. 2014). However, this approach is not widespread in the literature

and these studies do not report on the RNA integrity, although they do report sample

purity (260/280 ratio). However, there are examples of many studies that pool a

large number of tendons (e.g., 12-20 individual tendons) (Bell et al. 2013; Trella et al.

2017). Not only does this increase the mouse cohort size and experimental costs, but

it can also inflate the inter-individual variation, which may explain some of the large

variability in transcript abundance that was found in subsets of their gene expression

analysis (Trella et al. 2017). Lastly, other studies have focused on tendon-derived

cell populations such as tendon stem/progenitor cells (Bi et al. 2007). This approach

results in robust RNA yields, but it queries a cell population that has been expanded

in culture and could have altered transcriptomic and epigenomic states compared with

that of native tendon tissue.
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The various technical limitations associated with obtaining high-quality, high-yield

RNA using existing protocols enlarges the cohorts of mice needed for statistical analysis,

and can hinder the use of RT-qPCR or functional genomic assays such as RNA-seq on

single adult mouse tendons. Here, we present a robust, low-cost, and straightforward

RNA isolation protocol that enables the isolation of high-integrity RNA from a single

mouse Achilles tendon. We show that pooling tendon samples inflates estimates of

biological variance for gene expression data in RT-qPCR analysis. We apply this

method to analysis of injured and contralateral uninjured tendons to demonstrate the

detection of significant and reproducible gene expression changes. In addition, this

method can be used to purify high quality RNA from other musculoskeletal tissues,

making it easily adaptable to multiple connective and skeletal tissue types, or from

di�cult to obtain tissues from humans or other organisms.

3.2 Methods

3.2.1 Mouse Studies

Achilles tendons were collected from wildtype C57BL/6J mice between 3-5 months of

age (Jackson Laboratories 00664, n = 30 total). To compare gene expression levels

between injured and uninjured Achilles tendons in the same mouse, excisional Achilles

tendon injuries were performed using a 0.3 mm biopsy punch as described (Beason et

al. 2012). The incision was closed with 6-0 Ethilon nylon sutures and the tendons

were harvested 30 days after injury for analysis. Mice were housed, maintained,

and euthanized according to American Veterinary Medical Association guidelines.

All experiments were performed according to our Massachusetts General Hospital

Institutional Animal Care and Use Committee (IACUC: 2013N000062) approved

protocol.
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3.2.2 RNA Extraction and Purification

Dissected Achilles tendons were placed immediately into 1.5 ml tubes containing 500

µl of TRIzol reagent (Invitrogen Cat# 15596026) and high impact zirconium 1.5 mm

beads (30-40 beads per tube, D1032-15 Benchmark). Samples were homogenized in

two 180-second rounds of bead beating at 50 Hz (BeadBug microtube homogenizer).

Samples were then moved directly to dry ice or -80¶C for longer storage up to 6

months.

Alternative tissue disruption procedures that were tested included homogenization of

both fresh and frozen tendons in 500 µl TRIzol with a Polytron handheld homogenizer

(PT 1200E, Kinematica AG) until tissue was visibly disrupted (60 to 90 seconds). Cryo-

grinding of samples was tested using a freezer mill (SPEX 6875). Achilles tendons were

snap frozen in liquid nitrogen and transferred to a super-cooled SPEX grinding cylinder

(SPEX 6751C4) and pulverized in a bath of liquid nitrogen for 3 minutes. Ground

samples were collected by rinsing the cylinder with 500 µl TRIzol and transferred to a

1.5 ml tube. For enzymatic digestion, tendons were placed in 2 ml Eppendorf tubes

with 1 ml digestion solution containing 0.2% collagenase II (Worthington, LS004176)

in DMEM (Gibco 11965) containing 0.1% Penicillin/Streptomycin (Corning 30002cl)

and 1% Hepes (Gibco 15630-080). Tubes were kept on ice during the dissection period

and were incubated together in a 37¶C shaking water bath for 90 minutes. In order to

digest remaining matrix, we added 200 µL of 0.2% collagenase I (Gibco 17100-017)

and 300 µl of 0.4% Dispase (Gibco 17105-041) to the partially digested samples and

incubated at 37¶C for an additional 30 minutes. Following the digestion, the samples

were centrifuged at 500 RCF (g) for 5 minutes, the supernatant was aspirated, and

500 µL TRIzol was added. All homogenized samples were stored at -80¶C until RNA

isolation.

To extract RNA, the samples were thawed on ice followed by a 5-minute incubation at
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room temperature. Samples were quickly spun in the sample tubes and the homogenate

was moved to a new Eppendorf tube, leaving behind the beads and residual tissue.

Next, a chloroform extraction was performed, using double the recommended ratio of

chloroform to TRIzol, which has been shown to increase RNA yield in small samples

(Macedo & Ferreira 2014). One hundred microliters of chloroform was added to the

homogenate and vortexed well for approximately 1 minute. The TRIzol /chloroform

mixture was then moved to a 1.5 ml MaXtract high density tube (Qiagen Cat No.

129046), incubated at room temperature for 2-3 minutes, and spun at Ø 12,000 x g at

4¶C for 15 minutes. MaXtract tubes contain a sterile gel that forms a barrier between

the RNA-containing aqueous phase and the TRIzol/chloroform upon centrifugation

at 4°C, thus minimizing carryover of organic solvents leading to an overall reduction

in sample contamination. After centrifugation, the aqueous phase was transferred to

a clean 1.5 ml Eppendorf tube and an equal volume of 100% ethanol was added to

the aqueous phase and mixed well. At this stage, the RNA/ethanol mix was typically

stored at -80¶C. We have found that brief incubation of this mixture at -80¶C improved

the total RNA yield, but it is not required.

RNA purification was next performed using the ZR Tissue & Insect RNA MicroPrep

kit (Zymo Research R2030) or the Direct-Zol systems (Zymo Research R2050, R2060).

Based on typical tendon yields, the ZymoSpin IC spin columns are optimal for use

with RNA extracted from single tendons as these columns can purify up to 5 µg of

RNA in as little as 6 µl eluate. However, this protocol also has been successfully used

with ZymoSpin IIC columns, which require a larger elution volume. After adding the

RNA/ethanol mix to the spin column, the standard Zymo purification protocol was

used with the following modifications. First, a 15-minute on-column DNase I treatment

was added to minimize genomic DNA contamination. An extra wash step was included

to improve sample purity. Prior to elution, columns were spun for an additional 2

minutes at maximum speed to remove residual ethanol. RNA was eluted in 15 µl
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RNase/DNase free water that was pre-warmed to 55-60¶C to maximize the RNA

recovery from the spin column. RNA concentration was measured via fluorometric

quantitation (Qubit HS RNA assay, Invitrogen, CAT# Q32852) and sample quality

was determined by spectrophotometric analysis (NanoDrop 2000c, ThermoFisher

Scientific) as well as capillary electrophoresis (2100 Bioanalyzer, Agilent). The final

RNA product was stored at -80¶C for RT-qPCR analysis.

3.2.3 RT-qPCR, Data Analysis, and Statistics

One hundred nanograms total RNA was reverse transcribed with oligo(dT )20 primers

using the SuperScript IV First Strand Synthesis System (Thermo Fisher 18091050)

and a no-reverse transcriptase control was included for every sample. A total of 2 ng

cDNA template was amplified for 40 cycles in each SYBR green qPCR assay (Applied

Biosystems 4367659) using a final primer concentration of 200 nM. All assays were

performed in technical triplicate using either a LightCyclerII 480 (Roche; pooled

samples) or a StepOnePlus Real Time PCR system (Applied Biosystems; injury

samples). Three independent biological samples were run per condition for both sets

of RT-qPCR. Gapdh was used as the reference gene for all samples.

All analyses were conducted in R 3.4.3 (@R Core Team (2019)). For the pooling

experiment, summary statistics were calculated for Scleraxis (Scx) and Gapdh technical

and biological replicate cycle threshold (CT) values independently. Variance estimates

for Scx �CT relative expression were calculated using standard error propagation

techniques. Relative expression values for Collagen Ia2 (Col1a2 ) and SRY-Box9

(Sox9 ) were calculated for the injury analysis using the ��CT method (Livak &

Schmittgen 2001) and injury samples were normalized to their corresponding uninjured

contralateral controls. Statistical di�erences between injured and uninjured samples

from three biological replicates (n = 3 mice) were analyzed via Welch’s t-test (Welch
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1947) on the �CT values.

3.3 Results

Several tissue disruption methods were tested in order to achieve optimal RNA quality

and quantity from a single mouse tendon. Among those tested were enzymatic digestion,

cryogenic grinding (manual and mill), shearing with a handheld homogenizer (i.e.,

rotor-stator), and bead beating. Capillary electrophoresis was performed on purified

RNA using a Bioanalyzer RNA Nano chip (Agilent). RNA integrity number (RIN), a

quantification of degradation, was calculated by the accompanying Agilent software

based on the electropherogram for a given sample; a RIN of 10 indicates completely

intact RNA whereas a RIN of 1 indicates severely degraded RNA. Enzymatic digestion

produced intact RNA (RIN > 7), but low RNA yield (Æ 1ng/µl). Cryogenic grinding

and handheld homogenizer dissociation methods resulted in low yield (Æ 5ng/µl) and

poor RNA purity and integrity (RIN Æ 3). Bead beater homogenization was found

to produce the best results in terms of RNA quality (i.e., RIN Ø 6.5) and quantity

(Ø 50 ng/µl), and minimized carryover between samples. Additionally, bead beating

was easily combined with standard TRIzol extraction and commercially available

purification methods.

To further evaluate our bead beating homogenization method, we performed additional

experiments examining the level of degradation that occurs prior to homogenization

as well as during homogenization. To address the former, single Achilles tendons from

similarly aged mice were left in sterile 1x PBS on ice following dissection for up to 9

minutes before homogenization to simulate waiting times involved in batch dissection.

The shortest time between dissection and homogenization (0-30 seconds) yielded

more intact RNA (RIN = 6.5) while longer wait times resulted in more degraded

RNA (9 minutes processing time RIN = 5.4; Figure 3.1). This demonstrates that
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measurable degradation can occur prior to sample homogenization, and occurs with

increases in time after dissection on the order of only minutes (Figure 3.1). Therefore,

processing the tendon(s) immediately following dissection is essential for preserving

RNA integrity. We next tested how the duration of bead beating a�ects RNA quality

by varying homogenization times of single and four pooled Achilles tendons. Samples

were homogenized for 30 seconds, 60 seconds, 180 seconds, or 360 seconds (in two

consecutive rounds of 180 seconds; Figure 3.2A,B). RNA from samples homogenized

for less than 60 seconds su�ered more degradation than those that underwent longer

homogenization times (Figure 3.2B), indicating incomplete homogenization of the

tissue during the shorter bead-beating periods. Homogenization times of 720 seconds

did not improve RIN numbers (RIN = 6). This could be due to prolonging the

amount of time until RNA extraction or elevation of the temperature with longer

homogenization periods, leading to degradation. The temperature of TRIzol is a likely

factor as other studies with similar homogenization techniques used methods to lower

its temperature (Leite et al. 2012).

To test whether pooling tendons from multiple individuals into one sample prior

to homogenization influences RNA integrity, we measured RNA quality from single

Achilles tendons as well as pools of di�ering sizes (2, 4, 6, and 8 tendons, n = 3

biological replicates per pooling level; Figure 3.3A,B). Electropherograms and RIN

measurements show that RNA from all pooling levels su�er levels of degradation

similar to single Achilles samples (Figure 3.3A,B). Purity measurements were also

similar among single and pooled samples. Therefore, pooling tendons from multiple

individuals is not protective against RNA degradation; the only measure that improved

with increased pool size was RNA yield (Figure 3.3C). To determine if pooling multiple

samples a�ects gene expression measurements, we evaluated gene expression in single

and di�erentially pooled tendon samples described above (n = 3 per pooling level)

via RT-qPCR. Although we find no gain in RNA quality from pooling, treating pools
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Figure 3.1: Length of time between dissection and processing a�ect RNA integrity.
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Figure 3.2: Optimization of homogenization regime.
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of tendons from multiple individuals as single biological replicates results in larger

standard deviations in CT measurements in assays for Scx and Gapdh (Figure 3.4).

This leads to larger sample variance for larger pools, driven by di�erences in �CT

between biological replicates within a group, which impedes the detection of small

gene expression changes. Such increases in variance for pooled versus single samples

have also been reported for RNA-seq datasets (Rajkumar et al. 2015).
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Figure 3.3: Tendon pooling a�ects RNA yield but not quality.

To validate the performance of the RNA obtained using this protocol, we performed

RT-qPCR for Sox9 and Col1a2 expression on single Achilles tendons at 30 days

following an acute excision Achilles tendon injury. All samples were obtained from

single injured and contralateral uninjured Achilles tendons from the same mouse.

Using this protocol, we found significantly increased expression of Sox9 and Col1a2

in injured Achilles tendons compared with their uninjured contralateral counterparts

(p < 0.05 for Sox9 and p < 0.01 for Col1a2 ; Figure 3.5). These results are consistent
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with previous studies showing increased expression of Sox9 and Col1a2 following

tendon injury (Guerquin et al. 2013; Zhang & Wang 2013), and also show that our

method is robust enough to detect gene expression changes in single tendon samples.
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3.4 Discussion and Conclusions

Obtaining high quality RNA from tendons can be challenging, and this can limit

the direction and scope of studies focused on analyzing adult mouse tendon tissues.

Whereas a few studies have used single tendons without amplification, many other

studies have used amplification or pooling of greater than 12 samples to detect gene

expression changes. Both approaches can be expensive due to the high costs associated

with amplification kits for multi-gene analysis or the number of mice used for one
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biological replicate. Dissociation, followed by culture and expansion of tendon-derived

cells can yield greater RNA concentrations of high quality, but such approaches cannot

be used to study gene expression changes after injury. The approach we described

above provides a straightforward method to consistently obtain high yields of RNA

from one Achilles tendon of su�cient quality to perform RT-qPCR analysis without

amplification. Our reported RIN scores are also acceptable for standard RNA-seq

di�erential expression analysis. In addition, studies have shown minimal variance

among polyA-selected samples of high (RIN > 7) to moderate (RIN = 6-7) RNA

integrity as well as e�cacy in correcting for variation in RNA integrity in the di�erential

expression analysis (Ja�e et al. 2017; Romero et al. 2014). Although high RIN values

should be the goal, there are some options for studies in which there are limitations in

sample quality with moderate RIN scores. However, it must be noted that each RNA-

seq library preparation system has specific input RNA requirements, and researchers

should ensure that their RNA samples meet all manufacturer qualifications prior to

use in a sequencing study.

Our analysis also uncovered key steps that are integral towards generating intact, high

yield RNA from the single tendon samples. In particular, we find that the time from

dissection to homogenization and storage can significantly impact the quality of the

RNA, causing measurable degradation. In this regard, even small delays on the order

of minutes could a�ect overall RNA quality, which could greatly a�ect di�erential

gene expression analysis. In addition, the duration of homogenization is important for

maximizing RNA yield and quality. Homogenization times that are too short or long

can result in dramatically di�erent RIN and concentrations regardless of the level of

sample pooling.

Similar to previous RNA-seq studies, our RT-qPCR analysis of single and pooled tendon

samples revealed that pooling increases the variance of gene expression measurements
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(Rajkumar et al. 2015). It has been argued that pooling samples from multiple

individuals into single biological replicates results in biological averaging and is

therefore an appropriate, and even useful, practice in gene expression studies via

microarray (Kendziorski et al. 2005). However, genes that are lowly expressed or

exhibit subtle di�erences between conditions would require a larger sample size of pools

to achieve adequate statistical power, which would further inflate mouse and reagent

cost for RT-qPCR, microarray, or RNA-seq analyses (Shih et al. 2004). This study

also highlights the problem of performing RT-qPCR comparisons on a single pool

per group (run in technical triplicate), under the assumption that the within-sample

variation is representative of the biological variation among all animals of that group.

Variance calculated from technical replicates does not estimate biological variance

within each group, and is not an appropriate practice. Technical variation arises

from noise due to measurement error and therefore is unrelated to biological variation

(Kitchen et al. 2010; Vaux et al. 2012), necessitating the use of multiple pools for any

statistical analysis.

Our tendon RNA extraction method is a robust protocol for obtaining high quality

RNA for gene expression assays. It decreases the number of mice required for analysis

and avoids extra amplification steps, making it straightforward, cost-e�ective, and

easily accessible to researchers new to the tendon field. By providing a means for

reproducibly analyzing one Achilles tendon, this method also reduces measurement

error associated with pooling tendons from multiple individuals. Moreover, our

protocol permits the use of internal comparisons between a limb that has undergone

experimental manipulation (e.g., injury or unloading) and the contralateral control

limb within the same animal. In addition to facilitating larger-scale RT-qPCR studies,

we believe this method will make high dimensional gene expression analysis such as

RNA-seq accessible to more researchers studying musculoskeletal tissues, thus opening

new frontiers in tendon biology.
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CHAPTER 4

A DISTINCT TRANSITION FROM CELL GROWTH TO PHYSIOLOGICAL

HOMEOSTASIS IN THE TENDON

This chapter is currently in review at eLife: Grinstein M, Dingwall HL, Zou K,

Capellini TD, Galloway JL. A distinct transition from cell growth to physiological

homeostasis in the tendon.

4.1 Introduction

Development, growth, and homeostasis rely on the precise regulation of cell prolifera-

tion and di�erentiation to generate and maintain a functioning organism. Frequent

cell divisions grow tissues to the proper size, as do modifications to non-cellular tissue

properties such as to the extent of extracellular matrix. However, once size is achieved,

each tissue maintains its physiological functionality either through stem cell-mediated

mechanisms as in the intestine (Simons and Clevers, 2011), the duplication of spe-

cialized cell types as in the liver (Miyajima et al., 2014), or in the virtual absence of

cell division as in the heart (Senyo et al., 2014). In some cases, the transition from

active proliferating to terminally di�erentiated cells has been attributed to a change

in regenerative potential as observed in neonate verses adult mouse hearts (Senyo et

al., 2014). Therefore, understanding transitions in cell cycle activity are important

for setting the framework for more deeply understanding proliferative-driven growth

stages and distinguishing between specific homeostatic renewal mechanisms in the

adult. This knowledge is significant in considering therapies for tendon injuries, which

can be challenging to treat due to their imperfect healing and propensity for re-injury



(Thomopoulos et al., 2015).

Tendons begin as aggregations of cells that secrete and organize a highly ordered

matrix to connect the musculoskeletal system and enable movement. Therefore,

tendon growth and maintenance must not only involve its matrix but also the cells

that generate and eventually reside within it, making knowledge of the cell cycle

transitions important for understanding these processes. In the adult, the tendon

matrix contains organized type I collagen fibrils and tenocytes, which are mature

tendon cells possessing cellular extensions that project into the matrix (Kalson et

al., 2015; Kannus). This mature stellate morphology di�ers greatly from that of the

rounded shape of embryonic and neonatal tenoblasts. During embryogenesis, limb

bud mesenchymal cells express the transcription factor, Scleraxis (Scx), and coalesce

into tendon primordia, which organize to connect muscle and bone (Schweitzer et

al., 2001). Through the transgenic labeling of cell cycle state using the Fluorescent

ubiquitination-based cell cycle indicator (Fucci), robust numbers of mitotic tendon

cells have been detected prior to birth (Esteves de Lima et al., 2014). Specific segments

of the limb display more cell cycle activity than others (Huang et al., 2015), suggesting

that there are localized e�ects on tendon cell proliferation during embryogenesis. In

addition to cell growth, these embryonic stages are marked by an increase in the

number of collagen fibrils deposited in the matrix (Kalson et al., 2015). These collagen

fibrils grow in length and diameter to grow the tissue (Ezura et al., 2000). Scanning

electron microscopy at postnatal stages (P0 and P42) has shown an increase in the

diameter of the collagen fibrils rather than an increase in collagen fibril or cell number

in the tail tendons of mice (Kalson et al., 2015). These observations have led to

a model whereby tendon postnatal growth is primarily driven by expansion of the

extracellular matrix (ECM), which results in a reduction in cell density across the

whole tissue in growth and aging (Dunkman et al., 2013; Kalson et al., 2015). However,

a direct analysis of cell proliferation and the transition in cell cycle activity from birth
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to adult and aged stages has not been performed.

Although adult tendons display limited proliferation, some cell cycle activity has been

detected in vivo, especially in the context of injury. An early study by Lindsay and

Birch (Lindsay and Birch, 1964) showed that adult flexor tendons undergo a healing

response, which includes marked cell division from cells originating from peritendinous

regions rather than from internal tendon cells. Tendon-derived stem/progenitor cells

were characterized based on their ex vivo abilities to proliferate, clonally expand,

and undergo serial transplantation (Bi et al., 2007). However, the identity and in

vivo activity of the resident cell population remains unknown. Other studies have

reported proliferation in adult tendons during homeostasis and repair (Runesson et

al., 2013; Tan et al., 2013). Because these studies were performed without genetic

lineage tracing tools, the origin of the cells proliferating in response to injury was

unclear. Recent lineage tracing experiments using injured adult mouse Achilles and

patellar tendons suggest non-Scx-GFP expressing Smooth muscle actin (SMA)-lineage

cells are the major source of proliferating cells that mediate adult healing (Dyment et

al., 2014; Dyment et al., 2013; Howell et al., 2017). The paratenon is believed to be

the source of the cells responding to injury as non-Scx-GFP and SMA-lineage cells

in the paratenon localize to the injury site and turn on Scx-GFP in partial defect

injuries (Dyment et al., 2014; Dyment et al., 2013; Sakabe et al., 2018). These results

are consistent with earlier studies showing external tendon cell populations exhibited

increased proliferative capacity compared with internal tendon cells in culture (Banes

et al., 1988). Interestingly, in aging, tendon cell number per unit area decreases,

suggesting declining proliferative abilities with age (Dunkman et al., 2013). Consistent

with this interpretation, tendon-derived cells from aged mice have reduced proliferative

abilities and increased markers of senescence compared with adult-derived tendon cells

in culture (Kohler et al., 2013). Together, these studies indirectly indicate that adult

and aged tendon cells have reduced cell cycle activity, yet sub-populations of tendon
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cells may proliferate in adult tendons under specific injury conditions. Nevertheless, it

remains unclear to what extent, if any, there is physiological cell turnover in the adult

tendon without injury and how this may di�er from cell turnover during periods of

active tendon growth.

Therefore, we sought to examine cell turnover rates in limb tendons during growth,

adulthood, and aging. Using complementary methods of genetic pulse-chase labeling

to trace the cell division history and BrdU/EdU incorporation to detect proliferation,

we were able to identify changes in tendon cell cycle activity from birth to the early

juvenile period (beginning around 3-4 weeks), with comparisons to adult and aged

stages (Ø 3 months and Ø 18 months, respectively). We detect relatively high levels of

proliferation during the neonatal period (P0-P7) and a rapid decline by P21. Although

proliferation was significantly reduced after one month of age, surprisingly we were

able to identify a small population of tendon cells that continued to proliferate in adult

and aged mice, albeit at a very low rate. Understanding which cell populations can

continue to divide in adults and the mechanisms driving the switch from proliferative

to more quiescent stages would greatly benefit clinical approaches to tendon injuries.

##Methods

4.1.1 Animals

We thank Andrew Brack (UCSF) and Konrad Hochedlinger (MGH) for the Doxycycline

(Dox) inducible H2B-GFP (Col1a1:tetO-H2B-GFP; ROSA:rtTA) heterozygous mice

used in these studies. To induce transgene expression, Dox (Sigma D9891, 2 mg/ml,

supplemented with sucrose at 10 mg/ml) was added to the drinking water of timed

pregnant females from E10 to birth as described (Foudi et al., 2009). Scx-GFP and

Scx-Cre mice were provided by the Schweitzer lab (Blitz et al., 2009; Schweitzer et al.,

2001). Gt(ROSA)26Sortm9(CAG-tdTomato)Hze (Ai9) were obtained from Jackson
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Laboratory (Jax cat# 007909). All experiments were performed according to our

protocol approved by the Massachusetts General Hospital Institutional Animal Care

and Use Committee (IACUC: 2013N000062).

4.1.2 Flow Cytometry

The tendon cells were isolated from the distal forelimb and hindlimb tendon tissue

(Achilles, extensor, deep and superficial flexor tendons) from mice at time points

between P0 and 2 years. Limb tendons were enzymatically dissociated in a solution

containing 0.2% collagenase II (Worthington Cat# LS004176) in DMEM (Gibco

Cat#11956-092) with 1% pen/strep (Corning Cat#30002CL) and 1% Hepes (Gibco

Cat#15630-80) for 2 hours at 37¶C. Subsequently, a secondary digestion solution

containing 0.2% Collagenase I (Gibco Cat# 17100-017) and 0.4% Dispase (Gibco

Cat# 1710541) was added and the samples were incubated for an additional for 30

minutes at 37°C. The digested cells were filtered with 30 µm filters (MACS Cat#

130041407) and washed. For the H2B-GFP+ studies, we enriched for tendon cells

from H2B-GFP+ mice by excluding for CD31+ and CD45+ cells using FACS prior to

analysis (BD Cat#551262, Cat# 557659). For the BrdU analysis, cells were stained

with anti-BrdU following tendon tissue dissociation (Biolegend, Cat# 339808), and

tendons from Scx-Cre-TdTom+ or Scx-Cre-TdTom+;Scx-GFP+ mice were used to

analyze TdTom+ or GFP+ tendon cells. Flow cytometry was performed using 5

ml tubes (BD Biosciences Cat# 352235) on a FACSAria II (BD Biosciences). For

each independent experiment, gates were defined by positive and negative control

tendon cells from TdTom+/TdTom≠ and GFP+/GFP≠ cells. For the negative controls

for BrdU analysis, BrdU antibody staining was performed on tendon cells isolated

from mice that were not administered BrdU. To ensure reproducibility of H2B-GFP

emission intensity between di�erent samples and sorting times, the voltage of the
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photomultiplier receiving signal from the 488-nm laser was normalized using Green

Flow Cytometry Reference Beads prior to every sort (Molecular Probes Cat# C16508).

4.1.3 BrdU, EdU labeling, Tendon Histology, and Imaging

BrdU was injected at a concentration of 150 mg/kg (Sigma Cat#B5002) as described

(Magavi and Macklis, 2008). Flow cytometry analysis was performed as described

previously. For BrdU immunostaining, sections underwent antigen retrieval and

immunostaining using anti-BrdU (1:100; Abcam Cat# 6326). EdU was administered

at 20mg/kg as described (Salic and Mitchison, 2008) and tendon sections were stained

using the Click-iT EdU kit (Invitrogen Cat# C10337). For histological sections,

tendons were fixed overnight in 4% PFA, followed by 5% sucrose for 1 hour, and 30%

sucrose overnight before being mounted in OCT. A Leica cryostat (CM3050S) was

used to obtain 8-10 µm sections. Pictures were taken with Zeiss AxioImager D2 with

(10X and 20X magnification) and prepared using Adobe Photoshop and Illustrator.

4.1.4 Tendon length and cell counting measurements

Tendons from at least 3 mice were measured per stage from the calcaneus to the

gastrocnemius muscle, and the data were analyzed using Prism software (Graphpad).

For cell counting, at least 10-12 sections of the Achilles tendon were analyzed from

each mouse with at least 3 mice per stage examined.

4.1.5 Mathematical modeling

To define the dilution of the GFP signal mathematically, we modeled the change in

signal intensity using a logarithmic decay equation (Equation (4.1)). In this formula,

we assume that GFP signal intensity decreases through dilution by cell proliferation.
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We calculated the constant between populations at di�erent times (k), by comparing

the populations’ median GFP intensity at particular times (P (t)). Assuming that

the increase in tendon cell number could be measured by the decrease of the GFP

intensity (Figure 4.2B,D), we calculated the dilution of GFP between each time point

from P0 to 645 days (Figure 4.2C).

P (t) = P (0)e≠kt (4.1)

4.1.6 RNA extraction and RT-qPCR

Fresh, whole limb tendons (pooled forelimb and hindlimb from a single individual; n =

3 mice per time point) were dissected from mice euthanized via CO2 and immediately

placed in cold TRIzol (Invitrogen 15596026). Tendons were roughly chopped with

clean microdissection scissors in TRIzol and frozen at -80¶C until RNA extraction

via TRIzol-chloroform and a proprietary kit. Briefly, the homogenate in TRIzol was

thawed on ice, vortexed, and transferred to a clean microcentrifuge tube to remove

tissue debris. The traditional TRIzol-chloroform extraction protocol was followed

until phase separation. An equal volume of ethanol was added to the upper aqueous

phase and the mixture was transferred to a Zymo IIC spin column (Zymo Research

C1011) for purification and DNase I treatment using the Zymo Direct-Zol system

(Zymo Research R2050, R2060) following the manufacturer’s guidelines. RNA quality

was examined using spectrophotometry (NanoDrop 2000c, Thermo Scientific) and

capillary electrophoresis (2100 Bioanalyzer, Agilent), and concentration was measured

via fluorometric quantitation (Qubit HS RNA assay, Invitrogen Q32852). The final

RNA product was stored at -80¶C.

Total RNA was reverse transcribed using the SuperScript IV first strand synthesis

system (Thermo Fisher 18091050). 100 ng total RNA for each sample (n = 3 per
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time point) was converted to cDNA using oligo(dT)20 primers. SYBR green assays

(Applied Biosystems 4367659) were run in technical triplicate with 1 ng of cDNA

template in each 12.5 µl reaction. Samples were amplified for 40 cycles using the

LightCycler 480 II real time PCR system (Roche Diagnostics). All targets were

normalized to Gapdh. Relative expression values were calculated for visualization

using the ��CT method (Livak and Schmittgen) and are shown as ��CT ± standard

error (Figure 4.4); statistics were performed on �CT values.

4.1.7 Statistics

For the RT-qPCR assays, statistical di�erences among the six timepoints were investi-

gated via ANOVA and post hoc pairwise comparisons were computed using Tukey’s

Honestly Significant Di�erence test on the �CT values (n = 3 biological replicates per

time point; alpha = 0.05). R statistical software (R Core Team (2019)) was used for

all RT-qPCR calculations and visualizations. Data analysis in R was facilitated using

R packages included in the Tidyverse collection (Wickham (2017)) and statistical

analysis was performed using the implementations of ANOVA and Tukey’s HSD in

‘stats’ version 3.5.1 (R Core Team (2019)). For each stage analyzed by flow cytometry,

least 3 mice were used per group. Statistical di�erences between time points were

calculated using a Welch’s t-test.

4.2 Results

4.2.1 H2B-GFP pulse chase experiments demonstrate a shift from high to low prolif-

eration rates in postnatal mice

To characterize cell proliferation in the tendon, we used the doxycycline (Dox) inducible

Histone 2B-green fluorescent protein reporter mouse model (Col1a1-tetO-H2B-GFP;
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ROSA-rtTA, henceforth referred to as H2B-GFP), which has been used to quantify cell

proliferation and identify slowly cycling label-retaining cell populations (Chakkalakal

et al., 2014; Foudi et al., 2009). After H2B-GFP expression is induced by Dox

addition, Dox is removed for the chase period and H2B-GFP signal becomes diluted in

proportion with each subsequent cell division (Figure 1A). Therefore, cells cycling more

frequently will dilute H2B-GFP expression more quickly and will appear unlabeled

earlier in the chase period; more slowly cycling cells will retain H2B-GFP expression

longer during the chase. To verify the H2B-GFP system worked e�ciently in the

tendon, we pulsed mice with Dox from embryonic stage (E) 10 to birth and examined

H2B-GFP expression on postnatal day (P) 0. Histological sections of pulsed P0

Achilles (Figure 4.1B-D) and extensor (Figure 4.1E-G) tendons showed widespread

expression of H2B-GFP throughout the tendon nuclei. We next confirmed by flow

cytometry that more than 90% of the tendon cells were positive for H2B-GFP at P0

(Figure 4.1H), indicating e�cient labeling of all tendon cell populations examined. To

ensure we were enriching for tendon cells, we only analyzed cells from dissected tendon

tissues that were negative for CD45≠ and CD31≠ to remove blood and endothelial

cells, respectively (Sup. Fig. 1). At all stages analyzed, tendon cells were isolated

from extensor, deep and superficial flexor, and Achilles tendons in the hindlimbs and

extensor, deep and superficial flexor tendons in the forelimbs.

To determine the total cumulative proliferation of tendon cells from birth to aged

mice, we next examined H2B-GFP expression in tendons that had been pulsed with

Dox at embryonic stages and allowed to chase without Dox for over 18 months (645

days) using section and FACS analysis. Tendons in section appeared to have reduced

H2B-GFP+ nuclei compared to P0 tendons (Figure 4.1I-N). We found that H2B-GFP+

cells had shifted in the intensity of GFP (Figure 4.1O) with only 20.1 ± 1.4% of

the cells H2B-GFP+ at 645 days (Figure 4.2A). Previous studies calculate that 7-8

divisions are needed for a cell to fall below the GFP detection threshold (Foudi et al.,
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2009). This would indicate that the H2B-GFP+ population at 645 days proliferated

less than 7-8 times, while the H2B-GFP˘ population proliferated at a minimum of

7-8 times since birth. Together, these data show that all tendon cells proliferate after

birth, but that a subpopulation of the cells display limited cell cycle activity.
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Figure 4.2: Analysis of H2B-GFP+ cells from postnatal to aged stages.

To more deeply assess the dynamic changes of tendon cell proliferation after birth, we

analyzed Dox pulsed mice at multiple stages of chase from P0 to P80. We observed a

decrease in the total percentage of H2B-GFP+ cells from 93.6 ± 1.2% at P0 to 76.7 ±

9.6% at P7 and 52.0% at P14 (Figure 4.2A). However, the percentage of H2B-GFP+
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tendon cells remained relatively constant between P14 and P80 with no significant

di�erences among any pair of time points (Figure 4.2A), suggesting limited cell cycle

activity from P21-P80. Interestingly, the percentage of H2B-GFP+ cells was further

reduced at 645 days to 20.1 ± 1.4 indicating low but detectable amounts of cell division

continue in adult and aged mice (Figure 4.2A,B).

As significant changes in the percentage of positive and negative H2B-GFP cells

between P14-P80 were not observed, we next examined alterations in H2B-GFP

intensity, as this would reveal more subtle changes in cell division that occur. We

noted a marked shift in the H2B-GFP+ intensity from 105 at P0 to 103 after 645 days

(Figure 1O, 2C). Using a logarithmic decay equation to define the dilution of GFP

signal mathematically (see Methods), we also observed increased proliferation at early

stages (Figure 4.2D). Our calculations show that tendon cells were dividing at a rate

of 19 ± 4.2% per day from P0 to P7 and 9 ± 4.25% from P7 to P14 (Figure 4.2D).

Proliferation rates decreased to 3.85 ± 0.07% per day between P14 and P21 and 1.75

± 0.64% per day from P21 to P80. After P80, tendon cell proliferation was markedly

decreased to 0.1 ± 0.13% per day by P600 (Figure 4.2D). Together, these proliferation

rates derived from mathematical modeling of H2B-GFP decay and the absolute loss of

H2B-GFP over time from our flow cytometry analysis indicate that there are relatively

high levels of proliferation at the early postnatal stages. In addition, this cell cycle

activity is greatly diminished after one month of age, but not extinguished in adult or

aged tendons.

4.2.2 BrdU incorporation analysis identifies a postnatal transition from high to low

cell cycle activity

To complement our mathematical model of H2B-GFP decay, we used flow cytometry

to quantify the percentage of tendon cells that had incorporated Bromodeoxyuridine
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(BrdU), a thymidine analog that incorporates into replicating DNA, for di�erent

BrdU administration lengths and stages. We performed intraperitoneal (IP) injection

of BrdU and harvested tendons to determine the number of BrdU+ cells after 24

hours. For flow cytometry analysis, highly proliferative organs (gastrocnemius muscle)

were used as positive controls, tendon tissues from mice that had not received BrdU

treatment were used as negative controls, and Scleraxis (Scx)-Cre;Rosa:TdTomato+

mice were used to analyze Scx-descendent tendon cells (Blitz et al., 2009) We found

that BrdU injection at P0 resulted in 76 ± 13.8% BrdU+ tendon cells at P1, while at

P8 and P22, 26 ± 6.5% and 8.4 ± 3.4% of the tendon cells were BrdU+, respectively

(Figure 4.3A, B). In adult mice, we observed that less than 1% of the cells were BrdU+

(P60 = 0.4 ± 0.2%, P370 = 0.5 ± 0.1%). To verify these findings in tissue sections, we

injected EdU at P1 and P59 and examined Scx;Cre;Rosa-TdTom+ and EdU+ tendon

cells in section one day later. Consistent with our BrdU and H2B-GFP results, we

observed more Scx;Cre;TdTom+/EdU+ cells in the Achilles tendon at P2 compared

with P60 mice (Figure 4.3C). Interestingly, we also observed noticeable doublets of

EdU+ cells in rows along on the longitudinal axis of the Achilles tendon (Figure 4.3C,

B’). This indicates that cells divided and retained their relative position in channels

along the long axis of the tendon and is consistent with prior work noting an increase

in cells along the longitudinal axis at postnatal stages (Kalson et al., 2015). These

results show a high rate of proliferation immediately following birth, and a decrease

in the first weeks of postnatal life, specifically after P21, which is consistent with our

H2B-GFP mathematical model. However, the low percentage of BrdU+ cells at P60

and P370 suggests minimal turnover in adult tendons. To more accurately quantify

the amount of cell cycle activity in adults, we administered BrdU continuously in the

drinking water of Scx-GFP;Scx-Cre;Rosa-TdTom mice for 90 to 100 days. We found

that after long periods of BrdU administration, 4 month old mice had incorporated

BrdU into 2.35 ± 1.2% of the Scx-Cre;Rosa-TdTom+ cells and 2.75 ± 2.9% of the
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Scx-GFP+ cells (Figure 4.3D, E; Sup. Fig. 1B), using flow cytometry. Quantification

of BrdU stained tendon sections showed a similar percentage of 2.38 ± 2% BrdU+

cells (Figure 4.3F), further supporting a low, but detectable rate of turnover in adult

mouse tendons. In mice older than 1 year of age, 90 days administration of BrdU

yielded 0.48 ± 0.26% of BrdU+ tendon cells (Figure 4.3D), however, this decrease was

not statistically significant between 4, 6 and 13 month stages.

4.2.3 Dynamic gene expression changes occur during the transition in cell cycle state

Since we have determined that there is a transition in cell cycle state during the first

postnatal month, we also predict that there are dynamic gene expression changes

occurring during this period, especially for genes important for proliferation and

matrix production. We performed RT-qPCR assays on RNA isolated from whole distal

limb tendon homogenate for a small set of transcripts. These assays provide further

information about cell proliferation (Ki67 ), tendon cell identity and di�erentiation

(Scx, Mkx), and matrix production and assembly (Col1a2, Col3a1, Fmod), during

tendon growth. An analysis of variance (ANOVA) on �CT values for each gene

demonstrated a significant change in expression of all genes across the developmental

range (p < 0.05). Tukey’s Honestly Significant Di�erence (HSD) post hoc tests

revealed the specific pairs of time points for which relative expression is significantly

di�erent.

For many of the genes, relative expression levels decreased during the first month of

age. Although KI-67 protein expression is commonly used as a marker of proliferating

cells, Ki67 mRNA expression has been shown to correlate with protein levels and

the number of KI-67 positive cells seen in histological sections (Prihantono et al.;

Schleifman et al.). Based on this, we examined Ki67 transcript levels as another

independent way to assess the number of mitotically active cells. Ki67 gene expression
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was highest during the first week after birth (P0 to P7), and no significant di�erences

were observed between P0, P7, and P14 (all p > 0.8; Figure 4.4). By P21, however,

the relative amount of Ki67 mRNA present in the tendon became significantly reduced

compared to earlier timepoints (P0, P7, and P14, all p < 0.05) and remained low

throughout the rest of the time series. By P35, Ki67 expression levels approached

the lower limit of detection for our RT-qPCR assays (CT values ~35). Therefore,

these results suggest that the number of proliferating cells is highest during the first

week after birth, but by P35 most tendon cells are no longer mitotically active. The

expression of Scx, Mkx, Col1a2, and Col3a1 measured via RT-qPCR also decreased

by P35 compared with P0, while Scx alone shows significantly increased expression at

P14 relative to birth and later stages (Figure 4.4). Fmod expression follows a di�erent

pattern, however, with higher transcript measurements at all timepoints from P7 to

P28 compared to P0; however, none of these di�erences in Fmod expression achieved

statistical significance during post hoc testing (Figure 4.4).

4.2.4 Tendon cell density and tendon length undergo dynamic changes during early

postnatal stages

To understand how tendon cell number changes relative to matrix expansion during

growth, we also quantified tendon cell density during the first postnatal month. Using

transverse sections from Achilles and plantaris tendons, we counted cells at P0, P14,

and P28. As has been previously reported (Kalson et al., 2015), we observed a

decrease in cell density per unit area, with 76 ± 25, 50 ± 17, and 20 ± 7 cells per

0.01 mm2 at P0, P14, and P28, respectively (Figure 4.5A). These results suggest

that matrix expansion outpaces cell proliferation, at least for the cross-sectional area

of the tendon. We also noticed a larger variability in cell density at earlier stages

compared to P28, which could indicate that natural variability in growth rates during
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early postnatal stages becomes refined by P28. To understand how cell cycle activity

compares with longitudinal tendon growth, we measured the Achilles tendon length

from the enthesis to its connection with the gastrocnemius muscle at postnatal and

adult stages. Strikingly, we observed rapid growth in the early postnatal stages with

the Achilles tendon increasing from 12.71 ± 1.9 mm at P0 to 35 ± 1.7 mm at P14, and

to 43.6 ± 1.8 mm at P21. However, the length of the Achilles tendon did not change

significantly between P21 to P28 (Figure 4.5B), and only increased modestly from

49.6 ± 1.0 mm at P28 to 54 ± 0.7 mm after P30 (P30-P270) (Figure 4.5B). Overall,

the time periods where we observed significant increases in Achilles tendon length

correspond directly with our observations of periods of active tendon cell cycle activity.

This suggests the interesting possibility that, in parallel with matrix expansion, cell

proliferation during the first two weeks after birth may in some way contribute to

longitudinal growth or result from mechanical or chemical changes that occur during

this dynamic longitudinal growth period.

4.3 Discussion

Defining the transition from developmental growth to adult homeostasis is important

for understanding functional tissue physiology. Adult tissues range from high self-

renewal activity driven by stem cell populations, such as in the blood and intestine, to

low or even no self-renewal as has been reported for the liver and heart, respectively.

The tendon presents an intriguing case as growth and maintenance involve both

its highly organized matrix and the cells that reside within it. Many studies have

highlighted the changes that tendon matrix undergoes in growth, adulthood, and

aging. However, the activity of the cells as the matrix transitions from growth to

maturation is less well understood. Previous work has suggested that cell proliferation

in adult tendons is limited (Runesson et al., 2013), but it is unclear when and to what
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extent this decline in cell cycle activity occurs. Identifying the shift from proliferative

growth to homeostasis is also important for properly defining cellular growth periods

and understanding self-renewal mechanisms in the adult tendon.

During postnatal development, the tendon ECM undergoes increases in collagen fibril

diameter, collagen content, and mechanical properties (Ansorge et al., 2011). In our

study, we sought to define the changes that occur to the cells within the tendon

during the same periods of growth and homeostasis. Using the H2B-GFP system and

BrdU/EdU labeling, we detected significant cell proliferation prior to one month of

age. In addition to loss of H2B-GFP, the intensity of H2B-GFP expression decreased

demonstrating that all tendon cells divide at least once during postnatal life. The

decrease in H2B-GFP intensity across the time series is best described by a logarithmic

decay model, which yields proliferation rates similar to those measured via BrdU

labeling. Although there were some discrepancies between BrdU labeling and our

H2B-GFP mathematical model at P21, these di�erences were modest and could be

attributed to di�erences in BrdU incorporation into the tendon or a low level (<1%)

leakiness of the H2B-GFP system (Sup. Fig. 1C). Despite the potential drawbacks

from each method, we obtained similar results from these complementary approaches

further strengthening our conclusions. In relation to the growth of the tissue and

consistent with others (Dunkman et al., 2013; Kalson et al., 2015), we have observed

decreased cell density in postnatal Achilles and plantaris tendons as the mice mature

from P0 to P28. This corresponds with rapid elongation of the Achilles tendon in

the early postnatal stages with little change occurring from P30 to adulthood. Taken

together, our analyses show there is significant proliferation even as the tendon cells

are reduced in density. Although this indicates that matrix expansion outpaces cell

growth, it also points towards a possible co-regulation of proliferation and matrix

expansion during early postnatal stages, which could have interesting implications for

how cells regulate, or respond to, ECM expansion and changes in biochemical and
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mechanical signals.

Our gene expression analysis also demonstrates interesting changes in the first month of

this transition from growth to homeostasis. Relative expression of Ki67 is significantly

downregulated by P21 compared to the earlier time points. In later stages of the

time series Ki67 transcripts are reduced to nearly undetectable levels (CT ~35).

Concurrently, the relative expression patterns of tendon transcription factors (Scx

and Mkx), and pro-collagen genes (Col1a2 and Col3a1 ) largely match that of Ki67.

Both Scx (Murchison et al.; Schweitzer et al.; Shukunami et al.) and Mkx (Ito

et al., 2010; Liu et al., 2014) are involved in tenocyte di�erentiation, as well as

matrix organization via interactions with Smad3 (Berthet et al.). Our findings on the

coordinated downregulation of Scx, Mkx, Col1a2, and Col3a1 after P14 fits within this

established framework and suggests that the period from P0 to P14 is a key window

of postnatal tendon development. Although matrix genes Col1a2 and Col3a1 are

down-regulated at P35 relative to P0, elevated Fmod expression persists through this

time point. This expression pattern is concordant with previous studies of extracellular

matrix proteins during the postnatal period in mice (Ezura et al.), indicating that

collagen fibril formation slows early, but fibril growth, mediated by Fmod, continues

into the juvenile period (> 1 month).

The tendon has also been shown to undergo regenerative healing during fetal and

early postnatal periods (Ansorge et al., 2011; Favata et al., 2006; Howell et al.). The

timing in these studies is reminiscent of the other organ systems such as the heart

(Bassat et al., 2017), which demonstrate more regenerative potential at neonatal

compared to adult stages. In mice, tendons injured prior to one week of life undergo

regenerative healing, with mechanical properties of the healed tendon nearly matching

those of the uninjured controls; injured tendons of mice older than 3 weeks of age

healed imperfectly through scar formation (Ansorge et al., 2011; Howell et al., 2017).
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Previous work has also demonstrated that the regenerative abilities of injured fetal

sheep tendons are not a�ected by transplantation into an adult environment (Favata

et al., 2006), suggesting that the regenerative properties of developing tendons are

intrinsic. Interestingly, neonatal cardiac regeneration has been attributed to the ability

of cardiomyocytes to proliferate during the first 1-2 weeks of postnatal life (Bassat

et al., 2017) . It is interesting to speculate that the swift decline in tendon cell cycle

activity that we observed at 3 weeks of age may also underlie the shift in regenerative

to reparative healing in the tendon.

In addition to defining distinct postnatal periods of cell proliferation, our work also

establishes the presence of cell cycle activity in tendon cells at adult and aged stages.

Although the levels of proliferation are low, we detected BrdU incorporation in both

Scx-lineage and Scx-GFP+ cells in adults. Although our current understanding of the

self-renewal mechanisms in the tendon are limited, studies have shown that tendon-

derived stem/progenitor cells divide readily and are multipotent when isolated and

expanded in culture (Bi et al., 2007). These cells can also form tendon-like tissues

upon transplantation (Bi et al., 2007), but how this activity reflects that of resident

cells in their native environment is unclear. In the context of injury, recent studies

have shown contributions to the healing tissue from Scx-GFP-negative cells originating

from tendon sheath regions (Dyment et al., 2014; Wang et al., 2017). However, it

is unknown if these previously identified cells are responsible for the homeostatic

proliferation detected in adults. Other studies have used Carbon-14 (C14) isotope

analysis to infer human tendon tissue turnover rates because of known changes in

atmospheric C14 levels originating from atomic bomb tests. These studies show that

the majority of the tendon core mass is formed by adolescence (Heinemeier et al., 2013).

Consistent with this previous study, our results show that most cell cycle activity

in the tendon occurs prior to the juvenile stage. However, our work also indicates

continued low levels of cell cycle activity in adults. As the previous C14 studies were
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performed with tissue samples, which are predominantly matrix, it is unclear, as the

authors also note, if they could detect low rates of turnover by a small population

of cells. Therefore, even though the C14 results indicate very little tissue turnover

after adolescence, they do not exclude the possibility of a slowly cycling tendon cell

population in humans. Interestingly, further C-14 analysis of collagen isolated from

tendinopathy samples showed evidence of collagen turnover after adolescent periods

(Heinemeier et al., 2018). Although it is unclear if the collagen turnover is a cause or

e�ect of the tendinopathy, these results suggest that adult tendon cells can be active

at adult stages to remodel their matrix significantly.

In summary, by using complementary genetic and chemical labeling methods, we

have gained a comprehensive understanding of the dynamic cell proliferation rates

in the tendon from birth to aging. We show that limb tendon cells remain prolifer-

ative throughout early postnatal stages (P0-P21) and that mitotic activity declines

significantly in juvenile periods with a small population of cells continuing to divide

from one month and 1-2 years of life. The timing of these changes in cell turnover

appears to be correlated with the timing at which the tendon matrix is undergoing

expansion and maturation, as well as when the tendon cells are changing morphology

from rounded to stellate. These changes in cell cycle activity also correlate with

the transition from regenerative to reparative healing that has been documented in

murine tendons. These findings are important to consider in studying tendon growth,

maturation and self-renewal mechanisms, and have implications in identifying and

characterizing self-renewal mechanisms of a tissue.
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CHAPTER 5

INTEGRATIVE GENOMICS REVEALS DISCRETE MODULES INVOLVED IN

POSTNATAL TENDON GROWTH IN A MOUSE MODEL

5.1 Introduction

Tendons are crucial components of the musculoskeletal system that transmit muscular

forces to bones, thus enabling movement. In adults, tendons are prone to injury, from

acute rupture to chronic degeneration. Mature mammalian tendons are incapable

of regenerative healing after such injuries; instead, the response to tendon injury

is characterized by slow, scar-mediated healing resulting in imperfect tissue repair

(Montgomery (1989)). Despite advances in surgical intervention for tendon injuries,

the repaired tissue remains mechanically compromised due to this form of healing,

yielding a high failure rate after surgery (Beredjiklian et al. (2003); Gomoll et al.

(2004)). However, immature mammalian tendons are capable of regenerative healing

without the formation of a fibrotic scar, which has been demonstrated in both fetal

(Beredjiklian et al. (2003); Favata et al. (2006)) and early postnatal tendon (Ansorge

et al. (2011); Howell et al. (2017)). This regenerative ability is retained even when

the immature tendon is wounded after transplantation into the adult environment

(Beredjiklian et al. (2003); Favata et al. (2006)) suggesting the regenerative potential

is intrinsic to the tendon. Regenerative ability in the tendon appears to be restricted to

fetal and early postnatal stages, declining significantly with maturation (Beredjiklian

et al. (2003); Howell et al. (2017)).

Currently, the molecular factors and cellular states that allow for regenerative healing

in mammalian tendon at fetal and early postnatal stages are not well understood.



In fact, little is known about the molecular control of the growth and maturation

of healthy postnatal tendon itself. Although some studies have implicated di�ering

expression patterns of specific TGF-— isoforms in fetal vs adult healing (Beredjiklian

et al. (2003); Favata et al. (2006)), approaches to activate and inhibit TGF-— have

yielded inconclusive results (Alberton et al. (2015); Loiselle et al. (2015)), further

obscuring its role in regenerative healing. In mice, it has been shown that the first 1-2

weeks of postnatal life is a window of significantly improved healing potential when

compared with 3 week old (Ansorge et al. (2012)) and 4-5 month old mice (Howell

et al. (2017)). A similar decline in regenerative ability has been observed in other

organs, such as the heart. Cardiac muscle can regenerate after injury prior to 7 days

of neonatal development, but no regeneration is observed at later stages (Porrello

et al. (2011)); this transition coincides with the developmental stage at which the

cardiomyocytes lose their ability to proliferate (Xin et al. (2013)).

We have recently demonstrated a similar phenomenon in mouse limb tendons (Grinstein

et al. in review). It has long been appreciated that during development, embryonic

tendons proliferate readily as the tissue is forming (Murchison et al. (2007)), but adult

tendon cells exhibit minimal or no cell turnover (Messier and Leblond (1960); Ruchti

et al. (1983)). Our recent work showed that there is significant proliferation in early

postnatal days (P) 0 to 14. However, proliferation decreases significantly by P21 and

continues at an extremely low rate from 1 month to 1-2 years of life (Grinstein et al.

in review). As in the heart, this drop in tendon cell proliferative activity appears to

correlate with the transition from regenerative to reparative healing in mouse tendons

around 3 weeks of age (Ansorge et al. (2012)). This decline in regenerative potential of

the tendon may be directly related to the decline in tendon cell proliferative activity.

In addition to this marked shift in proliferative and regenerative potential, postnatal

tendon growth is characterized by structural and compositional changes to the extra-
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cellular matrix (ECM) that produce a highly organized, matrix-rich mature tissue

(Ansorge et al. (2011); Connizzo, Yannascoli, and Soslowsky (2013); Kalson et al.

(2015)). Both linear and lateral growth in the tendon continue beyond the highly

proliferative postnatal phase indicating an important role for ECM expansion during

postnatal tendon growth (Connizzo, Yannascoli, and Soslowsky (2013); Ezura et al.

(2000)). Thus the transition in cell cycle activity, and regenerative potential, may also

correlate with the timing at which tendon cells mature and predominantly function in

matrix secretion.

Quite a bit is known about embryonic tendon development. Previous work has

identified several transcription factors (TF) and signaling factors that are vital to

proper tendon formation. Scleraxis (Scx) is a basic helix-loop-helix TF that has been

identified as a marker of tendon cell fate (Schweitzer et al. (2001)). Along with

Scx, Mohawk (Mkx) and the early growth response-like (Egr) TFs Egr1 and Egr2

have also been demonstrated to be important for embryonic tendon specification and

di�erentiation (Lejard et al. (2011); Huanhuan Liu et al. (2014)). All four of these

TFs are capable of regulating the production of major collagens (Col1a1, Col1a2,

Col3a1) and tenomodulin (Tnmd), another tendon marker (Brandau et al. (2001);

Shukunami, Oshima, and Hiraki (2001); Lejard et al. (2011); Huanhuan Liu et al.

(2014); reviewed in Subramanian and Schilling (2015)). TGF-— signaling also plays an

important role in embryonic tendon formation through the regulation of collagen and

other ECM proteins (Ignotz and Massagué (1986); Montesano and Sciences (1988);

Pryce et al. (2009)) and the induction of Scx (Maeda et al. (2011); C. Mendias et al.

(2012); Havis et al. (2016)).

Despite the rich literature on embryonic tendon specification and development, post-

natal development has not received as much attention. While postnatal changes to

the ECM have been documented in the tendon (Ansorge et al. (2011)), little work has
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examined the molecular changes taking place in the tendon cells at postnatal stages.

The identification of gene regulatory programs that are specifically controlled during

this process would be of great significance towards understanding the mechanisms

by which tendon cells mature and tendon tissue grows. Few transcriptomics studies

have been performed on tendon cells, with most focusing on the active transcriptional

programs in embryonic tendon cells (Havis et al. (2014); Liu et al. (2015)). Other work

has examined gene expression di�erences in isolated postnatal tendon progenitor cells

after expansion under in vitro culture conditions (Kohler et al. (2013)), which is known

to alter the behavior of tendon cells. Expression profiling studies of postnatal tendon

have been performed, but these focused specifically on the adult transcriptome to

identify tendon-specific genes at a single time point (Jelinsky et al. (2010)) and genes

involved in aging (Pe�ers et al. (2015)). Furthermore, the link between tendon cell

growth and healing potential is likely impacted by non-coding regulation of tendon cell

di�erentiation and proliferation. But among all studies to date, none have attempted

to identify cis-regulatory regions potentially involved in regulating this transition.

In this study, we use an integrative genomics approach to characterize tendon cells

as they transition from highly proliferative to relatively quiescent. Specifically, we

employ RNA sequencing (RNA-seq) and Assay for Transposase Accessible Chromatin

and sequencing (ATAC-seq) to identify expressed genes and open chromatin regions,

respectively, in mouse tendon cells as they mature from neonatal stages (P0) to early

adulthood (P35). ATAC-seq uses an engineered transposase (Tn5) to simultaneously

cut and tag open chromatin for sequencing (J. Buenrostro et al. (2013)). “Open

chromatin” refers to regions of the genome that are not tightly wrapped around histone

proteins, making them more available to DNA-binding proteins, like transcription

factors. Thus, a non-coding genomic locus within a region of open chromatin has the

potential to regulate the expression of nearby genes in cis. Changes in chromatin

accessibility throughout tendon growth can help identify temporally specific putative
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cis-regulatory elements involved in the coordination of the transcriptome dynamics

involved in the shift in cell proliferative potential. By integrating these transcriptomic

and epigenomic signatures, we are able to identify key genes and signaling pathways

that mediate the observed shift in tendon cell proliferative potential. This research

applies innovative techniques to the study of a poorly understood process, providing

new insight and candidate pathways to investigate in the context of tendon growth,

maturation, and injury repair.

5.2 Materials and Methods

5.2.1 Experimental Model and Subject Details

5.2.1.1 Animals

Scx-Cre mice were provided by the Schweitzer lab (Blitz et al. (2009); Schweitzer

et al. (2001)). Gt(ROSA)26Sortm9(CAG-tdTomato)Hze (Ai9) were purchased from the

Jackson Laboratory (Jax 007909). Male Scx-Cre+ mice were mated to female mice

positive for the Ai9 Cre reporter allele to generate the Scx-Cre;Rosa:TdTomato mouse

line (henceforth referred to as Scx-Cre;TdTm) to mark Scx-lineage cells. An equal

number of male and female mice were used for all experiments. All mice used in this

study were housed at the Center for Comparative Medicine at Massachusetts General

Hospital (MGH) and experiments were approved by the MGH Institutional Animal

Care and Use Committee (protocol #2013N000062).

5.2.2 Method Details

See (Figure 5.1) for an overview of the RNA isolation and library preparation methods

for RNA-seq and ATAC-seq.
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5.2.2.1 RNA Isolation

Extraction of intact total RNA from whole tendons was performed as previously

described (Grinstein et al. (2018); Grinstein et al. in review). Briefly, distal hindlimb

and forelimb tendons were dissected from mice at weekly time points between P0

and P35 and submerged in cold TRIzol (Invitrogen 15596026) immediately following

euthanasia. Multiple tendons from a single animal were collected in the same 1.5

mL tube containing 500 µl to 1mL of TRIzol and high impact zirconium 1.5 mm

beads (Benchmark D1032-15). The volume of TRIzol used was dependent on the

size of the sample. Tendons were first roughly chopped with clean microdissection

scissors and then homogenized in two 180-second bouts of bead beating at 50 Hz in a

BeadBug microtube homogenizer (Benchmark). Following homogenization, samples

were stored at -80¶C until extraction using a combination of the TRIzol-chloroform

method (Rio et al. (2010)) and Zymo Direct-Zol system (Zymo Research R2050) with

an on-column DNaseI digestion (Zymo Research E1010). RNA purity and quality were

evaluated using spectrophotometry (NanoDrop 2000c, Thermo Scientific) and capil-

lary electrophoresis (2100 Bioanalyzer and TapeStation 2200, Agilent), respectively.

Concentration of each sample was measured via fluorometric quantitation (Qubit HS

RNA assay, Invitrogen Q32852) and the final RNA product was stored at -80¶C.

5.2.2.2 RNA-seq library preparation and sequencing

RNA samples were excluded from RNA-seq experiments if RIN < 6.7 (threshold

determined empirically), sample purity measures (260/280 and 260/230) were poor,

and/or if the sample contained insu�cient RNA for optimal library preparation.

Between 7 and 9 biological replicates (i.e., tendon RNA from independent mice) per

time point passed these quality measures, yielding a total of 46 samples spanning 6

time points. To minimize batch e�ects, all RNA-seq library preparation steps were
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completed in a single batch using the Apollo 324 NGS library prep system (IntegenX)

and the PrepX mRNA library protocol (Takara Bio) in the Harvard Bauer Core

Facility. First, mRNA was isolated from 1 µg total RNA by polyA selection (PrepX

polyA 48, Takara Bio 640098) and checked for rRNA contamination using the mRNA

2100 Bioanalyzer chip and protocol (Agilent). The remaining mRNA for each sample

was then reverse transcribed and purified using PrepX chemistry (PrepX mRNA

48, Takara Bio 640097). The resulting cDNA libraries were uniquely barcoded and

amplified with 11 PCR cycles and then multiplexed into three pools of 16 samples for

sequencing. Single end 75 bp reads were sequenced on an Illumina NextSeq 500 using

a High-Output 75-cycle kit in the Harvard Bauer Core Facility. Sequenced libraries

that achieved at least 20 million reads were used for downstream analyses.

5.2.2.3 Tendon cell isolation and FACS sorting for ATAC-seq

Distal hindlimb and forelimb tendons were dissected from Scx-Cre;TdTm+ mice at

weekly time points from P0 to P35. Tendons were collected in a digestion bu�er

containing 0.2% collagenase type II (Worthington L5004176) in DMEM (Gibco 11965-

092), coarsely chopped, and incubated in a shaking water bath at 37C. Midway

through the incubation the digestion media was spiked with 0.2% collagenase type I

(Gibco 17100-017) and 0.4% dispase (Gibco 17105-041). The digested tendons were

then gently manually dissociated with a 20G needle and passed through a 30 µm

pre-separation filter (MACS 130-041-407) to collect the cells. Tendon cells were washed

with 10% horse serum in Hams F10 media (Gibco 11550-043) and finally filtered

through the cell strainer cap of a FACS tube (Falcon 352235) for flow cytometry and

cell sorting. Tendon cell suspensions were incubated with DAPI immediately before

sorting for live/dead exclusion. TdTomato (TdTm) FACS gates were defined based on

control TdTm+ and TdTm- tendon cells that were collected and processed in parallel

with the samples of interest. 5,000 TdTm+ cells were collected per replicate in 5%
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FBS/PBS. Control samples of 50 ng of naked DNA (i.e., DNA free of histones and

DNA-binding proteins) from mice were also subjected to tagmentation and ATAC-seq

library preparation in parallel with the tendon samples.

5.2.2.4 ATAC-seq library preparation and sequencing

Cells were pelleted and washed in clean 1x PBS. Transposition was performed using

the Fast-ATAC protocol (Corces et al. (2017)) with the following changes: 2 µl of

Tn5 transposase (TDE1 from Illumina FC-121-1030) was used in the transposition

reaction and the reactions were incubated at 37¶C in a shaking water bath for 35

minutes. Transposed DNA was purified using an Omega MicroElute Cleanup kit

(Omega D6296) and eluted in 15 µl nuclease free water. The optimal number of PCR

cycles for each library was determined via a qPCR side reaction (see Buenrostro et al.

(2015)). The purified transposed fragments were then PCR amplified and barcoded as

described in Buenrostro et al. (Buenrostro et al. (2015)), followed by bead purification

(Omega M1386-01). Library quality was examined via capillary electrophoresis (2100

Bioanalyzer and TapeStation 2200, Agilent) and libraries were quantified using the

KAPA library quantification system for qPCR (KAPA KK4824). ATAC libraries were

multiplexed and paired-end 42 bp reads were sequenced on an Illumina NextSeq 500

using a High-Output 75-cycle kit in the Harvard Bauer Core Facility.

5.2.2.5 RT-qPCR

Tendons were collected from Scx-Cre;TdTm+ mice (n = 4 per time point; 20 total)

and RNA was extracted as described above. Because minimal di�erences were found

between P28 and P35 in the transcriptomics analysis, we stopped collection at P28

for RT-qPCR validation. 1 µg of total RNA from each sample was reverse transcribed

using the SSIV first strand synthesis system with oligo(dT)20 primers (Thermo Fisher

18091050). SYBR green (PowerUp SYBR, Applied Biosystems A25742) qPCR assays
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were conducted in technical triplicate using 10 ng cDNA per reaction (final cDNA

concentration = 0.8 ng/µl). Samples were amplified with target-specific primers (see

Supp. Table 1 for primer sequences) using a LightCycler 480 II real time PCR system

(Roche Diagnostics) as previously described (Grinstein et al. in review).

5.2.3 Quantification and Statistical Analysis

5.2.3.1 RNA-seq Data Processing and Di�erential Expression Analysis

Sequenced RNA-seq reads were demultiplexed, followed by quality filtering and trim-

ming using TrimGalore (Andrews et al. (2012)). After quality filtering, the final sample

size was between 6 and 9 biological replicates per time point. A Salmon transcript

index was built from the Ensembl mouse transcriptome (GRCm38v91) and transcripts

were then quantified from quality-trimmed reads using Salmon (Patro et al. (2017))

in mapping-based mode with the --seqBias and --gcBias flags enabled. When used,

these options allow the Salmon algorithm to learn and correct for sequence specific

and GC biases, respectively, in the data. Gene-level counts were then calculated with

TxImport (Soneson, Love, and Robinson (2015)). Genes with consistently low counts

were excluded from the data set using automatic independent filtering implemented

in DESeq2 (see Bourgon, Gentleman, and Huber (2010) and Love, Huber, and Anders

(2014)). Di�erential expression analyses were conducted using DESeq2 (Love, Huber,

and Anders (2014)). We defined two negative binomial generalized linear models of

gene expression using RIN as a blocking factor:

log(µi,j) = —0
i + (—RIN

i xRIN
j ) + (—T P

i xT P
j ) (5.1)

log(µi,j) = —0
i + (—RIN

i xRIN
j ) (5.2)
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where i = gene, j = sample. The full model (Equation (5.1)) includes both RIN and

time point as predictor variables whereas RIN is the only predictor in the reduced

model (Equation (5.2)) . Using a likelihood ratio test (LRT) we compared the two

models to identify significant genes that are explained by time point, but not RIN, in

order to computationally account for any e�ects of RNA integrity on the results. The

significance threshold for di�erential expression was set at p adj. < 0.05.

5.2.3.2 ATAC-seq Data Processing and Di�erential Accessibility Analysis

Demultiplexed paired end reads were trimmed using NGmerge (Gaspar (2018)) and

aligned to the mouse genome using Bowtie2 (Langmead and Salzberg (2012)). Read

pairs mapping to the mitochondrial genome were removed using removeChrom (https:

//github.com/jsh58/harvard) and PCR duplicates were filtered with the dedup tool in

bamUtil (Jun et al. (2015)). Peaks were called with MACS2 in paired end BAM mode

with the options -f BAMPE --nolambda --keep-dup all. Any peaks falling in the

ENCODE defined blacklist for mm10 (Davis et al. (2017)) and peaks called from the

naked DNA control were deemed spurious and removed using bedtools (Quinlan and

Hall (2010)). Two successful biological replicates were obtained for all time points

except P21, which was excluded from all analyses.

We defined a consensus peak set using the Di�Bind R package (Ross-Innes et al.

(2012)) based on stringent requirements. In order for a peak to be included in the

consensus set it had to be present in both biological replicates for at least one time

point. Peaks that did not meet this criterion were deemed irreproducible and were

excluded from all downstream analyses. We also constrained consensus peak widths to

500 bp. ATAC-seq peaks were annotated to genomic features in R using the ChIPseeker

package (Yu, Wang, and He (2015)) and were assigned to the nearest gene within a 100

kb window, defined as ± 50 kb from the consensus peak summit. Di�Bind was used

to count reads in these consensus peaks and compute peak di�erential accessibility
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(DA) using the underlying DESeq2 framework. The significance threshold was set at

p adj. < 0.05.

5.2.3.3 Clustering and Functional Enrichment

Prior to all clustering analyses, counts of significantly DE genes and DA peaks were

normalized using the DESeq2 framework (median of ratios method) and scaled to

library size to produce log2 counts per million (CPM). These counts were quantile-

normalized and z-transformed. Pearson distance matrices were then calculated for the

entire gene or peak set. Clusters were computed in R (R Core Team (2019)) based on

this distance matrix and the normalized/transformed counts using the Partitioning

Around Medoids (PAM) algorithm (Kaufman and Rousseeuw (1990)) implemented in

the ClusterR package (Mouselimis (2019)) with the fuzzy option enabled. Heatmaps

of clusters were constructed using the ComplexHeatmap package (Gu, Eils, and

Schlesner (2016)) and genes (rows) within each PAM module were subclustered via

average linkage hierarchical clustering to aid visualization. Functional enrichment

analyses of peak and gene clusters were conducted in R using the clusterProfiler

package (Yu et al. (2012)) with significance thresholds set at p adj. < 0.01 and q <

0.05. The Benjamini Hochberg method was used for p value adjustment.

5.2.3.4 Integrative Analyses

In order to compare the patterns of gene expression and chromatin accessibility,

DA peaks were clustered as described above (Methods, Clustering and Functional

Enrichment) into five modules. Next, a matrix of normalized counts for each peak’s

assigned gene was generated and this matrix was aligned with the matrix of normalized

DA peak counts. We computed the Pearson correlation coe�cient for each peak-

gene pair using the ‘lineup’ R package (Broman et al. (2015)). For co-clustering of

expression and accessibility patterns, the data set was filtered for a Pearson correlation
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coe�cient > 0.5. This matrix of positively correlated of peak-gene pairs were re-

clustered into five modules with the PAM algorithm. Gene lists for the final integrated

clusters were used for functional analyses as described above (Methods, Clustering and

Functional Enrichment). For each integrative cluster, known motifs were identified

within peaks and putative target gene promoters using the HOMER motif finding

algorithm (Li et al. (2017)). Per cluster motif enrichment calculations based these on

these motif predictions were facilitated by the ‘marge’ (Amezquita (2019)) and ‘valr’

(Riemondy et al. (2017)) packages for R.

5.2.3.5 RT-qPCR statistics

Cycle threshold (CT ) values for all targets were normalized to Gapdh and the ��CT

method (Livak and Schmittengen 2001) was used to calculate relative gene expression

for visualization. Relative expression is visualized as 2��CT ± standard deviation.

Statistics were computed on the �CT values (Supp. Tables ##). Statistical di�erences

among the time points were investigated using a Kruskal-Wallis rank sum test followed

by a Dunn test with Benjamini-Hochberg correction to test for specific di�erences

among pairs of time points. Statistics were performed on the �CT values (normalized

to Gapdh) for all target genes and samples (n = 4 biological replicates per time

point). R statistical software (R Core Team (2019)) was used for all RT-qPCR data

analysis, statistics, and visualization. Statistical analysis was performed using the

implementation of the Kruskal-Wallace test in ‘stats’ (version 3.5.3) (R Core Team

(2019)) and the Dunn test from ‘FSA’ (version 0.8.25; Ogle, Wheeler, and Dinno

(2019)).

5.2.3.6 Software and Computing Environment

Processing and large-scale analysis of sequencing data was performed on the Harvard

Odyssey computing cluster (centOS7). Python programs were run in Python version
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2.7.12. R programs were run in R version 3.5.3 (R Core Team (2019)) and RStudio

version 1.0.143 (RStudio Team (2015)). Data analysis and visualization in R was

assisted by R packages included in the Tidyverse collection (Wickham (2017)), ‘ggplot2’

(Wickham (2016)), and ‘viridis’ (Garnier (2018)).
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Figure 5.1: Overview of method details for RNA-seq and ATAC-seq.

5.3 Results

5.3.1 Transcriptome dynamics during postnatal tendon growth and development

To identify genes involved in the postnatal transition from a proliferation-based growth

program to one driven by ECM, we performed RNA-seq on mRNA isolated from
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whole tendon homogenate collected weekly at six consecutive time points during the

early postnatal period (P0 to P35). A Principal Components Analysis (PCA) on

normalized gene counts shows separation of P0, P7, and P14 samples along PC1,

while samples from mice at P21 and older do not separate clearly from one another

(Figure 5.2). It is also notable that P35 has higher within-group variability than the

other time points, which could at least partially explain the inability of this time point

to separate from P28. Importantly, the PCA also shows that sequencing pool does

not significantly influence sample clustering (Figure 5.2) indicating that the group

in which a sample was sequenced (sequencing pool) accounts for negligible, if any,

sample variance. A likelihood ratio test on gene counts using the DESeq2 framework

(Love, Huber, and Anders (2014)) found that approximately 22% of detected genes

were di�erentially expressed (DE) between at least two time points in the 5 week

time series (p adj. < 0.05). This approach, in which two user-defined models of gene

expression are assessed for their goodness of fit, allowed us to test the e�ects of the

time component of the model on gene expression independent of RIN (see Methods),

as well as investigate di�erences in expression among all time points simultaneously.

Because our previous work on tendon cell proliferation dynamics (Grinstein et al. in

review) points to the second to third postnatal week as an important transitional

period during postnatal tendon development, we first investigated the specific pairwise

di�erences in transcriptome wide gene expression from P0 to P35 and found that many

genes are di�erentially expressed between these three time points (see Figure 5.2).

Given the assumptions in the tendon literature that mature tendon cells exhibit

relatively low metabolic activity, we were quite surprised by the large number of genes

(2,508) that were up-regulated from P0 to P35. Comparing the number of di�erentially

expressed genes between each pair of time points shows few genes that are di�erentially

expressed between sequential time points at older stages (i.e., after P14) compared

to younger stages (Figure 5.2). This suggests that the first two postnatal weeks are
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a period of rapid, dynamic transcriptomic change, which slows after P21 mirroring

tendon cell proliferation dynamics (Grinstein et al. in review).
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Figure 5.2: RNA-seq identifies di�erentially expressed genes at key time points during postnatal
growth.

5.3.1.1 Expression of known genes involved in tendon development

Next we defined a set of “tendon” and ECM genes (i.e., genes that code for matrix

proteins) based on the current literature to investigate their expression within this data

set. Because so few genes are known to be directly involved in tendon development,

this set is small enough to examine the expression of each gene individually (Figure 5.3).

Scx, Mkx, Egr1, and Egr2 area all expressed postnatally, but none are significantly DE

(Figure 5.3A; p adj. > 0.05). Scx expression is highly variable among the individuals

within a sample; each time point contains distinct high- and low-expressers of Scx
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(Figure 5.3A). While we have observed higher than expected within-sample variance

in Scx expression before (see Grinstein et al. in review), the cause remains unclear.

We also investigated the expression of TGF-— ligands and receptors, which have been

well studied in the tendon and have been demonstrated to be required for normal

tendon development (Pryce et al. (2009)). We found that Tgfb1 is di�erentially

upregulated at P7 only (p adj. < 0.05), while Tgfb2 and Tgfb3 are not DE at any

point (Figure 5.3). TGF-— receptor expression varies: Tgfbr1 is intermittently DE,

Tgfbr2 is not DE, and Tgfbr3 is di�erentially upregulated from P0 to P35 (p adj. <

0.05; Figure 5.3B).

All ECM related genes in this gene set are significantly DE at some point during the

time series, however (Figure 5.3; p adj. < 0.05). Decorin (Dcn) and Fibromodulin

(Fmod) expression increases monotonically from P0 to P35; Col2a1, Col14a1, Col3a1,

and Tenomodulin (Tnmd) expression decreases steadily from P0 to P35; and Col1a1

and Col1a2 expression peaks around P14 after which it is downregulated. Expression

of the matrix gene Biglycan (Bgn) appears to be partitioned into two phases: it is

more highly expressed from P0-P14 followed by downregulation by P21 (p adj. <

0.01), after which point expression remains low through P35 (Figure 5.3C).

5.3.1.2 Clustering analysis and expression module identification

In order to gain a more detailed understanding of the temporal gene expression

changes that occur between P0 and P35, we performed an unsupervised cluster

analysis using the partitioning around medoids (PAM) algorithm on normalized gene

counts. This allowed us to discover six di�erential expression modules – cohorts of

genes that tended to be co-expressed over the course of the six time points in the

study (Figure 5.4). These co-expression modules reveal 3 broad patterns of di�erential

expression within our data: downregulation over time (Clusters 1 and 4); upregulation
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Figure 5.3: Expression of known “tendon” and ECM genes measured with RNA-seq.
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over time (Clusters 2 and 5); and intermittent expression (Clusters 3 and 6). The key

di�erence between each pair of expression modules that fit a pattern is the exact timing

of the expression change(s). For example, many of the genes grouped into cluster 5

are more strongly upregulated about one week earlier (~P21) than those in cluster 2

(~P28). Gene ontology (GO) enrichment analyses on each expression module suggest

that biological processes involved in cell proliferation and di�erentiation dominate the

earlier time points, while cell communication and cytoskeleton organization become

more important later during postnatal development (Figure 5.4).
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Figure 5.4: RNA-seq identifies modules of di�erentially co-expressed genes during postnatal tendon
growth.

Cluster 1 is highly enriched for GO terms related to mitosis, cell cycle, and DNA

replication (p. adj < 2 x 10-18, q < 5 x 10-16). Additionally, a pathway analysis on
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Cluster 1 found an enrichment of genes involved in the Wnt and Hippo signaling

pathways, both of which are known to be involved in regulating cell proliferation in

multiple tissues. Cluster 3, which contains genes that are expressed intermittently

throughout the five-week time series and highest at P0, is also enriched for genes

involved in Wnt signaling, as well as Smoothened (Smo) signaling, a key component

of the Hedgehog (Hh) signaling pathway. This expression module is also enriched

for muscle cell proliferation and di�erentiation. Like Cluster 1, the genes belonging

to Cluster 4 are also most highly expressed at earlier time points, however most of

the genes in this module exhibit peak expression around P7 or P14 instead of P0.

Interestingly, enrichment analyses found that the genes comprising Cluster 4 are

highly enriched for processes related to regulation of the actin cytoskeleton, ECM

organization, and collagen biosynthesis, as well as small GTPase mediated signal

transduction.

Both modules that are characterized by a pattern of steadily increasing expression

from P0 to P35 (Clusters 2 and 5) show enrichment for biological processes involved

in calcium ion transport, regulation, and signaling. Clusters 2 and 5 are also enriched

for muscle related GO terms, although they di�er in their specifics. Cluster 2 genes,

which are upregulated ~P28, are specifically enriched for muscle developmental and

di�erentiation processes, as well as actomyosin structure organization. Meanwhile,

Cluster 5, which contains genes that are upregulated earlier, is enriched for GO terms

related to muscle contraction and structure, in addition to processes involved in calcium

ion transport (S100a1 ). Multiple GO terms associated with the mitochondria are

enriched in the gene set comprising Cluster 6, which is discontinuously upregulated, first

at P7 and then from P21 to P28. We also found that Clusters 5 and 6 are enriched

for GO terms associated with various metabolic processes and other homeostatic

functions, suggesting that the middle of this time series represents the beginning of a

shift from growth to homeostasis and a change in cell metabolism.
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5.3.1.3 Expression of “muscle” genes in the growing tendon

Somewhat surprisingly, half of the co-expression modules were enriched for muscle

related GO terms and functions (Figure 5.4). Figure 5.5 illustrates the specific

expression patterns of each category of muscle-associated genes identified in Clusters

1, 2, and 5. Interestingly, there are subsets of muscle development genes that are

di�erentially expressed in either direction throughout the time series. Both Clusters

1 and 2 show GO enrichments related to muscle development and di�erentiation

(Figure 5.4), but on closer examination this signal appears to be driven by di�erent

gene families. The muscle development signal in Cluster 2 appears to be largely driven

by the expression of genes in the MEF2 family (Mef2c, Mef2d), while the Cluster

1 genes contributing strongly to this signal are myogenic regulatory factors (Myf5,

Myod1, Myog). Because these genes are not widely studied in the tendon, and were

not expected to be expressed, we sought to replicate these results using alternative

techniques for assessing gene expression. RT-qPCR on Myf5 and Myod1 using tendon

RNA collected from a new cohort of Scx-Cre;TdTm mice, the same strain used to

generate the RNA-seq libraries (see Methods; Figure 5.5B,C) replicated this result

showing downregulation of both genes from early to late time points. Unlike Clusters 1

and 2, Cluster 5 is enriched for genes involved in regulating the assembly of contractile

elements in striated muscle cells, specifically actin (e.g., Acta1, Actn3, Tmod1, Tmod4 )

and titin (e.g., Tcap). Although not enriched for muscle-specific processes, Cluster

4 does contain many genes involved in the regulation of the actin cytoskeleton (e.g.,

Acta2 ).
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Figure 5.5: Expression of “muscle” genes in the tendon during early postnatal development.
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5.3.2 Chromatin Accessibility

5.3.2.1 ATAC-seq identifies accessible chromatin regions in tendon cells

To map chromatin accessibility and putative TF-binding events throughout postnatal

tendon development, we performed ATAC-seq on 5,000 FACS-sorted Scx-lineage

(Scx-Cre;TdTm+) cells collected from tendons at the same six time points described

above. Due to insu�ciencies in sequenced library quality, we had to discard both P21

replicates from the analysis. Because Tn5 transposase is known to preferentially cut

certain sequences (Green et al. (2012)), we performed a control ATAC assay on naked,

or genomic, DNA and sequenced this library along with those from each time point.

We controlled for Tn5 sequence preference and other library preparation artifacts

by filtering reads found in the control library from the data set for all downstream

analyses (see Methods). All sequenced libraries are enriched for insert sizes < 250 bp,

which indicates a large number of nucleosome free ($<$100 bp) and mono-nucleosomal

(180-247 bp) regions (J. Buenrostro et al. (2013)). Additionally, biological replicates

for each time point are well correlated (Pearson correlation > 0.8).

Localized regions of accessible chromatin (peaks) were identified for each replicate

using the MACS2 peak calling algorithm (Y. Zhang et al. (2008)) and a consensus

peak set for all replicates was defined using the Di�Bind package (Ross-Innes et al.

(2012)) in R yielding 67,438 consensus peaks that are accessible in both replicates of at

least one time point. To determine di�erential accessibility of peaks over time, reads

in peaks were counted for each biological replicate (see Methods) and the DESeq2

framework was implemented in Di�Bind (see Methods). A PCA shows that the time

points separate well along PC1, which explains 81% of the variance in the data set

(Figure 5.6A). However, similar to the transcriptomic data discussed above, P28 and

P35 fail to fully separate along PC1 suggesting minimal di�erences between these two

time points. This is supported by the di�erential accessibility analysis, which finds
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only 8 di�erentially accessible (DA) peaks between P28 and P35. Despite the relative

similarities between the two latest time points, 8,358 peaks were found to be DA at

some point between P0 and P35 (adj. p < 0.05). The majority of these DA peaks are

located distal to known transcription start sites (TSS) in non-coding regions of the

genome: ~15% of DA peaks are found within the promoter of a gene and ~34% fall

in a distal intergenic region, while less than 2% of DA consensus peaks are located

within a known exon (Figure 5.6B,C). These results indicate that ATAC-seq identifies

dynamic chromatin accessibility in non-coding regions of the mouse genome during

postnatal tendon development.

5.3.2.2 Integration of ATAC-seq and RNA-seq data

To test whether any of these DA regions could harbor functionally relevant cis-

regulatory elements, we first examined the relationship between genome-wide chromatin

accessibility and gene expression measured via RNA-seq across postnatal tendon

development. ATAC-seq peaks were assigned to the nearest gene (see Methods) and

Pearson correlation was computed between peak accessibility and gene expression for

each peak-gene pair. Of the 6,193 DA peak-gene pairs for which gene expression was

detected throughout the time series, 2,180 (~35%) were found to exhibit a positive

correlation between accessibility and expression (Pearson correlation > 0.5) indicating

potential transcriptional activation (enhancer) activity by these DA peaks (Figure 5.7).

Meanwhile, 1335 (~21%) demonstrated a negative correlation (Pearson correlation <

-0.5), potentially indicating that these non-coding regions may behave as repressive

elements (Figure 5.7). Although we are interested in general transcriptional regulation

throughout postnatal growth, the relationship between transcriptional activators and

their targets is more straightforward. Because little is known about cis-regulatory

control during tendon growth in general, we chose to focus on potential enhancer regions

in downstream analyses. We applied the PAM algorithm (Kaufman and Rousseeuw
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Figure 5.6: ATAC-seq on 5,000 sorted Scx-lineage cells detects di�erential chromatin accessibility
during postnatal tendon development.
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(1990)) to the subset of positively correlated peak-gene pairs based on their accessibility

and expression over time, which revealed three primary patterns of accessibility

partitioned into five main clusters (Figure 5.7). Similar to the transcriptomic clustering

results, the majority of these peaks and their assigned genes show either monotonic

increasing or decreasing accessibility and expression over time. Interestingly, this

co-clustering analysis also found a group of peak-gene pairs that exhibit a specific,

coordinated increase at P7 (Figure 5.7), similar to the pattern reflected in Cluster 4

from the transcriptomic analysis (Figure 5.4).

Next, we performed enrichment analyses on the integrated modules to determine

whether the genes assigned to these putative enhancer regions are involved in similar

functions identified based on gene expression alone. Much like the transcriptomic

results discussed above, the two modules that characterize a coordinated decrease in

chromatin accessibility and gene expression over time (Clusters 1 and 2) are both

enriched for peaks associated with Wnt signaling related genes (Wnt2, Fzd7, Lgr4,

Wisp1, Wls; p adj. < 0.005), as well as mesenchymal cell di�erentiation, proliferation,

and organ growth (e.g., Yap1, Igf1, Dlk1, Jag1 ). Interestingly, Cluster 1 is also

enriched for peak-gene pairs associated with TGF-— signaling (e.g., Bmpr1a, Bmp2,

Jun; Figure 5.7), as is Cluster 5.

The two modules of integrated genomic data that represent upregulation over time

(Clusters 3 and 4) are both enriched for muscle-related GO terms, in keeping with the

findings of the transcriptomic analyses, as well as MAPK signaling and cell migration

(Figure 5.7). The earlier of these modules to become active, Cluster 3, is also enriched

for peaks near genes involved in fat and immune cell di�erentiation, hematopoiesis,

and the regulation of reactive oxygen species (e.g., Runx1, Foxo1, Foxo3, Cebpb), with

quite a bit of overlap between these GO terms. Cluster 4 is more specifically enriched

for cell adhesion, integrin binding, and heart morphogenesis-related terms. Among the
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genes that appear to be driving this cardiac signal include Sav1 and Smad6, which

are known negative regulators of Hippo signaling (through Yap) and TGF-— signaling,

respectively. Cluster 5 is also enriched for peaks associated with genes involved in

TGF-— signaling (Figure 5.7).

ATAC−seq RNA−seq

ATAC z score

−2 −1 0 1 2

RNA z score

−2 −1 0 1 2
dist. to TSS (kb)

0 10 20 30 40
>=
50

direction from TSS
upstream
TSS
downstream

ATAC−RNA
correlation

0 1

- Wnt signaling
- TGF-β signaling
- negative regulation of 
ERK1 and ERK2 cas-
cade

- mesenchymal cell 
differentiation
- muscle cell proliferation
- heart growth

enriched pathwaystop enriched GO

- mesenchymal cell 
differentiation
- muscle tissue 
development
- establishment of cell 
polarity
-SMAD binding

1
2

3
4

5

P0 P7 P14 P28 P35 P0 P7 P14 P28 P35

Pe
ak

-G
en

e 
C

o-
C

lu
st

er
s

- Wnt signaling
- TGF-β receptor 
signaling
- ephrin receptor 
signaling
-cAMP mediated 
signaling

- fibroblast migration
- regulation of ROS
- T cell differentiation
- fat cell differentiation
-muscle hypertrophy

- NIK/NF-kappaB 
signaling
- MAP kinase cascade

- organ growth
- connective tissue dev.
- cell-cell adhesion
- heart morphogenesis
- integrin binding

- Ras protein signaling
- MAP kinase cascade
- TGF-β receptor signaling

- actin bundle assembly
- tissue/cell migration

- Notch signaling
- Wnt signaling
- TGF-β  signaling

Figure 5.7: Integrative analysis of transcriptomics and chromatin accessibility reveals putative
regulatory about the postnatal transition in tendon cells.

5.3.2.3 Motif analysis

Coordinated changes in accessibility and expression are suggestive of potential cis-

regulatory activity at these non-coding loci, which is ultimately controlled by TF

binding activity within these regions. Thus we sought to identify which TFs may

be capable of modulating the activity of these putative enhancers by searching for

known DNA motifs within these peaks using the HOMER motif-finding algorithm (Li

et al. (2017); see Methods). Multiple motifs were identified in each peak, with slight
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variation in the distribution of the number of motifs found per peak across clusters

(Figure 5.8B); the majority of motifs were found within 100 bp of the peak summit

(Figure 5.8A). Next we performed enrichment analyses to identify motifs associated

with specific accessibility and expression patterns in each co-cluster of DA peaks (q <

0.05). We found a number of motif enrichments that are shared between modules that

change in the same direction with di�erent timing (i.e., Clusters 1 and 2; Clusters 3

and 4), but very little overlap between peaks that become more accessible (Clusters 3

and 4) and those that become less accessible from P0 to P35 (Clusters 1, 2, and 5;

Figure 5.8C). The enrichment patterns of “muscle” transcription factor motifs mirrors

what was found in the transcriptomic analyses: Myog and Myod motifs are enriched

in peaks that are more accessible early, while Mef2a motifs are enriched in peaks that

become accessible later (Figure 5.8C). This provides further evidence that “muscle”

genes and proteins may play a functional role in postnatal tendon development.

Motifs for Smad3 are also enriched in all modules characterized by decreasing ac-

cessibility over time. Cluster 1 is uniquely enriched for several Hox motifs, as well

as Cdx2 motifs, another homeodomain protein (Figure 5.8C). However, one of the

genes (Hoxb13) does not appear to be expressed in the tendon at any of these time

points. The peaks in Clusters 2 and 5, which maintain a high level of accessibility

through P7, are enriched for c-JUN and JunD motifs. These proteins are known

participants in Wnt signaling (Kan and Tabin (2013); Mann et al. (1999)) and have

been shown to be involved in cell growth (Castellazzi et al. (1991)). These clusters

are also enriched for other AP-1 family member motifs, including Atf1, Atf2, Atf7.

Interestingly, Clusters 3 and 4 are enriched for three other AP-1 family motifs (Atf3,

Fosl2, and Fra1) in addition to the motif for AP-1 heterodimers suggesting that similar

pathways are being targeted to those in modules showing coordinated downregulation

and decreasing accessibility of putative regulatory regions.
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Because the primary model of enhancer function requires interactions between the

proteins bound at both the enhancer and promoter (Zabidi and Stark 2016), it is also

important to know which TFs are capable of binding the putative target promoter

of a given cis-regulatory region. To that end, we identified TF binding motifs in the

annotated proximal promoter regions of the genes assigned to these putative enhancers

(positively correlated DA peak-gene pairs) and tested whether similar TF motifs,

and/or those with known interactions, were enriched in both (Figure 5.9). Overall

we found fewer specific motifs enriched for each cluster (q < 0.05), but they largely

reflected enrichment of the same protein families if not the same TFs. For example,

AP-1 family member motifs are, again, enriched in Cluster 1 (Atf4, c-Jun, JunD),

as is the Hoxd13 motif – this directly mirrors the results from the distal enhancer

motif enrichment analyses. Cluster 2 enhancers, however, are enriched for Smad3

motifs whereas the proximal promoters are enriched for Smad4 motifs. Similarly,

Cluster 4 enhancers contain a significant enrichment of Mef2c motifs (Figure 5.8)

while the promoters are enriched for Mef2b binding sequences (Figure 5.9). Although

no members of the TEAD family motifs are enriched within any of the enhancers in

these co-clustered modules, we have identified enrichments of binding motifs for Tead2

(Cluster 4) and Tead4 (Clusters 1, 2, 4) in promoter-proximal regions of the putative

target genes of these potential enhancers.

An RT-qPCR analysis of Yap and Taz expression showed that both of these central

signaling factors are significantly downregulated at P28 compared to P0 (Figure 5.10C).

This assay also found that transcripts of Tead2, a co-factor of Yap/Taz and an e�ector

of Hippo signaling, is also downregulated throughout this period although the baseline

expression is lower than that of Yap and Taz (Figure 5.10C).
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5.3.3 Wnt signaling during early postnatal tendon development

The Wnt signaling pathway was continually demonstrated by the analyses described

above to be over-represented during early postnatal development, i.e., during the

period of high levels of tendon cell proliferation. Because Wnt signaling is well known

to regulate cell proliferation in many tissues and systems, we chose to probe this

pathway more deeply in our data set. Using the GO framework, we defined a cohort

of genes known to be involved in Wnt signaling based on annotations in the Gene

Ontology (The Gene Ontology Consortium 2019) – the resulting gene list included

Wnt ligands, receptors, and known targets. Then we extracted these genes and

their assigned ATAC-seq peaks from our integrated accessibility/expression data set

and filtered out non-DA peaks and non-DE genes. We then co-clustered the Wnt-

specific peak-gene pairs and identified three co-accessibility/co-expression modules

(Figure 5.10A). Notably, of the 14 Wnt ligands that are expressed in the postnatal

tendon, 8 are DE (Figure 5.10) but only Wnt2 and Wnt2b are both DE and have

at least one associated DA peak. Wnt11 also has an associated DA peak and is

expressed at all time points, with slight upregulation at P7, but does not achieve

significance after correction for multiple testing (p adj. = 0.09; Figure 5.10A). We

performed RT-qPCR to validate expression of Wnt2, Wnt2b, and Wnt11 from P0 to

P28. These experiments replicated the findings that Wnt2 and Wnt11 are significantly

downregulated at P28 compared to P0 (p adj. < 0.05; Figure 5.10B). They also showed

that Wnt2b is significantly downregulated at P14 compared to P0 (p adj. < 0.05),

but not at P21 or P28 (Figure 5.10B) although this is likely due to low power due to

a small sample size (n = 4). Interestingly, the RT-qPCR assays found that Axin2, a

negative regulator of Wnt signaling typically used as a read-out of Wnt signaling, is

not significantly DE at all throughout this time series (Figure 5.10B).
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Figure 5.10: Integrative genomics suggests activity of Wnt signaling pathways correlates with period
of high cell turnover in postnatal tendon.
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5.4 Discussion and Conclusions

5.4.1 Transcriptomics identifies di�erential expression of known musculoskeletal genes

Previously, little was known about the molecular changes that occur within the tendon

during postnatal growth. Using a transcriptomic screen, we identified genes involved

in the postnatal transition from a proliferation-based growth program to one driven

by ECM expansion. RNA-seq was performed on mRNA isolated from murine tendons

collected weekly from birth (P0) to adolescence (P35). Although ours is the first study

to examine transcriptome-wide gene expression, some previous work has examined the

expression of selected target genes during this developmental period. Therefore, we

can compare our results with those limited data to assess the validity of our findings.

5.4.1.1 ECM genes

Most studies of postnatal tendon growth in mice have focused on changes to the

ECM due to its known role in overall tendon tissue growth (Connizzo, Yannascoli,

and Soslowsky (2013); Ezura et al. (2000); Kalson et al. (2015)). The ECM protein

collagen makes up a large portion of the dry mass of tendon (65-80%), most of

which is type I collagen (Kannus (2000)). Collagenous matrix production occurs in

three phases: collagen molecule secretion and assembly into fibrils (fibrillogenesis);

end-to-end fibril assembly to increase length; and lateral assembly to increase fibril

diameter. We found that expression of the procollagen genes Col1a1 and Col1a2

peaks around P14 in accordance with our previous findings from RT-qPCR (Grinstein

et al. in review). Expression of procollagen genes is indicative of collagen molecule

production and secretion, which is known to occur after birth (Birk, Nurminskaya, and

Zycband (1995); Zhang et al. (2005)). It has also been previously shown that Col3a1,

Lum, and Bgn are involved in fibril assembly and the initial stages of growth and are

downregulated with age (Ansorge et al. (2011); Birk and Mayne (1997); Ezura et al.
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(2000)), which is supported by our data as well (Figure 5.3). In contrast, we found that

Dcn is upregulated from P0 to P35 (p adj. < 0.01) and Fmod is upregulated from

P0 to P21 (p adj. < 0.05), at which point expression appears to plateau (Figure 5.3).

These genes code for proteoglycans that bind fibrillar collagens and aid in regulation of

lateral fibril growth (Vogel, Paulsson, and Heinegård (1984); Hedbom and Heinegaard

(1989); Rada, Cornuet, and Hassell (1993)), and the expression patterns shown here

largely reflect those previously reported (Ezura et al. (2000); Ansorge et al. (2011);

Grinstein et al. in review).

5.4.1.2 “Tendon” genes

In contrast to the dynamic changes seen among ECM genes from P0 to P35, genes

known to be important for embryonic tendon development do not change significantly

during postnatal development. Although they are all expressed throughout postnatal

development, none of the embryonic tendon TF genes (Scx, Mkx, Egr1, Egr2 ) are

significantly DE at any point during this time series (p adj. > 0.05). The fact that they

are not DE does not preclude their involvement in transcriptional activation during

postnatal growth, it simply shows that they are not di�erentially regulated themselves.

These results contradict our own previous findings. We showed via RT-qPCR that Scx

is significantly upregulated at P14 relative to P0 and P35, and Mkx is significantly

downregulated by P35 compared to P0, P7, and P14 (Grinstein et al. in review).

This discrepancy could be caused by multiple factors. First, RT-qPCR and RNA-seq

measurements represent two di�erent classes of data: RT-qPCR measures expression

relative to some housekeeping gene(s) while RNA-seq measures absolute counts of

transcript abundance and uses a model of transcriptome-wide expression variance to

correct for biases in the data (Love, Huber, and Anders (2014)). Second, the RT-qPCR

assay was performed on a smaller sample size (n = 3 per time point) than the RNA-seq

(n = 6-8 per time point), so it is possible that variation within this small sample
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was not representative of the true population variance. For this reason, it is notable

that the RNA-seq Scx measurements have far higher within-group variability than

other genes (see Figure 5.3). High and low Scx expressing samples do not partition by

sex, and none of the mice contain a Scx knock-out or knock-in allele in their genetic

background. If such large variation in Scx expression is characteristic of postnatal

tendon, the discrepancy between the RNA-seq results and those from the previous

Scx RT-qPCR assay could be due to sampling bias from a highly variable population.

5.4.1.3 “Muscle” genes

The transcriptomics analyses of tendon growth described above yielded a surprising

number of di�erentially expressed genes that are typically associated with muscle. In

fact, the size of these “muscle” gene cohorts in three expression modules (Clusters 1, 2,

and 5) was substantial enough to influence the GO enrichment analyses (Figure 5.4).

Although RNA-seq Clusters 1 and 2 represent di�erential expression in opposite

directions (downregulated vs upregulated, respectively), they are both enriched for

muscle development and di�erentiation-related processes and functions. However, it

seems that the direction of DE is partitioned by gene family. Genes in the Mef2 family

of muscle TFs (Mef2c, Mef2d) are upregulated from P0 to P35 (Cluster 2), while

the myogenic regulatory factors Myf5, Myod1, and Myog, which are members of the

bHLH TF family, are downregulated throughout postnatal development (Cluster 1).

Meanwhile Cluster 5 is specifically enriched for muscle-related genes that are involved

in contractile element regulation.

Myf5 and Myod1 play a vital role in specifying the myogenic lineage during early

embryonic development (Rudnicki et al. (1993)) and regulate the pool of muscle

stem cells during adulthood. Myf5 is highly expressed in these satellite cells, allowing

them to proliferate after injury (Ustanina et al. (2007)), but Myod1 represses stem

cell self-renewal and thus is not expressed in quiescent satellite cells (Asakura et al.
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(2007)). In adult mice Myf5 is also expressed by muscle spindles, stretch receptors

within the muscle (Zammit et al. (2004)). While Myf5 gene expression in non-muscle

tissues has been reported (e.g., brown preadipocytes, Timmons et al. (2007)), Myod1

expression is believed to be restricted to the myogenic lineage. To date, neither Myod1

nor Myf5 expression has been reported in the tendon. More work will be necessary

to determine whether these TFs do indeed serve a functional role in the postnatal

tendon.

Despite their association with muscle development, Mef2 genes are expressed in a

variety of tissue types. Transcripts of these genes have been detected in developing

muscle (both cardiac and skeletal), embryonic chondrocytes, injured smooth muscle,

and various parts of the brain (Pon and Marra (2016)). Mef2c has been shown to

promote smooth muscle cell proliferation (Lin et al. (1998)). It also can regulate

the di�erentiation of cardiomyocytes in concert with Hh signaling (Voronova et al.

(2013)), neurons (Li et al. (2008)), and hematopoietic cells (Canté-Barrett, Pieters,

and Meijerink (2014)). Both Mef2c and Mef2d have roles in regulating cytoskeletal

proteins (M. J. Pottho� and Olson (2007)). The specific source of Mef2c and Mef2d

transcripts in our study is unclear. While they could originate from tendon cells

and indicate an upregulation of genes involved in cytoskeletal organization, it is also

possible that the increasing Mef2 signal with age is due to angiogenesis and blood

vessel invasion of the tendon.

5.4.2 Shift in proliferative potential is correlated with transcriptome dynamics

Unsupervised clustering of significantly DE genes identified six gene co-expression

modules that describe three broader patterns of expression. Cluster 1, which contains

genes that are downregulated early (~P14-P21), is highly enriched for genes involved

in cell cycle. This provides transcriptomic support for our previous findings that
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tendon cell proliferative potential declines significantly from P0 to P21 (Grinstein et

al. in review). Genes involved in Wnt (Clusters 1 and 3), Hippo (Cluster 1), and Hh

signaling (Cluster 3) are also overrepresented in early time points; all three of these

pathways are capable of regulating cell proliferation and di�erentiation, and crosstalk

among these signaling pathways has been previously described (reviewed in M. Kim

and Jho (2014a); McNeill and Woodgett (2010); Zhao et al. (2010)).

These pathways have been previously investigated for their role in tendon progenitor

cell specification and di�erentiation during embryonic limb development (Zhu et al.

(2012)). Exposure of early limb progenitor cells to Wnt maintains their proliferative

abilities and increases the expression of soft connective tissue ECM genes such as

collagen 1 (Col1a1, Col1a2 ), tenascin C (TnC ), and Dcn (D. ten Berge et al. (2008)).

Others have also shown that Wnt signaling is su�cient to inhibit chondrogenic

di�erentiation of mesenchymal cells within the developing limb (Hartmann and Tabin

(2001)). However, the Wnt ligands at these early embryonic time points appear to be

supplied solely by the ectoderm, not the tendon cells themselves, as is shown here.

Hh signaling via Sonic hedgehog (Shh) is known to be instrumental in regulating

axial tendon progenitor specification along with FGFs (Brent, Schweitzer, and Tabin

(2003)), as well as regulating the expression of Six1 in embryonic limb tendon (Bonnin

et al. (2005)). Meanwhile Hippo signaling via Yap has been studied in the context

of mechanobiology due to its role in mechanotransduction. Recent work has shown

that mechanical factors can influence cell fate, proliferation, and organ size control

via Yap and Hippo signaling (Driscoll et al. (2015); Egerbacher et al. (2008); Low et

al. (2014); Schiele, Marturano, and Kuo (2013)). However this pathway has not been

studied previously during tendon postnatal growth and it is currently unclear whether

the rules governing its regulation in other tissues are applicable within the context of

postnatal tendon. At the very least, our results are indicative of strong signatures of

cell proliferation persisting into the early postnatal period that may be regulated by

118



some combination of Wnt and Hippo signaling.

5.4.3 Changes in chromatin accessibility reflect transcriptomics and identify putative

cis-regulatory regions

Overall, the results from the di�erential chromatin accessibility analyses reflect those

from the transcriptomic analyses alone, including the myogenic signatures. As seen in

the di�erential co-expression modules (Figure 5.4), DNA motifs for myogenic regulatory

factors (e.g., Myod1) are significantly enriched within peaks that are more accessible

early, while Mef2 motifs (e.g., Mef2a) are more prevalent in regions that become

progressively more open during postnatal development (Figure 5.8 and Figure 5.9).

While this evidence from DA chromatin does not definitively indicate binding of

these myogenic TFs, it is suggestive that they may indeed play a functional role in

postnatal tendon development and maturation. Because the RNA-seq was performed

on bulk tissue, there was a possibility that these myogenic signatures originated from

non-tendon tissue that contaminated the sample. However, ATAC-seq was performed

on a sorted population of Scx-lineage cells, minimizing the possibility that these results

are contamination driven.

The integrative analysis reinforces the finding that Wnt signaling early in postnatal

development is correlated with the proliferative period within the tendon (Figs. 7

and 10). Peaks that are more accessible early in postnatal development tend to be

associated with Wnt signaling genes (Figure 5.7) and also contain AP-1 family binding

motifs, including c-Jun and JunD, which are involved in the Wnt signaling pathway

and cell growth (Figure 5.8) (Castellazzi et al. (1991); Kan and Tabin (2013); Mann

et al. (1999)). The genes associated with these putative enhancers also contained

a significant enrichment of AP-1 binding motifs in their promoter-proximal regions.

Genes that code for two specific Wnt ligands, Wnt2 and Wnt2b, are both DE and are
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associated with DA peaks (Figure 5.10). Wnt11 is also associated with a DA peak,

but based on the RNA-seq data it was not significant DE at any point during the

time series. Thus it is likely that the primary ligands involved in Wnt signaling during

early postnatal development are Wnt2 and Wnt2b.

Peaks near TGF-— signaling factors were also found to be enriched in Clusters 1 and

5, which represent early downregulation and P7-specific upregulation respectively

(Figure 5.7). Smad3 motifs are also significantly enriched in these peaks that become

progressively less accessible over time (Clusters 1, 2, and 5) (Figure 5.8). Smad3 is one

of two receptor-regulated Smad proteins and is a key transducer of canonical TGF-—

signaling (Massague (2012)). Increasing accessibility/expression of peak-gene pairs

that negatively regulate Yap1 and TGF-— from P0 to P35 provides further evidence

that these signaling pathways are specific to the proliferative period from P0 to P14,

and that they may play a role in regulating this proliferation.

5.4.4 Potential for signaling cross-talk during postnatal tendon growth

Taken together, these data suggest that some level of co-ordination between Wnt,

TGF-—, and Hippo signaling is involved in the transition from a highly proliferative

to relatively quiescent tendon cell program. Cross-talk between the Wnt and TGF-—

signaling pathways has been demonstrated in multiple cell types. In vascular smooth

muscle cells, TGF-—/Smad3 stimulates secretion of several Wnt ligands (Wnt2b, 4, 5a,

and 9a), which promote proliferation by stabilizing —-catenin (DiRenzo et al. (2016)).

Other work in mesenchymal stem cells has shown that Tgfb1 stimulates expression

of Wnt2, 4, 5a, 7a, and 10a (Tuli et al. (2003); Zhou (2011)) during chondrogenesis,

and that Smad3 and Smad4 interact with —-catenin to activate the Wnt/—-catenin

pathway in chondrogenesis (Zhang et al. (2010)) and osteogenic di�erentiation (Jian

et al. (2006)). It has also been shown in chondrocytes that TGF-— inhibits expression
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of Axin1 and Axin2 (negative regulators of Wnt) via Smad3, which inhibits TGF-—

and promotes Wnt/—-catenin signaling (Dao et al. (2007)).

Additionally, previous work has shown that Smad3 can regulate tendon ECM through

physical interactions with Scx and Mkx (Berthet, Chen, Butcher, Schneider, et al.

(2013a)), both of which are stably expressed during postnatal development (Figure 5.3).

Thus, it is possible that the TGF-— signaling we have observed during early postnatal

stages is indirectly regulating cell proliferation via matrix regulation through Smad3.

Yap, a key protein in the Hippo pathway, is responsive to changes in matrix mechanical

properties and thus may serve as the bridge between TGF-— control of the ECM

and the regulation of cell proliferation. Furthermore, Yap and its cofactor Taz can

interact with various Wnt transcriptional activators to regulate their cytoplasmic

retention in a Wnt-dependent manner. And in the context of fibrosis, Yap/Taz

can form complexes with Smad2/3 and Tead proteins, and the concentration of

Taz influences nucleocytoplasmic shuttling of Smad proteins (reviewed in Piersma,

Bank, and Boersema (2015)). Thus Yap/Taz appear to have the ability to act as

orchestrating molecules in the coordination of multiple signaling pathways. Many of

these reported mechanisms governing signaling cross-talk are likely cell-type and/or

context specific, but they are important demonstrations that these pathways have

various ways of influencing each other. Our analyses show that genes involved in

the Hippo signaling pathway are di�erentially expressed throughout the postnatal

growth period, and also found that chromatin regions that become progressively less

accessible during this time are enriched for Smad3 binding motifs (Figure 5.8). Tead2

motifs, however, are enriched in the putative target promoters of peaks that become

more accessible from P0 to P35 (Figure 5.9); our RT-qPCR assays found that Tead2

expression decreased from P0 to P28. Thus the direction of Tead2 expression change

measured by RT-qPCR is the inverse of the change in Tead2 motif accessibility in these

promoters, indicating the need for further experimentation. Of course, it is possible
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that some of these results are spurious and will not be replicated in future studies.

Assuming, however, that this inverse pattern of gene expression and motif accessibility

holds, there are many possibilities for why this may be. For example, perhaps despite

the decreased expression of Tead2 transcripts from P0 to P35, other processes are

upregulated to improve Tead2 protein stability and/or its ability to bind Yap/Taz,

making higher levels of transcription unneccessary. Because we cannot assume that

gene and protein expression exist in a one-to-one ratio, and because post-translational

protein modifications are an important part of Hippo signaling regulation, future

work to quantify the amount of Hippo e�ectors and describe their forms at these time

points will be paramount to the study of Hippo signaling in tendon development.

5.4.5 Limitations

This study is not without its limitations. First, RNA-seq was performed on bulk tissue,

not a purified cell population that was sorted based on a genetic marker. Although

tendon tissue was carefully microdissected and cleaned of all visible non-tendon tissue,

it is still likely that other cell types were present in the samples given that tendon

is not composed of one homogeneous cell population. ATAC-seq was performed

on sorted Scx-lineage cells, however, and shows relatively good agreement with the

transcriptomics results, giving us more confidence in the bulk RNA-seq.

The ATAC-seq itself is also imperfect. Due to the relatively hypocellular nature

of tendons, especially at later stages, we were limited to samples of 5,000 cells per

ATAC-seq biological replicate. This constrains library diversity and increases the

proportion of duplicate sequenced reads, thereby limiting our power to detect more

minor changes in chromatin accessibility. Ideally, each replicate would have achieved

at least 50,000 cells, but the intrinsic properties of tendon tissue precluded this without

pooling multiple animals. We ultimately decided that, because pooling individuals into
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a “biological replicate” obscures true biological variation, it would be more appropriate

to perform these assays on samples that originated from a single animal. Secondly,

our biological sample size for the ATAC-seq assay is very small (n = 2 per time

point). Tendon tissue is di�cult to dissociate without harming the cells or changing

their behavior. Additionally, more mature tendon cells do not fare well outside of

their matrix environment. While a larger sample size (e.g., n = 4) would have been

preferable, it was simply not feasible due to the high proportion of lost samples during

the dissociation and/or sorting process. Previous studies have performed ATAC-seq

on as few as 2 biological replicates and reported reproducible results (J. Buenrostro et

al. (2013); Gehrke et al. (2019)), indicating that good quality data are possible from

a limited sample. To minimize spurious results, we constructed the consensus peak set

using stringent criteria requiring a peak to be present in both biological replicates to

be considered for di�erential accessibility; if a peak was only present in one replicate

for a time point it was excluded from all downstream analyses. This likely inflates the

number of false negatives in our results, but it is preferred to inflating false positive

results.

5.4.6 Conclusions and Future Directions

Given our findings that Wnt, Hippo, and TGF-— signaling appear to be downregulated

in a coordinated fashion throughout postnatal development, it is possible that all three

of these pathways play a role in the transition from a highly proliferative tendon cell

program to a largely quiescent one. We found that Wnt2 and Wnt2b are downregulated

from P0 to P35; this expression change is also correlated with a change in chromatin

accessibility in the proximal promoter regions of both genes. Ctnnb1 (—-catenin; the

canonical Wnt signal transducer), Smad3 (a key TF involved in TGF-— signaling),

and the Hippo-related TFs Tead2 and Tead3 are also consistently downregulated over
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the course of postnatal development. Tgfb1, a cytokine involved in TGF-— signaling,

is significantly upregulated at P7 relative to all other time points. This is particularly

intriguing given the subsequent decline in genes related to Wnt and Hippo signaling.

Functional studies targeting specific components of these pathways will be vital for

untangling the complicated network of interactions among these signaling factors

during tendon postnatal growth. Additionally, further investigation into the putative

TF binding sites in the promoter-proximal regions of Wnt2 and Wnt2b would improve

our understanding of the upstream regulators of these ligands during postnatal tendon

development. It would also be informative to identify putative targets of Wnt signaling

during this time frame. Using our genome-wide information about changes in chromatin

accessibility, we can identify DA regions that contain motifs for known binding partners

of —-catenin and investigate the expression dynamics of their putative target genes.
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CHAPTER 6

DISCUSSION AND CONCLUSIONS

6.1 Primary Findings

The studies that comprise this dissertation are among the first to comprehensively

characterize the cellular and molecular dynamics of postnatal growth in the tendon.

Although embryonic tendon development has been reasonably well studied, investiga-

tion of the molecular mechanisms governing postnatal growth and development have

been hindered by the di�cult nature of tendon tissue. Of the few studies that have

investigated postnatal development, they have predominantly focused on changes to

the ECM (e.g., Ansorge et al. (2011)). This is likely due to the abundance of ECM

proteins compared to cells, especially later in postnatal life, and the relative ease of

studying the acellular components. The very features of the tendon that allow it to

behave as a viscoelastic spring during human locomotion – a strong but extensible

matrix made of hierarchically organized, cross-linked type I collagen fibers embedded

within a hydrophilic, proteoglycan-rich ground substance – inhibit the extraction

of intact RNA and the isolation of healthy tendon cells from the tissue, which are

necessary for performing molecular biology experiments. This becomes even more

di�cult as the matrix and cells mature, rendering comparisons between early and late

time points nearly impossible.

To address this methodological gap, Chapter 3 establishes a novel method for RNA

isolation from fresh tendon tissue, which is vital for the investigation of molecular

mechanisms through gene expression analyses. In this study, we also demonstrate the

dangers of pooling tissue from multiple individuals into a single biological replicate,



a common practice in tendon biology due to the low yield of genetic material from

tendons (e.g., Bell et al. (2013); Trella et al. (2017)).

Chapter 4 finds that tendon cells do indeed proliferate during postnatal life. Prior to

this work, existing tendon literature generally assumed that healthy postnatal cells

are not proliferative due to the observation that tendons become more hypocellular

from birth to maturity (Dunkman et al. (2014); Kalson et al. (2015)). Thus, it was

believed that postnatal tendon growth was driven by expansion of the ECM, not

cell proliferation. Using both genetic and chemical in vivo cell labeling methods in

mice, we assayed for cell turnover across the tendon growth period from birth to the

early juvenile period. In this study, we show that tendon cells are highly proliferative

during the neonatal period, but that proliferative potential declines significantly by the

beginning of the juvenile period (P21). This suggests that cell growth likely contributes

to overall tendon tissue growth early in postnatal life (P0 to P14 in mice) and that

ECM expansion takes over the bulk of growth during the juvenile period. These

results indicate a transition in the tendon cell program during postnatal development

that is likely under genetic control.

Using an integrative genomics approach, Chapter 5 identifies key expression and

regulatory modules that are correlated with the changing proliferation dynamics

identified in Chapter 4. We identified several key pathways that may be involved in

the regulation of tendon cell proliferation during postnatal development, including

Wnt, Hippo, and TGF-— signaling. These three pathways have been shown to interact

in several other tissue types, suggesting the potential for signaling crosstalk among

them in the tendon. Finally, by integrating expression and chromatin accessibility data

on a genomic scale, Chapter 5 provides a rich data set for discovery of cis-regulatory

modules that can aid in the identification of the upstream factors responsible for

regulating these coordinated changes in multiple signaling pathways. Together, the
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components of this dissertation expand our understanding of the molecular networks

controlling postnatal tendon cell growth and maturation.

6.2 Discussion and Future Directions

Although this dissertation was motivated by questions on an evolutionary scale, not

enough was known about tendon growth and development to adequately address

hypotheses about the ultimate mechanism behind human Achilles tendon elongation.

Before we can directly test hypotheses about the evolution of the Achilles tendon

in primates, we need to better understand how a normal, healthy tendon grows and

develops. While this dissertation provides a step towards building that understanding,

our current picture of the molecular mechanisms of tendon growth and development is

far from complete. On a fundamental level, we have not yet demonstrated functionality

of the pathways and putative enhancers discovered in Chapter 5 either in vitro or in

vivo. And while we have replicated the expression patterns of some key genes identified

in Chapter 5 via RT-qPCR, this method su�ers from similar limitations to RNA-seq,

namely a lack of spatial resolution. Validating expression of both the genes (e.g., using

in situ hybridization) and the proteins they code for (using immunohistochemistry)

will be paramount for understanding the spatial distribution of these molecules within

the tendon, as well as validating that these molecular signatures are indeed native

to tendon cells. Another key question that remains to be answered is whether the

putative enhancers whose accessibility is correlated with postnatal changes in tendon

cell proliferation are capable of driving gene expression. A first step towards answering

this question will require isolating these potential regulatory sequences and testing

their ability to drive expression of a reporter gene (i.e., luciferase) in cells in vitro,

followed by further assays to determine which transcription factor(s) facilitate enhancer

activity and whether the predicted downstream target is correct.
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On a broader level, the findings of this dissertation indicate several interesting avenues

for future long term study. First, the degree to which Wnt signaling is involved

in regulating the shift in proliferative potential during the early postnatal period

is unknown. Several tools exist in mouse genetics to help dissect the role of this

pathway in postnatal development. A tendon-specific inducible knockout of a core

component of the Wnt pathway (e.g., Dishevelled or —-catenin) could reveal the

degree to which this pathway is necessary for the progression of normal postnatal

proliferation dynamics (see reviews of mouse models in Amerongen and Berns (2006)

and Grigoryan et al. (2008)). Because of the functional redundancy of Dishevelled

proteins, a double-knockout of Dvl1 and Dvl2 may be necessary to fully inhibit Wnt

signaling in the tendon (see Amerongen and Berns (2006)). Investigating the e�ects

of —-catenin loss-of-function would be beneficial in clarifying whether —-catenin is

indeed the primary transducer of Wnt signaling during tendon postnatal development.

Second, the potential for crosstalk between the Wnt and TGF-— signaling pathways

is particularly intriguing, especially given the well-established importance of TGF-—

signaling in tendon development, healing, and maintenance (Chan et al. (2008);

Pryce et al. (2009); Maeda et al. (2011); Berthet, Chen, Butcher, Schneider, et al.

(2013b); Havis et al. (2016)) and its ability to promote tenogenesis in both avian and

mammalian cell culture (Ho�mann et al. (2006); Lorda-Diez et al. (2009); Kapacee et

al. (2010); Barsby and Guest (2013); Yin et al. (2016)). An instrumental first step in

determining whether there is a significant e�ect of TGF-— signaling on Wnt signaling

in the tendon would be in vivo and/or in vitro manipulations of TGF-— signaling via

Tgfbr2 expression, or Tgfb1 specifically, and assaying for expression of Wnt ligands

previously shown to be a�ected by TGF-— signaling in mesenchymal cells (e.g., Wnt2 )

(Tuli et al. (2003); Zhou (2011)).

Although deciphering the molecular dynamics among three signaling pathways is

a complicated endeavor and requires detailed biochemical analysis, the question
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of how Hippo signaling may interact with both Wnt and TGF-— signaling during

tendon development is a fascinating one. Currently, little is known about the role

of Yap and Hippo signaling in the tendon. Tendon cells are highly responsive to

mechanical loading (Banes et al. (1999); reviews (2004); Heinemeier and Interact

(2011); Zhang and Wang (2013)) and Hippo signaling through Yap is an important

mechanotransduction pathway in many tissues, allowing the cells to respond to their

loading environment (Dupont et al. (2011)). Future experiments over- and under-

expressing the protein Yap in vivo during postnatal development would help shed light

on the role of Hippo signaling during tendon growth. This could be done with genetic

mouse models in a tendon-specific inducible manner as well. However, much more work

on mechanotransduction via Yap and Hippo signaling during tendon development,

homeostasis, and/or injury repair would be necessary before we could begin to study

its potential for crosstalk with other pathways in earnest.

6.3 Implications for Human Tendon Evolution

The findings presented in this dissertation are important for improving our under-

standing of the evolution of the primate Achilles tendon. We have identified a distinct

postnatal shift in modes of growth and some potential pathways that may control this

transition. Although all experiments were performed in a mouse model, mammalian

tendon development is believed to be a relatively conserved process (REF). Assuming

mechanisms of mouse postnatal growth are analogous to those of primates, it is

plausible that components of the pathways identified here could have served as the

molecular targets of selection during the evolution of a longer Achilles tendon in the

human lineage.

Given the theory that adaptive genetic mutations underlying morphological change are

more likely to be found in non-coding regulatory sequences (King and Wilson (1975);
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Carroll (2008); Jones et al. (2012)), the putative cis-regulatory regions identified in

Chapter 5 can serve as a candidate list of evolutionarily relevant non-coding elements.

We can begin to interrogate these putative enhancers for markers of selection and

accelerated evolution as a first step toward testing the hypothesis that a long Achilles

tendon was selected for during human evolution. To preliminarily demonstrate

such an application of these data, we queried the di�erentially accessible chromatin

regions identified in Chapter 5 for loci that overlap with previously published human

accelerated regions (HARs) (Pollard et al. (2006); Prabhakar et al. (2006); Bird et

al. (2007); Gittelman et al. (2015)) and lineage specific accelerated regions (linARs)

(Kostka, Holloway, and Pollard (2018)). This sort of analysis is imperfect and rather

superficial, but it can quickly indicate genomic loci of potential evolutionary relevance

(Figure 6.1). Compared to the full consensus ATAC-seq peak set, we identified very

few accelerated regions (HARs and/or human linARs) that overlap with peaks that are

di�erentially accessible during postnatal growth (Figure 6.1A,B), yielding a tractable

set of loci for further investigation. One of the di�erentially accessible peaks was

found to overlap with a human linAR located just downstream of the gene BHLHE40

(GRCh37/hg19 human genome assembly) (Figure 6.1C). This locus also overlaps with

multiple markers of functional regulatory elements and open chromatin in several cell

types (E. P. Consortium (2012)) and contains four human specific single nucleotide

changes (Figure 6.1C). While this by no means is a conclusive finding of selection

on a regulatory locus, it does provide an interesting candidate for future study and

provides an example of how the data from Chapter 5 can be applied to evolutionary

questions.

An important consideration for researchers interested in the evolution of Achilles

tendon size is the potential role of muscle in the development and evolution of this

structure. Previous work has shown that primates with longer Achilles tendons tend

to have shorter muscle fibers in their gastrocnemius and soleus muscles, and vice versa
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Figure 6.1: Postnatal tendon development ATAC-seq peaks overlap with human accelerated regions
(A,B) and an example of a DA ATAC-seq peak that overlaps with one of these accelerated regions
(C).
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(Rauwerdink (1991)). This suggests that these traits may be linked developmentally

and evolutionarily. Currently nothing is known about the relationship between muscle

and tendon during postnatal development. It is clear that these two tissues must grow

in a coordinated manner to achieve normal adult morphology, but how this occurs

and which tissue is the driver of this growth is unknown. This will be an important

area of study for both developmental and evolutionary biologists given the important

implications for tendon evolution. It is possible that the tendon receives most of its

growth cues from the attached muscle in the form of mechanical force, secreted factors,

etc. Manipulations to these programs may have pleiotropic e�ects that influence

both muscle and tendon, thus future work may need to investigate regulatory changes

to the muscle as well as the tendon during this growth period. Galagos provide an

interesting exception to this inverse relationship between tendon and muscle fiber

lengths. They exhibit long tendons and average muscle fiber length compared to other

primates, which is presumed to be an adaptation for leaping (Rauwerdink (1991)).

This indicates that these traits can be at least partially decoupled during development

and evolution, and that other animals adapted for leaping may also exhibit similar

characteristics. Comparative studies of tendon development on such animals may

shed light on the nature of this apparent link between muscle and tendon during

development.

If tendon growth is primarily driven by signals from the muscle, it may be that what

we see as selection for a long Achilles is actually selection for shorter muscle fibers

that, because of the strong developmental link between the tissues, results in both

phenotypes. However, it should be noted that studies of early tendon development

suggest that tendon patterning and growth are independent of other elements of the

musculoskeletal system (Hurle et al. (1990); Brent, Braun, and Tabin (2005)), and

that it is actually the tendon and other connective tissue that direct the patterning of

muscle (Chevallier and Kieny (1982)). Currently there is simply not enough known
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about postnatal tendon growth to know whether this relationship is maintained

throughout postnatal development.

This dissertation contributes to the growing literature on molecular mechanisms

of tendon development. This work has introduced a new method for isolation of

genetic material from postnatal tendon tissue (a previously intractable tissue for RNA

analysis), described tendon cell proliferation dynamics during postnatal development,

and identified candidate pathways that may control these observed shifts in proliferative

potential and growth modes. Finally, these results can help evolutionary biologists

formulate more targeted hypotheses about primate tendon evolution and provides a

way forward for identifying the molecular targets of selection on the musculoskeletal

system.
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