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Characterization of gut bacterial phospholipase involved in disease associated 

metabolism 

 

Abstract 

The human gut is one of the most densely populated microbial habitats on earth, 

collectively known as the human gut microbiota. Although some small molecules 

produced by this population contribute to the overall health of the host, some gut bacterial 

metabolites are linked to human diseases. Bacterial production of the small molecule 

trimethylamine (TMA) from choline has been correlated to several human disease states 

including non-alcoholic fatty liver disease, diabetes, colon cancer, and atherosclerosis. 

This thesis describes the study of alternate sources of TMA generation and the discovery 

that phosphatidylcholine (PC), a large component of the dietary choline pool, is 

metabolized into TMA through a choline intermediate via the activity of a phospholipase 

D (PLD) family enzyme. This activity represents a previously unrecognized role for this 

enzyme family in the provision of a carbon source for bacterial survival.  

 

Chapter 2 describes our efforts to characterize the ability of human commensal bacterial 

isolates to release free choline from various dietary and human-derived choline-

containing metabolites. We identify organisms capable of this metabolism and analyze 

their genomes for putative responsible genes. Metabolism of only two of the molecules, 

PC and glycerophosphocholine (GPC) was observed. Interestingly, hydrolysis of these 

substrates was identified both in organisms that are capable of generating TMA from 



 

 iv 

choline and those that lack the necessary genes for TMA generation. Overall, the work 

covered in Chapter 2 expands the known molecules that may contribute to elevated TMA 

concentrations.  

 

Chapter 3 details efforts to characterize the PLD in Escherichia coli MS 200-1 that is 

responsible the generation of choline from PC. In vivo characterization of this enzyme 

reveals that it is essential for the conversion of PC into choline and thereby the utilization 

of PC as a sole carbon source. We were able to heterologously express and purify PLD 

for biochemical assays. We demonstrate that this enzyme preferentially hydrolyzes PC 

and experimentally verify a key residue that may influence substrate specificity.  

 

Finally, Chapter 4 examines the impact of bacterial PC metabolism in the context of 

human disease. We identify bacterial PLDs in human stool metagenomes and observe 

an increase in mucosal barrier degradation in mice colonized with bacteria encoding a 

functional PLD. Additionally, we identify an inhibitor of E. coli PLD, 5-aminosalicylic acid. 

This compound is currently used in treating inflammatory bowel disease, and inhibition of 

bacterial PLD activity may be one mechanism by which it exerts its anti-inflammatory 

effects. Continued investigation is necessary to fully support this hypothesis, including 

mouse colonization and human studies.  
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Chapter 1: Introduction: Understanding the role of gut microbial metabolism in 

human health 

*Portions of this chapter have been adapted from previous publications.1 

 

1.1 The human gut microbiota 

Bacteria, archaea, microscopic eukaryotes, and viruses colonize essentially every 

available habitat on earth and help to maintain homeostasis in a diverse range of 

ecosystems, including the human body. The trillions of microbes that live in and on the 

human body are collectively referred to as the human microbiota. Current estimates 

indicate the human body contains a 1:1 ratio of microbial to host cells.1 Interestingly, the 

collective number of genes present in the human microbiome surpasses that of the 

human genome by an estimated 150-fold.1 The expanded genetic potential of the human 

microbiota encodes an expanded set of metabolic capabilities with poorly understood 

roles in host biology.2  

 

The most densely populated microbial habitat on earth residues in the human 

gastrointestinal (GI) tract (the human gut microbiota).3 The number of microbial cells are 

differentially abundant across the GI tract (Figure 1.1). The stomach has an acidic pH and 

therefore harbors a small number of cells. The pH of the GI tract increases along its length 

which increases the bacterial load; in the colon there are on the order of 1012 bacteria/mL 

of intestinal contents.1  

                                                        
1 Some sections have been adapted from Chittim, et al.174 
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Figure 1.1 Map of human digestive tract and locations of bacteria 
The presence of bacteria along the digestive tract is noted as a cells per mL of intestinal 
contents.1 There are no values associated with the pancreas and liver as those values 
are thought to be negligible.  
 

1.1.1 Human gut microbiota in health and disease 

There have been many studies that have investigated the benefits of the human gut 

microbiota, and have revealed that there are many facets to these interactions.4 For 

example, the gut microbiome can ferment indigestible carbohydrates into short-chain fatty 

acids (SCFAs).5 SCFAs, including propionate, butyrate, and acetate, play a central role 

in host nutrition by providing a key energy source for colonocytes.6,7 This contribution can 

represent up to 10% of daily caloric requirements.8,9 In addition to the importance of 

SCFAs as an energy source, SCFAs also interact with specific G protein-coupled 

receptors (GPRs) on host cells that are involved in regulation of lipid and glucose 

metabolism.10 Butyrate also binds to histone deacetylases (HDACs) in a manner that 

inhibits activity, subsequently impacting gene expression in human cells.9 Gut microbes 

are necessary for the de novo synthesis of nutrients such as essential vitamins.11 Gut 

bacterial synthesis of folic acid, biotin, riboflavin, and Vitamin K may help to support unmet 

nutritional requirements.12 Beyond these essential vitamins, studies in germ-free animals 
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have revealed the gut microbiota can enhance the availability of other nutrients, such as 

glycine-conjugated aromatic amino acids13 and iron,14 through poorly defined 

mechanisms.  

 

Beyond the positive impact for nutrient acquisition, the gut microbiome is capable of 

influencing human health by providing cues for immune system development.  

Lipopolysaccharide (LPS) is produced by gut microbes and utilized by the body to train 

immune cells how to respond to infection.15,16 Commensal gut microbes can also play a 

role in combatting infection by preventing the colonization of the gut by pathogenic 

organisms, a phenomenon known as colonization resistance.17  

 

 In addition to contributing to human health, the bacteria in the gut can also contribute to 

disease. A “dysbiotic” gut environment is thought to be one in which there is an alteration 

in the typical microbial species and is typically associated with disease.18 One of the more 

studied cases of dysbiosis leading to disease is in the case of Clostridium difficile 

infections.19 In these infections, a change microbiota community composition, often 

triggered by antibiotic treatment, allows for the opportunistic pathogen C. difficile, to 

bloom. This infection causes severe diarrhea and is often antibiotic resistant. The most 

effective treatment for recurrent C. difficile infections is fecal microbiota transplant to 

restore a healthy community.20 Beyond infection, studies have shown that a dysbiotic 

state is associated with inflammatory bowel disease (IBD). This collection of diseases, 

that includes Crohn’s disease and ulcerative colitis is associated with a shift in microbial 
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population away from a Bacteroides and Firmicutes dominated community to one that 

contains higher ratios of Proteobacteria.21,22 This shift may be due to increased 

inflammation and the increased amounts of oxygen that are present in the gut in this 

state.23 Typically, Bacteroides and Firmicutes are unable to survive in the presence of 

oxygen, providing the opportunity for the facultative anaerobic Proteobacteria to thrive.  

 

Some microbes in the gut are capable of metabolizing pharmaceuticals, altering their 

efficacy. Many drugs are glucuronidated to facilitate their excretion from the body.24 

Unfortunately, microbes encode glycosylase enzymes that can cleave the sugar releasing 

an active drug in an area where it was not targeted.25 This can cause many dose-limiting 

side effects. One case of note is with the drug irinotecan, a cancer therapeutic. A host-

derived metabolite of this drug, SN-38G can be deglucoronidated by gut microbes, 

reactivating the drug in the colon and leading to diarrhea.26 Redinbo and coworkers are 

now investigating inhibition of the gut microbial b-glucuronidases with small molecules to 

increase the efficacy of this drug.27 Another example includes the work performed in the 

Balskus lab studing the effects of microbial metabolism of a treatment for Parkinson’s 

disease, levodopa.28 This small molecule is decarboxylated and dehydroxylated by gut 

microbes to generate m-tyramine in the gut environment. This metabolism limits the 

bioavailability of the drug as it precludes its ability to cross the blood-brain barrier. 

Interestingly, the discovery and characterization of the enzymes responsible for this drug 

metabolism have led to the identification of inhibitors that target the bacterial enzymes 

selectively over homologous human enzymes.28 
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Additionally, gut microbes produce a variety of small molecules that are correlated to a 

myriad of disease states. These metabolites are often produced by microbes that are 

typically considered to be commensal organisms. This includes the small molecule 

trimethylamine (TMA), which is further converted by the host to trimethylamine N-oxide 

(TMAO). TMAO is associated with cardiovascular disease,29,30 liver disease,31 diabetes,32 

and kidney disease,33 and other conditions. This gut microbe-host co-metabolic pathways 

will be discussed further in this thesis.  

 

1.1.2 The human gut microbiota and its role in nutrition 

One of the aspects of host physiology in which the importance of the gut microbiota is 

most readily apparent is nutrition (Figure 1.2). Studies using germ-free animals have 

revealed that organisms raised in the absence of microbes have deficits in nutrient 

acquisition and metabolism,34,35 and the development of supplemented diets was critical 

for successful maintenance of these model systems.34 Beginning in the 1940s, a large 

body of work has shown that gut microbes play integral roles in metabolizing key dietary 

nutrients, including breaking down otherwise indigestible compounds.36,37 With the advent 

of modern metabolomics approaches, the end products of this process can be observed 

directly.37 But despite the importance of gut microbial interactions with dietary 

components, our understanding of the mechanisms by which particular transformations 

of nutrients affect host biology is extremely limited.  
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Figure 1.2 Human gut microbiota plays a role in human nutrition 
Microbial proteins are able to interact with dietary nutrients. Break down of nutrients 
required for human health can increase their bioavailability. Nutrient metabolism by the 
microbiota may also alter risk of diseases through the production of small molecules. 
Finally, dietary compounds are capable of modulating the microbiota itself, changing 
community composition and potentially functions.  

 

One of the major obstacles to connecting microbial derived metabolic products to host 

outcomes is that we do not understand the molecular basis for gut microbiota-nutrient 

interactions. Most metabolic transformations performed by this community have not been 

linked to specific organisms, genes, or enzymes.38 This leaves us unable to accurately 

assess the functional capabilities of individual gut communities. To understand how the 

gut microbiota’s metabolic capabilities affect host nutrition, it is essential that we address 

this knowledge gap. Continued efforts to elucidate this biochemistry will not only enhance 

our fundamental knowledge of how diet affects host health and disease but will also be 

critical for enabling personalized nutrition and therapeutics. To fully understand the role 

of these organisms and their associated metabolome in human health and to guide 

therapeutic interventions, it is critical that we elucidate the genetic and biochemical basis 

for microbial metabolite production.  
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1.1.3 The challenges associated with studying the human gut microbiota 

Many researchers across the globe are interested in studying the human gut microbiota 

in order to begin to elucidate the mechanisms by which these organisms affect health and 

disease. We currently lack a full understanding of what small molecule, enzymes, or even 

organisms affect host health.39 Though these organisms have been studied for many 

years, the past decade has seen a dramatic increase in efforts to understand microbe-

microbe and microbe-host interactions within this community. Advances in DNA 

sequencing have enabled large-scale application of taxonomic profiling, the use of genes 

that are markers of phylogeny (typically the gene encoding the 16S subunit of the bacterial 

ribosome), to identify the organisms present in human-associated microbial communities 

(Figure 1.3).40 These efforts have revealed that the healthy human gut contains hundreds 

of different bacterial species and is typically dominated by obligate anaerobes from the 

phyla Bacteroidetes and Firmicutes.41 However, there is tremendous inter-individual 

variability in gut community composition.4 Meta-omics approaches (metagenomics, 

metatranscriptomics, metaproteomics and metabolomics) can provide insight into the 

functional potential of microbial communities.42 Application of these methods to the 

human gut microbiota has revealed that, despite variation in community composition, 

there may be some conservation of core biological functions.4 However, a lack of 

adequate annotations makes it difficult to assess the degree to which specific biochemical 

activities are maintained. Databases often contain inaccurate annotations, and 

predictions of the functions of new genes can be based on low homology.43 These low 

homology annotations are propagated making it difficult to predict the precise chemistry 



 

 8 

that is taking place using annotation alone. The Balskus lab in collaboration with the 

Huttenhower group have developed a platform called Chemically-Guided Functional 

Profiling (CGFP),44 which hopes to combat this issue with annotations by using previous 

knowledge of enzyme activity and structure to make more informed predictions about the 

presence or absence of key functions in the microbiome (Figure 1.3).  

 

Sequencing various patient populations has also revealed correlations between both the 

composition and functions of the gut microbiota and numerous diseases.43 

Simultaneously, studies with gnotobiotic models that involve transplant of microbes into 

germ-free hosts have revealed a causal role for gut microbes in health and disease.39 

Researchers have also applied enrichment culturing techniques to isolate bacteria that 

are capable of performing a desired transformation.45 Isolation of a single bacterium and 

sequencing its genome provides clues as to the mechanism by which they alter metabolic 

profiles. However, many organisms have proved to be difficult, if not impossible to grow 

under laboratory conditions. To this point, microbiome researchers have been able to 

culture <0.1% of the bacterial diversity in a laboratory (Figure 1.3).46 Overall, these recent 

efforts have reinforced the idea that gut microbes play a central role in the functioning of 

the human body and that inter-individual differences in the gut microbiota likely influence 

host biology.  
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Figure 1.3 Approaches for studying the human gut microbiota 
There are two main research strategies to investigate the microbiota – sequencing-based 
or culture-based approaches. With sequencing data, one can get information about the 
species abundance as well as abundance of genes encoding different functions. Culturing 
individual microbes can provide information about metabolites and enzymes as well as 
help to identify strains that may contribute to a health or disease state.  
 
1.2 Anaerobic choline metabolism by the gut microbiota 

Over 100 years ago, the metabolism of the small molecule choline was observed by 

anaerobic bacteria present in mud.47 These bacteria were capable of cleaving the C–N 

bond to release TMA, a malodorous compound. This metabolic activity was subsequently 

identified in many anaerobic microbial habitats, including the human gut.48,49 TMA is a 

uniquely microbial metabolite in the human body and is further processed to TMAO by 

the host enzyme flavin monooxygenase 3 in the liver (Figure 1.4).50,51 This oxidation 

facilitates its excretion from the body.  
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Figure 1.4 Scheme of choline metabolism 
Choline metabolism by anaerobic gut bacteria releases TMA. TMA is transported the liver 
where it is oxidized to TMAO via FMO3. This oxidation facilitates excretion from the body. 
 

1.2.1 Choline metabolism is associated with disease states 

Many years after the initial observation that bacteria can liberate TMA from choline, this 

metabolism was linked to human disease. Although the genes, enzymes, and the 

organism responsible for this chemical transformation were still yet unknown, in 2011 

Hazen and coworkers observed elevated levels of TMAO in the serum of patients with 

heart disease (Figure 1.5).29 This study performed metabolomics on healthy and disease 

patients to identify small molecules that were present at differential abundance in the 

disease cohort. They identified TMAO as a metabolite with differential abundance that 

potentially comes from the larger lipid phosphatidylcholine (PC). They did not address the 

mechanism by which free choline gets liberated from PC, but did conclude that microbial 

involvement is necessary, as antibiotic-treated mice and human patients are unable to 

accumulate TMAO (Figure 1.5). Experiments performed in atherosclerotic prone mice 

found that high doses of TMAO promoted the formation of aortic lesions.29 Numerous 

follow up studies performed by Hazen and coworkers concluded that elevated levels of 

TMAO in blood plasma correlated to major adverse cardiac events.52 However, Zeisel 
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and Warrier noted that many of the patients included in these studies presented with 

decreased kidney function, which would increase serum TMAO as there would be 

impaired urinary excretion of this metabolite.53 Although there are many studies 

suggesting that there is a correlation between TMAO serum levels and adverse cardiac 

events, there are many inconsistencies in the data that need to be addressed. Further 

research is needed to define the mechanism of action for TMAO promoted cardiovascular 

disease.  Interestingly, in the years since this initial discovery many groups have observed 

that elevated levels of TMAO in serum are correlated to kidney disease,54 diabetes,55,56 

non-alcoholic fatty liver disease,31,57 and obesity,58 among others. Although a correlation 

was identified between a microbial metabolite and human disease states, a lack of 

understanding of the microbial chemical transformation made it difficult to ascribe 

causation to TMAO.  
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Figure 1.5 Patients fed phosphatidylcholine only accumulate TMAO when an intact 
gut microbiota is present 
40 healthy adult patients were fed a 250 mg of deuterium-labeled PC and TMAO levels 
in the plasma were measured for 8 hours post dosage. After 8 hours, an accumulation of 
TMAO is seen. A subset of patients were then treated with antibiotics (metronidazole and 
ciprofloxacin) to perturb the gut microbiota and then the PC challenge was repeated. TMA 
was not detected in the plasma 8 hours after PC dosage. Data adapted from Hazen and 
coworkers.52  

 

1.2.2 Identification of the choline utilization (cut) gene cluster 

The Balskus lab sought to identify and characterize the enzymes that were responsible 

for the C–N bond cleavage of choline (work by Dr. Smaranda Bodea). Using previous 

knowledge that choline degradation into TMA would also release a molecule of 

acetaldehyde, Dr. Bodea and Dr. Balskus recognized that the biochemical logic of C–N 

bond cleavage resembled a key reaction involved in bacterial ethanolamine degradation 

which had been previously characterized in the eut gene cluster (Figure 1.6).59–61 

Acetaldehyde is a volatile molecule that can cause cellular damage if not properly 
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processed.62,63 It was likely that organisms that could generate TMA from choline would 

share acetaldehyde-processing logic to utilize this small molecule as a source of carbon 

and energy. Dr. Bodea and Dr. Balskus hypothesized that organisms capable of choline 

metabolism would encode in close proximity an alcohol dehydrogenase similar to EutG 

and an aldehyde oxidoreductase similar to EutE, as well as microcompartment proteins 

to sequester the acetaldehyde, similar to those encoded in the eut gene cluster.64   

 

 

Figure 1.6 Anaerobic microbial choline metabolism resembles ethanolamine 
degradation 
Ethanolamine ammonia-lyase is a Vitamin B12-dependent enzyme that is responsible for 
C–N bond cleavage of ethanolamine to generate ammonium and acetaldehyde. Similarly, 
the C–N bond cleavage of choline generates trimethylammonium and acetaldehyde. It 
was hypothesized that these two pathways might use related strategies for processing 
acetaldehyde, a volatile molecule, once its generated.  
 
Genome mining of Desulfovibrio desulfuricans ATCC 27774 using the sequences of 

acetaldehyde-processing enzymes from Salmonella enterica revealed a gene cluster that 

contained 3 homologs of enzymes from the ethanolamine ammonia-lyase cluster, and 

there was no homologs of the B12-dependent enzyme for ethanolamine cleavage.64 This 
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newly identified cluster was named the choline utilization (cut) gene cluster (Figure 1.7). 

Interestingly, there were only two enzymes that could potentially cleave choline – a glycyl 

radical enzyme (CutC) and its partner radical SAM activating enzyme (CutD). 

Heterologous expression of these enzymes in E. coli confirmed that they were 

responsible for metabolism of choline into TMA.64 Extensive biochemical characterization 

of these enzymes was performed by Dr. Bodea and included electron paramagnetic 

spectroscopy to confirm the installation of the glycyl radical,64 coupled enzyme kinetic 

assays, substrate specific assessment,65 and point variant studies to confirm the residues 

essential for catalysis.66  

 

 

Figure 1.7 Choline utilization (cut) cluster genetic organization 
The choline utilization (cut) cluster identified in D. desulfuricans. The genes encoded in 
the cut cluster include a glycyl radical enzyme and its partner activating enzyme, aldehyde 
processing enzymes and bacterial microcompartment proteins. 
 

Using the annotations of the cut gene cluster identified through bioinformatic analysis, a 

model for choline metabolism in cells was developed (Figure 1.8). Further examination of 

this gene cluster revealed that there were proteins encoding structural components of a 

putative bacterial microcompartment.67 This protein organelle is proposed to encapsulate 
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the CutC and CutD enzymes, as well as the acetaldehyde-processing enzymes, CutO, 

an aldehyde dehydrogenase and CutF, an aldehyde oxidoreductase. The activity of CutF 

would generate acetyl-CoA, a building block for biosynthesis. This metabolite could be 

used to produce more biomass for cellular growth. Additionally, acetyl-CoA could be 

phosphorylated by the activity of CutH, a phosphotransacetylase, which could be used to 

then generate ATP and acetate, increasing the energy production of the cell. CutF and 

CutO were heterologously expressed and purified to confirm their respective activities.68 
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Figure 1.8 Model for anaerobic bacterial utilization of choline 
Choline is imported into bacterial cells where it is then transported into a bacterial 
microcompartment. C–N bond cleavage is catalyzed by CutC and the acetaldehyde 
produced can be processed either by CutO to form ethanol or CutF to form acetyl-CoA. 
Acetyl-CoA is used either as a biosynthetic building block or further processed by CutH 
to generate acetyl-phosphate which can be used to generate acetate and ATP.  
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1.2.3 Understanding the cut gene cluster in commensal organisms 

Using the CutC protein as a query, other organisms that encode the cut cluster were 

identified, including many that are present in the gut microbiota (35% of hits). CutC was 

present across many different genera of bacteria, including Proteobacteria and Firmicutes 

but it was not identified in any Bacteroides.68 This was an interesting observation as 

Bacteroides are highly abundant in the gut microbiota. It was also noted that CutC was 

unevenly distributed even within species. For example, at the time of analysis, only 4% 

of the 2,800 Eschericia coli genomes encoded a CutC homolog, while 66% of 62 

Clostridium botulinum genomes were found to encode a CutC. Interestingly, these CutC 

genes were encoded in gene clusters with different gene architecture. Type I clusters 

were identified in Firmicutes, Actinobacteria, and Deltaproteobacteria, whereas Type II 

clusters were solely identified in Gammaproteobacteria. Type I clusters encode ~20 

different genes and Type II only encode 10 core genes. Both clusters conserve all 

predicted metabolic enzymes and differ mainly in the microcompartment proteins. 

Phylogenetic analysis of the CutC protein sequences compared with that of 16S 

phylogeny concluded that the cut cluster was likely acquired through horizontal gene 

transfer.68   

 

Through the activity of the cut genes, a bacterial cell could utilize choline as its sole carbon 

and energy source. Dr. Ana Martinez del Campo, a postdoc in the Balskus lab, designed 

a minimal medium in which to grow Escherichia coli MS 200-1, a cut gene cluster-

encoding strain identified in the earlier bioinformatic analyses. This medium contained 
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casamino acids as a nitrogen source, vitamins and minerals, as well as terminal electron 

acceptor. The sole carbon source in this medium was choline. Over the course of 24 

hours, E. coli MS 200-1 was able to grow anaerobically on this minimal medium, 

suggesting it was utilizing choline as a carbon and energy source (Figure 1.9).  

 

Deletion mutants were constructed by our lab in E. coli MS 200-1 for all of the genes in 

the cut gene cluster, and these mutants were subjected to the same growth assay on 

minimal medium. All of the mutants displayed impaired growth, most notable of which 

were the DcutC and DcutD strains (Figure 1.9). In both of these mutants, growth was 

undetectable after 24 hours, due to abolished ability to cleave the C–N bond of choline 

and generate acetaldehyde. This provided further support for the role of this gene cluster 

in choline metabolism.   
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Figure 1.9 E. coli DcutC has growth defects when grown on choline  
Growth of E. coli MS 200-1 WT, DcutC, and DcutD on choline minimal medium as 
monitored by OD600. Growth was varied out anaerobically and monitored over 24 hours. 
Data is plotted as an average of 3 replicates and error bars are the standard deviation. 
Data in this plot was generated by Dr. Ana Martinez del Campo. 

 

1.2.4 Choline metabolism in a host model 

The generation of the DcutC mutant E. coli strain allowed our lab to devise an approach 

for manipulating gut microbial choline metabolism in a host setting. Two groups of germ-

free mice were colonized with defined, model gut communities that consisted of six strains 

of non-choline metabolizing human gut bacteria and either wild-type E. coli MS 200-1 or 

the DcutC mutant strain (Figure 1.10).69 While removing choline metabolism from the gut 

microbiota didn’t have a large effect on community composition, it dramatically altered 

metabolite levels. As anticipated, TMAO production was abolished in the mice colonized 

with the community containing the DcutC mutant strain. Strikingly, we also observed 
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differences in serum choline levels, with the mice possessing choline-consuming gut 

microbiota having dramatically reduced levels of this nutrient (Figure 1.10). We 

hypothesized that this decrease in choline availability was due to excess consumption of 

this nutrient by the gut microbiota. Subsequent analyses of additional host metabolites 

and biological phenotypes support this proposal.69 In addition to choline, mice with a 

choline-consuming gut microbiota had decreased levels of other molecules that are linked 

to one-carbon metabolism (Figure 1.10). Overall, this work suggests that negative effects 

of gut microbial choline metabolism on host health may arise from the combined 

consequences of TMA/TMAO production and choline depletion.  

 

Figure 1.10 In vivo assessment of choline utilization pathway 
(a) Female C57BL/6 mice were colonized with a core community made up of Bacteroides 
caccae, B. ovatus, B. thetaiotaomicron, Colinsella aerofaciens and Eubacterium rectale 
together with either E. coli MS 200-1 WT (CC+) or E. coli MS 200-1 DcutC (CC–). 
Community profiling of cecal contents after colonization. (b) Serum levels of TMAO. (c) 
Serum levels of choline. All values are the average of five mice and error bars are the 
standard error. Figure adapted from Romano, et al.69  
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1.3 Phospholipids 

Phospholipids (PLs) are a class of lipid molecules that contain a phosphodiester group. 

These lipids are divided into two categories: the glycerophospholipids, which contain a 

phosphate linkage of a diacylglycerol (DAG) group to a polar head group, and 

sphingolipids, which contain a phosphate inkage of a sphingosine to a polar head group 

(Figure 1.12).70,71 In glycerophospholipids, the phosphodiacylglycerol group is known as 

phosphatidic acid (PA). These PLs are the building blocks of cell membranes across all 

domains of life. However, in archaea the linkage to the fatty acid (FA) tails is through an 

ether linkage instead of an ester, which is common among bacteria and eukaryotes.72–74 

These molecules form lipid bilayers due to their amphiphilic nature. In the presence of 

water, these molecules orient such that the FA tails interact both within the same PL and 

between PL molecules, while the polar head groups form hydrogen bonds with water 

molecules.73  
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Figure 1.12 Phospholipid structures found in nature 
The general structures of (a) glycerophospholipids and (b) sphingolipids. There is 
variation in the head groups denoted by pink or blue ovals. The sn-1 and sn-2 positions 
can consist of a variety of FA tails and can be the same or different.   
 

The nature of the polar head groups varies within each class of PL. Most typically, the 

polar headgroup is choline, ethanolamine, serine or glycerol, but it can also be a sugar 

like inositol or inositol-phosphate (Figure 1.12).75 The variety in these head groups 

dictates the some of the properties of cell membranes. There is also variation in the fatty 

acyl tails. Although the FAs can be identical in both the sn-1 and sn-2 position, often they 

are two different FA chains. Most often plant-based PL contain an unsaturated FA in the 

sn-2 position and a saturated FA in the sn-1 position.76 The PLs in animal fats have the 

opposite FA pattern. The most common combination of FA chains are dipalmitoyl, 

dimyrisotyl and palmitoyl/oleoyl across all PLs (Figure 1.12).77 The PLs that comprise 

bacterial cell membranes typically utilize ethanolamine or sugars as the polar head 
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groups.78 Bacterial PLs often contain either saturated or monounsaturated FAs; stearyl 

and oleoyl are the most common. Although there is substantial variation in head groups 

and FA chains, dipalmitoyl phosphatidylcholine (DPPC) and palmitoyl-oleoyl 

phosphatidylcholine (POPC) are two of the most commonly found PLs in nature.71 

 

1.3.1 Phosphatidylcholine in the environment 

One of the most common PL is lecithin, which is a mixture of PCs. Lecithin was first 

discovered in 1845 in egg yolks.79 It has since been identified across many different 

animal products and plants.47 It is also a good emulsifier and is used extensively in 

cooking and as an additive to processed foods. PC can typically be found in foods like 

soy beans, egg yolks, red meats, among many others.80,81 PC is a major constituent of 

eukaryotic cell membranes and is a pulmonary surfactant. The role PC plays in the human 

body will be discussed extensively in Section 1.5. Interestingly, PC is not often found in 

any bacterial cell membranes. Only about 15% of bacteria, with levels ranging from 0.1-

4% of the total PLs in the membrane.82 PC biosynthesis and metabolism in bacterial cells 

will be elaborated further in Section 1.6. 

 

1.4 Phospholipase enzymes  

PLs can by broken down in four main ways (Figure 1.13). The enzymes that catalyzes 

these transformations are known as phospholipases and are widely distributed across all 

domains of life.83,84 PLs are essential for cellular membranes and remodeling of these key 

metabolites requires the action of these enzymes. As such, there is diversity in their point 
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of modification on the PL molecule, their regulation and mode of action. The classification 

of these enzymes is determined by their cleavage site.83 Phospholipase As (PLAs) 

catalyze the hydrolysis of the ester linkages and are classified by whether they hydrolyze 

the 1-acyl ester (PLA1) or the 2-acyl ester (PLA2). If the enzyme is capable of hydrolyzing 

both ester linkages it is classified as a phospholipase B (PLB). Phospholipase C (PLC) 

enzymes catalyze the cleavage of the glycerophosphate bond, while the hydrolysis of the 

head group is catalyzed by the action of a phospholipase D (PLD). These enzymes will 

be further described in the following sections.  

 

Figure 1.13 Locations of phospholipase hydrolysis on an example phospholipid 
Using PC as an example, the locations at which different phospholipase enzymes cleave 
are denoted by red lines.   
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1.4.1 Phospholipase A enzymes  

PLA enzymes catalyze the hydrolysis of the fatty acyl ester linkages to release a lyso-PL 

and a fatty acid chain. These enzymes are subdivided into PLA1s and PLA2s based on 

their selectivity for the acyl chain attached at the sn-1 or sn-2 position respectively. PLA2 

was the first phospholipase discovered in the 1870s.83 It was identified in pancreatic fluid, 

as it could convert PLs to lysoPLs, and shortly thereafter was identified as an active 

component of cobra venom.85,86 PLA2 enzymes have almost exclusively been studied in 

many different environments in eukaryotes with only a few recent reports identifying these 

enzymes in pathogenic bacteria.87  

 

There are two main categories of PLA2 enzymes, those that are excreted and use a 

histidine-catalyzed mechanism (Group I PLA2, Figure 1.14) and those that are cytosolic 

and use a serine-catalyzed mechanism (Group II PLA2). Pancreatic PLA288 and snake 

venom PLA286 are Group I enzymes; crystal structures85 and mutagenesis studies88–90 

have confirmed that they do not encode a catalytic serine residue that could participate 

in ester hydrolysis. Pancreatic PLA2 is excreted into the intestines post-prandially as a 

component of bile.91 Biochemical studies of this enzyme have shown that it prefers a 

negatively charged substrate, and has low activity toward zwitterionic PLs, like PC.88,92 

This post-prandial excretion facilitates lipid absorption as lysoPLs are more readily 

absorbed in the small intestine than PLs.93 Macrophages also excrete PLA2 enzymes with 

antibacterial activity.94 These enzymes have a high pI and a net positive charge of 19 due 
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to many positively charged residues.83,95 This helps its antibacterial properties as the 

peptidoglycan cell wall in gram-positive bacteria is negatively charged.95 The properties 

of macrophage excreted PLA2 allow it to permeate the cell wall and hydrolyze bacterial 

cell membrane lipids.96  

 

 

Figure 1.14 Group I phospholipase A2 mechanism utilizes a catalytic histidine 
Mechanism of group I PLA2 enzymes. A catalytic histidine deprotonates water, which 
attacks the ester at sn-2. The tetrahedral intermediate collapses to release a FA tail while 
the glycerol backbone is protonated by histidine.  
 

Group II PLA2 enzymes are considered to by cytosolic as they purify with that fraction 

from mammalian cells but interestingly these proteins encode a signal sequence that 

would indicate it is translocated to the membrane.94 However, since they purify with the 

cytosol these proteins are likely internal and are hypothesized to play a role in signaling 

pathways.94 This group of enzymes uses a serine-aspartate dyad to facilitate catalysis 

through a canonical serine hydrolase mechanism; there are no apparent histidines nearby 

to participate in hydrogen bonding and mutagenesis of all histidines encoded in the 

protein do not affect catalysis.84 Studies have also shown that these proteins are 

inactivated by serine-reactive inhibitors, supporting the hypothesis that the hydrolysis 

requires a catalytic serine.83 Although these PLA2s have not been as extensively studied, 
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some research has found that these enzymes preferentially metabolize PLs that have 

arachidonic acid in the sn-2 position.97 This polyunsaturated fatty acid is involved in lipid 

signaling for a variety of enzymes and is also a vasodilator98 and key inflammatory 

intermediate.99 Further investigation is needed to fully understand the role this cytosolic 

PLA2 plays in cellular functioning.  

 

PLA1 enzymes catalyze the hydrolysis of the fatty acyl group on the sn-1 position. These 

enzymes are found across all domains of life but have been primarily studied in gram-

negative bacteria such as E. coli (Figure 1.15).100 This protein is localized to the outer 

membrane (OM) and has a broad specificity for PL tails.101 It has been shown to utilize a 

serine hydrolase triad to facilitate catalysis, however, the typical Asp in this triad has been 

replaced with an Asn.102 Biochemical assays have determined that this protein requires 

Ca2+ for catalysis. Under normal conditions PLA1 in the OM is dormant. Under many 

conditions of stress, monomers come together and form an active dimer (Figure 1.15). 

This dimer formation creates two clefts that fit 16 carbon chains at the interface.100 This 

active protein then hydrolyzes the PLs in the OM to form pores; this can aid in the export 

of toxins, such as bacteriocins, may have crossed the OM. In addition to being an OM 

regulatory protein, PLA1s in bacteria have been observed to be virulence factors. 

Excreted PLA1 activity has been observed in bacteria such as Yersinia enterocolitica, in 

which it plays a role in hemolysis.103 Other gram-negative pathogens encode an excreted 

PLA1 with >70% amino acid sequence identity indicating they may have similar hemolytic 

activity.104 However, this hypothesis has yet to be confirmed in vivo.  
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Figure 1.15 Structure of active PLA1 (PDB ID: 1QD6) from E. coli shows a cleft 
between two monomers 
PLA1 is a beta barrel protein located in the outer membrane. Unactivated monomers 
come together to form a dimer under conditions of stress. This dimer has a cleft that fits 
the FA tail of the PL substrate.  

 

1.4.2 Phospholipase B enzymes 

PLB enzymes are characterized by the ability to hydrolyze the fatty acyl chains from both 

the sn-1 and sn-2 positions of a PL. These enzymes are often categorized with lyso-

phospholipase enzymes, as they are also capable of releasing a free fatty acid (FFA) 

from a lyso-phospholipid. These enzymes have been identified in bacteria, fungi, 

mammalian cells and spider venom. However, there has only been minimal biochemical 

characterization, with no concrete evidence for the mechanism by which these enzymes 

facilitate hydrolysis. PLBs were identified in the bacterium Moraxella bovis in 2001.105 

Researchers hypothesized that this bovine pathogen expressed a PLB to aid in cellular 

degradation of host cell membranes.105 However, no conclusive evidence has shown this 
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effect and no further PLBs have been identified in bacteria to aid in understanding their 

roles. Interestingly, PLBs identified in fungal pathogens are known to be a major factor in 

host cell penetration.83 In Candida albicans, disruption of the PLB gene diminishes 

pathogenicity of this organism; it is hypothesized that this activity plays a similar role in 

other fungi harboring the PLB gene.106  

 

PLBs have been predominantly studied in the context of mammalian cells, however, there 

is still a lack of understanding as to the physiological role of these enzymes. Researchers 

have identified PLB activity in intestinal mucosa, and have hypothesized that it may play 

a role in maintaining barrier integrity through the turnover of PLs.107 In addition to the 

intestinal mucosa, PLB has been found in the epidermis layer of the skin.108 Interestingly, 

FFAs play an integral role in the barrier integrity of the epidermis and researchers 

hypothesized that this enzymatic activity could be a new mechanism by which FFA 

concentration was regulated.108 Beyond barrier locations, PLB has also been observed in 

human neutrophils. However, this PLB has only ever been isolated in an inactive form 

and requires additional activation in vitro to facilitate diacylation activity.109 However, 

researchers were unable to discover the exact mechanism by which this enzyme 

becomes activated; they observed a mass decrease which corresponded to protein 

activation but known proteases were unable to activate the protein.110 With active protein, 

researchers observed that PLB from neutrophils has a broad substrate scope 

metabolizing PC, phosphatidylinositol, PE, and a variety of lyso-PLs. Levels of this PLB 
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correlated to neutrophil activation, leading to the hypothesis that PLB activity may play a 

role in defense against microbial invasion.110  

 

1.4.3 Phospholipase C enzymes 

PLCs enzymes have been identified in bacteria and eukaryotes. In bacteria, reports of 

PLCs exist as early as the 1940s.111 These enzymes have been most extensively studied 

in Bacillus cereus, an organism that excretes PLC (Figure 1.16).83 Studies have since 

shown that PLC is likely a virulence factor for this and other pathogenic organisms.112 

Excreted bacterial PLCs may affect pathogenesis through a variety of mechanisms: 

invasion and growth of the organism, evasion of host defenses, or damage to the host 

cells themselves.113 These roles vary across organisms and can differ based on whether 

the organism is gram-positive or gram-negative. PLCs have also been studied in Listeria 

monocytogenes, a pathogen that survives inside of host cells. Researchers have 

determined that PLC is essential for this lifestyle as it helps the organism escape from the 

phagosome and evade excretion from the cell.102 Although there is still much to be learned 

about the precise mechanisms by which PLCs aid in pathogenesis, mechanistic studies 

and crystallographic work has helped make progress in this field (Figure 1.16).  
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Figure 1.16 Catalytic domains of mammalian (PDB ID:  1B01) and B. cereus PLC 
(PDB ID: 1AH7) share structural similarities 
The crystal structures of PLC enzymes from humans and B. cereus shown side by side 
to illustrate the similarities in their catalytic domains. Mammalian PLC contains additional 
domains that facilitate lipid signal transduction. Figure adapted from Heinz, et al.114 
 

Interestingly, the bacterial and mammalian PLCs share the same protein architecture in 

the catalytic domain, but the mammalian PLC contains additional C-terminal domains 

(Figure 1.16). These additional domains help facilitate lipid signal transduction pathways 

that PLC interfaces with. Human PLCs prefer phosphatidylinositol (PI) as a substrate,84 

releasing two second messengers – diacylglycerol (DAG) and inositol triphosphate 

(IP3).114 Although mammalian PLCs show a clear preference for hydrolyzing PI, bacterial 

PLCs metabolize a wider range of substrates, including PC, PI and PE.83 Both bacterial 
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and mammalian PLCs utilize acid/base chemistry facilitated by two histidines in the active 

site to hydrolyze the P–O bond (Figure 1.17).112,115 These histidines facilitate the catalyze 

the cleavage through a bridged phosphodiester intermediate, in which the phosphorus 

coordinates to two oxygens on the sugar molecule. This mechanism has been studied 

using crystallography and mutagenesis in the mammalian enzyme.  

 

 

Figure 1.17 Phospholipase C mechanism utilizes catalytic histidines 
Mammalian PLC preferentially hydrolyzes PI which is supported by the proposed 
mechanism. Catalytic histidine residues utilize the hydroxyl groups in the sugar to form a 
bridged intermediate that is transiently formed as DAG is released. This intermediate can 
be hydrolyzed by water to release IP3. Both products are active signaling molecules and 
are boxed in purple.  
 

Recently, it has become evident that PLC activity is involved in cancer biology.116 In 

glioma cells, PLC regulates the expression of chemokine receptor CXCR4, which in turn 

affects cell proliferation and invasion of cancer cells. Interestingly, inhibition of PLC has 

emerged as a new potential strategy for modulating cancer cell metabolism, growth, and 

motility.116 Further study of these enzymes could reveal new potential therapeutic 
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avenues both in cancer cell biology as well as in treatment of infections caused by 

pathogenic organisms. 

  

1.4.4 Phospholipase D enzymes 

PLD enzymes are ubiquitous across all domains of life. These enzymes were first 

identified in plants117 but have since been identified and studied in mammals, fungi, 

bacteria, and even viruses.117,118 These enzymes hydrolyze the P–O bond of 

phospholipids to release a polar head group. This reaction releases a primary alcohol and 

PA and involves the formation of a phosphohistidine intermediate (Figure 1.18).120–122 

PLDs are characterized by the presence of two histidine-lysine-aspartate (HKD) motif in 

the active site (Figure 1.18).123 Mutation and crystallographic studies have confirmed the 

utility of these residues.124 Many initial reports of PLDs characterized their activity by 

monitoring a transphosphatidylation reaction.119,125,126 Physiologically, these enzymes 

utilize water to hydrolyze the phosphohistidine intermediate and release PA. However, if 

performed in the presence of a primary alcohol, they can instead generate new 

phospholipids, replacing the polar head group with the alcohol. For example, in vitro 

characterization of PLD from castor bean showed that PLD cleavage of PC performed in 

the presence of 1-butanol will generate choline and phosphatidylbutanol.127  
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Figure 1.18 Proposed mechanism for phospholipase D enzymes 
The enzyme binds the phospholipid substrate (shown here as PC, but this mechanism 
has been proposed for all PL substrates). The substrate is attacked by the nitrogen atom 
of a histidine, and this step is facilitated by the hydrogen bonding to a nearby Asp. The 
resulting pentacoordinate intermediate collapses to release the polar head group, which 
is protonated by the other active site histidine. The enzyme then catalyzes the addition of 
an alcohol or water to the phosphohistidine intermediate to generate the phosphatidic 
acid co-product. Physiologically, the phosphohistidine is attacked by water but the 
enzyme can utilize other small primary alcohols as well.  
 

Although all PLDs across domains of life are proposed to share the same catalytic 

mechanism, there are many differences between these enzymes, including the size of 

the protein, a requirement for Ca2+, and regulation.119 Viral PLDs have been identified in 

Vaccinia, the agent that causes small-pox.128 This PLD is essential for its formation of the 
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envelope that facilitates its excretion from a host cell.128 Interestingly, this PLD was not 

originally classified as such as it only contains one HKD motif, which was not thought to 

be sufficient for catalysis. Further studies on this protein revealed that it functions as a 

dimer with HKD motifs from each monomeric unit participating in PL hydrolysis.119  

 

Expression of plant and mammalian PLDs are tightly regulated either at the transcription 

level or post-translationally, with modifications such as lipidation (e.g. palmitoylation) or 

phosphorylation or co-factors (Ca2+ or PIP2) or conditions (pH) affecting activity.119,129 

These regulatory strategies vary across different species and isoforms of the PLD. PA 

produced from PLD activity is involved in stress-mediate signaling pathways in all higher 

eukaryotes (Figure 1.19).130 PA can induce changes at the lipid surface that can induce 

an altered immune response by the cells. Specifically, PA interacts with (m)TOR (target 

of rapamycin) in both mammals and plants.131 Binding to TOR induces regulation of other 

proteins involved in protein expression and cell growth via the formation of TOR-based 

complexes or phosphorylation. PA produced through PLD activity also binds to GPCRs, 

which is responsible for facilitating vesicular trafficking and transcription.132 Finally, PA is 

a lipid second messenger that can induce expression of lipoxygenase 2 (LOX2) which is 

an important enzyme in wound response.119 As PLD mediates many cellular processes, 

it is unsurprising that mammalian PLDs are the most well studied of all PLDs.  
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Figure 1.19 PA generated by PLD enzymes interfaces with various eukaryotic 
signaling pathways 
PA is generated by the activity of PLD on a PL. This lipid product is capable of interacting 
with mTOR, GPCR, and LOX2 leading to a variety of downstream effects. PA is also 
capable of directly influencing many other cellular processes including vesicular 
formation, proliferation and transcription.  
 

PLDs have been identified in bacteria like Yersinia pestis133,134, Pseudomonas 

aeruginosa135, and Rickettsia prowazekii136 – all pathogenic organisms that utilize the 

activity of PLDs to aid in invasion of host cells.102,104 Studies have shown that disruption 

of the pld gene in these organisms greatly reduces the pathogen load as well as the 

viability of the mice colonized with these pathogens.137–139 In addition to studies in 

pathogenic organisms, PLDs have been identified and studied in soil bacteria. The PLD 

enzymes isolated from soil bacteria have been used extensively in industrial applications 

as they are the most amenable to the transphospatidylation reaction and can be used to 

generate a myriad of PLS.118 Many of the crystal structures of bacterial PLDs have been 

obtained using enzymes from Streptomyces.140,141 These studies have helped confirm the 

presence of both HKD motifs,142 however, there are still many questions regarding the 
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presence of PLDs across other bacterial populations and what their physiological roles 

might be in non-pathogenic organisms. Further discussion of PLDs can be found in 

Chapter 3.  

 

1.5 Phosphatidylcholine and the human body 

PLs, in particular PC, play an important role in human health. These lipids are used as a 

part of cell membranes, as surfactants on mucosal surfaces, and as a key mediator of 

liver health. To accommodate the high amount of lipids necessary for human cell 

maintenance, a typical diet includes 2-8 g/day of phospholipids.76 Once of the most 

common lipids in the diet and the body is phosphatidylcholine (PC). Beyond dietary PC, 

in the GI tract there are an additional 7-20 g/day of PLs secreted into the small intestine 

via bile.143 Digestion and absorption of dietary lipids is facilitated by pancreatic PLA2, 

another component of bile.143 These secreted PLs help to package and solubilize dietary 

lipids after PLA2 metabolism. In addition to its role in digestion and cell membranes, PC 

lipids play a role in many human health states. Pancreatitis,144 adrenal gland health,145 

pregnancy,146 and glucose tolerance147 are all impacted by the presence and regulation 

of PC levels. Interestingly, altered PC ratios in neuronal cells has been implicated in the 

progression of Alzheimer’s disease.148,149  

 

1.5.1 Biosynthesis of PC by human cells 

Although some amount of PC is available through the diet, there is not sufficient PC to 

meet the cellular requirements. All cells in the body are capable of biosynthesizing PC 
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endogenously through two major routes. Most cells will utilize the Kennedy pathway to 

generate PC from free choline (Figure 1.20).150 In this pathway, cells phosphorylate free 

choline prior to appending a cytidylyl group to the choline moiety, generating CDP-

choline. This activates the phosphorylcholine , enabling a DAG group to be attached in a 

final step.151 The discovery that CTP was used for activation was groundbreaking, as it 

was the first evidence that other high-energy compounds beyond ATP could be used for 

activation.152 Generation of CDP-choline is thought to be the rate limiting step in this 

pathway.150 All steps in this pathway are reversible, allowing the cells to maintain optimal 

ratios between choline and PC for membrane maintenance and cellular functions.152 

Interestingly, mammalian cells are unable to generate adequate levels choline de novo 

so it must be obtained through the diet.  

 

Figure 1.20 The Kennedy pathway is used to generate PC from free choline 
Cells first import free choline and then phosphorylate it using a kinase. Phosphocholine 
is activated using CTP to generate CDP-choline. This activated molecule is appended to 
DAG to produce PC. This de novo biosynthetic pathways occurs in all mammalian cells. 
Pathway is shown as a single direction for clarity, but all reactions are reversible. 
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In addition to the Kennedy pathway, PC can be generated through three sequential 

methylations of PE. This reaction is catalyzed by a single enzyme, 

phosphatidylethanolamine methyltransferase (PEMT) and utilizes three equivalents of the 

cofactor S-adenosylmethionine (SAM).153 This pathway is not as ubiquitous as the 

Kennedy pathway and occurs mostly in the liver, accounting for the generation of 

approximately 30% of hepatic PC.154 Although this biosynthetic pathway for PC is non-

essential,155 a choline deficient diet, combined with a dysfunctional PEMT can cause 

deleterious health effects in mouse models.47 

 

1.5.2 Phosphatidylcholine: Integral part of cell membranes 

A major role for PC in mammalian cells is its integration into cell membranes. Mammalian 

cell membranes consist of a lipid bilayer that is composed of PLs and cholesterol; a major 

component of these lipid bilayers is PC at >50% of the total PLs.156–158 These membranes 

self-assemble, where the lipidic tails face each other and the hydrophilic head groups 

interface with the aqueous environment.159 Unsaturation in one of the two FA tails allow 

these lipids to form a cylindrical shape and generate a fluid membrane.152,154 Although 

PC is a major component of these membranes, a mixture of PLs containing different 

headgroups is necessary for processes such as vesicular trafficking and signal 

transduction.160,161 Not only is PC an integral part of external cell membranes in 

mammalian cells, but it is also a component of organelle membranes.154   
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1.5.3 Phosphatidylcholine: Role in liver health 

Within the liver, 70% of the PC is generated from CDP-choline through the Kennedy 

pathway.47,162,163 The remaining 30% is derived from PE through the action of PEMT. The 

balance between PC, choline, and PE in the liver is very important in liver health as it 

prevents the build-up of fatty deposits.31 One thing that PC is used for in the liver is 

generating chylomicrons which encapsulate very-low density lipoproteins (VLDL) for 

export into blood for trafficking to other cells throughout the body (Figure 1.21).162 

Impaired PC synthesis decreases the packaging and export of VLDLs, leading to hepatic 

triglyceride accumulation and damage to hepatocytes.164 Non-alcoholic fatty liver disease 

(NAFLD) is characterized by lipid accumulation in hepatocytes. This disease can progress 

to non-alcoholic steatohepatitis, which is an inflammatory response when hepatocytes 

are injured by excessive lipids.165 PC also is necessary for solubilizing bile salts in the 

liver for secretion by the pancreas. This homeostasis of bile salts in the liver is important 

as a high amount of bile salts can lead to gallstones and hepatocarcinomas.166 As PC is 

circulated between the liver and GI tract it has been hypothesized that the diet, gut-liver 

axis and microbiota all play roles in maintaining ideal PC levels in the liver.167 In the 

absence of free choline, PC levels in the liver drop, increasing VLDL and bile salt 

accumulation in the liver.  
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Figure 1.21 PC has a major role in liver health 
PC is used by the liver to generate micelles that package VLDL. When PC is present and 
able to package and export VLDL properly, normal liver function is apparent. When this 
process is altered in any way, a build-up of fatty deposits in the liver occurs, leading to 
non-alcoholic fatty liver disease. The ratio of PC/PE in the liver is a diagnostic tool for 
scoring NAFLD severity. The optimal ratio is necessary for proper liver function.  

 

1.5.4 Phosphatidylcholine: Component of gut mucosae 

Beyond the its importance in cell membranes and liver function, PC is also a key 

component of the mucosal barrier in the GI tract. In the colon, there are two layers of 

mucin that act as a physical barrier between the microbes that inhabit the gut and the 

epithelial cells (Figure 1.22). This physical separation is the first line of defense for 

infections. Interestingly, bacteria inhabit in the top most layer. Each layer is made up of 

glycosylated mucin proteins that form a 3-dimensional structure that exhibits gel-like 

properties. In the colon, this mucin protein is typically MUC2.168 This mucin layer varies 

in thickness across the GI tract, but in the colon is approximately 700 µm. In the outer 

mucosal layer, in addition the glycosylated mucins, there is also a layer of PLs.169 This 

helps support the barrier making it more difficult for bacteria to permeate through and 
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invade epithelial cells as they create a hydrophobic patch that bacterial cell membranes 

and walls do not interact with. This layer of PLs interacts with the sugars on the mucin 

glycoproteins and is comprised of a variety of PLs, the majority of which are PC (>90%).21 

These PC lipids play an important role in maintain gut barrier health and preventing 

inflammation, which will be discussed further in Chapter 4.  

 

 

Figure 1.22 Architecture of lumen, mucosal layer and epithelial cells of the colon 
The gut lumen is physically separated from the colonic epithelial cells by a mucosal 
barrier. This barrier is made up of two layers of mucin. The first layer is made up of only 
glycosylated mucin proteins (typically MUC2). The second layer contains a layer of 
phospholipids in addition to the glycoslylated mucins.  While the polar head group of the 
phospholipids can vary between serine, ethanolamine and glycine, 90% of these lipids 
have a choline head group.  
 

1.6 Phosphatidylcholine and bacteria  

In contrast to mammalian cells, PC rarely occurs in bacterial cell membranes. Bacteria 

instead use PE and PG as their major cell membrane building blocks.170 Although only 

about 15% of bacterial species have PC in their membranes, many more bacterial species 

are capable of metabolizing this lipid as highlighted in the earlier sections on 
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phospholipase enzymes. In photosynthetic bacteria, such as Rhodobacter sphaeroides 

PC membrane lipids been observed, but are present at very low amounts.171 Additionally, 

in Pseudomonas PC typically makes up 0-4% of the bacterial membrane.171 Some 

pathogenic organisms can utilize choline obtained from host cells and generate PC lipids 

that are then incorporated into their cell membranes, which changes the natural properties 

of the cellular membrane.172 As mentioned in earlier sections, pathogenic organisms can 

also degrade PC lipids in host cell membranes to facilitate their intracellular invasion. This 

will be discussed further in Chapter 3. Beyond just facilitating infection, some pathogenic 

organisms will also utilize the choline released from PC degradation. For example, 

Pseudomonas aeruginosa will import choline released from metabolism of host cell 

membranes and metabolize it to glycine betaine before demethylation into glycine.172 This 

metabolism is not necessary for pathogenesis and is hypothesized to facilitate growth 

due to generation of a methyl group donor.173  

  

1.6.1 Bacterial biosynthesis of phosphatidylcholine 

Although bacteria typically do not have high amounts of PC, some species are still 

capable of biosynthesizing this lipid. The mechanism by which they generate PC is similar 

to that of mammalian cells, either through methylation of PE or by activation of a building 

block using CTP.172 However, in contrast to human cell biosynthesis, DAG is activated by 

CTP, instead of choline. This allows the bacteria to append any polar head group to the 

activated CDP-DAG to generate phospholipids. This biosynthesis is shared among most 

bacteria, with certain species being capable of appending choline to the activated lipid 
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tails.171 Additionally, most bacteria do not encode a single enzyme to methylate PE, but 

instead utilize 3 different enzymes that work in concert to methylate PE in a stepwise 

manner.171 Although there is some understanding as to how bacteria interact with PC, 

there is a gap in how commensal gut microbes and host cells interact through this key 

lipid. This knowledge gap was what we hoped to address in this work.  

 

1.7 Chapter Preview 

This thesis describes work performed to understand commensal gut microbial metabolism 

of the lipid PC. Chapter 2 describes our efforts to characterize the metabolism of choline-

containing metabolites by commensal gut bacterial isolates. The panel of metabolites 

examined included phosphocholine, glycerophosphocholine, lysophosphatidylcholine, 

and PC, which are all common choline-containing molecules in the gut environment and 

the diet. We examined this metabolism through complimentary approaches – 

fluorescence-based enzyme assays in cell lysate and metabolite quantification from 

cultures. After determining the organisms capable of releasing free choline from the 

molecules of interest we performed bioinformatic analyses to identify putative genes 

encoding enzymes responsible for these transformations. These enzynmes were 

assessed based on homology to known enzymes capable of performing similar chemistry.  

 

Chapter 3 details our work characterizing the enzyme responsible for PC metabolism in 

Escherichia coli MS 200-1. We utilized genetic tools to construct and characterize a 

deletion mutant of the putative phospholipase D gene (pld). This genetic variant displayed 
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impaired PC metabolism in a variety of contexts. Additionally, we expressed and purified 

the PLD enzyme for biochemical characterization. Substrate specificity analysis and 

homology modeling revealed a preference for PC, potentially conferred by the presence 

of a single aspartate residue in the active site. Mutagenesis studies helped to provide 

support for the proposed role of this amino acid. Although we hypothesis that other 

residues are necessary for the recognition of other PL substrates, we were unable to 

switch the substrate specificity of our isolated PLD through mutagenesis studies. Further 

examination of this trend would be necessary to conclusively support the role of the 

position in catalysis across all PLDs.  

 

Finally, Chapter 4 examines the impact of bacterial PC metabolism on the host. As 

detailed above, PC is critical for many processes in human cells, including membrane 

function, liver health and gut barrier permeability. We sought to understand if the 

hydrolysis of this lipid by gut microbes influences the progression of diseases associated 

with aberrant PC metabolism. Interestingly, we found that mice colonized with microbes 

encoding PLD enzymes have increased gut barrier permeability compared with those 

colonized with microbes lacking PLD. Beyond this, we also identified a potential 

mechanism by which the inflammatory bowel disease (IBD) drug, 5-aminosalicylic acid, 

confers its therapeutic effects. We found that this small molecule is capable of inhibiting 

bacterial PLD activity in vitro and in whole cells. Although we have yet to investigate the 

potential effects in a mouse model, we believe that this provides a new mechanism of 

action for this drug that is in use today. Finally, we describe how further studies of this 
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drug-microbe interaction may provide a new strategy for the treatment of IBD, through the 

selective inhibition of gut microbial PLD enzymes.  
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Chapter 2: Metabolism of choline-containing compounds by human gut microbes 

and identification of a gut bacterial phospholipase D 

Portions of this chapter have been adapted from previous publications.1  

 

2.1 Introduction 

 

As detailed in Chapter 1, the initial goal of this thesis project was to understand how 

common dietary and host-derived choline-containing compounds could contribute to TMA 

production by the gut microbiome. The enzymes necessary for the C–N bond cleavage 

to generate TMA directly from choline had previously been identified by our lab and 

extensively characterized.1–4 However, the mechanisms by which other choline-

containing metabolites might contribute to this metabolic pathway were previously 

underappreciated. Interestingly, free choline is not the most abundant form of choline 

present in the diet or the GI tract, making it important to elucidate if other sources of 

choline could be precursors to TMA production.5,6 Indeed, some previous work has 

observed that phosphatidylcholine contributes to an increase in TMA generation.7 

                                                        
1 This chapter uses work published in two previous works.73,74 
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Figure 2.1 Quantities of choline-containing molecules in the human gut and diet  
The structures of the four choline-containing metabolites that were used in this thesis. 
The approximate concentrations of the metabolites that can be found in literature are 
noted as concentrations in millimolar.8 The presence of these five metabolites in food are 
given as a percentage of the total choline present in food.  
 

To investigate the link between choline-containing molecules and TMA production, we 

first aimed to elucidate if a panel of relevant gut isolates could release choline from 

specific choline-containing small molecules (Figure 2.1). Choline-containing metabolites 

were chosen based on their relative abundance in the diet and the human GI tract. Free 

choline is present in concentrations of approximately 1-2 mM in the GI tract, and only 

makes up approximately 25% of the total choline present in the diet.9 In contrast, 

phosphatidylcholine (PC) is a highly abundant lipid in dietary sources, making up 

approximately 50% of the total choline present in food substances.10–12 PC is also present 

at approximately 1-3 mM in the GI tract.13 PC is a component of bile, as well as the 

mucosal barrier that separates the GI lumen from the epithelial cells. All mammalian cells 

undergo a metabolic process called the Kennedy pathway (Figure 2.2).6,14 This process 
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allows cells to interconvert PC and choline via a phosphocholine (phC) intermediate.15,16 

PhC has also been detected in dietary sources in low amounts, making up 5-7% of the 

total choline in food.17 While phC is less prevalent in the diet than PC or choline, the 

Kennedy Pathway could lead to release of phC into the intestinal milieu increasing GI 

concentrations. Further, phospholipase C enzymes (PLCs) encoded by gut microbes are 

known to metabolize PC into phC.18–21 These enzymes are predominantly found in 

pathogenic strains of bacteria but could contribute to additional phC accumulation in the 

gut lumen.22 Lysophosphatidylcholine (LPC) is a host metabolite produced via the 

deacylation of PC by human phospholipase A (PLA) enzymes present in bile (Figure 

2.2).23–27 The degradation of PC into LPC aids in absorption of other dietary lipids and 

facilitates their delivery to the blood stream.28 Some intestinal bacteria also encode a copy 

of PLA, which can cause additional LPC to accumulate, leading to estimated intestinal 

concentrations of 0.5-1 mM.29–33 Although glycerophosphocholine (GPC) has not been 

detected in the colon, it is a large proportion of the choline present in food.17 GPC makes 

up approximately 20% of the total choline in dietary substances, making it a likely source 

of choline in the GI tract. Host or bacterial degradation of this compound, or ease of 

absorption, may contribute to the inability to quantify GPC in gut lumen and fecal samples.  
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Figure 2.2 Interconversion of choline containing metabolites in human cells 
Mammalian cells encode enzymes capable of interconverting PC and choline through the 
production of CDP-choline and phC intermediates. This metabolism is known as the 
Kennedy pathway (boxed in blue). Enzymes responsible for the various interconversion 
reactions are colored green (found only in mammals), red (found only in bacteria) or 
purple (found in both bacteria and human cells).  
 

This chapter describes my efforts to elucidate the mechanisms by which human gut 

bacteria to release free choline from alternative substrates. Fluorescence and mass-

spectrometer-based assays were used to detect metabolism of choline-containing 

compounds by a panel of human gut bacteria. Bioinformatics was then used to predict 

the bacterial enzymes responsible for these transformations. Finally, the phospholipase 

D family of enzymes was examined in using co-culturing to evaluate their presence in 

commensal organisms and their impact on community metabolism.  
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2.2 Results 

 

2.2.1 Choline-utilizing gut bacteria release free choline from various substrates 

Fifteen representative gut bacteria were examined for their ability to release free choline 

from the choline-containing substrates PC, lyso-PC, GPC, or phC. Ten of the fifteen 

strains encode the cut gene cluster (cut+) and the additional five are common members 

of the human gut microbiome (cut–). Cultures of the bacteria grown under anaerobic or 

aerobic conditions in Mega Media lacking an added substrate were lysed via the freeze-

thaw method. Lysates were normalized for protein content and then incubated with the 

various substrates. Enzymatic activity for choline generation was determined using a 

fluorescence-based Amplex Red assay (Figure 2.3).34 In order to quantify the activity 

observed in this assay, purified PLD from Streptomyces sp. PMF was used. To construct 

a standard curve, the purified PLD from was dissolved in buffer at a range of 

concentrations and then was used in the Amplex Red assay with known concentrations 

of choline-containing substrates. Control assays lacking substrates demonstrated that 

lysates were not capable of producing hydrogen peroxide through other enzymatic 

processes, as no activity was detected in the absence of substrate.  
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Figure 2.3 Amplex Red assay for choline detection 
In the presence of a bacterial enzyme capable of releasing free choline from various 
choline containing substrates, the choline oxidase will generate glycine betaine and 
hydrogen peroxide. Hydrogen peroxide will combine with the Amplex Red reagent in the 
presence of horseradish peroxidase to generate resorufin, a pink and fluorescent. The 
fluorescence generated in this assay can be measured at an excitation wavelength of 530 
nm and emission wavelength of 590 nm.  
 

Choline production from PC and GPC was detected in unclarified cell lysates of seven 

cut+ strains grown in the absence of substrate under anaerobic conditions (Figure 2.4). 

Although cultures were grown anaerobically, lysates were analyzed aerobically with the 

Amplex Red reagent. Assay was repeated under conditions where cultures were grown 

in the presence of PC to account for induction of enzyme expression. Lysates from two 

cut+ strains, Enterococcus raffinosus and Lactobacillus parlimentarius, only showed 

activity toward PC when grown in the presence of this substrate, suggesting PC regulates 

expression of metabolic enzymes in these organisms. Of the cut – organisms, only 

Eubacterium rectale showed enzymatic activity toward PC, while four species showed 

weak activity toward GPC. None of the strains assayed displayed any detectable activity 

toward LPC or phC. In addition to cell lysates, culture supernatants were examined for 

enzymatic activity. However, none of the culture supernatants exhibited any activity. 
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Figure 2.4 Activity of lysates from anaerobic bacterial cultures toward choline-
containing substrates  
Relative enzymatic activity (mU/mL) of culture lysates toward PC, LPC, GPC, and phC 
as measured via the Amplex Red-dependent coupled-enzyme assay. Heat map indicates 
the average of three independent experiments.  
 

Not all of the strains assayed are capable of growth under aerobic conditions, so only a 

subset were tested in this format. When the Amplex Red assay was performed on cell 

lysates from aerobically grown cultures, similar results were observed compared with 

anaerobic growth. Eight out of nine species displayed activity toward PC and all nine 

exhibited activity toward GPC. As with the anaerobic cultures, there was no detectable 
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activity toward the LPC or phC substrates (Figure 2.5), indicating that these substrates 

likely do not contribute to TMA generation by these microbes in the gut environment.  

 

 

Figure 2.5 Activity of lysates from aerobic bacterial cultures toward choline-
containing substrates 
Relative enzymatic activity (mU/mL) of culture lysates toward PC, LPC, GPC, and phC 
as measured via the Amplex Red-dependent coupled-enzyme assay. Heat map indicates 
the average of three independent experiments.  
 

2.2.2 Choline-utilizing bacteria can obtain choline from alternative substrates 

We then assessed the ability of the 15 strains to convert these choline-containing 

substrates to TMA via a free choline intermediate. We first focused on PC metabolism 

and designed a minimal medium that would lack any other potential choline-containing 

sources to avoid confounding results.  Bacterial cultures of E. coli MS200-1 were grown 

anaerobically in rich medium, and these cultures were used to inoculate a minimal 
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medium containing PC as the sole carbon source and analyzed after 16 hours using LC-

MS/MS. Initial attempts to detect choline and TMA in culture extracts using LC-MS/MS 

analysis were unsuccessful. These results were confounding as the Amplex Red assay 

suggested these bacteria could release free choline from these substrates. As these 

cultures were being grown in a minimal medium, we hypothesized that additional media 

components may be necessary to stimulate choline and TMA generation. 

 

In order optimize choline and TMA generation the growth media was redesigned to induce 

the production of higher metabolite concentrations (Figure 2.6). First, 0.1-0.5% glucose 

or yeast extract were added to the minimal medium in order to help promote growth. 

These conditions did not produce any detectable choline or TMA. Following this attempt, 

60 mM glucose was utilized as the carbon source with addition of 1 mM PC and we were 

still unable to observe production of choline or TMA. Finally, a richer medium (BHI) was 

used with either 1 mM PC or 1 mM choline added to determine if the trace amount of 

choline in BHI would affect metabolism. Under these conditions, only the medium 

containing choline showed any detectable TMA production via LC-MS/MS. There were 

also attempts to add extra salts to aid with growth (1 mM MgCl2 or 0.1 mM CaCl2), 

however, none of those conditions produced any detectable TMA. Finally, both choline 

and PC were included in the BHI medium at 1 mM each. Under these conditions, TMA 

accumulation was greater than what would have been possible with only choline. This led 

us to conclude that choline was necessary for cut cluster induction to observe conversion 

of PC to TMA.   
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Figure 2.6 Optimization of culture conditions for PC metabolism  
Results from LC-MS/MS analysis of E. coli MS 200-1 culture grown under various media 
conditions in an effort find conditions that promote the production of choline and TMA 
from PC. Condition 7 (BHI + 1 mM choline) was included as a control to ensure adequate 
detection of TMA and choline using the LC-MS/MS method. Condition 11 (BHI + 1 mM 
choline + 1 mM PC) produced more TMA than the choline alone control, suggesting that 
the inclusion of choline was necessary to see conversion of PC in culture. The data are 
an average of 3 replicates and error bars indicate standard deviation. 
 
 
With those results, we next sought to distinguish between TMA generated from choline, 

and that derived from PC by feeding cultures deuterium-labelled choline. Bacteria were 
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grown anaerobically in BHI medium in the presence different concentrations of d9-choline 

and unlabeled PC (Figure 2.7). This experiment suggested that starting concentrations of 

PC and d9-choline had to be 0.5 mM and 1 mM, respectively for the highest percent 

conversion of PC to choline and TMA to occur. Further experimentation revealed that if 

choline was included in the starter cultures prior to inoculation into PC-containing BHI 

medium, choline and TMA production was observed. We concluded that induction of the 

cut cluster prior to PC hydrolysis into choline, may be necessary to observe this 

conversion in culture. Given these results, the following experiments used starter cultures 

grown in choline-containing media to inoculate media with the desired choline-containing 

substrate added.   
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Figure 2.7 Optimization of choline and PC concentrations for TMA production by 
E. coli MS 200-1 
TMA, choline, d9-TMA and d9-choline were measured via LC-MS/MS from culture extracts 
to detect the metabolism of PC and d9-choline. These data were used to determine the 
optimal concentrations to mix PC and d9-choline in BHI medium. Concentrations are 
measured in millimolar and the data are an average of 3 replicates with error bars 
representing the standard deviation.   
 

We found that nine cut+ strains were capable of generating TMA from PC and GPC, 

whereas none converted LPC or phC to either choline or TMA (Figure 2.8). As expected, 



 

 78 

the cut- strains did not produce TMA when grown in the presence of any of the substrates. 

Notably, free choline was detected in each of the assays in which TMA production was 

observed. Choline also accumulated in cultures of the cut – strain E. rectale and in a 

mutant of E. coli MS 200-1 that lacks the key TMA-producing enzyme CutC (∆cutC). 

These observations suggest that the conversion of both PC and GPC to TMA proceeds 

via release of free choline, which is further processed to TMA via the pathway encoded 

by the cut gene cluster.  
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Figure 2.8 Quantification of TMA and choline from cultures of human gut bacteria 
grown with choline-containing substrates 
Choline (red) and TMA (blue) concentrations as measured via LC-MS/MS from cultures 
grown for 16 hours with 0.5 mM PC (a), LPC (b), GPC (c), or phC (d). Extracted cultures 
were analyzed via LC-MS/MS to quantify choline and TMA produced. All bar graphs show 
the mean and standard deviation of 3 biologically independent samples and error bars 
indicate the standard deviation. 
 

2.2.3 Bioinformatic analyses identify candidate enzymes for metabolism of choline-

containing substrates 

After confirming that bacterial species were capable of releasing free choline from 

alternative substrates, we sought to identify the enzymes responsible for the metabolism. 

The enzyme that would be necessary to hydrolyze choline from GPC was prioritized first 
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as more is known about GPC metabolism. We hypothesized that an enzyme from the 

glycerophosphodiester phosphodiesterase (GDPD) family would be responsible for GPC 

metabolism (Figure 2.9). This family of enzymes catalyzes a reaction that releases an 

alcohol and sn-glycerol-3-phosphate,35 releasing sources of carbon and phosphate to 

enable bacterial growth. The GDPD family was initially discovered in bacteria and there 

has had some characterization across both gram-positive and gram-negative organisms. 

Literature searches identified characterized GDPDs in the mammal Mus musculus, and 

bacterial strains Enterobacter aerogenes, Pseudomonas aeruginosa, Klebsiella 

pneumoniae, and Haemophilus influenzae.36–39  
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Figure 2.9 Proposed enzymatic transformations necessary for release of choline 
from more complex substrates 
Enzymes predicted to metabolize GPC and PC into free choline. There is only one 
potential pathway for GPC hydrolysis into choline, through the activity of a GDPD enzyme. 
For PC there are two potential pathways – either direct release via PLD activity or 
stepwise via GPC by the activity of a PLA, followed by GDPD.  
 

To identify putative GDPDs in the organisms that demonstrated enzymatic activity toward 

GPC in our experiments, the representative enzyme from H. influenzae (GenBank ID: 

AAC22348.1) was used as a query for BLAST searches. This analysis revealed at least 

one copy of a GDPD in the genomes of all organisms that displayed activity toward the 

GPC substrate. A multiple sequence alignment was constructed and was used to 

examine the conservation of key active site residues (Figure 2.10). There were multiple 

copies of GDPDs identified in E. coli, and there was high conservation of the glycine, 

threonine, and leucine residues necessary for catalysis in all of those sequences.35,40 
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Overall, these results suggest that bacteria capable of hydrolyzing GPC into choline 

possess putative GDPDs that could be responsible for this activity.  

 

Figure 2.10 Multiple sequence alignment of GDPDs identified in human gut 
microbes 
A multiple sequence alignment of putative GDPDs identified in organisms capable of 
metabolizing GPC. The alignment has been trimmed to show key catalytic residues that 
are required for full activity and are conserved across all GDPD enzymes. Key active site 
residues are denoted by red asterisks. Alignment was generated using ClustalOmega 
and is colored according to Clustal convention.  
 

We next sought to identify the genes and enzyme(s) responsible for gut bacterial 

hydrolysis of PC to choline. We hypothesized that this metabolism could occur through 

two possible routes – fatty acyl chain hydrolysis into GPC, followed by GDPD mediated 

release of choline, or direct choline release via the activity of a phospholipase D (PLD) 

family enzyme (Figure 2.9). Fatty acyl chain hydrolysis would be possible through the 



 

 83 

activity of a phospholipase A (PLA) enzyme. PLA enzymes have been identified both in 

human pancreatic fluid and environmental bacterial isolates, the pathway seemed to be 

a viable option for metabolizing PC present in the GI lumen.30 These enzymes utilize an 

active site serine and aspartate catalytic dyad to facilitate hydrolysis of the ester bonds 

between the glycerol moiety and the fatty acyl chains.23,41,42 Previously characterized 

PLAs were identified in Enterobacter aerogenes, Cronobacter malonaticus, Vibrio 

antiquarius, and Photobacterium damselae.43–45 The PLA from E. aerogenes (GenBank 

ID: CCG32414.1) was selected as the query sequence for BLAST analysis for the 

bacterial strains that displayed enzymatic activity toward PC. However, this analysis did 

not identify any putative PLAs in organisms that metabolized PC that could be confidently 

assigned as PLA family enzymes. The low query coverage and identify percentages led 

me to conclude, that although this pathway could not be ruled out, there may be 

alternative mechanisms by which these organisms could access choline from PC. 
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Figure 2.11 Multiple sequence alignment of PLA enzymes identified in human gut 
microbes 
A multiple sequence alignment of putative PLAs identified in organisms capable of 
metabolizing PC via BLAST searches. The alignment has been trimmed to show key 
catalytic motifs that are required for full activity and are conserved across all PLA 
enzymes. Key active site residues are denoted by red asterisks. Alignment was generated 
using ClustalOmega and is colored according to Clustal convention.  
 

We next searched these bacterial genomes for putative PLD enzymes. Enzymes of the 

PLD family hydrolyze phospholipids, releasing a polar head group and phosphatidic 

acid.46,47 This protein family includes well-characterized plant and mammalian PLDs (six 

main isoforms), as well as more recently characterized bacterial enzymes from soil 

isolates.48–51 Human PLDs share reasonable homology to PLDs found in pathogenic 

organisms, with all six human isoforms sharing greater than 30% sequence identity to the 

PLD encoded by Pseudomonas aeruginosa.52 However, these enzymes have not yet 

been identified in commensal gut strains and have primarily been examined in the context 

of bacterial pathogenesis.53,54  
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To identify putative PLDs in the 15 isolates examined above, BLAST searches were 

performed using biochemically characterized PLDs from Streptomyces sp. PMF (UniProt 

ID: P84147)55 and P. aeruginosa (UniProt ID: Q9HYC2)56 as the input. These two PLDs 

were chosen because they share low amino acid sequence identity to one another (12%) 

and have been biochemically characterized. This analysis revealed a single, putative 

PLD-encoding gene in the nine cut+ strains that metabolized PC to choline (40-63% amino 

acid ID with Streptomyces sp. PMF, 70-85% coverage). The amino acid sequences of 

these hits contained two conserved HKD motifs that are required for PLD catalysis (Figure 

2.12).57–59 There were no putative PLD enzymes identified in the genomes of organisms 

that did not metabolize PC to choline (E-value threshold of 0.1). When the genomes were 

queried with the PLD sequence from the pathogen, P. aeruginosa, no hits were returned. 
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Figure 2.12 Multiple sequence alignment of PLDs identified in human gut microbes 
A multiple sequence alignment was constructed using ClustalOmega for PLD protein 
sequences obtained via BLAST searches in the genomes of organisms that exhibited 
enzymatic activity toward PC. The alignment has been trimmed to show key catalytic 
domains that contain His, Lys and Asp (HKD domain, indicated with red asterisks). This 
motif is repeated, required for catalytic activity, and is conserved across all analyzed 
PLDs. Residues are numbered according to the E. coli MS 200-1 PLD sequence. 
Alignment is colored according to the Clustal convention.  
 

2.2.4 Distribution of phospholipase Ds in isolates known to generate TMA 

The bioinformatic analysis in the previous section suggested that PLDs may be the 

enzyme responsible for converting PC to choline. Because gut bacterial PC metabolism 

may contribute to the production of the disease-associated metabolite TMA, we assessed 

the distribution of the PLD enzymes in 860 genomes of cut+ gut bacterial isolates. This 

list of 860 genomes was previously compiled by Dr. Ana Martinez del Campo using the 

choline-TMA lyase (CutC) protein sequence from Desulfovibrio desulfuricans as the query 

for BLAST searches.4 We searched for putative PLDs in the genomes of these organisms 
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using the sequences of PLDs from Streptomyces sp. PMF, P. aeruginosa, and E. coli MS 

200-1 as queries for BLAST searches. This analysis identified putative PLDs in over 90% 

of these strains. None of the identified proteins had been previously characterized or 

identified as putative PLDs. Interestingly, hits were returned only when either the 

Streptomyces sp. PMF or E. coli PLDs were used as the query (average amino acid 

identity of 62%). Searches with the P. aeruginosa PLD as the query sequence produced 

hits for fewer than 5% of the species (average amino acid identity less than 10%, query 

coverage less than 15%). A multiple sequence alignment was constructed from the 775 

hits using Clustal Omega. Alignments of the putative PLD sequences in these organisms 

confirmed the presence of conserved HKD motifs, strongly indicating these sequences 

are PLDs. Overall, this analysis suggests that PLD activity is common in cut+ bacteria and 

that PC may be an important source of choline for these organisms.   

 

2.2.5 PLDs from cut– strains support choline metabolism by cut+ organisms lacking 

PLDs  

After an early observation that a cut– bacteria could liberate choline from PC, we sought 

to investigate if these organisms could enable the generation of TMA by choline-

metabolizers. Bacteria lacking the cut gene cluster are unable to use choline as a source 

of carbon and energy, so we wondered why they might have evolved to release free 

choline from PC. Eubacterium rectale is a common strain in gut microbial communities 

but lacks the ability to utilize choline as a carbon source. We hypothesized that strains 

capable of accessing PC from choline could facilitate TMA generation by microbes that 
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possess the cut gene cluster but cannot degrade PC into choline, such as Enterococcus 

raffinosus. This metabolic cross-talk between strains could potentially increase the 

likelihood of the generation of the disease-associated metabolite TMA.  

 

To test this proposal, we sought to culture organisms that encode complimentary 

metabolic pathways together to detect if they could share metabolites. We selected 

strains for this assay based on the bioinformatic prediction of the presence or absence of 

a cut gene cluster or pld. We grew each strain individually in rich medium containing 

choline, before resuspending cells in PBS buffer in the presence of PC (Figure 2.13). 

Cells were resuspended individually or in mixtures containing a 1:1 ratio of pld–cut+ and 

pld+cut– cells. These resuspensions were incubated anaerobically for 12 hours before 

quantification of choline and TMA via LC-MS/MS. 

 

Figure 2.13 Co-culturing assay design to detect the exchange of PC metabolites  
The design of an assay to test whether gut organisms possessing a PLD enzyme could 
supply choline to organisms missing this enzyme. Strains were grown in individually 
overnight, before being resuspended in PBS buffer and combined in a 1:1 ratio to examine 
metabolite sharing between the two organisms.  
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As predicted, only the pld+ cut– organisms accumulated choline when they were incubated 

in PC-containing PBS buffer alone, and none of the strains accumulated TMA from PC 

(Figure 2.14). The activity of pairwise combinations of strains was then examined. 

Bacteroides dorei was utilized as the pld+cut– organism due to its higher observed 

abundance in the human gut microbiome.60 Staphylococcus epidermidis is not typically a 

member of the gut microbiota but was included as a pld+cut– organism due to its high 

abundance in human skin samples.61 Notably, some of the pairs produced both choline 

and TMA in cell extracts (Figure 2.14). Interestingly, E. raffinosus which in previous 

experiments was unable to utilize PC as a substrate for TMA generation, was able to 

generate TMA when co-cultured with B. dorei.  This observation indicates that PLDs 

present in non-choline metabolizing organisms can liberate choline for transformation to 

TMA by choline-metabolizing bacteria.  
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Figure 2.14 PLD-encoding bacteria lacking the cut gene cluster can support choline 
metabolism by pld-cut+ gut microbes 
(A) Bacterial cultures were incubated in the presence of 0.5 mM PC and assessed for 
their ability to release choline. (B) Various combinations of pld+cut– and pld–cut+ strains 
generate TMA from PC. All bar graphs show the mean and standard deviation of 3 
biologically independent samples. 
 

2.2.6 PLDs identified in choline metabolizers are distinct from known bacterial 

PLDs 

Most bacterial PLDs characterized to date are from pathogenic bacteria and play a key 

role in establishing infection. Pathogens excrete PLDs that metabolize the phospholipids 

of host cell membranes and facilitates the progression of infection.30,62 These organisms, 
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including Yersinia pestis,63 Neisseria gonorrhoeae,64 and Rickettsia prowazeckii,65,66 do 

not have the cut gene cluster and therefore do not use the PLD enzyme to supply choline 

for anaerobic metabolism. Inactivation of the PLD-encoding gene in these above 

mentioned bacterial strains reduces or completely abolishes their ability to invade host 

cells.63,67 However, the putative PLDs identified via the BLAST analyses described above 

have very low amino acid sequence identity to those involved in bacterial pathogenesis; 

for example, they share less than 5% identity with one of the most well studied 

pathogenicity-associated PLDs from P. aeruginosa.68 This low amino acid similarity was 

observed across all PLDs identified in the 860 genomes encoding the cut gene cluster.  

 

The putative PLDs identified in choline metabolizing strains more closely resemble each 

other than the sequences from pathogens, as they share greater than 50% amino acid 

sequence identity. The lack of resemblance between PLDs from gut commensals and 

pathogens led us to hypothesize that these two groups of enzymes evolved independently 

in response to distinct pressures. To examine the relationship between these two groups 

of enzymes, we performed a maximum likelihood phylogenetic analysis of PLDs identified 

in cut+ organisms, characterized PLDs from pathogens, PLDs identified in Streptomyces, 

and eukaryotic PLDs. Our analysis revealed that PLD enzymes from commensal bacteria 

are phylogenetically distinct from PLDs associated with pathogenicity (Figure 2.15). The 

sequences of human PLDs appear as outgroups on the tree as they are so dissimilar to 

bacterial PLDs. The remaining mammalian PLDs appear as a branch that seems to be 

closely related to some pathogenic PLDs.  
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Notably, the topology of the PLD phylogenetic tree does not correspond to species 

phylogeny as determined from an analysis of 16S rRNA sequences (Figure 2.16). For 

example, two PLDs from Klebsiella strains are located in distinct positions of the tree, with 

the virulence-associated PLD from K. pneumoniae clustering with sequences from 

pathogens while the PLD from Klebsiella sp. MS 92-3 groups with PLDs from other 

commensals. These incongruous phylogenies are interesting as there is little indication 

that these enzymes have been acquired through horizontal gene transfer. Potentially the 

PLDs have evolved separately in these two distinct populations.  
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Figure 2.15 Phylogenetic analysis of PLDs 
Maximum likelihood phylogenetic tree for PLD protein sequences found in eukaryotes 
(purple branches), pathogenic bacterial strains (red branches), commensal bacteria (cyan 
branches), and soil bacteria (green branches). Black circles on branches indicate 
bootstrap values greater than 0.7 from 300 bootstrap replicates. Black stars denote 
biochemically characterized PLDs. Pink stars denote the PLDs from Klebsiella 
pneumonia, a pathogenic organism, and Klebsiella sp. MS 92-3, a commensal organism. 
Green stars indicate Pseudomonas aeruginosa, a pathogenic organism, and 
Pseudomonas fluorescens, a non-pathogenic organism.   
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Figure 2.16 16S phylogeny of bacterial strains encoding PLDs 
Phylogenetic tree of 16S ribosomal RNA sequences from the pathogenic bacterial 
strains (red branches), commensal organisms (cyan branches), and soil isolates (green 
branches) that were used in the PLD cladogram. Black circles on branches indicate 
bootstrap values greater than 0.7. The tree was constructed using maximum likelihood 
analysis with 300 bootstrap replicates and the Tamura-Nei model. 
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2.3 Conclusions 

These initial studies suggested that choline-degrading human gut bacteria, and likely a 

larger subset of human gut microbes, metabolize PC using PLD enzymes. The discovery 

of this previously underappreciated gut microbial metabolic transformation provides 

additional insights into the evolution of PLDs and their potential roles in human disease. 

The differences in the phylogeny of PLD enzymes from commensal and pathogenic 

bacteria, along with the role of commensal PLDs in supporting generation of choline a 

carbon source, suggest that these enzymes have evolved for different purposes. 

 

These findings also expand our understanding of the factors influencing TMA production 

in the human gut. We identified PLDs in the majority of sequenced commensal isolates 

containing the cut gene cluster, indicating that these strains likely use choline derived 

from PC as a source of carbon and energy. Bioinformatically, approximately 90% of 

organisms that encode the cut gene cluster encode a putative PLD; experimentally 10 out 

of 11 cut+ strains examined release choline from PC. However, the failure to detect this 

enzymatic activity or PLD-encoding genes in additional cut+ strains, could indicate that a 

subset of choline-metabolizing organisms cannot access free choline from this substrate. 

The unexpected discovery of PLDs in organisms lacking the ability to metabolize choline 

suggests these gut microbes may supply this substrate to other choline-utilizing members 

of the community, influencing the production of TMA. Though the relative contribution of 

host and microbial enzymes to dietary PC metabolism remains unclear, the strong 
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correlation between the presence of the cut gene cluster and the ability to release choline 

from PC indicates that this activity is not purely host-derived.  

 

Although we have identified a putative PLD in these organisms, we have not confirmed 

that this identified enzyme is responsible for the observed activity. We hope that further 

investigations into this enzyme could help elucidate a mechanism by which gut isolates 

can contribute to choline and TMA generation through PC metabolism. Confirmation of 

this activity would necessitate genetic and biochemical studies, which will be described 

in Chapter 3.  

 

2.4 Methods 

2.4.1 General materials and methods 

Commercial chemicals were of the highest purity available and purchased from Sigma-

Aldrich (St. Louis, MO) unless otherwise noted. Lecithin was obtained from Alfa Aesar. 

d9-choline was obtained from Cambridge Isotope Laboratories. Luria-Bertani (LB) 

medium was obtained from EMD Millipore or Alfa Aesar. Isopropyl β-D-1-

thiogalactopyranoside (IPTG) was purchased from Teknova (Hollister, CA). Acetonitrile 

for LC-MS analyses was purchased as LC-MS grade solvent from Honeywell Burdick & 

Jackson (Muskegon, MI). VU0359595 was purchased from Avanti Polar Lipids (Alabaster, 

AL). Bacterial strains were obtained from culture collections (Table 2.1). Genomic DNA 

was extracted using the UltraClean Microbial DNA Isolation Kit (MO BIO Laboratories, 

Carlsbad, CA). DNA sequencing was performed by Eton Biosciences (Charlestown, MA). 
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DNA sequencing results were visualized in Geneious 8.1.7. Protein concentrations were 

determined according to the method of Bradford using bovine serum albumin (BSA) as a 

standard or by using a Thermo Scientific NanoDrop 2000 UV-Vis Spectrophotometer and 

measuring absorbance at 595 nm (ThermoFisher Scientific, Rockford, IL). Optical 

densities of bacterial cultures were determined with a Beckman Coulter DU 730 Life 

Science Spectrophotometer (Beckman Coulter, Brea, CA) by measuring absorbance at 

600 nm. Plots were generated using Prism 7.  

 

2.4.2 Detection of enzyme activity using Amplex Red assay  

Cultures (Table 2.1) were grown either aerobically or anaerobically on Mega Medium 

containing 0.5 mM phosphatidylcholine (PC). Media for anaerobic culturing was 

autoclaved for 15 minutes, sparged with nitrogen for 1 hour, and equilibrated in a Coy 

vinyl anaerobic chamber (95% N2, 5% H2 atmosphere; Coy Labs, Grass Lake, MI) 

overnight. Three 5 mL replicates were inoculated with 5 µL of an overnight starter culture 

and grown for 12 h at 37 ºC. Cultures were normalized for OD and then harvested via 

centrifugation at 3200 g for 10 minutes. Cell pellets were resuspended in lysis buffer [50 

mM Tris, 1 mM PMSF, 0.03% TritonX, 0.2 mg/mL lysozyme, pH 8.0] and frozen at –80 

ºC for 15 minutes. Frozen cell pellets were thawed slowly on the benchtop and lysates 

normalized for total protein content. Bradford assay was used to quantify total protein 

content. Cell lysates were subsequently diluted 1000-fold and analyzed using published 

protocols for Amplex Red dependent phospholipase D activity.34 Briefly, the reaction 

mixture contained 25 mM Tris, 5 mM CaCl2, 2 U/mL Horseradish Peroxidase, 0.2 U/mL 
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choline oxidase, 0.5 mM lecithin, and 0.1 mM Amplex Red reagent, pH 8.0. The assay 

mixture was set up on ice in the dark with 100 µL of reaction mixture added to 100 µL of 

diluted cell lysates. Reactions were incubated at 37 ºC for 20 minutes and then analyzed 

in a BioTek Synergy HTX multi-mode reader (BioTek, Winooski, VT) monitoring 

fluorescence [Ex. 530 nm Em. 590 nm]. To assess the presence of enzyme activity with 

other substrates, 0.5 mM PC was substituted in the overnight cultures and assay buffer 

with either lyso-PC (LPC), glycerophosphocholine (GPC), or phosphocholine (phC).  
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Table 2.1 List of strains utilized in this thesis 

Bacterial strain Source Identifier 
Bacteroides caccae ATCC 43185 
Bacteroides dorei DSM 17855 
Bacteroides ovatus ATCC 8483 
Bacteroides thetaiotaomicron VPI-
5482 ATCC 29148 

Clostridium sporogenes ATCC 15579 
Collinsella aerofaciens ATCC 25986 
Cronobacter sakazakii ATCC 29544 
Edwardsiella tarda ATCC 23685 
EMC Romano, et al.69  MS 200-1 derivative, DcutC 
EMP This study MS 200-1 derivative, Dpld 
Enterococcus raffinosus ATCC 49464 
Escherichia coli BEI MS 200-1 
Escherichia coli BEI MS 69-1 
Escherichia coli Agilent BL21 CodonPlus(DE3)-RIL 
Escherichia fergusonii ATCC 35469 
Eubacterium rectale ATCC 33656 
Klebsiella BEI MS 92-3 
Lactobacillus parlimentarius DSMZ 13238 
Paenibacillus uliginis DSMZ 21861 
Parabacteroides johnsonii DSM 18315 
Photobacterium ganghwense DSMZ 22954 
Proteus mirabilis ATCC 29906 
Providencia rettgeri DSM 1131 
Staphylococcus epidermidis ATCC 12228 
Streptococcus dysgalactiae ssp. 
equisimillis ATCC 12394 

 

2.4.3 Quantification of choline and TMA production from choline-containing 

substrates 

Strains were grown anaerobically (5% H2, 95% N2 atmosphere) on Mega Medium (Table 

2.2) containing 0.5 mM substrate (PC, LPC, GPC, or phC). MegaMedia was autoclaved 

for 15 minutes, sparged with nitrogen for 1 hour, and equilibrated in a Coy vinyl anaerobic 

chamber (Coy Labs, Grass Lake, MI) overnight. Cultures (1 mL) were inoculated with 2 
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µL of an overnight starter culture that contained 1 mM choline and grown for 16 h at 37 

ºC under anaerobic conditions in a 96-well plate sealed with aluminum film. Culture 

aliquots were diluted 50-fold into a mixture of 95% acetonitrile:5% 50 mM ammonium 

formate:0.02% formic acid to lyse cells and recover total (intracellular and extracellular) 

TMA and choline. TMA and choline concentrations were assessed using LC-MC/MS. 

Media blanks consisted of 1 mL uninoculated media containing 0.5 mM substrate. The 

experiment was performed in three biological replicates.  

 

LC-MS analysis was performed on an Agilent 6410 Triple Quadrupole LC/MS instrument 

(Agilent Technologies, Wilmington, DE). Samples and blanks were introduced via an 

electrospray ionization (ESI) source. The mass spectrometers were operated in multiple 

reaction monitoring (MRM) mode. The capillary voltage was set to 4.0 kV and the 

fragmentor voltage to 110 V. The drying gas temperature was maintained at 200 °C with 

a flow rate of 10 L/min and a nebulizer pressure of 45 psi. The precursor-product ion pairs 

used in MRM mode were: m/z 60.1→m/z 45.1 (TMA), m/z 140.1→m/z 45.1 (choline). The 

collision energies for the precursor-product ion pairs were 21 V. MS1 resolution was set 

to unit, MS2 resolution was set to unit, and the ΔEMV (Electron Multiplier Voltage) was 

400 V. Data analysis was performed with Mass Hunter Workstation Data Acquisition 

software (Agilent Technologies). LC analysis was performed in positive mode, using a 

Kinetex (Phenomenex) HILIC column (2.6 µm, 30 mm or 50 mm × 2.1 mm, 100 Å), 

preceded by a SecurityGuard ULTRA HILIC. The LC conditions were 0% B for 1 min, a 

gradient increasing to 90% B over 2 min, 90% B for 1.5 min, a gradient decreasing to 0% 
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B over 1.5 min, and 0% B for 1.5 min at a flow rate of 0.6 mL/min (solvent A = 95% 

acetonitrile, 0.5 mM ammonium formate in water with 0.02% formic acid, solvent B = 50% 

acetonitrile, 40% water, 0.5 mM ammonium formate in water with 0.02% formic acid). 

Injection volumes were set at 5 µL per sample. For quantification of TMA and choline, an 

external standard curve was prepared in MegaMedia supplemented with 0.5 mM PC and 

analyzed at concentrations ranging from 40 ng/L to 0.8 ng/L for TMA and 58 ng/L to 1.2 

ng/L for choline.  

 

Table 2.2 MegaMedia Recipe 

Component  Quantity/L Comments 

Tryptone Peptone 10 g  
Yeast Extract 5 g  
D-glucose 2 g  
L-Cysteine HCl 0.5 g  
Potassium Phosphate buffer 100 mL 1 M stock solution, pH 7.2 
Vitamin K3 (menadione) 1 mL 1 mg/mL in 100% ethanol stock solution 
MgSO4·7 H2O 0.02 g  
NaHCO3 0.4 g  
NaCl 0.08 g  
CaCl2 1 mL 80 mg/L stock solution 
FeSO4·7 H2O 1 mL 4 mg/L stock solution 
Resazurin 4 mL 2.5 mg/L stock solution 
Histidine Hematin 1 mL 1.2 mg/mL in 0.2 M histidine (pH 8.0) 
Tween80 2 mL 25% (vol/vol) stock solution 
Sodium Acetate 1 g  

Meat Extract 5 g  
ATCC Vitamin Mix 10 mL  
ATCC Trace Mineral Mix 10 mL  
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2.4.4 Bioinformatic analyses of candidate enzymes for choline generation 

The distribution of GDPD enzymes in organisms exhibiting GPC metabolism was 

examined using Haemophilus influenzae (UniProt ID: Q06282) GDPD protein sequences 

as the query for a pBLAST search using the NCBI search tool on January 10, 2016. To 

identify true GDPD enzymes, we gathered only sequences that exhibit higher than 30% 

amino acid sequence ID to the queries at an E-value cutoff of E-10. The presence of key 

catalytic residues was assessed using a multiple sequence alignment generated with the 

Clustal Omega70 webserver tool (https://www.ebi.ac.uk/Tools/msa/clustalo/) and visualized 

in Geneious. 

 

The distribution of PLA enzymes in organisms exhibiting PC metabolism was examined 

using Enterobacter aerogenes (UniProt ID: A0A155L964) PLA protein sequences as the 

query for a pBLAST search using the NCBI search tool on January 10, 2016. To identify 

true PLA enzymes, we gathered only sequences that exhibit higher than 30% amino acid 

sequence ID to the queries at an E-value cutoff of E-10. The presence of key catalytic 

residues, aspartate and serine, was assessed using a multiple sequence alignment 

generated with the Clustal Omega webserver tool 

(https://www.ebi.ac.uk/Tools/msa/clustalo/) and visualized in Geneious. 

 

2.4.5 Assessing distribution of putative PLD enzymes in cut+ organisms 

The distribution of PLD enzymes in a compiled list of cut gene cluster containing 

organisms (cut+, 860 organisms as of November 2016) was examined using 
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Streptomyces sp. PMF (UniProt ID: P84147) and Pseudomonas aeruginosa (UniProt ID: 

Q9HYC2) PLD protein sequences as the query for a pBLAST search using the NCBI 

search tool on November 12, 2017. To identify true PLD enzymes, we gathered only 

sequences that exhibit higher than 30% amino acid sequence ID to the queries at an E-

value cutoff of E-10 and also contain two copies of the known catalytic motif (HKD motif). 

The presence of this motif was assessed using a multiple sequence alignment generated 

with the Clustal Omega webserver tool (https://www.ebi.ac.uk/Tools/msa/clustalo/) and 

visualized in Geneious. The key catalytic residues (His133, Lys135, Asp140, His372, Lys 

374, Asp379, numbered according to E. coli MS 200-1 PLD) were completely conserved 

across all hits, supporting their assignment as PLDs. Based on this analysis, we 

determined that 93% of these cut+ organisms encoded a PLD.  

 

2.4.6 Co-culturing of cut–pld+ and cut+pld– organisms 

Overnight cultures of bacteria were grown in MegaMedia under anaerobic conditions for 

12 hours. OD600 measurements were taken using a BioTek plate reader. Cells were 

pelleted via centrifugation at 1000 g and then resuspended in PBS buffer to a normalized 

OD600 of 1. Cultures were then mixed in a 1:1 ratio to a total volume of 0.5 mL. PC was 

added to the mixtures to a final concentration of 0.5 mM. Resuspensions were incubated 

anaerobically at 37 ºC for 12 hours. Media blanks consisted of 0.5 mL PBS buffer 

containing 0.5 mM PC. Cultures and blanks were diluted 50-fold into 95% acetonitrile: 5% 

50 mM ammonium formate: 0.02% formic acid. The experiment was performed in 

triplicate. Samples were analyzed via LC-MS/MS as described above. 
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2.4.7 Construction of a phylogenetic tree for PLDs 

A list of sequences was compiled from select PLDs identified in the above BLAST 

searches and sequences included in a recent phylogenetic analysis of PLDs from 

pathogenic organisms.71 The resulting proteins (162 in total) were aligned using the 

Clustal Omega websever tool. The file was visualized in MEGA7 and was trimmed to 300 

amino acids. The alignment was used to generate a maximum likelihood phylogenetic 

tree in MEGA7 using a maximum likelihood LG model with 90% coverage cutoff for gap 

deletion, and 300 bootstrap replicates. For the 16S rRNA phylogeny, 16S rRNA 

sequences were obtained for the bacterial species analyzed for the PLD tree. Sequences 

were aligned using Clustal Omega websever tool and visualized in MEGA7. Sequences 

were trimmed to 900 basepairs and then a maximum likelihood phylogenetic tree in 

MEGA7 was constructed using Tamura-Nei model with 300 bootstrap replicates. The tree 

files were uploaded to the Interactive Tree of Life webserver72 (https://itol.embl.de/) to 

annotate the trees.   
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Chapter 3: Characterization of a phospholipase D enzyme from E. coli 

Portions of this chapter have been adapted from a previous publication.1  

 

3.1 Introduction 

 

After discovering the ability of human gut commensal bacteria to metabolize the 

phospholipid phosphatidylcholine (PC), as described in Chapter 2, we sought to 

characterize the enzyme we hypothesized was responsible for PC hydrolysis. We chose 

to study the phospholipase D (PLD) enzyme from Escherichia coli MS 200-1 because of 

the many tools available for working with this model organism. This chapter describes our 

efforts to investigate the role of this enzyme in a cellular setting through gene knock-out 

and culture-based experiments. We also expressed and purified the PLD with the goal of 

biochemically characterizing its activity in vitro. As our initial analysis of this enzyme 

revealed its low sequence similarity to previously characterized bacterial PLDs from 

pathogens, we also investigated whether there were any differences in its activity 

compared to these known enzymes.  

 

Efforts to characterize the E. coli PLD were guided by previous research on this family of 

enzymes across all domains of life. PLDs were first discovered in carrot extracts 

possessing PC hydrolytic activity in the mid 1940s, but they were unable to sequence or 

isolate the responsible protein.1 The first characterized PLD was isolated from castor 

                                                        
1 Adapted from Chittim, et al.53 
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bean and then heterologously expressed in E. coli in the 1990s.2,3 Interestingly, plant 

PLDs require calcium ions for catalysis. The basis for this requirement is not yet fully 

understood, but chelating Ca2+ ions with EDTA inhibits PLD activation in vitro.4 

Mammalian PLD activities were discovered many decades after, with researchers 

observing PC hydrolytic activity in rat brain preparations.5 Mammalian cells utilize the 

phosphatidic acid (PA) generated from PC hydrolysis as a signaling molecule.4,6 PLD 

activity is regulated by GTP-binding proteins and kinases, which allows the cell to 

generate a pool of PA.7 PA can interface with Raf to influence cell proliferation, PI4P 

kinase to regulate exocytosis, and mTOR to control cell survival.8–11 Due to PA’s role in 

signaling, many research groups are interested in how PLD activity relates to cancer and 

may contribute to cancer cell proliferation.12,13 Mammals encode six different isoforms of 

PLD, with two main isoforms expressed in most cells. These isoforms (PLD1 and PLD2) 

are responsive to many of the same stimuli, however, PLD2 has basal activity in 

unstimulated cells.14,15  

 

All eukaryotic PLDs encode regulatory sequence domains that flank the catalytic domain 

(Figure 3.1). Two lipid-binding domains are encoded at the N-terminus of the PLD 

sequence. The first, a pleckstrin homology (PH) domain plays a critical role in the function 

of PLD enzymes in cells as it helps the enzyme recognize its lipid substrate; removal of 

the N-terminal PH domain does not affect the intrinsic catalytic activity of the protein when 

analyze in vitro.16,17 The second lipid binding domain is a Phox homology (PX) domain C-

terminal to the PH domain. This domain binds regulatory elements that promote activation 
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of the PLD but is nonessential for catalytic activity.18 The catalytic domain is encoded C-

terminal of the PH and PX domains and consists of a highly conserved HxK(x)4D(x)6GSxN 

sequence motif (HKD motif) which duplicated. These domains encode the amino acids 

that catalyze P–O bond cleavage.14,19 Bacterial PLDs lack the two lipid-binding domains 

but retain the duplicate HKD domains that are essential for catalysis. 

 

 

Figure 3.1 Domain organization of PLD enzymes 
PLD proteins possess multiple domains. Eukaryotic PLDs encode two lipid-recognizing 
domains (PH and PX) that facilitate substrate binding and enzyme activation. These 
domains are present in mammalian, plant, and yeast PLD enzymes. These domains are 
not present in bacterial PLDs. All PLD enzymes encode a conserved catalytic domain 
(HKD domain) that is duplicated within the protein and is essential for catalysis.  
 

The HKD domain was initially proposed to be involved in catalysis due to its high 

conservation across all PLDs found in different domains of life.20 This hypothesis was 
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verified using site-directed mutagenesis with the mammalian isoform of PLD; catalysis 

was abolished when any of the conserved histidine residues were substituted in either 

HKD domain.21  Further evidence supporting this conclusion was the observation that 

mutating the lysine in the second HKD domain to arginine completely removed activity.21 

The HKD domains are unable to function independently as mutations in either motif 

abolish PC hydrolysis.10 Radiolabelled  experiments using a purified plant  and either sn-

glycero-3-phosphate-2’-3H or sn-glycero-3-phosphate-2’-14C suggested the involvement 

of a covalent phosphatidyl-enzyme intermediate as part of a two-stage reaction (Figure 

3.2).22,23 Using 32P labelled inorganic phosphate, researchers were able to observe an 

increase in radiolabeled protein that was not detected in a variant where a catalytic 

histidine was mutagenized to arginine.22,24 Digestion of the protein followed by LC-MS 

analysis confirmed the presence of a phosphohistidine intermediate.24 This mechanism 

has been studied biochemically with mammalian22 and bacterial24 PLDs.  
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Figure 3.2 Proposed mechanism for phospholipase D enzymes 
The enzyme binds the phospholipid substrate (shown here as PC, but the mechanism is 
true for all PL substrates). The substrate is attacked by the nitrogen atom of a histidine 
which is facilitated by the hydrogen bonding through Asp. The resulting phosphohistidine 
intermediate collapses to release the polar head group, which is protonated by the other 
active site histidine. The enzyme then catalyzes the addition of water to the 
phosphohistidine intermediate to generate the phosphatidic acid co-product, which is then 
released from the active site to facilitate another round of catalysis.  
 

Bacterial PLDs have been known for decades, and it is well-established that pathogenic 

strains of bacteria utilize this enzymatic activity to facilitate invasion of host cells.25 As 

early as 1959, researchers detected the hydrolysis of lecithin, a mixture of PC lipids with 

varying fatty-acyl chain lengths, by microorganisms, although they were unable to ascribe 

the observed degradation to a specific organism.26 Since then there have been numerous 
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reports examining how PLD activity in bacterial pathogens contributes to virulence. 

Pathogens secrete PLD outside the bacterial cell, where it metabolizes the lipids present 

in mammalian cell membranes causing lysis (Figure 3.3).25,27  

 

Figure 3.3 Mammalian cell membrane lipid degradation by PLDs from pathogenic 
bacteria 
Mammalian cell membranes are made up of a phospholipid bilayer. Pathogenic bacterial 
species excrete PLD enzymes which metabolize these lipids. The resulting membrane 
damage allows for bacterial cells to traverse through the membrane and infect host cells.  
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In Acinetobacter baumannii, inactivation of the PLD using transposon mutagenesis led to 

a lower bacterial load in mouse serum, leading researchers to hypothesize this was due 

to lower invasion efficiency.28 When the PLD in Rickettsia prowazekii was deleted, the 

mutant strain was unable to cause infection in guinea pig models; the guinea pigs never 

developed a fever and maintained a healthy body weight.29 Beyond these two examples, 

the effect of PLD activity on bacterial pathogenesis has been studied in Chlamydophila 

pneumoniae,30–32 Corynebacterium pseudotuberculosis,33 Pseudomonas aeruginosa,34 

and Legionella pneumophila.35,36 PLDs were also identified in soil organisms, and these 

were used to further biochemical characterization. X-ray structural characterization of 

PLD enzymes from Streptomyces antibioticus, Salmonella typhimurium, and 

Streptomyces sp. PMF were reported in 1999.37–39 All of these studies examined the 

overall structure of the protein and observed a single polypeptide chain that is folded into 

two major domains, with the HKD motif present at the interface of these domains. All 

proposed active site residues are within 3.0 Å from each other, consistent with their 

participation in hydrolysis (Figure 3.4). These reports only examined catalytic residues 

and did not identify any amino acids involved in substrate binding.  
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Figure 3.4 Overall domain architecture of PLD from Salmonella typhimurium 
A representative crystal structure from the early studies of PLDs. The HKD domain is 
located at the interface of the two domains, colored yellow and purple. There is a 
disordered loop connecting the two domains that is not depicted. Figure is adapted from 
Stuckey, et al.38  
 

In addition to characterizing the biological role of PLDs in pathogenic bacteria, there has 

been progress made toward understanding the mechanisms of these enzymes compared 

to that of eukaryotic PLDs. Much of the work has focused on two PLDs – one from P. 

aeruginosa40 and one from Streptomyces sp. PMF.37 Interestingly, bacterial PLDs are 

typically divergent from human PLDs in sequence similarity, but the one exception is the 

PLD in P. aeruginosa. Although its sequence is more similar to those of the larger 

eukaryotic enzymes, the PLD from P. aeruginosa (PldA) still lacks the PH and PX 

domains that are typically absent in bacterial PLDs. As P. aeruginosa is a pathogen, the 

bacterium utilizes the activity of PldA to aid in infections. Extensive biochemical 

characterization determined that one of the major differences between PldA and 

mammalian PLDs is its substrate specificity.40 PldA hydrolyzes phosphatidylethanolamine 
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and phosphatidylglycerol preferentially, whereas mammalian PLD accepts PC as its 

primary substrate.40 Prior work to understand substrate specificity of PldA and its 

similarities to mammalian PLDs helped to guide our own efforts to elucidate the 

biochemical properties of E. coli PLD and other commensal-encoded PLDs. 

 

The PLD from Streptomyces sp. PMF was crystallized with reaction intermediates and 

reaction mimics to better understand how the enzyme catalyzes P–O bond hydrolysis.41 

This analysis helped to provide more insight into the precise role of the HxK(x)4D(x)6GSxN 

motif and the reaction mechanism (Figure 3.2). Crystallizing the purified PLD with 

tungstate, a mimic of phosphate, revealed how the catalytic histidine residue was oriented 

to attack the phosphorus atom of PC (Figure 3.5). The researchers also soaked PLD 

crystals with dibutrylphosphatidylcholine – a PC with shorter chain lipids – to examine 

interactions between the substrate and active site residues. They were able to observe a 

pentacoordinate phosphate atom, which is indicative of the intermediate that forms during 

the first step of catalysis (Figure 3.5). One of the observed structures represented the 

state where PA is covalently bound to the enzyme, and an activated water molecule is 

situated to hydrolyze this intermediate and release the PA product.41 We used this crystal 

structure to model the E. coli  PLD and guide investigations of the residues in the E. coli 

PLD that may be relevant for catalysis.  
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Figure 3.5 Crystallization of PLD from Streptomyces reveals phosphohistidine 
reaction intermediate 
(a) Crystals of PLD were soaked with substrate mimic and a phosphohistidine 
intermediate was observed. (b) Tungstate was soaked into PLD crystals and a 
pentacoordinate phosphate is observed with His170, likely indicative of the mechanism 
by which this enzyme proceeds.  
 
This chapter describes our efforts to fully characterize the putative PLD identified in the 

genome analyses detailed in Chapter 2. This includes genetic and culture-based studies 

that confirmed its activity and in vitro biochemical characterization of the purified enzyme. 

In particular, determining the steady-state kinetics and the substrate specificity of the PLD 

to better understand its chemistry. Substrate specificity appears to be conferred by a 

single residue in the active, which may provide a new mechanism for classifying PLDs 

across bacterial populations.  
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3.2 Results 

 

3.2.1 E. coli MS 200-1 requires phospholipase D to access choline from PC 

After identifying putative PLD enzymes in gut bacteria that generate trimethylamine (TMA) 

from choline, we wanted to confirm the activity of these enzymes. We chose to study the 

PLD identified in E. coli MS 200-1 as this organism is a human gut isolate and has been 

previously used to study the cut gene cluster.42 To test whether this enzyme was required 

for the release of choline from PC by E. coli MS 200-1, we constructed a knockout mutant 

of pld using the lambda red system to replace the pld encoding region with an antibiotic 

resistance cassette. The chloramphenicol resistance cassette (CmR) was cloned out of 

the pKD3 plasmid using primers that would direct its insertion to the pld region of the 

bacterial genome. E. coli MS 200-1 was transformed with the pKD119 plasmid which 

includes the machinery necessary to perform the recombination under the control of an  

arabinose-inducible promoter. Cultures of E. coli MS 200-1 pKD119 were grown in LB in 

the presence of arabinose and then transformed with the CmR purified PCR product. 

Sequencing of a PCR product confirmed the generation of the knock-out pld strain (Dpld).  
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Figure 3.6 Dpld mutant strain displays reduced activity toward PC 
(a) Enzyme activity for the Dpld mutant and the wild-type E. coli MS 200-1 measured 
using the Amplex Red coupled enzyme assay. Graph shows the mean and standard 
deviation of 3 biologically independent samples. (b) Choline and TMA from cultures grown 
in the presence of 0.5 mM PC detected via LC-MS/MS. Media blank shows minor choline 
and TMA accumulation in the absence of bacterial inoculation. Graph shows the mean 
and standard deviation of 4 biologically independent samples. 
 

We then assessed the ability of Dpld E. coli MS 200-1 to metabolize PC. First, the strain 

was subjected to the Amplex Red assay. Cultures of wild-type and Dpld E. coli MS 200-1 

were grown aerobically, normalized for OD and then lysed using the freeze-thaw method. 

Lysates were normalized for protein content and then diluted 1000-fold. Lysates were 

added to the assay mixture to assess PLD activity as described in Chapter 2.  We 

observed no detectable choline generation for the Dpld strain in this experiment (Figure 

3.6). We also sought to quantify the choline and TMA generated by this strain when grown 

with PC. After induction of cut gene cluster expression with choline, overnight cultures 

were used to inoculate medium containing PC. Organic extracts of these cultures were 

analyzed via LC-MS/MS. The Dpld strain failed to produce any quantifiable choline or 
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TMA from PC (Figure 3.6). Therefore, this putative PLD appears to be the only enzyme 

in this organism capable of hydrolyzing PC to release choline. In contrast, this mutant 

retained the ability to convert GPC to TMA, suggesting a different enzyme releases 

choline from this substrate.  

 

3.2.2 Phospholipase D activity is necessary for survival on PC as the sole carbon 

source 

When anaerobic bacteria metabolize choline, they generate a molecule of acetaldehyde 

in addition to TMA.43 Acetaldehyde can then be either reduced to ethanol to reset redox 

balance or converted into acetyl-CoA.43 The acetyl-CoA can be transformed into acetyl-

phosphate and used to generate acetate and ATP via the action of CutH.42,44 This 

pathway allows bacteria that encode the cut gene cluster to use choline as a sole carbon 

source. These bacteria also require a nitrogen source and electron acceptors; previous 

research has investigated which electron acceptors are preferentially utilized by E. coli 

during choline metabolism.45 These include fumarate, nitrate, tetrathionate and DMSO.45  
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Figure 3.7 E. coli Dpld is unable to grow on minimal medium containing PC  
The growth of wild-type and Dpld E. coli MS 200-1 on a minimal medium containing PC 
as the sole carbon source. Growth was measured by plating and counting CFUs. Time 
course monitoring choline and TMA accumulation during growth of wild-type E. coli MS 
200-1 on minimal media. Metabolites were quantified via LC-MS/MS.  
 

We hypothesized that PC could be used as a sole carbon source by cut+ bacteria that 

were capable of hydrolyzing it to free choline. To investigate the role of PLD in supplying 

choline for subsequent utilization, we first assessed whether the wild-type E. coli strain 

could grow on medium containing PC as a sole carbon source. This medium was 

designed based on a previously reported choline-containing minimal medium45 and 

contained  0.5 mM PC as the sole energy source, amino acids for the nitrogen source, 

and fumarate as the electron acceptor. After 30 hours of growth, wild-type E. coli reached 

saturation in this minimal medium (Figure 3.7). To confirm growth required the activity of 

PLD, we then examined the growth of the Dpld E. coli strain in this medium. We observed 

no detectable growth of the Dpld mutant, indicating this enzyme is essential for growth 
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using PC as the sole carbon source. We also measured choline and TMA generated 

during growth of wild-type E. coli MS 200-1. Choline levels increased during lag phase, 

followed by a rapid decline that was accompanied by an increase in TMA (Figure 3.5). 

This result suggests that the survival of the wild-type strain in PC-containing medium is 

due to the provision and metabolism of choline.  

 

3.2.3 Complementation of the PLD mutant restores PLD activity 

After generating the deletion mutant, we sought to complement this strain with the wild-

type pld gene to confirm the proposed role of pld in PC utilization. To accomplish this 

goal, we cloned pld into an IPTG-inducible plasmid pEXT2246 and transformed the Dpld 

strain with this plasmid. The construction of complemented strain was confirmed using 

antibiotic resistance screening and sequencing. The PLD activity of this strain was 

assessed using the Amplex Red assay and it was determined that complementation 

restored PLD activity to the native levels when 1 µM of IPTG was included in the culture 

medium (Figure 3.8). Additionally, metabolite analysis revealed a restoration of the ability 

to convert PC into choline and TMA at levels similar to the wild-type strain (Figure 3.6). 

In addition, we examined growth of the complemented strain in PC-containing minimal 

medium as described above. The complemented strain showed restored growth on this 

mediu, (Figure 3.8).  Together, these experiments confirmed that PLD is the protein 

responsible for releasing free choline from PC in E. coli MS 200-1.  
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Figure 3.8 Complementation of a Dpld mutant restores metabolism of PC and 
growth on PC-containing minimal medium  
Complementing Dpld E. coli MS 200-1 restores PC hydrolysis activity as detected via (a) 
the Amplex Red assay for enzymatic activity and (b) quantification of metabolites 
generated in culture using LC-MS/MS. (c) Complementation enables growth on PC as 
the sole carbon source as measured by plating and counting CFUs. Error bars represent 
the standard deviation.  
 

3.2.4 Optimization of heterologous expression of E. coli PLD enzyme 

After confirming the activity of PLD using genetics, we sought to understand the in vitro 

biochemical activity of this enzyme though heterologous expression and purification. We 

initially cloned pld from E. coli MS 200-1 into the IPTG-inducible pET29b and pET28a 
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plasmids, which would generate C-terminal or N-terminal His6-tagged protein, 

respectively. These plasmids transformed into E. coli BL21 (DE3) expression hosts. All 

initial test expressions failed to produce any detectable protein overexpression as 

visualized by SDS-PAGE. Hypothesizing this issue may have been with the expression 

host, we then transformed the plasmids into E. coli Tuner cells, which have tighter control 

for IPTG induction. Again, we observed no detectable expression of the PLD via SDS-

PAGE. We also observed no PC hydrolysis activity in cell lysates of the expression strains 

using the Amplex Red assay.  

 

Previously characterized bacterial PLDs are utilized in pathogenesis are thus exported 

from the cell. We hypothesized that perhaps the E. coli PLD also contained a signal 

sequence even though it was not exported.  Using the webserver TOPCONS47, we 

analyzed the PLD protein sequence and identified a putative N-terminal signal sequence 

(Figure 3.9). This sequence is predicted to translocate the protein across the membrane 

and is followed by two predicted transmembrane helices that likely tether the protein to 

the cellular membrane (Figure 3.9). Based on this analysis, we hypothesized that 

truncating the PLD to remove the signal sequence would facilitate protein expression and 

thus designed primers to construct truncated PLD variants missing 14 (D1-14) and 22 

(D1-22) amino acids. These truncations were constructed only in the pET29b vector. Test 

expressions of these variants in E. coli BL21 cells revealed no expression via SDS-PAGE 

gel electrophoresis or Western blotting utilizing an anti-His antibody.  
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Figure 3.9 TOPCONS analysis reveals a signal peptide and two transmembrane 
helices 
(a) TOPCONS results for PLD sequence from E. coli MS 200-1 reveals the presence of 
two transmembrane helices and that likely the majority of the protein is extracellular. (b) 
Further analysis reveals the presence of a signal peptide that is the first 22 amino acids.  
 

As a final effort, we analyzed the gene encoding pld for rare codons. This analysis 

revealed the presence of the rare codons CGG (arginine encoding), GGA (glycine 

encoding), and ACG (threonine encoding), leading us to utilize E. coli BL21(DE3) 

CodonPlus as an expression host. We returned to the WT full length PLD and performed 

small-scale expressions which now revealed overexpression of PLD at 37 ºC. Cells were 
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lysed using sonication and the PLD was detected in both the soluble and insoluble 

fractions (Figure 3.10).  

 

Figure 3.10 Test expression of PLD in E. coli BL21 CodonPlus cells 
Cells were grown at various temperatures before induction of expression with 0.5 mM 
IPTG at an OD600 of 0.6. Cells grown at 37 ºC were left to express protein for 1 or 3 h. 
Cells grown at 25 ºC were allowed to express protein for 8 h or overnight. After 
expression, cells were harvested and lysed using sonication. Soluble and insoluble 
fractions were separated via centrifugation and analyzed via SDS-PAGE. Molecular 
weight ladder (BioRad) is in lanes 1 and 12.  
 

Once substantial protein expression was observed, we attempted to purify the His6-

tagged PLD from larger cultures via affinity chromatography. Encouraged by the presence 

of protein in the soluble fractions from our small-scale expressions, we performed cell 

lysis and purification using nickel-nitrilotriacetic acid (Ni-NTA) resin. Unfortunately, all of 

the protein was insoluble in these experiments. We hypothesized this was due to the 

signal peptide and the transmembrane helices. This prompted us to pursue a membrane 
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purification which had been previously utilized in our lab for the purification of ClbP.48 This 

purification included steps to resolubilize the membrane portions with detergent and 

sonication from the insoluble fractions after lysate clarification. Interestingly, when the 

cells were lysed via sonication in the presence of detergents, the protein was not present 

in the membrane fraction and was instead in the soluble fraction. Based on the band that 

was present in SDS-PAGE gels, we assessed all of the different fractions using the 

Amplex Red assay to confirm the location of active PLD enzyme (Figure 3.11). It 

appeared that the inclusion of 0.05% of n-dodecyl-β-D-maltopyranoside (DDM) and 

centrifugation of cell lysate at 90,000 g aided in the solubilization of the expressed PLD 

protein.  
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Figure 3.11 Localization of active PLD during purification from a heterologous 
expression 
(a) Schematic depicting work flow optimizing PLD purification. From a 2 L expression 
Cells were harvested and lysed using sonication in the presence of detergent. Lysate was 
clarified either at 20,000 g or 90,000 g. Lysate that was clarified at 90,000 was then 
subjected to a membrane purification protocol and soluble portion was purified using Ni-
NTA resin. (b) Amplex Red assay results from analyzing fractions of membrane 
purification of PLD. The initial soluble fraction was analyzed along with the solubilized 
membrane fraction, which was anticipated to contain PLD protein. and fractions from Ni-
NTA chromatography. (c) Comparison of PLD localization between initial protein isolation 
attempt and membrane purification protocol. Inclusion of detergent when? and higher 
centrifugation speed seems to aid in the solubilization of PLD. In both heat maps darker 
blue color corresponds to higher PLD activity.  
 



 

 135 

Once we had obtained soluble full-length protein, we attempted to purify the PLD using 

Ni-NTA resin. Unfortunately, none of the protein bound to the resin and instead was 

present in the flow-through fraction. We hypothesized that as the protein was predicted 

to have a signal sequence that directed it to the membrane, the C-terminal His-tag may 

have been buried within the transmembrane helices and unable to interact with the resin. 

In order to circumvent this problem, explored alternative protein purification strategies. 

We attempted to perform ammonium sulfate precipitations in order to remove 

contaminating proteins, however, this technique did not afford any improvements in the 

purity of the PLD.   

 

Figure 3.12 Purification of the PLD using cation exchange chromatography  
Cells overexpressing PLD protein were lysed via sonication in the presence of 0.05% 
DDM and the lysate was clarified via centrifugation. Soluble fractions were dialyzed into 
three potential buffers. Buffer A: 20 mM HEPES, 0 mM NaCl, pH 7.4; Buffer B: 20 mM 
HEPES, 10 mM NaCl, pH 7.4; Buffer 3: 20 mM HEPES, 25 mM NaCl, pH 7.0. After 
overnight dialysis, soluble fractions were subjected to cation exchange chromatography 
and resulting fractions were analyzed via SDS-PAGE.  
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As the predicted isoelectric point of the PLD was 8.4, we hypothesized that purification 

with cation exchange chromatography might be an effective strategy. We performed 

small-scale purifications, using aliquots of soluble protein dialyzed into various buffers to 

optimize the binding of our protein to the column resin (Figure 3.12). These attempts 

revealed that use of a binding buffer at pH 7.4 with no additional salts, followed by 

purification using increasing amounts of NaCl in the buffer afforded pure PLD protein in 

good yields. We were able to perform this procedure on a FPLC system to ensure a slow, 

increasing gradient of salt concentration during the purification (Figure 3.13). This 

procedure afforded 10 mg/L of purified as determined by A340nm absorbance.  

 
Figure 3.14 Large-scale purification of the PLD via cation exchange 
chromatography  
(a) FPLC trace showing the initial flow-through of all soluble proteins, followed by the 
elution of the PLD as the concentration of salt increases over the gradient. (b) 
Corresponding SDS-PAGE gel image assessing the presence of proteins after FPLC. 
Fraction 19 contains purified PLD, as denoted by the arrow. Lanes 1 and 8 contain 
molecular weight ladder (BioRad). Expected weight of the PLD is 50 kDa.  
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3.2.5 In vitro characterization of the E. coli PLD reveals essential residues for PC 

hydrolysis 

After optimizing the expression and purification of the E. coli MS 200-1 PLD, we then 

assessed its in vitro activity toward PC. The steady-state kinetic parameters for this 

enzyme were determined using the Amplex Red fluorescence-based assay. The 

parameters determined for hydrolysis of PC to choline by PLD are similar to those of 

previously characterized bacterial PLDs (Figure 3.14).32,40 This indicates they are capable 

to hydrolyze phospholipids with a similar level of efficiency. 

 

Figure 3.14 Michaelis–Menten kinetics of purified PLD enzyme 
In vitro steady state kinetics for hydrolysis of PC by the purified PLD. Kinetic data were fit 
to the Michaelis-Menten equation using Prism. The data are plotted are the mean and 
standard deviation of 4 replicates. Error bars denote standard deviation.  

 

The substrate specificity of the PLD was examined using an assay that couples 

phospholipid hydrolysis with phosphatase activity. After the cleavage of the phospholipid 
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head group, a phosphatase can hydrolyze phosphate from the PA product. The 

phosphate released can then be quantified using a Malachite Green reagent, which reacts 

with phosphate to generate a colored product (Figure 3.16). In addition to PC, we 

assessed the PLD’s ability to metabolize phosphatidylethanolamine (PE), 

phosphatidylserine (PS), phosphatidylglycerol (PG) and lyso-PC (LPC) using this end-

point assay. We observed 6-fold greater activity toward PC than LPC and no detectable 

conversion with PE, PS, or PG (Figure 3.15). Thus, PC is likely the endogenous substrate 

of this enzyme. 

 

As previous research on PLDs had shown the importance of the HKD domain in 

catalysis,41,49 we chose to mutagenize one of the predicted essential histidine in the active 

site to observe the effects on substrate cleavage. Using site-directed mutagenesis, we 

created a H290A variant and examined its activity using the Amplex Red assay and the 

Malachite Green coupled enzyme assay. Unsurprisingly, this variant was unable to 

catalyze the hydrolysis of PC to any detectable amount. This observation strongly 

suggests that this PLD proceeds through the catalytic mechanism proposed for related 

enzymes.  
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Figure 3.15 The E. coli PLD enzyme prefers PC as a substrate 
(a) Analysis of the PLD substrate scope via the quantification of phosphate released from 
PA, the co-product of the PLD reaction, by alkaline phosphatase. (b) Quantification of 
phosphate concentrations revealed that PC is metabolized 6-fold more efficiently than 
LPC. PS, PG and PE are not metabolized in vitro to any observable extent.  
 

3.2.6 Substrate specificity of the PLD may be conferred by a single negatively 

charged residue 

As we observed a striking preference for PC over other phospholipids, we next sought to 

characterize the mechanism by which the E. coli PLD recognizes its substrate. We initially 

used bioinformatic and structural analyses to explore the potential origin of this selectivity. 

As discussed in Section 3.1, a previously characterized PLD from Streptomyces sp. PMF 
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demonstrates specificity for PC and was co-crystallized with the substrate analog 1,2-

dibutryl-sn-glycero-phosphocholine.41 We noticed that in this structure, the 

trimethylammonium substituent of the choline head group is positioned within 3.5-4 Å of 

an active site aspartate residue. A homology model of the E. coli PLD revealed a 

glutamate residue (Glu166) in a similar position (Figure 3.16). These negatively charged 

residues could participate in electrostatic and CH–O hydrogen bond interactions with the 

positively charged trimethylammonium group, potentially influencing substrate 

specificity.50 

 

Figure 3.16 Homology modelling of the E. coli PLD enzyme reveals a potential 
interaction with the choline headgroup 
A homology model of E. coli PLD (green) was constructed using the PLD from 
Streptomyces sp. PMF (cyan, PDB ID: 1V0Y) as the template. The substrate mimic was 
docked into the E. coli homology model. An overlay of the full protein structures shows a 
similar domain architecture between both PLDs. In the active site, the necessary residues 
of the HKD domain are located near the docked substrate 1,2-dibutyrl-sn-glycero-3-
phosphocholine. His290 is positioned 2.6 Å away from the phosphate group, which is 
close enough to facilitate the formation of the phosphohistidine intermediate. A glutamate 
residue is positioned to interact with the trimethylammonium substituent of the choline 
head group.  
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Previous work has shown that bacterial PLDs can accept phospholipid substrates 

containing different head groups. For example, the PLD from P. aeruginosa metabolizes 

PE more efficiently than other lipids while a PLD from Bacillus subtilis preferentially 

accepts PG.40,51 We aligned the amino acid sequences of these characterized enzymes 

with our identified gut bacterial PLDs and the Streptomyces enzyme. This analysis 

revealed that all PLDs from PC-metabolizing strains have an Asp or Glu at this position, 

providing support for this amino acid influencing substrate specificity (Figure 3.17). In 

contrast, PLDs that prefer other lipids do not encode a negatively charged residue at this 

position. We then tested the ability of this amino acid to predict selectivity by subjecting 

cell lysates of selected bacterial strains to the Amplex Red assay to quantify activity 

toward PC. As expected, only organisms that encoded a PLD with a negatively charge 

amino acid in this position were capable of hydrolyzing PC into choline.  
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Figure 3.17 An amino acid residue in bacterial PLDs correlates with substrate 
specificity 
Correlation between the amino acid at position 166 (E. coli PLD numbering) and activity 
of cell lysates toward PC. Multiple sequence alignment of PLDs from cut+ and cut–  
organisms shows a correlation between an acidic amino acid in position 166 (E. coli PLD 
numbering) and a preference for PC hydrolysis. Heat map shows PLD activity in cell 
lysates. Biochemically confirmed PLD substrate specificity is noted. Residues are colored 
according to Clustal Omega conventions. 
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We next mutagenized Glu166 in the E. coli PLD to explore its role in PC recognition and 

metabolism. While the E166R variant lost all activity, the E166A variant retained some 

ability to hydrolyze PC (Figure 3.18). However, the E166A variant was ~100-fold less 

efficient at catalyzing choline release from PC compared to the WT PLD due to changes 

in both kcat and KM (Figure 3.18). The value determined for kcat for the E166A variant was 

6-fold less than WT, while the KM was only 2.5 fold less. This would fit with the proposal 

that interaction with the Glu is aiding in catalysis by stabilizing interactions with the 

trimethylammonium group. The reduced catalytic efficiency of the E166A variant may 

support the hypothesis that E166 contributes to substrate recognition. Purified E166A 

was also subjected to gain of function assays to determine if it had activity toward other 

substrates, but there was no detectable activity toward any other phospholipids 

examined. As we did not see gain of function toward other substrates, it is difficult to 

conclude that the role of Glu is essential in substrate recognition, but its reduced efficiency 

toward PC is evidence that it plays a role in catalysis.  
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Figure 3.18 Mutagenesis of putative substrate coordinating residue 
(a) Activity of E166 mutants toward a variety of lipid substrates at 500 µM.  (b) In vitro 
steady state kinetics of the E166A variant and the calculated Michaelis–Menten kinetic 
parameters. Data is the average of 3 independent experiments. Error bars are standard 
deviation.  
 

3.3 Conclusions 

The experiments described in this chapter have provided insights into bacterial PLDs that 

are not correlated with pathogenesis. We sought to characterize the PLD from E. coli MS 

200-1 in order to verify the activity of our newly identified commensal-associated PLDs 

and to explore how they might differ from previously studied members of this enzyme 

family. Unsurprisingly, challenges existed for obtaining purified PLD; expression and 
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purification of this predicted transmembrane protein posed many challenges both for our 

study and previous studies of these enzymes.32,40 Interestingly, pathogenic PLDs are also 

excreted from the cell but do not contain TM helices. Although commensal PLDs encode 

a signal sequence and are therefore not predicted to be cytosolic, the presence of two 

transmembrane helices suggests these enzymes remain tethered to the membrane. 

Based on sequence analysis, it is likely localized to the outer membrane in E. coli. This 

localization may facilitate coupling of lipid hydrolysis to import of metabolites for further 

utilization. Future experiments on the native host could include fractionation of the 

proteins in the membrane, extracellular, and cytosolic fractions followed by SDS-PAGE 

and protein mass spectrometry. Additionally, experiments could be performed on egg-

yolk agar. This agar contains a large amount of phospholipids, and a zone of clearance 

appears when bacteria express a protein capable of hydrolyzing these lipids.52  If the 

protein is excreted there would be a larger zone of clearance into the solid medium than 

if it is tethered to the cellular membrane. We were also able to determine that the kinetic 

parameters for the E. coli PLD are similar to those previously measured for PLDs from 

pathogenic bacteria and soil microbes.  

 

Finally, this work has provided a bioinformatic approach to predicting the specificity of 

PLD enzymes. We identified a key residue in the active site that is not proposed to be 

involved in the hydrolysis mechanism. Instead, we propose that this residue is poised to 

recognize the head group of the lipid substrate, with negatively charged amino acids (Asp, 

Glu) potentially aiding in the binding of lipids with choline headgroups. Conversely, we 
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hypothesize that larger residues like arginine could aid in accommodating smaller head 

groups on lipids like PG. However, we still lack rigorous biochemical characterization of 

PLDs with various amino acids in that position. To fully understand the role of this residue 

it would be helpful to purify and examine substrate specificity and catalytic efficiency of a 

wider range of bacterial PLDs. Additionally, further mutagenesis studies could be helpful 

to see if substrate specificity can be modified with altering the residue. Although we were 

unable to see this change with the E. coli enzyme, it is possible that other bacterial PLDs 

would be more amenable to these mutagenesis studies.  

 

We began studying E. coli PLDs in an effort to understand the differences between PLDs 

from pathogens and commensals. Although these sequences share very little (<15%) 

sequence similarity, they appear to behave in the same manner. There appears to be 

differences in substrate specificity, but too few PLDs have been examined here to assert 

that is a major difference. Future studies to further this comparison would include a 

broader range of PLD sequences and rigorously characterize their activities. Additionally, 

a crystal structure of E. coli PLD would further our understanding of commensal PLDs; 

we could compare the structure to other PLD structures previously examined and 

determine if there were any differences. Our studies have provided a starting point for an 

additional method of classification within the PLD superfamily.  
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3.4 Materials and Methods 

 

3.4.1 General materials and methods 

Commercial chemicals were of the highest purity available and purchased from Sigma-

Aldrich (St. Louis, MO) unless otherwise noted. Lecithin was obtained from Alfa Aesar. 

d9-choline was obtained from Cambridge Isotope Laboratories. Luria-Bertani (LB) 

medium was obtained from EMD Millipore or Alfa Aesar. Isopropyl β-D-1-

thiogalactopyranoside (IPTG) was purchased from Teknova (Hollister, CA). Acetonitrile 

for LC-MS analyses was purchased as LC-MS grade solvent from Honeywell Burdick & 

Jackson (Muskegon, MI).  

 

Oligonucleotide primers were synthesized by Sigma-Aldrich (St. Louis, MO). Genomic 

DNA was extracted using the UltraClean Microbial DNA Isolation Kit (MO BIO 

Laboratories, Carlsbad, CA). Recombinant plasmid DNA (Supplementary Table 5) was 

purified with a E.Z.N.A. Plasmid Mini Kit (Omega BioTek, Norcross, GA). Purification of 

PCR reactions and gel extraction of DNA fragments were performed using an Illustra GFX 

PCR DNA and Gel Band Purification Kit from GE Healthcare (Chicago, IL). PCR was 

performed on a Bio-Rad C1000 Thermal Cycler (Hercules, CA). DNA sequencing was 

performed by Eton Biosciences (Charlestown, MA). DNA sequencing results were 

visualized in Geneious 8.1.7. SDS-PAGE gels were purchased from ThermoFisher 

Scientific (Rockford, IL). Protein concentrations were determined according to the method 

of Bradford using bovine serum albumin (BSA) as a standard and measuring absorbance 
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at 595 nm. Optical densities of bacterial cultures were determined with a Beckman Coulter 

DU 730 Life Science Spectrophotometer (Beckman Coulter, Brea, CA) by measuring 

absorbance at 600 nm. Plots were generated using Prism 7.  

 

3.4.2 Construction of pld null mutant 

A non-polar deletion strain of pld was generated using the lambda Red recombinase 

system. Genes were replaced with a chloramphenicol resistance marker. PCR products 

were amplified using the template plasmid pKD3 and primers listed in Table 2.1. The PCR 

reaction contained Phusion High-Fidelity PCR Master Mix (New England Biolabs, 

Ipswich, MA), 100 ng pKD3 DNA template, and 25 pmoles of each primer in a total volume 

of 50 µL. Thermocycling was carried out in a BioRad C100 thermal cycler (Bio-Rad, 

Hercules, CA) using the following parameters: denaturation for 2 min at 95 °C, followed 

by 35 cycles of 30 s at 95 °C, 30 s at 55 °C, 60 s at 72 °C, and a final extension time of 

10 min at 72 °C. PCR reactions were analyzed by agarose gel electrophoresis with SYBR-

safe staining, pooled, and purified. Following amplification products were digested with 

DpnI and gel-purified from a 1% agarose gel, run at 100 V for 50 minutes. 

Electrocompetent cells of E. coli MS 200-1 carrying the Red recombinase expression 

plasmid pKD119 were transformed with the desired PCR product. After transformation, 

chloramphenicol-resistant and tetracycline-sensitive recombinants were selected at 37 

°C. Gene disruptions were confirmed by PCR using primers flanking the targeted region 

(Table 2.1). 
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3.4.3 Generation of complementation strain of Dpld mutant 

The pld gene was PCR amplified from genomic DNA of E. coli MS 200-1 (Table 3.1). The 

PCR reaction contained Phusion High-Fidelity PCR Master Mix (New England Biolabs), 

250 ng E. coli MS 200-1 gDNA template, and 25 pmoles of each primer in a total volume 

of 50 µL. Thermocycling was carried out in a BioRad C100 thermal cycler (Bio-Rad, 

Hercules, CA) using the following parameters: denaturation for 2 min at 95 °C, followed 

by 35 cycles of 30 s at 95 °C, 30 s at 65 °C, 90 s at 72 °C, and a final extension time of 

10 min at 72 °C. PCR reactions were analyzed by agarose gel electrophoresis with SYBR-

safe staining, pooled, and purified. The resulting products were cloned into the EcoRI and 

XbaI sites of the pEXT22 vector. Plasmids were transformed into the respective mutants 

by electroporation. The growth of this strain and its metabolite production were assessed 

as described for the wild-type strain, in this case adding 1 µM of ITPG to the medium to 

induce gene expression. 

 

Table 3.1 Primers used for generation of Dpld and complementation of the strain 

Fw pld KO ACTCCTTACCCAACAAGGAGA 
TGAATGATTTGCCTCGGCTGG 
CGAGCGCGGTGTAGGCTGGAGCTGCTTC 

Rv pld KO  ACCAGCCCGTTAAGTCGCGTT 
TACAATAACCATTCCACGGGC 
AATATCGACATATGAATATCCTCCTTAG 

Fw pld pEXT22 GGATAACAATTTCACACAGGA 
AACATGAATGATTTGCCTCGGC 

Rv pld pEXT22 CTTCTCTCATCCGCCAAAACAGT 
TACAATAACCATTCCACGGGC 
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3.4.4 Growth of E. coli MS 200-1 on minimal medium 

Minimal medium containing lecithin is a sole carbon source was designed based on a 

previous recipe for choline-containing minimal medium. NCE (No carbon essential) 

medium was supplemented with 1 mM lecithin, 4 mM sodium fumarate, 1 mM magnesium 

sulfate, 0.1% w/v casamino acids, and 1% each of vitamin and mineral solutions 

(American Type Culture Collection, Manassas, VA). Cultures of E. coli MS 200-1 wild-

type and Dpld null mutant were grown in BHI medium anaerobically at 37 ºC for 16 hours. 

10 mL cultures of lecithin minimal medium in Hungate tubes were inoculated with 100 µL 

of overnight culture. Every two hours for the first six hours, and then every two hours from 

12-40 hours, 100 µL of culture was removed from each Hungate tube. Culture aliquots 

were diluted 1:102, 1:104, and 1:106, and 100 µL of each diluted aliquot was plated onto 

an LB agar plate. Plates were incubated at 37 ºC for 12 hours and colonies were counted. 

The experiment was performed in triplicate. Metabolite analysis was performed as 

described in Chapter 2.  

 

3.4.5 Construction of pET29-b expression vectors for PLD full length and 

truncations 

The pld gene was amplified from E. coli MS 200-1 genomic DNA using the primers listed 

in Table 3.2. The PCR reaction contained Phusion High-Fidelity PCR Master Mix (New 

England Biolabs), 250 ng DNA template, and 25 pmoles of each primer in a total volume 

of 50 µL. Thermocycling was carried out in a BioRad C100 thermal cycler (Bio-Rad, 

Hercules, CA) using the following parameters: denaturation for 2 min at 95 °C, followed 
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by 35 cycles of 30 s at 95 °C, 30 s at 65 °C, 90 s at 72 °C, and a final extension time of 

10 min at 72 °C. PCR reactions were analyzed by agarose gel electrophoresis with SYBR-

safe staining, pooled, and purified. pET-29b was linearized via restriction digest with XhoI 

and NdeI (New England Biolabs) for 1.5 hours at 37 ºC. Digests contained 6 µL water, 35 

µL plasmid DNA, 5 µL CutSmart buffer (10x), 1.5 µL of NdeI (20 U/µL), and 1.5 µL of XhoI 

(20 U/µL). The Gibson assembly reaction mixture contained 50 ng purified linearized 

plasmid, 50 ng purified pld, 5 µL of Gibson MasterMix (2x) (New England Biolabs), and 1 

µL of water for a total reaction volume of 10 µL and generated a C-terminal His6-tagged 

construct. The reaction was incubated at 50 ºC for 45 minutes and then transformed into 

E. coli TOP10 cells. The construct was confirmed by sequencing of purified plasmid DNA. 

The construct was subsequently transformed into electrocompetent E. coli BL21 

CodonPlus(DE3)-RIL cells and stored at –80 ºC as frozen glycerol stocks. The truncation 

variants were constructed in a similar manner with the primers listed in Table 2.2. All 

characterization was performed on full-length PLD.  
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Table 3.2 Primers for generation of expression plasmids 

Fw pld pET 29b GTTTAACTTTAAGAAGGAGAT 
ATACATATGATGAATGATTTG 
CCTCGGCTGGCGAGCGCGG 

Rv pld pET 29b GATCTCAGTGGTGGTGGTGG 
TGGTGCTCGAGTGACAATAAC 
CATTCCACGGGCAATATCGACGCC 

Fw pld D1-22 pET 29b GTTTAACTTTAAGAAGGAGATA 
TACATATGATGGGACTTTTTCCT 
CTGGAGAAAAGTCTGG 

Rv pld D1-22 pET 29b GATCTCAGTGGTGGTGGTGG 
TGGTGCTCGAGTGACAATAAC 
CATTCCACGGGCAATATCGACGCC 

Fw pld D1-14 pET 29b GTTTAACTTTAAGAAGGAGATATA 
CATATGATGTGTTCGCAACATCCC 
GGTCAGTGTGGAC 

Rv pld D1-14 pET 29b GATCTCAGTGGTGGTGGTGG 
TGGTGCTCGAGTGACAATAAC 
CATTCCACGGGCAATATCGACGCC 

Fw E166A CCACTTTTTTCGGCTTTAGAT 
GTCATGGCAATAGG 

Rv E166A CCATGACATCTAAAGCCGAAAA 
AAGTGGCTCTTCCCC 

Fw E166R CCACTTTTTTCGAGATTAGAT 
GTCATGGCAATAGG 

Rv E166R CCATGACATCTAATCTCGAAAA 
AAGTGGCTCTTCCCC 

Fw H290A GCCTGGCTGCTAAAACCTTTAG 
TATCGATGGTAAAACGG 

Rv H290A GGTTTTAGCAGCCAGGCTGG 
CCCCTGAATTACCGG 

 

 

3.4.6 Generation of PLD mutants 

PLD point mutants were constructed in the full length protein using the primers described 

in Table 3.2. 100 ng of the pET-29b PLD plasmid constructed above was mixed with 25 

µL Q5 MasterMix (2x), 1 µM Fw primer, 1 µM Rv primer, and 23.5 µL water to a total 
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volume of 50 µL. Thermocycling was carried out in a BioRad C100 Thermal cycler (Bio-

Rad, Hercules, CA) using the following parameters: denaturation for 2 min at 95 °C, 

followed by 35 cycles of 30 s at 95 °C, 30 s at 65 °C, 150 s at 72 °C, and a final extension 

time of 15 min at 72 °C. After PCR, template was digested using DpnI (New England 

Biolabs) and then purified. Purified plasmids were transformed into E. coli TOP10 cells. 

The construct was confirmed by sequencing of purified plasmid DNA. The construct was 

subsequently transformed into E. coli BL21 CodonPlus(DE3)-RIL cells and stored at –80 

ºC as frozen glycerol stocks.  

 

3.4.7 Optimized expression and purification of PLD constructs 

For expression of the wild-type PLD protein, a 50 mL starter culture of E. coli BL21 

CodonPlus(DE3)-RIL pET-29b-PLD was inoculated from a freshly streaked plate and 

grown overnight at 37 ºC in LB medium supplemented with 50 µg/mL kanamycin (Kan) 

and 20 µg/mL chloramphenicol (Cm). The overnight culture was diluted 1:50 into 2 L of 

LB medium containing 50 µg/mL Kan and 20 µg/mL Cm. The culture was incubated at 37 

ºC with shaking at 175 rpm until OD600 = 0.6 – 0.7, at which time expression was induced 

with 0.5 mM IPTG, and the culture was incubated for ~3 h. Cells were pelleted by 

centrifugation at 6,500 g for 15 minutes. Cell pellets were frozen at –80 ºC for at least 16 

hours to help facilitate lysis. Cell pellets were resuspended in lysis buffer [50 mM Tris, 

300 mM NaCl, 0.05% DDM, pH 8.0] supplemented with SIGMAFAST protease inhibitor 

cocktail tablets (Sigma Aldrich, St. Louis, MO). Cells were lysed using a Branson Digital 

sonifier (Fisher Scientific, Hampton, NH) – 2 x 36 cycles of 10 s pulses (at 25% amplitude) 
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with 30 s rest. Lysate was clarified by centrifugation at 90,000 g for 1 h and the soluble 

fraction was dialyzed twice against 2 L of dialysis buffer [20 mM HEPES, pH 7.0]. 

Following dialysis, protein was purified via cation exchange chromatography using a 5 

mL HiTrap SP HP column (GE Healthcare, Chicago, IL) on a BioLogic DuoFlow 

Chromatography System (Bio-Rad). Dialyzed protein (~30 mL) was loaded onto the 

column using a super-loop and chromatography was performed using the following 

protocol: hold at 100% buffer A for 60 mL at 1.5 mL/min, gradient to 10% buffer B for 50 

mL at 1.5 mL/min, gradient to 100% buffer B for 50 mL at 1.5 mL/min, hold at 100% buffer 

B for 40 mL for 1.5 mL/min (Buffer A: 20 mM HEPES, pH 7.0; Buffer B: 20 mM HEPES, 

1 M NaCl, pH 7.0). SDS-PAGE (4-12% Bis-Tris) analysis was used to determine the 

presence and purity of protein in each collected fraction. Fractions containing the desired 

protein were pooled and concentrated to approximately 1 µM protein. The PLD mutant 

proteins were expressed and purified in the same manner. This procedure afforded yields 

of approximately 3-4 mg/L of protein for both the wild type and the mutants, as determined 

by absorbance (extinction coefficient: 7.5 x 104). The purified PLD protein did not tolerate 

freezing under a variety of conditions, so it was stored in buffer [20 mM HEPES, 30 mM 

NaCl, pH 7.0] at 4 ºC. Protein stored in this manner maintained activity for a week.  

 

3.4.8 Assessing the steady-state kinetic parameters for PLD 

To assess the kinetics of PC hydrolysis by the PLD, the Amplex Red assay was used. 1 

µM of PLD was incubated in the presence of 0.2 U/mL choline oxidase, 2 U/mL 

horseradish peroxidase, 100 µM Amplex Red reagent (ThermoFisher Scientific, 
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Rockford, IL), and varying concentrations of PC (0.01 – 0.5 mM). Assays were incubated 

at 37 ºC in a BioTek Synergy HTX multi-mode reader (BioTek, Winooski, VT) monitoring 

fluorescence [Ex. 530 nm Em. 590 nm] every 2 min for the first 30 min, followed by every 

15 min for an hour. Michaelis–Menten kinetics were determined by quantifying the initial 

rates at each substrate concentration and normalizing for protein content in each well. 

Steady state kinetics for the wild-type construct were kcat = 6.1 s-1, KM = 22.1 µM and 

kcat/KM = 2.3 x 105 M-1 s-1. 

 

3.4.9 Assessing the substrate specificity of PLD 

For substrate specificity experiments, the assay mixture contained 0.3 mM phospholipid 

substrate (PC, lyso-phosphatidylcholine, phosphatidylethanolamine, phosphatidylserine 

or phosphatidylglyercol) and buffer (Tris 200 mM, pH 8.0). The reaction was initiated with 

1 µM of protein and incubated at 37 ºC for 30 minutes. 10 µL of alkaline phosphatase 

(APase, 300 U/mL, Sigma-Aldrich) was added and then the assay mixture was further 

incubated at 37 ºC for 1 hour. Free phosphate generated by the subsequent metabolic 

activity of PLD and APase was quantified using the Malachite green reagent (Sigma-

Aldrich). Prepared reagent was added to the enzymatic reactions and the absorbance 

was measured at 620 nm. Phosphate was quantified using a standard curve of inorganic 

phosphate in buffer according the manufacturer’s instructions.   
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3.4.10 Homology model construction 

A homology model of the E. coli MS 200-1 PLD was generated using the MPI 

Bioinformatics Toolkit (https://toolkit.tuebingen.mpg.de/).53 This protein was used as the 

query sequence for an HHPred search of the most recent PDB release (as of March 26, 

2018), yielding proteins with similarity scores of E-31 to E-11. The most similar structurally 

characterized protein was the PLD from Streptomyces sp. PMF (PDB ID: 1V0Y). This 

sequence was then used as a template for homology model construction with Modeller. 

The homology model and the crystal structure of PLD of Streptomyces sp. PMF were 

visualized in Pymol. Substrate mimic was docked into the homology model using the 

Induced Fit Docking in the Schrodinger suite.  
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Chapter 4: Investigating the implications of bacterial phosphatidylcholine 

degradation for host biology 

 

4.1 Introduction  

In Chapters 2 and 3, our discovery and characterization of a bacterial PLD enzyme were 

detailed. These bacterial enzymes degrade phosphatidylcholine (PC) into choline and 

phosphatidic acid (PA).1 PC is an important nutrient for mammalian cells as discussed in 

previous chapters. PC is the major component of host cell membranes and plays a role 

in packaging fat particles for export from the liver.2–5 As a component of bile, it also helps 

to solubilize dietary components for absorption in the small intestine.6,7 Previous studies 

have shown that PLDs found in pathogenic bacteria can hydrolyze the phospholipids 

(PLs) in host cell membranes to facilitate invasion.8–11 However, it is not currently 

understood how commensal PLD activity effects on host biology, either by disrupting PC 

recirculation from the intestines to the liver or interference with PC balance for de novo 

biosynthesis of cell membrane components. Interestingly, the large intestine contains ~1-

3 mM of PC incorporated within the mucosal layer that separates the lumen and epithelial 

cells.12 We hypothesized that PLD-encoding gut bacteria could degrade the PC that is 

part of this mucosal layer, consequently leading to higher concentrations of bacteria that 

interact with epithelial cells, potentially increasing inflammation across the intestines. 

Therefore, as a first step toward understanding the biological consequences of PLD 

activity, we sought to investigate its potential association with inflammation in the 

gastrointestinal (GI) tract.  
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In the GI tract, specialized epithelial cells called goblet cells synthesize and excrete mucin 

proteins that create a two-layer barrier that separates the host epithelium from the gut 

lumen (Figure 4.1).13 Many different types of mucin proteins are biosynthesized by the 

host and contribute to barrier function in different locations throughout the host.12 In the 

colon, MUC2 is the most common type of mucin protein produced.14 These proteins 

encode proline-threonine-serine (PTS)-rich domains that are necessary for forming 

glycosidic linkages to N-acetyl-D-galactosamine, the first sugar in the glycan chain.13 

These glycosylated proteins assemble into a 3-dimensional structure that increases the 

physical space between the bacteria that live in the lumen and the epithelial cells.15 In the 

colon, this gel-like layer is approximately 700 µm thick and consists of two distinct layers, 

the outer of which is colonized by some microbes.14,16,17 Additionally, this outer layer of 

glycosylated MUC2 also contains a layer of PLs that interact with the sugars of the 

glycoproteins.18 These PLs are a mixture of lipids with different polar head groups but is 

approximately 90% PC.13,19   
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Figure 4.1 Cross-section showing the layers of the colonic epithelium and lumen  
The gut lumen contains poorly digested dietary compounds and microbes, and is 
physically separated from colonic epithelial cells by a mucosal barrier. This barrier 
consists of two layers of mucin glycoproteins (typically MUC2 in the colon). The second 
mucin layer is colonized by some bacteria and also contains a layer of phospholipids. 
While, the polar head groups of these phospholipids can vary, 90% of these lipids are 
PC.  
 

During the pathogenesis of inflammatory bowel disease (IBD) a destruction of this 

mucosal barrier is observed.19 IBD describes two chronic inflammatory disorders of the 

GI tract: Crohn’s disease (CD) and ulcerative colitis (UC). Although we do not yet 

understand the precise mechanisms by which IBD progresses, both host genetics and 

gut microbiota are thought to play a role.14,16 Patients with IBD present with inflammation 

in the GI tract, and the damage to the mucosal barrier.20,21 While both CD and UC are 

characterized by excessive inflammatory response in the GI tract, there are specific 

differences between the two disorders (Figure 4.2).22–24 CD involves inflammation in any 

part of the GI tract, though most typically in the small intestine, and these patches of 

inflammation are non-continuous across the entire GI tract.14,22 In contrast, the 

inflammation in UC is limited to the colon and progresses in a continuous fashion from 
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the rectum.17 Both of these diseases have specific histological and microscopic features 

that distinguish them, as well as various other genetic and microbial differences.16,25 This 

has led some researchers to speculate that perhaps IBD should be further classified into 

a larger number of conditions. Overall, it is clear that there is still much to be understood 

about these diseases.  

 

Figure 4.2 Features of Ulcerative colitis and Crohn’s Disease 
Locations of inflammation in each of these conditions are shown in red. Ulcerative colitis 
is characterized by continuous inflammation in the lower colon. Crohn’s disease consists 
of patches of inflammation that are dispersed across the GI tract.  
 

In both of these disease states, a disruption of the mucosal barrier in the gut contributes 

to inflammation. This breakdown allows for bacterial species to penetrate the mucus layer 

and reach the epithelial cells.16,19 This leads to an inflammatory response through the 

action of the cytokines IL-1 and TNF-a. This mucosal degradation is hypothesized to take 

place through multiple mechanisms. One proposed mechanism is through the genetic 

alteration of host receptors which are unable to regulate mucosal homeostasis; altered 
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receptors are unable to monitor and recognize bacterial and small molecule cues, 

disrupting the normal turnover of MUC2.26 Additionally, altered bacterial degradation of 

mucin is thought to play a role in decreasing mucosal barrier integrity. Bacterial proteases 

interfere with the three-dimensional structure of the MUC2 proteins.26 Additionally, as 

inflammation increases, there is an increase of oxygen in the gut environment which 

supports the growth of Proteobacteria that are facultative anaerobes.27 This shifts the gut 

population away from a Firmicutes/Bacteroides dominated community. Though more 

work is still to be done to explore precise mechanisms, host and microbial factors seem 

to work in concert to affect the global architectural changes observed in the GI tracts of 

IBD patients.  

 

There are currently many different approaches to treating UC and CD including anti-

inflammatory medications such as non-steroidal anti-inflammatory drugs (NSAIDs), diet 

management, and immunosuppressants.28–30 One of the more recently explored 

approaches involves delivery of encapsulated PC lipids to the colon with the goal of 

restoring mucosal barrier integrity. Researchers had hypothesized that this may prove a 

promising strategy as degradation of the lipids on mucosal barriers occurs in other 

disease states elsewhere in the body and in Helicobacter pylori infections.31 In two 

separate studies involving UC patients, one with 60 subjects and another with 160 

subjects, a 6 g bolus of PC was dosed daily as a delayed release capsule.31,32 In both 

trials, it was observed that dosing PC improved patient quality of life as measured by 

decreased disease index score (Figure 4.3), which quantifies disease severity by taking 
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into account stool frequency, rectal bleeding, and mucosal appearance during 

endoscopy. This work concluded that dosing PC is effective compared with a placebo in 

remediating the inflammation observed in UC as assessed by the disease activity 

index.31,32  These findings further support the importance of PC in mucosal barrier integrity 

and highlights possibility that bacterial degradation of this barrier may play a role in IBD 

pathogenesis.  

 

Figure 4.3 Effect of dosing PC to patients with UC 
(A) Dosing PC 6 g daily to patients with UC improves the disease activity index with 
respect to placebo. Distribution of data presented as a box and whisker plot: minimum, 
25th percentile, median, 75th percentile, maximum, outliers (symbols), and extreme 
values (*). (B) A comparison of mean disease activity index between initial visit pre-dosing 
(V2) and after 12 weeks of PC treatment (V5) for patients given either placebo or 3 
different doses of PC formulations. Patients receiving the highest dose of PC had greater 
improvement in their disease activity compared with placebo. Data is plotted as the 
average with standard deviation. Figures adapted from Karner, et al.32 and Stremmel, et 
al.31  
 

One of the oldest treatments for IBD is the drug sulfasalazine (Sz), a prodrug which 

contains an azo linkage (Figure 4.4). This drug was discovered in the 1940s when 

researchers were seeking an agent to treat rheumatoid arthritis, another disease 
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characterized by inflammation.33 Two compounds, one that was known to have anti-

inflammatory effects (5-aminosalicylic acid, 5-ASA) and one that had anti-microbial 

effects (sulfapyridine), were linked in hopes of treating arthritis. Although the drug did not 

provide relief for patients with arthritis, it proved effective for those suffering from UC.33 

Sz is metabolized by gut microbial reductases, catalyzing reduction of the azo linkage 

and releasing 5-ASA and sulfapyridine. 5-ASA is thought to be the active component of 

the drug and can be given as a therapeutic on its own. Sulfapyridine helps direct the 

activity to the colon, but may also cause some of the negative side effects.34 While Sz 

has been used as a standard of care for IBD, it has proved to be more effective in patients 

with UC in comparison to those with CD.35,36  

 

Figure 4.4 Sulfasalazine and its gut microbial degradation products.  
Gut microbial degradation of the prodrug sulfasalazine into 5-aminosalicylic acid and 
sulfapyradine.  
 

Interestingly, there is no current consensus regarding the mechanism by which Sz confers 

its anti-inflammatory effects. Over the past eight decades many research groups have 

examined the role that Sz plays in combatting inflammation. Numerous models have been 

proposed for the mode of action of Sz including scavenging free radicals,37 inhibition of 
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T-cell proliferation and activation,38 inhibition of inflammatory cytokine expression,39 

inhibition of lymphocytes,33 inhibition of antibodies,40 and enhancing prostaglandin 

production, which may increase the rate of mucosal healing.33 A recent report 

demonstrated that Sz downregulated activity of NF-kB, leading to decreased production 

of pro-inflammatory cytokines in patients with UC that are being treated with Sz.41 

 

It is currently understood that the active component of Sz is the 5-ASA moiety, as 5-ASA 

alone is an effective therapeutic for the treatment of UC. 5-ASA is able to induce remission 

in fewer than 8 weeks in approximately 50% of patients with UC, and greater than 70% 

of UC patients are able to garner some relief from this drug.36,42,43 Though 5-ASA is 

efficacious, Sz is still used extensively in the clinic as it ensures delivery of the active 

component to the lower GI tract upon oral administration, whereas 5-ASA necessitates 

dosage via suppository for highest efficacy. However, as effective as 5-ASA is, there is 

little understanding of how this drug exerts its anti-inflammatory effects.  

 

A few recent studies examined how Sz or 5-ASA affects the gut microbiota.27,44 Initially, 

its effects were examined in rats that had dextran sulfate sodium (DSS)-induced colitis. 

Xu, et al. observed that treatment with Sz greatly decreased clinical activity index and 

transformed the community of bacteria along the GI tract (Figure 4.5). Specifically, they 

observed a shift in ratios of bacterial phyla after treatment with Sz to a community that 

more closely resembled that of a healthy rat.27 They observed a decrease in 

Proteobacteria and Bacteroides and an increase of Firmicutes when rats were treated 
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with Sz. A different study performed in humans looked at how treatment with 5-ASA 

affected gut bacterial community composition specifically in the inflamed mucosa of UC 

patients. Comparing samples before and after treatment revealed a shift in the community 

toward a higher abundance of Firmicutes and decreased amount of Proteobacteria 

(Figure 4.5).44 As many Proteobacteria are facultative anaerobes this may indicate a shift 

in the environment away from one that has more oxygen after treatment with Sz. 

However, these studies did not determine whether the drug directly alters the gut 

microbiota composition or if the anti-inflammatory properties of the drug change the gut 

environment, causing the alteration in bacterial abundance. 
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Figure 4.5 Effect on gut bacterial communities after treatment with sulfasalazine 
(A) Treating a rate model with Sz improved the disease activity index to that of the control 
mouse. Data is plotted as average and error bars are standard deviation. (B) A 
comparison of the bacterial phyla that are present in the inflamed mucosa of UC patients 
prior to and after treatment with 5-ASA. Figures adapted from Xu, et al.44 and Zheng, et 
al.27  
 

In addition to studies investigating the effect of 5-ASA and Sz on bacterial communities 

in the context of IBD, Zheng, et al. observed that 5-ASA induces cell cycle defects in 

cancer cell lines.45 This finding led them to investigate the mechanism by which 5-ASA 

influences the cell cycle. They determined that these defects were caused by changes in 

mTOR signaling, which is regulated by the activity of mammalian PLDs. Mammalian PLDs 

influence various cell signaling processes, including mTOR signaling through the 
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production of PA.46,47 van den Brink and co-workers demonstrated that 5-ASA lead to a 

dose dependent inhibition of mammalian PLDs with an IC50 of ~5-20 mM in cancer cell 

lines (Figure 4.6).46 This observation provided a new proposal for the anti-inflammatory 

effects of 5-ASA as mTOR interfaces with inflammatory pathways.  

 

Figure 4.6 Inhibition of mammalian PLDs in cancer cell lines by 5-ASA 
In a dose dependent manner, 5-ASA affects PLD activity in human cancer lines. The PLD 
activity was detected using a fluorescence based Amplex Red assay. X-axis is 
concentration of 5-ASA in mM. Activity is plotted as an average and error bars are 
standard deviation. Figure adapted from Baan, et al.46 
 

This chapter describes our efforts to examine the role that bacterial PC degradation may 

play in host biology. We hypothesized that the activity of bacterial PLDs would interfere 

with gut mucosal barrier integrity and participate in the progression of UC. We sought to 

investigate if bacterial PC metabolism influences inflammation in the gut environment and 

contributes to the progression of IBD. In collaboration with Federico Rey (University of 

Wisconsin-Madison), we examined this metabolic activity in a gnotobiotic mouse model. 

Additionally, we analyzed metagenomic data to quantify the abundance of gut bacterial 

PLDs in patients with UC and CD to determine if the potential for PC hydrolysis is 

correlated to disease pathogenesis. Finally, we examined the effects of 5-ASA on 
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bacterial PLD activity and determined that it acts as an inhibitor of gut bacterial PLDs both 

in vitro and in situ for a variety of gut isolates. This inhibitory activity suggests that the 

anti-inflammatory effects of 5-ASA could be due to mitigation of bacterial PLD activity in 

the gut, which would implicate bacterial PC degradation in progression of UC. 

Identification of this inhibition necessitates further investigation into its relevance in a 

human host. 

 

4.2 Results 

 

4.2.1 Bacterial PLD activity contributes to intestinal permeability in a model system 

We first sought to investigate if bacterial PLD activity contributes to intestinal mucosal 

barrier degradation in vivo. We chose to employ a variation of a gnotobiotic mouse model 

previously used to study choline metabolism.48 This model uses a small consortium of 

bacteria to generate a “core” community which included Bacteroides ovatus, B. 

thetaiotaomicron, B. caccae, and C. aerofaciens. This core community helps maintain a 

more healthy state for the mouse over that of a gnotobiotic study; however, with such a 

small group of organisms this limits the conclusions that can be drawn from these studies. 

A healthy gut community harbors thousands of organisms, unlike the five that are present 

in these mouse models. This work was performed by Dr. Kymberleigh Romano and Dr. 

Kazuyuki Kasahara, members of Dr. Federico Rey’s lab at University of Wisconsin-

Madison. Germ-free mice were colonized with a core community consisting of 4 human 

gut bacterial strains that all lacked PLD activity and either E. coli MS 200-1 WT or the 
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Dpld mutant. After 4 weeks of colonization, the mice were orally gavaged with FITC-

dextran, a fluorophore linked to a poorly absorbed sugar polysaccharide (Figure 4.7).49–

51 If there was damage to the mucosal barrier in the colon, more of the FITC-dextran 

reagent should permeate through this barrier and be absorbed into the blood stream.52,53 

This fluorophore could then be detected via fluorimetry after a blood draw.  

 

Figure 4.7 Design of gnotobiotic mouse experiment to assess impact of bacterial 
PLD activity 
Two groups of female mice were colonized with defined human gut bacterial communities 
possessing different PLD activity. After 4 weeks of colonization, mice were gavaged with 
FITC-dextran to assess mucosal barrier degradation and intestinal permeability.  
 

Analysis of the fluorescence in the blood samples allowed us to determine if colonization 

with either microbial community led to mucosal barrier damage. Interestingly, the 

community that included E. coli WT showed increased FITC-dextran concentrations 

compared to the Dpld mutant (Figure 4.8). In mouse models prone to IBD, typical FITC-

dextran concentrations in the blood are 1000-1500 ng/µL,54 which is what we observe for 

the E. coli WT colonization. This observation led us to conclude that bacterial PLD activity 

and PC degradation result in a compromised gut mucosal barrier. Although there was 
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increased mucosal barrier damage, there was not general inflammation in the intestines 

as determine by the average colon length, which was similar across both populations. 

Both groups of mice also had similar final body weights after 4 weeks, indicating that they 

were both relatively healthy.  

 

Figure 4.8 Results from mouse colonization show increased mucosal barrier 
permeability in the presence of bacterial PLDs  
(A) FITC-dextran levels in blood (ng/mL) for the mice colonized either with Dpld or WT E. 
coli. (B) Colon length in mm for both groups of mice. (C) Body weight in grams for each 
individual mouse. Data is plotted as a box and whisker plot, showing the median, 
interquartile range and the maximum and minimum values.  
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Based on these results, we hypothesize that bacterial metabolism of the mucosal PC 

lipids could contributes to the pathogenesis of IBD through the disruption of the mucosal 

barrier. However, an important caveat of this work is that the gut bacterium that 

contributed PLD activity in this model, E. coli MS 200-1, is a Gammaproteobacterium. 

These organisms are typically present at higher abundance during gut inflammation due 

to increased oxygen levels.27 It would be interesting to perform this experiment with an 

organism from the Bacteroides family to see if PLD-expressing gut bacterial species 

typically associated with health would also afford this same effect in mucosal barrier 

degradation. Beyond this, our results have a few caveats that could be addressed in 

further experiments. First, our simplified community, although contains members of a 

healthy gut community, is highly different than a healthy human gut that contains 

thousands of bacterial species. Using an increased number of species during colonization 

would confound results, making it difficult to attribute the effects to one bacterial activity. 

Beyond that, these experiments utilize a wild-type mouse strain and not one that is prone 

to IBD. It would be interesting to either perform these experiments in the presence of 

organisms that typically cause GI inflammation or in a mouse model that is prone to IBD. 

This may provide more information about the role of bacterial mucosal barrier damage in 

the progression of this disease. 

 

4.2.2 Gut bacterial PLDs are differentially abundant in IBD patients 

To investigate the presence of gut bacterial PLDs in IBD, a sequence similarity network 

(SSN) was constructed of bacterial and archaeal PLD sequences from the InterPro 
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families IPR016674, IPR015679, IPR030840, IPR001028, and IPR022924 using the EFI-

EST (Enzyme Function Initiative – Enzyme Similarity Tool) web interface.55 This list of 

over 13,000 sequences generated a network that was examined with a 51% sequence 

ID edge cut-off (Figure 4.9). This edge ID cut-off value was determined based on 

clustering of characterized sequences from pathogenic organisms and commensal 

organisms. Interestingly, this cut-off value also led to clusters containing sequences that 

all share the same predicted substrate specificity as assessed by the diagnostic active 

site residue, as described in Chapter 3.  
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Figure 4.9 Sequence similarity network (SSN) analysis of bacterial and archaeal 
PLDs 
Bacterial PLD sequences clustered at 40% ID repnode, and 51% sequence ID edge cut 
off. Nodes colored green are sequences from soil bacteria, blue nodes are sequences 
from commensal human-associated organisms, and pink nodes are sequences from 
bacterial pathogens that utilize their PLD as a virulence factor.  
 

This network was then used to perform a chemically guided functional profiling analysis 

of human gut metagenome sequencing data. ShortBRED identify and quantify56 to 

analyze the presence of genes encoding bacterial PLDs in human metagenomes.57 This 

analysis was performed with assistance from Dr. Benjamin Levin, a former graduate 

student in the Balskus Lab. Sequencing data was obtained from Schirmer et al., a study 
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of patients that were diagnosed with UC or CD, in which the bacterial protein profiles were 

compared to those extracted from healthy patients.58 Based on the average bacterial 

genome size, results were then normalized to pld counts per bacterial genome. Each 

cluster of PLD sequences was then ranked based on its total abundance in all samples. 

We also performed statistical analysis to determine if there was a significant difference 

between the abundance of pld in individual clusters in the three different populations. We 

compared all clusters of the SSN. This analysis identified 6 clusters that had statistically 

significant differential abundance in healthy vs. disease state: clusters 23, 326, 399, 11, 

and 82 had lower abundance in UC patients, while cluster 7 had increased abundance 

(Figure 4.10).  
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Figure 4.10 Heat map of ShortBRED results shows differential pld abundance in UC 
and CD patients 
A heat map indicating the abundance per bacterial genome of PLDs ranked by total 
abundance per cluster. Only the top 5% of clusters are shown. Each column corresponds 
to an individual sample from either a healthy, CD, or UC patient.  
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The clusters that had decreased abundance in IBD patients included sequences from 

organisms that are part of the Bacteroidia and Clostridia classes (Table 4.1). This was in 

contrast to the cluster (7) that was increased in abundance, which contained only 

sequences from Gammaproteobacteria and Deltaproteobacteria. Interestingly, 

alignments of sequences in each differentially abundant cluster revealed that all six 

clusters were made up of only sequences that encoded aspartate residues in the position 

predicted to confer substrate PLD specificity. This suggests these clusters likely encode 

PLD enzymes capable of PC metabolism.  

Table 4.1 Properties of clusters with statistically significant abundance in healthy 

vs. IBD states 

 

Although this difference in PLD abundance between healthy and disease is statistically 

significant, it is important to not ascribe this to a causal relationship. Patients with IBD 

have increased GI inflammation, which causes an increase in the oxygen content of the 

colon. This increase in oxygen supports a microbiota composition that has a lower 

abundance of Bacteroides and Firmicutes (strict anaerobes) and an increase of 

Proteobacteria (facultative anaerobes). The shift in abundance of PLDs in the colon may 

just be due to a change in ratios of these different bacteria within the community. 
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Additionally, gene abundance doesn’t necessarily reflect levels of gene expression or 

protein production. It would be beneficial to examine the metatranscriptomic data sets 

that are associated with this study58 to uncover if there is similar difference in abundance 

levels of transcripts of plds.  However, it would be interesting to further investigate if these 

organisms may contribute to the pathogenesis of the disease. Beyond that further 

investigation into the other clusters that changed abundance would be interesting, as we 

only prioritized the top six. Even in the substantial number of clusters that don’t change 

in abundance it would be interesting to determine what the substrate specificity is for the 

PLDs encoded by the sequences in those clusters. Beyond that it would be interesting to 

utilize some of the organisms from clusters that were differentially abundant in mouse 

colonization models to uncover if these organisms play a role in the progression of the 

disease or the degradation of the mucosal barrier.  

 

4.2.3 Known small molecule inhibitors of human PLD do not affect bacterial PLD 

activity 

Inhibitors of human PLDs have been developed as potential therapeutics for diseases 

associated with defective PC processing, and these compounds can have high specificity 

toward individual human PLD isoforms out of six total isoforms.59,60 Although the 

sequences of some bacterial PLDs resemble those of host PLDs, the E. coli enzyme has 

no detectable sequence identity to human isoforms, raising the question of whether it 

could be targeted by host PLD inhibitors. To explore this, we assessed the activity of 

FIPI61, a broad-spectrum human PLD inhibitor, and VU035959562, a PLD2-specific 
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inhibitor, toward the E. coli PLD using the Amplex Red dependent fluorescence assay. In 

both in vitro and culture assays, there was no detectable inhibition of this bacterial enzyme 

(Figure 4.11). Previous assessments of these compounds’ activities against the P. 

aeruginosa PLD also found no detectable inhibition.62 Together, these observations 

indicate that bacterial PLDs are distinct from their human counterparts and suggest the 

possibility of discovering inhibitors that target bacterial PLDs without affecting host 

enzymes.  
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Figure 4.11 Mammalian PLD inhibitors do not target E. coli PLD activity 
Structures of mammalian inhibitors FIPI and VU0359595 (A). In vitro assessment of FIPI 
(B) or VU0359595 (C) against E. coli PLD as detected by the Amplex Red based 
fluorescence assay. Table indicates IC50 values calculated in previous studies for FIPI61 
and VU035959562 for two isoforms of mammalian PLD and P. aeruginosa PLD as well as 
our calculated IC50 value for E. coli PLD. Data is plotted as the average of 3 independent 
biological replicates and error bars are the standard deviation. 
 

4.2.4 Inhibition of bacterial PLD activity by the IBD drug 5-ASA 

As the IBD drug 5-ASA was shown to be active against mammalian PLDs in cancer cell 

lines,46 we hypothesized that this compound may have some activity toward gut bacterial 
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PLDs. We first investigated this hypothesis using in vitro assays. Purified E. coli PLD was 

pre-incubated with varying concentrations of 5-ASA and then subjected to the Amplex 

Red dependent fluorescence assay. PLD activity was then calculated as a percentage of 

the activity observed for the DMSO control. These data were plotted to calculate the IC50 

value for 5-ASA inhibition (11 µM) (Figure 4.12). We also assessed the activity of this 

compound in whole cells. Cultures of E. coli MS200-1 were grown in the presence of 

varying concentrations of 5-ASA and 0.5 mM PC anaerobically for 16 hours. After growth, 

metabolites were extracted and analyzed via LC-MS/MS analysis as described in Chapter 

2. The sum of choline and TMA generated was compared to that of a no inhibitor control 

to calculate the % PC metabolized. These data were plotted to calculate the EC50 value 

of 5-ASA in E. coli (32 µM) (Figure 4.12). Interestingly, concentrations of 5-ASA and Sz 

in the gut are approximated to be 0.5 mM, so these values of inhibition are physiologically 

relevant.  

 

Figure 4.12 Inhibition of E. coli PLD activity by 5-ASA  
(A) In vitro IC50 curve for 5-ASA activity against purified E. coli PLD. The IC50 value is 11 
µM. (B) In situ EC50 curve showing diminished PLD activity in whole cells in the presence 
of 5-ASA. EC50 value is 32 µM. Data is plotted as the average of 3 independent biological 
replicates and error bars are the standard deviation. 
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Together these data suggest that 5-ASA is capable of modulating gut bacterial 

metabolism of PC by inhibiting PLD. We were intrigued by this finding as there have been 

no previous reports suggesting that 5-ASA affects gut bacterial enzymatic functions. 

Interestingly, when assessed in the same manner, we determined Sz does not inhibit E. 

coli PLD activity, either in vitro or in situ. Additionally, E. coli MS 200-1 does not appear 

to express an azoreductase that would be capable of hydrolyzing Sz to release 5-ASA. 

This might suggest that inhibition of bacterial PLDs might be affected by the presence of 

bacterial azoreductases in that community. 

 

After discovering that 5-ASA inhibits the E. coli PLD, we conducted additional studies to 

explore whether this activity could be relevant for 5-ASA’s efficacy in treating UC. First, 

we investigate its effects on bacterial growth in a minimal medium. E. coli MS 200-1 cells 

were grown anaerobically on a medium containing PC as the sole carbon source. Aliquots 

were removed at various time points and plated on LB plates. After overnight growth, 

colonies on the plates were counted and plotted. In the absence of 5-ASA, E. coli MS 

200-1 grew on this minimal media as previously described (see Chapter 3). However, 

when 5-ASA was included at 100 µM in the culture, there was no observable growth after 

40 hours (Figure 4.13). A similar growth phenotype was previously observed with the Dpld 

mutant strain; in both cases, the absence of PLD activity prevents acquisition of a carbon 

source from PC required for growth.  
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Figure 4.13 E. coli is unable to grow on minimal media in the presence of 5-ASA 
E. coli MS 200-1 grown on a minimal medium containing PC as the sole carbon source, 
in the presence or absence of 5-ASA (100 µM). Growth is measured in CFUs/mL over 
the course of 40 hours. Data is plotted as the average of 3 independent biological 
replicates and error bars are the standard deviation. 
 

4.2.5 Inhibition of PLD activity by 5-ASA does not affect bacterial growth in rich 

medium 

As we had determined that 5-ASA inhibits bacterial PLD activity and inhibits the growth 

of E. coli on a minimal media, Next, we wanted to assess 5-ASA’s effect on bacterial 

growth in a rich medium. E. coli MS 200-1 was grown in BHI medium in the presence of 

three different concentrations of 5-ASA in a 96-well plate. This assay was performed 

under both aerobic and anaerobic conditions. In both assay formats, there was no 

detectable growth defects up to 0.5 mM of 5-ASA (Figure 4.14). This indicates that the 

effects of 5-ASA on bacterial PLDs only impairs growth when PC is the sole carbon 
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source. However, while in a richer environment, like the gut, inhibition of PLD does not 

impair growth, but does impair PC metabolism.  

 

 

Figure 4.14 Growth of E. coli in the presence of 5-ASA is unimpaired 
Cultures of E. coli MS200-1 were grown either (A) aerobically or (B) anaerobically in BHI 
medium in the presence of 0.5 mM (blue), 0.1 mM (red), 0.05 mM (green) or 0 mM (purple) 
5-ASA. Data is plotted as the average of 3 replicates and error bars are the standard 
deviation. 

 

This observation is interesting as previous reports had noted that, in humans, gut bacterial 

population shifts occurred during treatment of UC with 5-ASA.44 Liu and coworkers 

examined gut bacterial 16S rRNA ratios in patients that were experiencing inflammation 

before and after treatment with 5-ASA. They observed a decrease of Proteobacteria after 

treatment but did not examine if these population changes were due to growth inhibitory 

effects or due to changes in host inflammation. Our work shows that 5-ASA does not 

inhibit growth of a PLD-encoding gut bacterium under conditions that are not nutrient 

limited. This funding could suggest the population changes observed in this previous 

study are either due to larger community dynamics or due to nutrient limitations. Further 
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work is necessary to understand how 5-ASA dosing contributes to community shifts in the 

gut microbiome of patients with UC. It would be interesting to examine 

metatranscriptomics and metaproteomics to understand how dosing 5-ASA affects gut 

microbial processes. 

 

4.2.6 Investigation of the mechanism of PLD inhibition by 5-ASA 

After determining that 5-ASA is capable of modulating E. coli PLD activity, we sought to 

further understand the mechanism by which this small molecule inhibits this enzyme by 

assessing enzyme kinetics at different concentrations of 5-ASA. Changes in the either 

the kcat or KM parameters (or both), would provide information about if the inhibition was 

competitive, non-competitive, or un-competitive. Purified PLD was pre-incubated with 

varying concentrations of 5-ASA before measuring activity with the Amplex Red assay. 

The concentration of PC was also varied. Fluorescence was monitored over 30 minutes, 

and the observed initial rates were used to calculate steady state kinetics at each 

concentration of inhibitor (Figure 4.15). This analysis revealed a decrease in Vmax as the 

concentration of inhibitor increased. This pattern is characteristic of inhibition via a non-

competitive or un-competitive mechanism. However, only at low concentrations of 

inhibitor do we see linearity when graphing the inverse of the substrate concentration and 

rate. This makes it difficult to conclude if the inhibition is strictly non-competitive or un-

competitive mechanism.   
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Figure 4.15 Steady-state kinetics with 5-ASA dose response reveals potential 
mechanism of action  
Michaelis–Menten and Lineweaver–Burke plot of steady-state kinetic data obtained from   
fluorescence assays of E. coli MS 200-1 PLD in the presence of varying inhibitor 
concentrations. Data is plotted as the average of 3 biological replicates.  
 

Since we could conclude that PLD inhibition was not proceeding through a competitive 

mechanism, we hoped that docking studies could help us elucidate further information 

about 5-ASA’s interaction with this enzyme. Using the previously generated E. coli PLD 

homology model (Chapter 3), we attempted to dock 5-ASA, using the Schrodinger suite 
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software. Unfortunately, the small size of 5-ASA (MW = 153.135) led to the identification 

of many potential binding pockets, complicating this analysis. We prioritized two poses in 

which 5-ASA was not bound in the PLD active site, which would be consistent with the 

observation that it is not a competitive inhibitor. These two poses have 5-ASA in similar 

positions right outside of the active site (Figure 4.16). There were hydrogen bodning 

interactions that suggested that the 5-amino group and the carboxylate of 5-ASA are 

important for binding. There also seemed to be the potential for π-π stacking between the 

5-ASA and Tyr147 in both of the docked poses, if this residue was rotated. However, 

there did not seem to be any biochemical evidence that there would be two molecules of 

5-ASA binding at once, as there does not seem to be a non-linearity to the dose-response. 

We therefore propose that if these potential binding sites are relevant, only one is likely 

occupied at a time. Further studies would be needed to confirm the binding pocket of 5-

ASA, potentially through crystallography or mutagenesis studies.  

 



 

 193 

 

Figure 4.16 Overlay of two docking poses for 5-ASA in the E. coli MS 200-1 PLD 
homology model 
Two docking poses overlaid showing the two 5-ASA molecules (pink and brown) docked 
outside of the active site residues (green residues boxed in pink). Residues that have 
potential interactions with 5-ASA are colored in purple. Distances between atoms are 
noted as dotted lines and measured in Å.  
 

4.2.7 Identification of structural features required for 5-ASA inhibition of PLD 

Our docking experiment suggested that the amino group and the carboxylate of 5-ASA 

may be critical for activity. We sought to better define the important structural features of 

this inhibitor by performing a structure activity relationship (SAR) analysis. We chose to 
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examine the activity of 10 commercially available, structurally related compounds. 

Inhibitors were split into 4 different categories: modifications of the carboxylate, 

modifications of the hydroxyl group, modifications of the amino group, and modifications 

of both the amino and hydroxyl group (Figure 4.17).  

 

Figure 4.17 Compounds used for the SAR analysis 
Compounds are color-coded based on the part of 5-ASA that is being modified.  

 

Purified PLD was incubated for 20 minutes with varying concentrations of each 

compound. Purified PLD was pre-incubated with varying concentrations of 5-ASA before 

measuring activity with the Amplex Red assay. The concentration of PC was also varied.  

End-point fluorescence was monitored at 30 minutes, and the activity was used to 

calculate IC50 values for each compound (Table 4.2). Additionally, cultures of E. coli MS 

200-1 were grown in the presence of each compound and 0.5 mM PC anaerobically for 
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16 hours. After growth, metabolites were extracted and analyzed via LC-MS/MS analysis 

as described in Chapter 2. The sum of choline and TMA generated was compared to that 

of a no inhibitor control to calculate the % PC metabolized (Table 4.1).  

Table 4.2 IC50 and EC50 values for 5-ASA analogs against E. coli PLD 

 

We observed that most of the compounds were not as effective as 5-ASA. However, one 

compound, methyl 5-amino-2-hydroxybenzoate (5-ASmE, 2) displayed similar inhibitory 

activity as 1 in vitro and was approximately 2-fold better in culture (Figure 4.18). We 

hypothesize that the improved EC50 observed with 5-ASmE is likely due to increased cell 

permeability, as in vitro inhibition is identical for both compounds.  
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Figure 4.18 Inhibition of bacterial PLD activity by 5-ASmE  
(A) In vitro IC50 curve for 5-ASmE activity against purified E. coli PLD. The IC50 value is 
11 µM. (B) In situ EC50 curve showing PLD activity in E. coli MS 200-1 whole cells in the 
presence of 5-ASmE. The EC50 value is 17 µM.  Data is plotted as the average of 3 
replicates and error bars are the standard deviation. 
 

4.2.8 Inhibition of PLDs by 5-ASA and 5-ASmE across a variety of gut organisms 

As a final test of these inhibitors, we wanted to examine the effects of 5-ASA and 5-ASmE 

against a variety of other PLD-encoding gut bacteria. This would enable us to understand 

the broader impact of 5-ASA on the gut microbiome. We selected strains that had been 

previously studied for their PLD activity in Chapter 2.  Bacteria were grown in the presence 

of inhibitor and then metabolites were extracted and analyzed via LC-MS/MS. 

Quantification of the choline and TMA generated allowed us to calculate EC50 values 

(Table 4.3).  Unexpectedly, a different strain of PLD-expressing E. coli, MS 69-1, did not 

show any inhibition when treated with 5-ASA. However, all other cultures had EC50 values 

between 90 and 5 µM. Although it was unexpected that the different E. coli strain was not 

inhibited, it was still inhibited by 5-ASmE. This may be due to solubility of this inhibitor or 

a different localization of the PLD enzyme in this strain. Interestingly, Cronobacter 
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sakazakii is an opportunistic pathogen that is associated with a variety of human disease 

states and is inhibited at low micromolar concentrations by both 5-ASA and 5-ASmE. 

Enterococcus raffinosus is a gut isolate that is often associated with infection as well. 

These results suggest that perhaps 5-ASme is capable of permeating cells in a variety of 

organisms and inhibiting PLD activity. Understanding the mechanism by which 5-ASA 

inhibits bacterial PLDs may also provide some interesting future directions in further 

investing how 5-ASA impacts UC disease progression. 

Table 4.3 EC50 values for 5-ASA and 5-ASmE inhibition of PC metabolism across 

different bacterial strains 

 

 

4.3 Conclusions  

Studying the effect of gut bacterial PLD activity led us to investigate if there is a connection 

between this metabolism and IBD. We found that PLD activity appears to contribute to 

mucosal barrier degradation in mouse models, which is characteristic of UC. There also 

are apparent changes in pld genes in gut metagenomes. The genes encoded by 
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Proteobacteria are present at increased abundance in IBD patients over healthy, while 

those encoded by Clostridia or Bacteroidia are present at a lower abundance in IBD 

patients. Interestingly, the activity of gut bacterial PLDs seem to be attenuated by the IBD 

drug 5-ASA, a medication that is widely used despite limited understanding of its 

mechanism. Our investigations have determined that 5-ASA and its derivative, 5-ASmE, 

are capable of blocking gut bacterial PLD activity. This may provide a new hypothesis as 

to the mechanism of 5-ASA activity in IBD patients. Further research to understand if this 

inhibition also occurs in vivo a host model. It would therefore be interesting to see whether 

administering these inhibitors to gnotobiotic mice colonized with a PLD-encoding model 

community would recapitulate colonization with a community containing the Dpld 

knockout strain. Further studies could attempt to improve inhibitory activity through 

structure-guided medicinal chemistry. If other PLD inhibitors were of interest, a high-

throughput screen using the PC minimal media as screening conditions could be utilized. 

Taken together, these data as well as the proposed future studies would improve our 

understanding of a first-line drug for IBD as well as potentially discover more effective 

pharmaceuticals for treatment of IBD.   

 

4.4 Methods 

 

4.4.1 General materials and methods 

Commercial chemicals were of the highest purity available and purchased from Sigma-

Aldrich (St. Louis, MO) unless otherwise noted. Lecithin was obtained from Alfa Aesar. 
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d9-choline was obtained from Cambridge Isotope Laboratories. Luria-Bertani (LB) 

medium was obtained from EMD Millipore or Alfa Aesar. Isopropyl β-D-1-

thiogalactopyranoside (IPTG) was purchased from Teknova (Hollister, CA). Acetonitrile 

for LC-MS analyses was purchased as LC-MS grade solvent from Honeywell Burdick & 

Jackson (Muskegon, MI). VU0359595 was purchased from Avanti Polar Lipids (Alabaster, 

AL). Bacterial strains were obtained from culture collections (Table 2.1). Genomic DNA 

was extracted using the UltraClean Microbial DNA Isolation Kit (MO BIO Laboratories, 

Carlsbad, CA). DNA sequencing was performed by Eton Biosciences (Charlestown, MA). 

DNA sequencing results were visualized in Geneious 8.1.7. Protein concentrations were 

determined according to the method of Bradford using bovine serum albumin (BSA) as a 

standard or by using a Thermo Scientific NanoDrop 2000 UV-Vis Spectrophotometer and 

measuring absorbance at 595 nm (ThermoFisher Scientific, Rockford, IL). Optical 

densities of bacterial cultures were determined with a Beckman Coulter DU 730 Life 

Science Spectrophotometer (Beckman Coulter, Brea, CA) by measuring absorbance at 

600 nm. Plots were generated using Prism 7.  

 

4.4.2 Sequence similarity network construction 

The InterPro database (https://www.ebi.ac.uk/interpro/) was accessed on February 19, 

2018. From the protein families corresponding to PLDs (IPR016674, IPR015679, 

IPR030840, IPR001028, IPR022924), bacterial and archaeal sequences were exported. 

Duplicate sequences were removed, and a fasta file was generated containing 13,116 

sequences. Using EFI-EST (https://efi.igb.illinois.edu/efi-est/), the fasta file was uploaded 
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and a SSN was generated at an E value of 100. The network of a 40% ID repnode was 

downloaded and visualized in the program Cytoscape. The edge %ID was increased until 

pathogenic and commensal sequences were separated. Final edge %ID was 51%.  

 

4.4.3 CGFP analysis of gut metagenomic datasets 

This analysis was performed with assistance from Dr. Benjamin Levin. ShortBRED was 

used to quantify the abundance of PLDs from the SSN in gut metagenomes. All 

ShortBRED56 computations were performed on the Odyssey cluster supported by the 

Faculty of Arts and Science Division of Science Research Computing Group at Harvard 

University. First, ShortBRED-Identify was used to find markers for all of the sequences 

from the PLD SSN. UniRef90 was used as the reference list, and the markers generated 

were specific to sequences in the SSN and were absent from UniRef90. ShortBRED-

Identify was run with the default parameters, with the exception of the “–threads” flag, 

which was increased to run effectively on the Odyssey cluster. With markers generated, 

ShortBRED-Quantify was then used to determine the abundance of the PLDs in 

metagenomes generated as part of the study performed by Schirmer and coworkers.58 

The output from ShortBRED-Quantify was normalized to counts per microbial genome 

using previously computed average genome sizes for each sample. 

 

4.4.4 Mouse model of intestinal barrier permeability 

All experiments involving mice were performed using protocols approved by the 

University of Wisconsin-Madison Animal Care and Use Committee. Strains used to 
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colonize mice were grown as monocultures on Mega Medium agar plates anaerobically 

for 48 to 72 h at 37°C. Single colonies were then inoculated into 3 ml of Mega Medium 

and grown anaerobically for 24 h at 37°C. After 24 h, strains belonging to the same 

treatment group were combined in an equal volume ratio in a Hungate tube. C57BL/6 

germfree mice were inoculated by oral gavage with ~0.2 ml of mixed bacterial culture 

inside the gnotobiotic isolator. Mice were maintained on the experimental diets for four 

weeks after colonization. Unless noted all experiments were performed in female mice. 

Intestinal permeability was assessed using the non-metabolizable macromolecule 

Fluorescein Isothiocyanate (FITC)-Dextran (4kDA, Sigma). Mice were fasted overnight 

and gavaged with FITC-dextran (44mg/100g body weight) 4 hours before bleeding. The 

concentration of FITC-dextran in serum was quantified spectrophotofluorometrically. 

 

4.4.5 Inhibition of PLD activity in vitro  

To assess the inhibition of PLD activity the Amplex Red assay was used. 1 µM of purified 

PLD was incubated in the presence of varying concentrations of inhibitor (0.5 nM – 0.5 

mM) at 37 ºC for 20 minutes. After 20 minutes, the reaction was initiated by the addition 

of 0.2 U/mL choline oxidase, 2 U/mL horseradish peroxidase, 100 µM Amplex Red 

reagent (ThermoFisher Scientific, Rockford, IL), and varying concentrations of PC (0.01 

– 0.5 mM). Assays were incubated at 37 ºC in a BioTek Synergy HTX multi-mode reader 

(BioTek, Winooski, VT) monitoring fluorescence [Ex. 530 nm Em. 590 nm] every 2 min 

for the first 30 min, followed by every 15 min for an hour. For IC50 calculations, protein 

activity was compared to WT activity to calculate a % activity. The activity was plotted 
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against inhibitor concentration to calculate IC50 value. Michaelis–Menten kinetics were 

determined by quantifying the initial rates at each substrate concentration and normalizing 

for protein content in each well.  

 

4.4.6 Inhibition of PLD activity in cultures 

E. coli cultures were grown anaerobically (5% H2, 95% N2 atmosphere) on MegaMedium 

(Table 2.2) containing 0.5 mM PC and inhibitor ranging in concentrations from 0.5 mM to 

0.5 nM. MegaMedium was autoclaved for 15 minutes, sparged with nitrogen for 1 hour, 

and equilibrated in a Coy vinyl anaerobic chamber (Coy Labs, Grass Lake, MI) overnight. 

Cultures (1 mL) were inoculated with 2 µL of an overnight starter culture that had 

contained 1 mM choline and grown for 16 h at 37 ºC under anaerobic conditions in a 96-

well plate sealed with aluminum film. Culture aliquots were diluted 50-fold into a mixture 

of 95% acetonitrile:5% 50 mM ammonium formate:0.02% formic acid to lyse cells and 

recover the total (intracellular and extracellular) TMA and choline. TMA and choline 

concentrations were assessed using LC-MC/MS. Media blanks consisted of 1 mL 

uninoculated media containing 0.5 mM substrate. The experiment was performed in 

triplicate.  

 

LC-MS analysis was performed on an Agilent 6410 Triple Quadrupole LC/MS instrument 

(Agilent Technologies, Wilmington, DE). Samples and blanks were introduced via an 

electrospray ionization (ESI) source. The mass spectrometers were operated in multiple 

reaction monitoring (MRM) mode. The capillary voltage was set to 4.0 kV and the 
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fragmentor voltage to 110 V. The drying gas temperature was maintained at 200 °C with 

a flow rate of 10 L/min and a nebulizer pressure of 45 psi. The precursor-product ion pairs 

used in MRM mode were: m/z 60.1→m/z 45.1 (TMA), m/z 140.1→m/z 45.1 (choline). The 

collision energies for the precursor-product ion pairs were 21 V. MS1 resolution was set 

to unit, MS2 resolution was set to unit, and the ΔEMV (Electron Multiplier Voltage) was 

400 V. Data analysis was performed with Mass Hunter Workstation Data Acquisition 

software (Agilent Technologies). LC analysis was performed in positive mode, using a 

Kinetex (Phenomenex) HILIC column (2.6 µm, 30 mm or 50 mm × 2.1 mm, 100 Å), 

preceded by a SecurityGuard ULTRA HILIC. The LC conditions were 0% B for 1 min, a 

gradient increasing to 90% B over 2 min, 90% B for 1.5 min, a gradient decreasing to 0% 

B over 1.5 min, and 0% B for 1.5 min at a flow rate of 0.6 mL/min (solvent A = 95% 

acetonitrile, 0.5 mM ammonium formate in water with 0.02% formic acid, solvent B = 50% 

acetonitrile, 40% water, 0.5 mM ammonium formate in water with 0.02% formic acid). 

Injection volumes were set at 5 µL per sample. For quantification of TMA and choline, an 

external standard curve was prepared in MegaMedium supplemented with 0.5 mM 

phosphatidylcholine (PC) and analyzed at concentrations ranging from 40 ng/L to 0.8 ng/L 

for TMA and 58 ng/L to 1.2 ng/L for choline. This procedure was used to assess inhibition 

by 5-ASA in all bacterial cultures.  

 

4.4.7 Growth of E. coli MS 200-1 on minimal medium 

Minimal medium containing lecithin is a sole carbon source was designed. NCE (No 

carbon essential) media was supplemented with 1 mM lecithin, 4 mM sodium fumarate, 
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1 mM magnesium sulfate, 0.1% w/v casamino acids, and 1% each of vitamin and mineral 

solutions (American Type Culture Collection, Manassas, VA). Cultures of E. coli MS 200-

1 wild-type was grown in BHI media anaerobically at 37 ºC for 16 hours. 10 mL of lecithin 

minimal media in Hungate tubes were inoculated with 100 µL of overnight culture and 

inhibitor at 0.1 mM was added to half of the tubes. Every two hours for the first six hours 

and then every two hours from 12-40 hours, 100 µL of culture was removed from the 

Hungate tubes. Removed aliquots were diluted 1:102, 1:104, and 1:106, and 100 µL of 

diluted aliquots were plated onto LB agar plates. Plates were incubated at 37 ºC for 12 

hours and colonies were counted. The experiment was performed in triplicate. Metabolite 

analysis was performed as described in Chapter 2.  

 

4.4.8 Growth of E. coli MS 200-1 on rich medium 

E. coli cultures were grown anaerobically (5% H2, 95% N2 atmosphere) on MegaMedium 

(Table 2.2) containing 0.5 mM PC and inhibitor ranging in concentrations from 0.5 mM to 

0.5 nM. MegaMedium was autoclaved for 15 minutes, sparged with nitrogen for 1 hour, 

and equilibrated in a Coy vinyl anaerobic chamber (Coy Labs, Grass Lake, MI) overnight. 

Cultures (0.2 mL) were inoculated with 2 µL of an overnight starter culture that contained 

1 mM choline and grown for 24 h at 37 ºC under anaerobic conditions in a 96-well plate 

inside of a BioTek plate reader. Absorbance at 600 nm was measured every 15 minutes 

for 24 hours. Process was repeated aerobically using the same conditions.  

 

4.4.9 Docking of inhibitors into PLD homology model  
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Homology model for E. coli MS 200-1 PLD was constructed as described in Chapter 3 

using the MPI Bioinformatics Toolkit (https://toolkit.tuebingen.mpg.de/). The structure of 

the inhibitor was prepared using ChemDraw. Both the protein structure and the inhibitor 

structure were optimized using the Schrodinger suite of programs. The small molecule 

was docked into the protein structure using Induced Fit Docking model in the suite.  
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