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Abstract
The gastrointestinal (GI) tract comprises an essential system of organs required for
digestion and nutrient absorption. These functions are mediated by the mechanical activities of
concentric and orthogonally aligned layers of smooth muscle within the wall of the GI tract that
physically induce intestinal villi formation and generate the peristaltic flow of luminal contents.
While the form and functions of these muscles are well appreciated, an understanding of how
each layer becomes properly patterned and aligned in the embryo is lacking and is the focus of
this dissertation.
First, I describe how signaling interactions between the Hedgehog (Hh) and Bone
Morphogenetic Protein (Bmp) pathways determine the concentric organization of intestinal
smooth muscle. I demonstrate that the proper radial positioning of the early-forming inner
circumferential muscle layer is dependent upon appropriate levels of Hh signaling, which acts in
a concentration-dependent manner to activate or, through the Bmp pathway, to inhibit smooth
muscle differentiation. Following its formation, this inner muscle layer as well as invading neural
crest cells secrete Bmp antagonists, which locally inhibit Bmp activity within the outer
mesenchyme and subsequently allow for differentiation of the later-forming outer longitudinal
muscle layer.
Second, I show that alignment of the smooth muscle layers into circumferential or
longitudinal orientations is dependent upon unique mechanical cues present within the
developing gut as each layer differentiates. Initially, differential proliferation rates across the
radial axis of the intestine generate circumferential residual strains that place the differentiating
muscle cells under tension, which directs the early-forming layer to align circumferentially. Next,
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spontaneous contractions of this first muscle layer generate cyclic strain that guides the laterforming layer to align perpendicularly and in the longitudinal orientation, thus coupling the
alignment of the second layer to that of the first. Additionally, I demonstrate that this physical
mechanism can account for the helical alignment of muscles in the mouse esophagus.
Together, these studies link signaling and mechanics to explain how smooth muscle
layers become patterned and aligned in the developing intestine, and, more broadly, provide a
mechanistic framework for understanding the emergence of smooth muscle organization in
other tubular organs.
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Chapter One: General Introduction

This chapter contains content modified from a review article titled “Chick Midgut
Morphogenesis” that was published in the International Journal of Developmental Biology

Authors:
Tyler R. Huycke and Clifford J. Tabin
Affiliation: Department of Genetics, Harvard Medical School, Boston, MA 02115, USA

General overview
The gastrointestinal (GI) tract is an essential system of organs that perform functions
vital to digestion, nutrient absorption, and protection against toxins and xenobiotics. Beginning
as a simple tube early in development, the primitive gut is patterned along its anterior-posterior
axis into discrete compartments with unique morphologies relevant to their functions in the
digestive process. Throughout embryogenesis, molecular signals and mechanical forces sculpt
the gut through a series of complex morphogenetic events that give rise to its adult form in a
process that is largely conserved across species, with the distinct GI organs all deriving from a
common primitive gut tube. In a classic study, Caspar Friedrich Wolff observed the early
morphogenesis of the chick gut as it transformed from a sheet into a tube, considering it a prime
example of epigenesis – the prevailing hypothesis that adult form develops progressively
through stepwise morphological transformations during embryogenesis (Wolff and Dupont,
1768-1769). This transformation is accomplished early in development via morphogenetic
cellular movements at two ventral invaginations of the endoderm at the opposite ends of the
embryo, the anterior and caudal intestinal portals. These events culminate in the fusion of the
endoderm into the primitive gut at approximately day 3 of embryonic development in the chick
(Le Guen et al., 2015; McLin et al., 2009; Roberts, 2000; Spence et al., 2011a). At this point, the
gut exists as a simple composite tube composed of an endodermal epithelium ensheathed in
mesenchyme recruited from the splanchnic portion of the lateral plate mesoderm and is
suspended from the abdominal wall through a connection via the dorsal mesentery. Soon after
its formation, the gut tube is colonized by two populations of neural crest cells derived from the
ectoderm that migrate through the gut in either an anterior-to-posterior (vagal) or posterior-toanterior (sacral) wave. Thus, the development and function of the digestive tract is ultimately the
result of interactions between all three germ layers.
Reciprocal signaling between the epithelium and mesenchyme regionalizes the gut
along its anterior-posterior axis. Heterologous tissue recombination experiments between these
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layers demonstrate the importance of cross-talk between the two tissues. This interactive
process is highlighted by the fact that both the endoderm and mesoderm exhibit instructive
effects on the induction of cell fate and morphology of the other with spatial and temporal
dependence. Cross-talk between the tissues continues throughout development and into adult
life, playing important roles in compartment specification, patterning, epithelial differentiation,
and stem cell maintenance (Reviewed in Chin et al., 2017; Crosnier et al., 2006; de Santa
Barbara et al., 2003; Fukuda and Yasugi, 2005; Le Guen et al., 2015; McLin et al., 2009; Noah
et al., 2011; Roberts, 2000; Roberts et al., 1998; Spence et al., 2011a; Wells and Spence, 2014;
Yasugi and Mizuno, 2008).
With regard to form, the overall output of these molecular interactions resolves with the
partitioning of the digestive tract into discrete compartments that are morphologically apparent
at day 3 of chick embryonic development: the foregut, midgut, and hindgut (Romanoff, 1960). In
terms of the avian digestive tract, the foregut gives rise to the esophagus, crop, gizzard
(muscular stomach), and proventriculus (glandular stomach); the midgut to the small intestine;
and the hindgut to the large intestine. Located at the boundary of the small and large intestine
are the ceca, two blind ended sacs continuous with the gut lumen that are analogous to the
mammalian appendix. Each compartment is specified to develop unique morphologies that are
required for their specific functions in the digestive process. For example, the midgut drastically
increases its absorptive surface area via two modes: elongation and the formation of intestinal
villi (a process termed villification). At the same time, the gut mesenchyme is patterned along its
radial axis into discrete layers of smooth muscle and neurons that mediate their contractions to
drive coordinated peristalsis. A growing body of recent research has implicated multiple roles for
physical forces in these morphogenic events during gut development, yet how these mechanics
of morphogenesis integrate with signaling pathways to sculpt the gut into its mature form are
only beginning to be understood.

3

Multiple roles for mechanical forces in intestinal morphogenesis
Intestinal rotation
The human small intestine is approximately 20 feet long yet must be packaged to fit
within the tight space constraints of the body cavity – a problem accomplished through a looping
process initiated early in development. As midgut elongation outpaces axial elongation of the
embryo, it is forced into a hairpin loop that buckles ventrally into a space outside of the
abdominal wall (within the yolk stalk in birds, the umbilicus in mammals) at approximately
embryonic day 5 in the chick (Davis et al., 2008; Soffers et al., 2015). As it does so it initiates a
90 degree counterclockwise turn. In subsequent days the gut undergoes an additional 180
degree counterclockwise rotation before it is retracted back into the body cavity late in
development (just prior to hatching) (Davis et al., 2008; Soffers et al., 2015; Southwell, 2006).
This looping process occurs in a highly stereotyped manner that initiates with a critical
leftward tilt in the gut early in development. That the midgut itself displays radial symmetry in
cross section raises the question of how the chirality of this looping process is established. As
the endoderm fuses into a tube, the endoderm recruits splanchnic mesoderm from the lateral
plate (Roberts, 2000). A portion of this mesoderm becomes the dorsal mesentery (DM),
eventually a thin, elastic membrane, but initially a stiff block of tissue composed of mesenchyme
situated between two epithelia. This DM is attached along the dorsal edge of the midgut,
suspending it within the coelom (Davis et al., 2008). Between stages HH20-22 a symmetry
breaking event occurs in which cells of the right half of the DM mesenchyme become more
dispersed, while cells of the left mesenchyme compact (Figure 1.1). Concomitantly, the right
epithelium flattens, elongating the tissue, while the cells of the left retain a narrow columnar
morphology (Davis et al., 2008; Kurpios et al., 2008). These cellular changes transform the
dorsal mesentery at its point of attachment to the gut from rectangular into trapezoidal crosssectional geometry that tilts the gut tube leftward. These cellular asymmetries are driven by the
same molecular cues
4

Figure 1.1. Establishment of asymmetry in the gut tube
Representations of transverse cross sections through the early gut tube. Asymmetries arise in
the dorsal mesentery (DM) between HH stages 20-22. Left side specific Pitx2 expression
activates Daam2 and, through Isl1, also activates N-cadherin, which interacts with Daam2 to
drive mesenchymal cell compaction within the left DM. Additionally, Pitx2/Isl1 drives columnar
epithelial morphology on the left side of the DM, while epithelial cells on the right flatten.
Together, these cellular asymmetries drive leftward tilting. Pitx2 also activates Cxcl12 to drive
arteriogenesis (red) within the left DM.
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that guide early left/right (L/R) patterning of the embryo. Pitx2, a gene downstream of the left
side patterning signal Nodal, is expressed at the onset of asymmetries exclusively on the left
side of the DM, where it initiates a positive feedback loop with another transcription factor, Isl1,
and drives the expression of N-cadherin (Figure 1.1). N-cadherin in turn directs the adhesion of
cells and deposition of hyaluronic acid on the right. Misexpression of these genes leads to a
loss of asymmetry and any minimal tilting that still occurs becomes randomized in orientation
(Davis et al., 2008; Ryan et al., 1998).
These events are further orchestrated through interactions with additional signaling
pathways. Expression analysis of left and right DM at the time of leftward tilt revealed an
enrichment of Wnt pathway genes on the left and Wnt inhibitors on the right (Welsh et al.,
2013). The formin Daam2, an intracellular effector of Wnt and a target of Pitx2 is expressed on
the left and is necessary and sufficient to drive the compaction of mesenchymal cells. Daam2
function is likely mediated by asymmetric activity of Wnt5a (derived from the adjacent
mesoderm of the gut tube) in conjunction with its receptors Fzd4/8 on the left side of the DM
(Welsh et al., 2013). Together, these data suggest a mechanism whereby the canonical L/R
signaling pathway establishes cellular differences within the DM that are further potentiated by
noncanonical Wnt signaling. In addition to generating morphological changes, Pitx2 acting
through its downstream target Cxcl12 initiates the formation of arteries and lymphatics
(themselves dependent upon the formation of the arteries) specifically on the left side of the DM
(Mahadevan et al., 2014) (Figure 1.1).
Recent work in Xenopus has shown similar asymmetries arise within the gut tube itself,
manifesting as condensations and expansions of mesenchyme and reorganization of epithelia
on the left and right sides of the developing stomach that drive its curvature (Davis et al., 2017).
Perhaps not surprisingly these asymmetries are also driven by asymmetrical expression of L/R
pathway genes. Thus, not only does Pitx2 invoke asymmetries in the mesentery, causing a nonautonomous effect on gut looping, but depending on the region of the gut, also acts within the
6

primitive gut tube itself to generate curvature. Another example of asymmetry within the gut tube
is the duodenojejunal flexure (DJF), which is a stereotyped curvature at the point that separates
the duodenum from the jejunum within the small intestine. In mice, similar mesenchymal and
epithelial changes are seen here that seem to drive the curvature independently of the DM
(Onouchi et al., 2016; Onouchi et al., 2015). However, whereas differential proliferation does not
seem to be present in the DM or curving stomach, it does seem to be a driving force for DJF
formation as the outer curvature shows increased cell divisions that create a bend in the gut
tube (Onouchi et al., 2013). Whether Pitx2-mediated sculpting of the gizzard or other organs is
at play in the chick is currently unknown.

Formation of intestinal loops
Besides the rotations initiated by asymmetries within the DM described above, the
midgut must form progressively more loops as it elongates for it to accommodate its extensive
length within the coelom (Figure 1.2). Dissection of the small intestine and DM away from all
other embryonic tissues maintains the looping morphology, indicating that the forces governing
the process are intrinsic to these two tissues. In contrast, separating the gut from mesentery
causes the gut to uncoil and the mesentery to recoil. These simple yet informative experiments
demonstrate that the gut tube is under compression while the mesentery is under tension (Savin
et al., 2011). In essence, although the two tissues are continually attached to one another along
their length, separation reveals that the DM is significantly shorter in its released side than is the
gut tube, a difference established via differential growth. Mathematical and computational
modeling provide strong evidence that looping morphogenesis is dependent upon this
differential growth between the faster growing midgut and slower growing DM. In conjunction,
the specific tissue geometries and stiffnesses here cause the midgut to buckle into a precise
looping pattern (Savin et al., 2011).
Ultimately regulating the mechanical buckling process of intestinal looping are molecular
7

Figure 1.2. Looping morphogenesis of the midgut
At embryonic day 5 (E5), the midgut (blue) forms a hairpin loop that buckles ventrally at the
attachment of the superior mesenteric artery (red). This hairpin loop increases in length during
development, and by E10 turns counterclockwise 90 degrees. At E16, the midgut displays a
highly stereotyped looping morphology caused by differential growth between the dorsal
mesentery and the faster growing gut tube that leads to tissue buckling. Bmp signaling activity,
which is present in a dorsal to ventral gradient from the dorsal mesentery to the intestinal
mesenchyme, regulates this differential growth: hyperactivation using RCAS-Bmp2 (+Bmp)
increases loops, while inhibition using RCAS-Noggin (-Bmp) reduces looping. Other
compartments of the digestive tract are shown in grey at E8 for context.
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Figure 1.2 (Continued)
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signals that define growth rates as well as geometric and physical properties of the intestine and
DM. Prior to and during the looping process, Bmp2 is expressed in a dorsal to ventral gradient
throughout the mesoderm from the mesentery through the dorsal gut tube, matching a gradient
of Bmp signaling activity (Lyons et al., 1990; Nerurkar et al., 2017) (Figure 1.2). Misexpression
of Bmp2 results in a shorter mesentery and increased number of loops, whereas misexpression
of the Bmp inhibitor Noggin leads to a longer mesentery and decrease in number of loops. In
both these scenarios, the length of the gut tube is unaltered, yet with Noggin misexpression the
tube increases in diameter, bringing up the possibility that growth across the different axes can
be genetically uncoupled (Figure 1.2). Thus, Bmp signaling modulates looping morphogenesis
by controlling differential growth between elongation rates in the gut tube and mesentery
(Nerurkar et al., 2017).
The tissue scale forces generated through the process were mathematically and
computationally modeled to demonstrate that differential growth between the DM and midgut
along with the experimentally measured tissue stiffnesses and geometries can
sufficiently explain the looping process, which itself is highly stereotyped within a given species.
In fact, the model generated and first verified using experimental data from the chick can
account for the looping morphologies seen in other species (Savin et al., 2011). In the finch
midgut, which has fewer loops than that of the chick, Bmp activity levels are decreased in the
DM, raising the intriguing possibility that the Bmp signaling pathway may be modulated across
evolution in avian species to generate unique looping morphologies (Mitchell, 1896; Nerurkar et
al., 2017).

Villification
Following compartmentalization and concomitant with the looping process, the luminal
surface of the avian small intestine undergoes a series of structural changes that sequentially
transform the initially flat epithelium into a series of ridges, zigzags, and eventually villi
10

(Burgess, 1975; Coulombre and Coulombre, 1958; Grey, 1972; Hilton, 1902). Drawing upon the
ideas of D’Arcy Thompson, Coulombre and Coulombre (1958) originally proposed a mechanical
basis for these geometrical changes whereby smooth muscle layers within the mesoderm
constrain the growth of the inner layers (undifferentiated mesenchyme and endoderm), causing
them to buckle.
Recent work in the chick combining experimental data with mathematical modeling has
provided strong evidence toward this hypothesis (Ben Amar and Jia, 2013; Shyer et al., 2013).
Coincident with each of the steps outlined above (longitudinal ridges to zigzags to villi), layers of
smooth muscle cells (SMCs) differentiate within the mesoderm in a stepwise manner (Figure
1.3). At approximately embryonic day 6 (E6) in the chick, the first layer of circular smooth
muscle differentiates, constraining growth circumferentially and causing the epithelium and
underlying mesenchyme to buckle into longitudinal ridges that run down the length of the small
intestine. Next, at E12 an outer layer of longitudinally aligned smooth muscle differentiates
between the circumferential layer and mesothelium, constraining growth of the inner layers
longitudinally such that, with further growth, the ridges are compressed into zigzags. The final
step of epithelial transformation is the formation of villi, directed by the differentiation of a third
inner layer of longitudinally oriented smooth muscle at E16, which in itself tightens the folds of
the ridges, combined with a shift in proliferation pattern to the base of the folds (Figure 1.3). The
fact that inhibition of muscle differentiation prevents each transformative step, and artificially
constrained growth within silk tubes to mimic the smooth muscle function leads to buckling
morphogenesis argues that this process is purely driven by physical means. In further support of
this, mathematical and computational modeling of experimentally measured physical
parameters can recapitulate the buckling morphogenesis observed in vivo in the chick and other
species (Shyer et al., 2013). How these mechanisms of differential and constrained growth are
varied along the length of the digestive tract to contribute to compartment specific luminal
folding patterns is an open question, but the fact that the general smooth muscle organization is
11

Figure 1.3. Villification and intestinal stem cell localization
Cross-sectional flattened illustrations of the small intestine demonstrating sequential
transformation of the intestinal epithelium from a flat surface (E4-7), to longitudinal ridges (E812), to zigzags (E13-15), and finally to villi (E16-adult) as it coincides with progressive layers of
aligned smooth muscle that differentiate within the mesoderm. Panels on right show close up
views of the folds at each time point demonstrating how Shh, which is expressed by the
epithelium, becomes focally localized within the mesenchyme at the tips of the folds to drive the
high expression of villus cluster genes such as Bmp4, which in turn signals back to the
epithelium to inhibit proliferation/stem cell identity.
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Figure 1.3 (Continued)
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similar across the length of the digestive tract, but the thickness of the different layers vary,
suggests variation of this general mechanism may modulate luminal topography, as has
recently been shown in the epithelial buckling of the oviduct (Koyama et al., 2016) (Lim and
Low, 1988; Yamamoto et al., 1996).
The villi that form through these biomechanical processes in the embryo are significantly
shorter than the mature villi of the adult intestine, where it is known that stem cell differentiation
plays a key role in the maintenance of villus structure. Still, it remains to be determined whether
physical forces also play a role in the continued outgrowth of villi throughout later development
and postnatal life.

Mechanical influence on signaling and stem cells
During early gut development, proliferating cells are found uniformly throughout the
epithelium, however they gradually become restricted to the intervillus spaces and eventually
crypts as the epithelium buckles (Crosnier et al., 2006; Overton and Shoup, 1964; Shyer et al.,
2015). Driving the localization of these proliferating cells are the morphological changes that
arise during villification. Deformation of the epithelium and mesenchyme alters the spatial
distribution of morphogen gradients within the tissue, thereby affecting molecular events in
emerging villi. In particular, there is a gradient of Sonic Hedgehog (Shh) emanating from the
endoderm and diffusing through the mesenchyme (Figure 1.3). Visualization of this gradient
demonstrates that as the zigzag ridges become tightly constrained while the inner layer of
smooth muscle differentiates, the concentration of Shh becomes elevated specifically at the tips
of nascent villi. This leads to threshold concentrations of Shh that can activate downstream
targets such as Bmp2, Bmp4, and Pdgfra at high levels in domains known as villus clusters
(Karlsson et al., 2000; Shyer et al., 2015). Subsequently, Bmp signaling reciprocally feeds back
to the endoderm and locally inhibits Wnt signaling and proliferation (through a currently
unknown mechanism), thereby blocking proliferation at the tips of emerging villi (Figure 1.3).
14

Importantly, the concentration of signals is not stage dependent, but shape dependent, as
removing the tight folding at late stages results in a loss of morphogen localization and
subsequently maintenance of uniform proliferation. Conversely, the formation of artificial villi at
early stages localizes Hedgehog signaling and creates villus clusters at a time prior to when
they normally appear, indicating that tissue shape alone can distort a morphogen gradient to
localize signal and initiate expression of target genes (Shyer et al., 2015).
The proliferative compartment of the adult intestinal epithelium is within the intestinal
crypts, the invaginations into the mesenchyme between villi where Lgr5 positive stem cells
divide during normal homeostasis to give rise to all cell types of the epithelium (Barker et al.,
2007). Mirroring the restriction of proliferating cells to the intervillus space, Lgr5 expression is
also gradually restricted in the same way (Shyer et al., 2015). Based on lineage tracing of the
embryonic Lgr5-expressing cells in mice, it seems that at least some of these embryonic Lgr5expressing cells seem likely to give rise to the bona fide adult intestinal stem cells that are
located in crypts (Barker et al., 2007; Shyer et al., 2015). Thus, the distortion of the Shh
morphogen gradient by tissue shape changes leads to the localization of a proliferative
compartment of cells within the intestinal epithelium that presumably gives rise to the stem cell
compartment (Figure 1.3). The factors regulating the formation of crypts themselves have yet to
be elucidated, although since crypt formation happens in organoids that lack smooth muscle
layers (Clevers, 2013) it is unlikely the same physical forces that form villi are at play here.

Of mice and chicks
This same progressive transformation of epithelial buckling is apparent in other avian
species, yet in mice villi arise de novo directly out of the flat epithelium (Hilton, 1902; Sbarbati,
1982). An alternative, signaling based model has been proposed in the mouse that is dependent
upon a Turing-like mechanism. This model also involves Bmp signaling but places it upstream in
establishing Hedgehog-dependent clusters of mesenchymal cells at defined intervals throughout
15

the mesoderm – each marking where a villus will form (Walton et al., 2012; Walton et al., 2016).
Cluster formation occurs concomitantly with basal deformations of the endoderm which is
subsequently mirrored by apical bulges that resolve into nascent villi (Karlsson et al., 2000;
Walton et al., 2016). This sequence is stands in contrast to that of the chick, where cluster
formation occurs following epithelial deformation (Shyer et al., 2015). The key differences have
recently been reviewed in detail (Walton et al., 2016). One key difference is that mouse
endoderm is only 1.5 times as stiff as the mesenchyme (as opposed to 10 times stiffer in the
chick) – a critical value in the simulation of mouse villification (Shyer et al., 2013). Additional
modeling approaches have demonstrated that various patterns of epithelial buckling reminiscent
of mouse villification can be generated by physical parameters given particular
endoderm/mesenchyme stiffness, geometric, and elastic properties (Balbi and Ciarletta, 2013;
Balbi et al., 2015; Ciarletta et al., 2014; Shyer et al., 2013). Interestingly, knockout of laminin α5
in mice results in the formation of longitudinal ridges, although it is not clear if these arise during
development or through the division of villi later (Mahoney et al., 2008). While blockade of
smooth muscle differentiation in the mouse also results in a lack of villi (Shyer et al., 2013),
determining whether cluster formation is also driven by smooth muscle in vivo will be important
in reconciling the two mechanisms. To gain further insight into these species-specific patterns
and address the nature of these differences of how villi emerge, it may be worthwhile to revisit
hetero- and homochronic recombinants of mouse endoderm with chick mesenchyme and vice
versa. Indeed, it has been previously shown that rat fibroblasts can induce ridge and zigzag
morphology when recombined with chick endoderm, suggesting that the physical properties of
the endoderm may govern how it buckles (Haffen et al., 1982). Given that the pace of muscle
formation is faster in the mouse than in the chick, which presumably lends to the lack of
transitional geometries, it will be interesting to see if blocking differentiation of the longitudinal
layer, and thus allowing growth without longitudinal compression, will result in the formation of
ridges on the mouse endoderm. Moreover, it will be important to resolve these differences since
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mechanisms of villi formation similar to both chick and mouse may be at play during human
intestinal development. For example, transient formation of ridges have been reported in the
developing large intestine and proximal small intestine, whereas the distal portions of the gut
display more of a mouse-like morphogenic process (Bell and Williams, 1982; Johnson, 1910;
Johnson, 1913, 1914; Lacroix et al., 1984).

Development and function of intestinal smooth muscle
As discussed above, the sequential differentiation of the distinct smooth muscle layers
from splanchnic mesoderm are critical for the mechanically-based formation of intestinal villi in
the chick, in addition to their essential role in peristaltic contractions required for the breakdown
and transit of food through the digestive tract. Histologically, smooth muscle is described as
such because of its ultrastructural smooth appearance and lack of the striations visible in
skeletal and cardiac muscle due to their sarcomeres. Additionally, smooth muscle cells are
mononucleated, as opposed to syncytial. The onset of smooth muscle differentiation is
determined by the expression of Myocardin, a master transcriptional regulator of the smooth
muscle gene network that acts as a transcriptional activator in a complex with Serum Response
Factor (SRF) to direct the expression of smooth muscle genes (Huang et al., 2015; Wang et al.,
2003). One of the earliest markers of smooth muscle differentiation is α-smooth muscle actin
(αSMA), itself activated by Myocardin. As SMCs mature, they express contractile markers
indicative of their function including gamma SMA (ɣSMA), Calponin and Smooth Muscle Myosin
Heavy Chain (Gabella, 2002; McHugh, 1995; McKey et al., 2016).
Using αSMA as a marker, the three layers of smooth muscle in the intestine can be seen
to differentiate sequentially from the splanchnic mesoderm and display highly-specific cellular
alignments imperative to their function (Figure 1.3). The first sign of muscle differentiation
occurs at approximately E5 in the chick when mesenchymal cells begin to align in a
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circumferential orientation, standing out from the seemingly disordered mesenchyme. This
occurs concomitantly with the onset of αSMA expression as the first layer of circumferentially
aligned muscle clearly resolves around E6 (Gabella, 2002). Over subsequent days, an outer
longitudinal layer develops at E12 and finally an inner longitudinal layer at E15. This general
architecture of inner circular and outer longitudinal muscle is conserved across species with the
exception that the inner longitudinal layer is much thicker in the chick than its counterpart, the
muscularis mucosae, in mammalian systems (Kedinger et al., 1990; McHugh, 1995; Wallace et
al., 2005). In the avian intestine, the circumferential layer of muscle can further be subdivided
into an inner layer that stains highly for αSMA and a thicker outer layer that has lower αSMA
expression and higher ɣSMA expression (Gabella, 2002; Thomason et al., 2012; Yamamoto et
al., 1996). While it was classically believed that muscle differentiation proceeds in a proximal-todistal wave, recent analysis re-evaluates this hypothesis and suggests that a concurrent distalto-proximal wave of differentiation initiates in the hindgut (Bourret et al., 2017; Graham et al.,
2017). Despite the difference in timing, the general concentric pattern of muscle layers is
conserved along the length of the gut. This pattern of stepwise alignment is common to other
tubular systems such as blood vessels (Greif et al., 2012; Thievent and Connat, 1995) and
organs of the urogenital tract (Georgas et al., 2015; Viana et al., 2007), thus pointing to the
possibility of a general mechanism to align cells across tissues of diverse embryonic origins.
Initial patterning and differentiation of smooth muscle from intestinal mesenchyme
depends on the Hedgehog ligands Sonic (Shh) and Indian Hedgehog (Ihh) that signal in a
paracrine fashion from the endoderm to generate radial pattern within the mesoderm. Tissue
recombination studies in the chick suggest that Shh may act to inhibit smooth muscle
differentiation, as cells closest to the Shh source fail to differentiate into smooth muscle
(Sukegawa et al., 2000). In contrast, genetic studies in mice suggest that Hedgehog is a
positive regulator of smooth muscle: mice lacking endodermal Shh and Ihh expression show a
lack of smooth muscle differentiation, whereas hyperactive Hh signaling causes an increase in
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smooth muscle (Mao et al., 2010; Ramalho-Santos et al., 2000). At the same time, mice with
attenuated Hh signaling caused by misexpression of the extracellular inhibitor Hedgehog
Interacting Protein (Hhip) have enhanced smooth muscle differentiation in the villus
subepithelial mesenchyme (Madison et al., 2005). Thus, the role of Hh signaling in gut smooth
muscle development might be context or concentration dependent.
Both in vivo and in vitro data suggests Hh signaling elicits a positive effect on smooth
muscle differentiation in a direct manner through the activity of Gli transcription factors, the main
transcriptional effectors of Hh signaling (Huang et al., 2013), and independent of its downstream
target Bmp (Zacharias et al., 2011). Evidence for the direct effect is supported by the presence
of Gli binding sites upstream of the Myocardin promoter (Cotton et al., 2017; Zacharias et al.,
2011). Moreover, transcription factors of the Foxf family, which are direct targets of Hh signaling
in the intestinal mesenchyme, have additionally been shown to act in complex with Myocardin
and SRF to drive expression of SMC-specific genes (Bolte et al., 2015; Hoggatt et al., 2013),
and mice lacking both Foxf1 and Foxf2 in the intestine display muscle hypoplasia (Ormestad et
al., 2006).
A second signaling system that has been implicated in smooth muscle differentiation is
the Bmp pathway. In the midgut, Hh signaling activates Bmp4 in a subepithelial mesenchymal
population of cells that do not differentiate into smooth muscle (Narita et al., 1998; Roberts et
al., 1995; Roberts et al., 1998; Sukegawa et al., 2000). In contrast, early gizzard mesenchyme,
characterized by a thick smooth muscle layer, does not express Bmp4 early on, and
misexpression of Bmp4 or activation of the Bmp pathway via a constitutively active receptor in
gizzard mesenchyme leads to a reduction of smooth muscle and mesenchymal thickness
(Nielsen et al., 2001; Roberts et al., 1998; Smith et al., 2000). Additionally, elevated Bmp
signaling leads to similar mesenchymal defects in the hindgut (De Santa Barbara et al., 2005).
These results suggest that Bmp signaling, at least early on in intestinal mesenchymal
development, acts as an inhibitor of smooth muscle growth.
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A hallmark of SMCs is that they do not terminally differentiate but instead remain in a
plastic state wherein they can switch between either a contractile and a synthetic/proliferative
phenotype (Gabella, 2002; Rensen et al., 2007). Bmp signaling also seems to play important
roles in this later process of smooth muscle maturation toward the contractile phenotype.
Misexpression of Rbpms2, an RNA binding protein expressed in visceral smooth muscle,
hinders SMC differentiation into the contractile phenotype, as seen by a loss of Calponin
expression (Notarnicola et al., 2012). This phenotype appears to be the direct result of an
interaction between Rbpms2 and the Bmp antagonist Noggin, whereby Rbpms2 misexpression
leads to the upregulation of Noggin, loss of contractility, and increase in proliferation –
resembling a more immature state. This can be at least partially phenocopied by the
misexpression of Noggin, which leads to a downregulation of contractile genes and a
concomitant upregulation of immature SMC markers such as αSMA (Notarnicola et al., 2012;
Sagnol et al., 2014). Thus, the outputs of Bmp signaling activity may be spatially and temporally
dependent, perhaps hindering early muscle differentiation but later promoting its maturation.
Smooth muscle cells are connected via gap junctions, which propagate the contractile
wave through calcium transients. These calcium transients drive spontaneous, myogenic
contractions beginning at E6, as soon as the first layer of circumferential muscle forms
(Chevalier et al., 2017). The fact that aneural CAM cultured hindguts as well as explanted guts
treated with the neurotoxin tetrodotoxin show contractile activity suggests that these embryonic
contractions are myogenic and non-neurally mediated. When explants are cultured in media
lacking calcium, contractions cease to occur, the smooth muscle relaxes, and the midgut
concomitantly decreases in length while increasing in diameter (Chevalier et al., 2017). Results
from mouse studies have indicated a similar mechanism whereby contractions of the digestive
tract in the embryo are myogenic and are not mediated by neurons or ICCs (Roberts et al.,
2010). This raises the question of whether there is a functional or morphogenic purpose for
these contractions in the embryo. Similar embryonic contractions have also been characterized
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in the fetal lung, propelling liquid through and potentially directing lung growth (Nakamura and
McCray, 2000) (Bokka et al., 2015). How these myogenic contractions are first initiated by the
smooth muscle in the intestine is still to be determined, but the contraction of the cell is calcium
dependent and thus modulators of calcium signaling are likely factors. Recent work in mouse
has also shown the transient presence of spontaneous calcium waves in enteric neural crest
cells as they are differentiating into enteric neurons, some of which are coordinated with muscle
contractions (Hao et al., 2017). It is likely that these are also present in chick, and it will be
interesting to see how they coordinate with the spontaneous calcium waves of enteric neural
crest cells, and furthermore how each of these influence differentiation and morphogenesis of
the developing digestive tract.

Interstitial cells and longitudinal muscle
Significantly less is known about what controls the timing and location of the laterforming longitudinal muscle layer differentiation. Data from both chick and mouse suggest the
existence of a bipotent progenitor population of mesenchymal cells marked by c-kit expression
that can give rise to either Interstitial Cells of Cajal (ICC) or longitudinal SMCs (Gabella, 2002;
Kurahashi et al., 2008; Torihashi et al., 1999; Young, 2008). ICCs are the pacemaker cells that
coordinate muscle contractions and are located neighboring muscle cells and neurons of the
myenteric plexus or deep muscle plexus (Gabella, 1989, 2002; Lecoin et al., 1996). Addition of
neutralizing antibodies directed against c-kit perturb intestinal motility postnatally and lead to a
loss of ICCs and a gain of longitudinal SMCs (Maeda et al., 1992; Torihashi et al., 1999).
Conversely, inhibition of Pdgf signaling, results in a gain of ICCs at the expense of smooth
muscle (Kurahashi et al., 2008). However, since Pdgf signaling is also required for
differentiation of the first smooth muscle layer (Graham et al., 2017; Shyer et al., 2013), it is
more likely that Pdgf signaling plays a more general role in smooth muscle development.
Moreover, Pdgf signaling can also stimulate the proliferative phenotype and consequently inhibit
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differentiation (Holycross et al., 1992), lending support to the possibility that Pdgf signaling may
play roles in the generation of an appropriately sized progenitor pool of proliferating SMCs that
then later switch to a contractile phenotype. Thus, it remains to be determined first what
prevents the outer mesenchyme from differentiating concomitant with the first layer of muscle,
and second what then instructs it to form at the appropriate stage later in development. One
intriguing possibility is that a to-be-determined factor expressed in the mesothelium or the
neural crest cells at the outer edge of the gut carry out this task (Thomason et al., 2012).

Neural crest cells and muscle
The layers of muscle are innervated by enteric neurons that are required to coordinate
the peristaltic contractions that direct intestinal transit, and the avian embryo was paramount to
identifying the origins of the enteric nervous system (Reviewed in Goldstein et al., 2013;
Goldstein and Nagy, 2008; Hao et al., 2016; Heanue et al., 2016). Ablation, transplantation, and
lineage tracing studies demonstrated that vagal neural crest largely residing between somites 1
through 7 migrate in a proximal-to-distal wave along the gut and give rise to the majority of the
enteric nervous system (Allan and Newgreen, 1980; Le Douarin and Teillet, 1973; Yntema and
Hammond, 1954). In addition, a second population of sacral crest cells in the posterior of the
embryo populates the post umbilical gut in a distal-to-proximal manner (Burns and Douarin,
1998; Le Douarin and Teillet, 1973). These sacral cells have the ability to colonize an
aganglionic hindgut that lacks vagal crest, but do not compensate for the lack of vagal crest
(Burns et al., 2000).
Ultimately, the neural crest cells organize and differentiate into two plexuses that flank
the circumferential layer of muscle, separating it from the two longitudinal layers (Figure 1.3).
The timing and location of enteric neural crest differentiation implicates a possible influence on
the adjacent smooth muscle layers, which form concurrently. When neural crest cells are
ablated, smooth muscle differentiation in the gizzard is impaired due to upregulated Notch
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signaling, indicating a positive influence of the neural crest on smooth muscle differentiation
(Faure et al., 2015). On the other hand, smooth muscle pattern is grossly unaltered in CAMcultured aneural hindguts (Graham et al., 2017; Nagy et al., 2007). Therefore, there may be
compartment-specific dependencies of smooth muscle differentiation on the neural crest.
Consistent with this idea, hindgut smooth muscle differentiation occurs prior to the arrival of
neural crest cells, whereas the foregut is colonized concomitant with smooth muscle
differentiation (Bourret et al., 2017; Faure et al., 2015). It is important to note that the same
signaling pathways, Hh and Bmp, that pattern the smooth muscle also pattern the enteric
nervous system. In addition, the smooth muscle itself seems to be important for ENS patterning
in the midgut, as inhibition of circumferential layer differentiation in that compartment results in
mislocalized crest cells and neurons (Graham et al., 2017). Whether this interaction is mediated
by signals from the muscle or a mechanical environment provided by the muscle is to be
determined. Since signals from the smooth muscle, endoderm, and neural crest cells
themselves modulate ECM composition, it will be worthwhile to investigate how the ECM itself
impacts differentiation and patterning of the mesenchyme and endoderm (Chevalier et al., 2016;
Nagy et al., 2016). Work in the murine system has begun to address various roles of the
basement membrane in muscle patterning and luminal buckling (Bolcato-Bellemin et al., 2003;
Mahoney et al., 2008), but the avian embryo may provide a particularly good system to
investigate this through, for example, misexpression of various matrix remodeling factors.

On the mechanisms of cell alignment
The alignment of SMCs is highly stereotyped and functionally important for
morphogenesis and peristalsis. Few reports have addressed the mechanisms controlling the
process of cell alignment in the digestive tract, let alone any visceral organ. For example, in the
mouse ureter, which is also surrounded by smooth muscle, loss of Dlgh1 causes the
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circumferential layer to become longitudinally aligned (Mahoney et al., 2006). In blood vessels,
vascular SMCs are known to realign during development (Greif et al., 2012), and this process is
defective when ECM remodeling is perturbed (Nandadasa et al., 2015). Still, how these genes
modulate signaling pathways or mechanical properties of the tissue to coordinate cell orientation
is unknown. That the muscle layers of the gut arise at distinct times during development
suggests that they can be exposed to different molecular or mechanical cues at their times of
differentiation. Indeed, Coulombre and Coulombre (1958) initially proposed two possible
mechanisms of mechanical control. First, that the formation of the first circumferential layer
initiates a period of intestinal elongation that may guide the outer mesenchyme to align
longitudinally, and second, that the contractions of the first layer might align the second layer at
right angles.
The ability of smooth muscle cells to respond and align to mechanical forces has been
well studied in vitro, yet whether these same principles are acting to align muscle in the context
of a growing organ still needs to be determined (Tamiello et al., 2016). For instance, contact
guidance (i.e., the propensity of cells to align with neighboring cells or boundaries) is well known
to cause cultured smooth muscle cells to align in parallel arrays (Buck, 1982). Conceivably, in
vivo smooth muscle cells might align along the boundaries at the edge of a tissue, or along
tracks of extracellular matrix. Indeed, concomitant with smooth muscle differentiation
mesenchymal cells are producing ECM (Chevalier et al., 2016; Nagy et al., 2016), which could
in theory provide a scaffold for cell alignment. Cellular traction forces have also been suggested
to play a role in the alignment of connective tissue and muscle (Stopak and Harris, 1982). The
migration of neural crest cells seems like a good candidate for a migratory population that,
through its movement, could influence the morphology of surrounding cells, potentially through
generating tracks of aligned ECM fibers. However, smooth muscle seems to form appropriately
in the absence of neural crest cells, suggesting that they are not critical for this process
(Graham et al., 2017; Smith et al., 1977), but, until now, the alignment has not been carefully
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examined in the aneural scenarios. Moreover, the observation that cultured SMCs demonstrate
the ability to form clumps of cells featuring two layers oriented perpendicular to one another,
similar to the in vivo situation, indicates that the cells have the natural tendency to form at
orthogonal angles without external guidance cues (Chamley-Campbell et al., 1979).
Interestingly, the formation of multiple orthogonal layers in vitro correlates with the onset of
contractile activity of these cultured cells, implicating a role for muscle contraction in the
alignment process (Chamley-Campbell et al., 1979).
In addition to contact guidance, smooth muscle cells in culture are well known to align
with static or dynamic strain cues. In general, smooth muscle cells will align parallel to static
(continuous) strain and perpendicular to cyclic strain. However, the ultimate response can
depend on multiple factors such as frequency and magnitude of strain, extracellular matrix
composition and stress, boundary effects, and the molecular environment of the responding
cells (Bono et al., 2016; Kanda and Matsuda, 1994; Kanda et al., 1992; Kim et al., 1999; Liu et
al., 2008; Mills et al., 1997; Ritchie et al., 2009; Tamiello et al., 2016). While the precise
mechanisms controlling how cells reorient via cyclic strain are unknown, many data support a
strain avoidance response model whereby cells orient away from an angle of maximum strain
and toward the orientation of minimal cyclic strain/deformation (Faust et al., 2011; NeidlingerWilke et al., 2001). By this same logic, cells will align parallel to a continuous stretch, essentially
hiding from the perceived strain (Eastwood et al., 1998). In addition, theoretical work suggests
that cells can sense either stress or strain to determine their orientation in a manner dependent
upon the Poisson ratio of the matrix to which they are adhered (De et al., 2008). Moreover, cells
can align to stretch independent of matrix orientation, indicating that the two are not necessarily
co-dependent and can be uncoupled (Tondon and Kaunas, 2014). Alignment response is also
dependent upon molecular components that are important for intracellular cytoskeletal
remodeling, such as Rho (Kaunas et al., 2005). Importantly, cells have been shown to align
when stretched at frequencies and strains similar to what are observed in vivo for the case of
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the gut (Faust et al., 2011), lending support to the possibility of a biological relevance to these
observations of strain-induced cellular alignment. Taken together, these in vitro data show that
cells can reorient their actin alignments to maintain an optimal intracellular tension by orienting
focal adhesions and intracellular actin in parallel to the strain direction in the case of continuous
strains, and perpendicular to avoid repeated breaking and building of actin filaments in response
to cyclic strain (Tamiello et al., 2016).

Summary and motivation of thesis
The vertebrate gastrointestinal tract comprises an endodermal epithelium surrounded by
discrete layers of smooth muscle derived from splanchnic mesoderm. In the embryo, these
muscles physically constrain the growth of undifferentiated mesenchyme and endoderm to drive
villus formation (Shyer et al., 2013) and intestinal stem cell localization (Shyer et al., 2015).
Continuing from fetal through adult life, the coordinated peristaltic contractions of these muscles
provide the essential function of propelling digested contents through the gut. The layers of
smooth muscle differentiate sequentially during development. As visualized by α-smooth muscle
actin (SMA) immunostaining, an inner layer of circumferentially aligned smooth muscle is
established prior to an outer layer of longitudinally aligned smooth muscle (Gabella, 2002;
Kedinger et al., 1990; McHugh, 1995) (Figure 1.4). As they differentiate, the muscle fibers of
these layers align in their proper, orthogonal orientations. While there is, thus, a clear
descriptive understanding of the sequence of events in gut smooth muscle formation, how the
muscle layers are specified in the appropriate location, with the correct orientation, and at the
right time, remains unresolved.
In this dissertation, I address the mechanisms by which these muscles become
patterned and aligned in the developing embryo. In Chapter Two, I investigate the signaling
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Figure 1.4. The sequential differentiation and alignment of smooth muscle layers in the
mouse small intestine
(A) Transverse sections through the mouse jejunum stained with α smooth muscle actin (SMA)
and DAPI.
(B) Whole-mount images of immunostained segments during development demonstrating
orthogonal alignment of inner circumferential and outer longitudinal layers. Scale bars = 50µm.
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mechanisms that generate the concentric organization, finding that Hedgehog acts through Bmp
to delineate the position of the circumferentially oriented inner muscle layer, while localized Bmp
inhibition is critical for allowing formation of the later-forming, longitudinally oriented outer layer.
Because the layers form at different developmental stages, the muscle cells are exposed to
unique mechanical stimuli that direct their alignments, which becomes the focus of Chapter
Three. First, differential growth within the early gut tube generates residual strains that orient the
first layer circumferentially, in parallel to the strain. Second, once formed, the spontaneous
contractions of this first-forming layer align the second layer longitudinally, perpendicular to the
cyclic circumferential contractions. I then discuss these results in the context of other
biomechanical signals that influence gut morphogenesis, and furthermore suggest how these
data might apply in a broader context across other tubular organ systems that show similar
radial organization and muscle development. Finally, in three appendices I examine how
additional signaling pathways might be integrated to pattern the muscle layers and highlight
additional mechanical roles of smooth muscle during intestinal morphogenesis. Together, the
data presented in this dissertation link morphogen-based patterning to mechanically controlled
smooth muscle cell alignment and provide a potential mechanistic context for understanding
smooth muscle organization in a wide variety of tubular organs.
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Introduction
The vertebrate gastrointestinal tract is composed of sequentially differentiating smooth
muscle layers that are derived from the mesenchymal compartment of the primitive gut tube. In
the chick embryo, the early-forming layer differentiates at E6 (E12.5 in mouse) and aligns
circumferentially, whereas the later-forming layer differentiates at E11 (E14.5 in mouse) and
aligns longitudinally (Figure 2.1 for chick and Figure 1.4 for mouse). As described in Chapter
One, the correct spatial patterning of the muscle is critical for its functions in morphogenesis and
homeostasis, but how these muscle layers become organized properly in the embryo is not
clear.
While we lack an understanding of how the distinct smooth muscle layers are specified
sequentially and spatially in the developing gut tube, several signals have at least been
implicated as broadly affecting smooth muscle differentiation in this context. In particular,
previous studies have demonstrated that Sonic (Shh) and Indian Hedgehog (Ihh), which are
expressed by the endoderm, signal in a paracrine manner to the surrounding mesenchyme to
affect smooth muscle differentiation (Bitgood and McMahon, 1995; Kolterud et al., 2009;
Roberts et al., 1995). Paradoxically, however, reports in mouse and chick suggest that
Hedgehog (Hh) signaling plays opposite roles in regulating smooth muscle myogenesis in the
two species. Genetic studies in mouse indicate that Hh signaling is required for and induces
smooth muscle formation (Huang et al., 2013; Mao et al., 2010; Ramalho-Santos et al., 2000).
This activating role of Hh seems to be through direct activation of Myocardin, a master regulator
of smooth muscle differentiation (Cotton et al., 2017; Wang et al., 2003; Zacharias et al., 2011).
Conversely, tissue grafting experiments and pharmacological modulation of the Hh pathway in
chick explant culture suggests the pathway inhibits smooth muscle differentiation (Sukegawa et
al., 2000).
A second secreted factor that has been reported to affect smooth muscle differentiation
in the gut is Bone morphogenic protein 4 (Bmp4). Overexpression of Bmp4 or hyperactivation
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Figure 2.1. The differentiation and alignment of sequentially forming smooth muscle
layers in the chick small intestine
(A) Transverse cross sections and corresponding whole mount images of smooth muscle
differentiation and alignment in the developing chick midgut. At E6, the nascent inner layer is
first apparent and begins to align in the circumferential direction, perpendicular to the proximaldistal axis of the tube.
(B) At E11, the inner layer is well developed and highly aligned circumferentially, and the outer
layer first appears and aligns longitudinally, parallel to the proximal-distal axis.
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of the Bmp pathway in the chick stomach (gizzard) or hindgut results in mesenchymal thinning
and decreased smooth muscle differentiation, indicating that Bmp signaling inhibits myogenesis
in this context (De Santa Barbara et al., 2005; Roberts et al., 1998; Smith et al., 2000).
Intriguingly, it has been observed that in the early gut Bmp4 is activated by and dependent upon
high threshold concentrations of Hh adjacent to the endoderm (Roberts et al., 1995), suggesting
a level of connectivity between the two signaling pathways.
Here, we address the mechanisms by which the sequentially differentiating smooth
muscle layers become patterned, demonstrating that integration between Hh and Bmp signaling
regulates the location and timing of muscle differentiation in the developing gut.

Results
Levels of Hedgehog signaling regulate differentiation of the inner smooth muscle layer
There is strong indication that Hh signaling impacts gut smooth muscle differentiation.
However, as noted above, there is contradictory evidence regarding the directionality of its
influence as Hh has alternatively been implicated as being inhibitory of, or necessary for, gut
smooth muscle myogenesis (Mao et al., 2010; Sukegawa et al., 2000). To reconcile these
conflicting reports, we posited that Hh signaling might act in a threshold-dependent manner
during patterning of the circumferential muscle layer; inhibiting smooth muscle formation at high
concentrations adjacent to the endoderm, while activating it at lower concentrations farther
away to generate the observed concentric ring of circumferential muscle forming a small
distance removed from the endoderm. To test this, we cultured chick midgut explants from
embryonic day 5 (E5), prior to the formation of the inner muscle layer (Shyer et al., 2013), for 72
hours while pharmacologically titrating levels of Hh signaling (Figure 2.2A and B). Control
explants developed inner circumferential muscle comparable to in vivo, with smooth muscle
cells forming a ring surrounding the endoderm and undifferentiated subepithelial
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Figure 2.2. Hedgehog signaling patterns circumferential smooth muscle in a
concentration-dependent manner
(A) Cross-sections of explanted midguts treated with cyclopamine or recombinant Shh at
specified concentrations to inhibit or activate Hh signaling, respectively.
(B) Corresponding PTCH1 expression in equivalent sections as in (A) visualized by fluorescent
in situ hybridization (FISH).
(C) Heatmaps generated from SMA immunofluorescence intensity quantified based on samples
in (A). n≥3 sections measured from 3 different explants for at least 9 measurements per
treatment.
(D) Sections from chick midgut explants treated with recombinant Shh and immunostained for
the early smooth muscle marker Transgelin (Tagln).
(E) Shh-soaked bead implanted into mesenchyme inhibits smooth muscle differentiation.
(F) Sections from mouse midguts (jejunum) cultured from E11.5 for 72 hours.
Images are representative of at least 4 replicate guts per treatment. Scale bars = 50µm.
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Figure 2.2 (Continued)
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mesenchyme. Addition of 10µM cyclopamine, a Hh signaling inhibitor, completely blocked Hh
signaling (as visualized by loss of expression of its downstream target PTCH1) along with
smooth muscle differentiation, supporting the notion that Hh is required for smooth muscle
differentiation and consistent with the published mouse genetic studies. With 1µM cyclopamine,
Hh signaling levels were dampened, but not eliminated, and muscle differentiation persisted
adjacent to the endogenous source of Hh production in the endoderm, i.e. in the mesodermal
domain with the highest levels of Hh signaling. Conversely, increasing levels of Hh signaling via
the addition of 250nM recombinant Shh expanded the domain of smooth muscle. However,
increasing the level of Hh activity even further by treatment with 500nM Shh resulted in a lack of
smooth muscle, consistent with the inhibitory effect observed in previous chick studies (Figure
2.2A and B). Quantification of the radial muscle pattern supports a dose-dependent effect of Hh
signaling activity on the positioning of the first-forming muscle layer, where too little or too high
of activity result in lack of muscle (Figure 2.2C). This inhibitory effect of Shh at high
concentrations does not appear to be unique to the expression of αSMA, as Tagln (Sm22),
another early marker of smooth muscle cells, was also downregulated by high levels of Hh
(Figure 2.2D), suggesting that smooth muscle formation is generally affected by Hh levels. This
inhibitory effect of Hh on muscle formation could be recapitulated with implantation of a Shhsoaked bead (Figure 2.2E). Moreover, mouse midguts showed a similar dose-dependent
response to Shh, suggesting consistency between the two model systems (Figure 2.2F).

Hedgehog acts through Bmp signaling to inhibit smooth muscle
In principle, Hh activity could achieve these opposing effects on smooth muscle
differentiation as a classic morphogen, directly driving distinct cellular responses in a
concentration-dependent manner. However, an alternative model, wherein some of the
observed effects of Hh signaling might be indirect and mediated by a secondary signal, was
suggested by the fact that a second secreted signal, Bmp4, is a known target of Hh in the
35

developing gastrointestinal tract (Roberts et al., 1995) and has previously been shown to limit
smooth muscle differentiation and growth in stomach and hindgut mesenchyme (De Santa
Barbara et al., 2005; Roberts et al., 1998). In particular, we posited that the observed inhibitory
effect caused by high levels of Hh signaling might be mediated through Bmp4. Indeed, in the
developing midgut, BMP4 is expressed in cells adjacent to the endoderm that receive the
highest amounts of Hh, its expression is dependent upon Hh signaling, and its expression
increases throughout the mesenchyme in response to Hh in a dose-dependent manner (Figure
2.3A). Additionally, these Hh-dependent alterations to BMP4 expression positively correlate with
levels of Bmp signaling activity within the mesenchyme as assessed by levels of phosphoSmad1/5/9, an indicator of canonical Bmp signaling activity (Figure 2.3B). Moreover, treatment
of midgut explants with recombinant Bmp4 leads to elevated pSmad1/5/9 and reduces smooth
muscle formation, while sustained viral overexpression of Noggin (RCAS-Noggin), a Bmp
antagonist, induces ectopic subepithelial smooth muscle (Figure 2.3B and C). We directly tested
whether the inhibitory effect of Hh is mediated through Bmp signaling by co-incubating explants
with 500nM Shh (which, on its own, blocks smooth muscle formation), along with Noggin, which
resulted in a loss of detectable Bmp activity and rescued smooth muscle differentiation (Figure
2.3B). Moreover, SMA expression was observed adjacent to the endoderm in these co-treated
explants, indicating that proper levels of Hh and Bmp are required to establish the subepithelial
mesenchymal compartment (Figure 2.3B). These results resolve previous discrepancies and
further support a model in which Hh signaling is required for smooth muscle differentiation, and
additionally acts through Bmp signaling in a concentration-dependent manner to locally repress
and thereby pattern the first-forming, inner layer of smooth muscle (Figure 2.3D).
The foregoing model provides an explanation for the spatial separation of the inner
circumferential smooth muscle ring from the endodermal layer, however it leaves unexplained
why this layer does not extend radially to the outer boundary of the gut mesoderm. Our
observation that Bmp antagonism induces precocious smooth muscle within the outer
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Figure 2.3. Hedgehog acts through Bmp signaling to inhibit subepithelial smooth muscle
(A) FISH of BMP4 in midgut explants treated with cyclopamine or recombinant Shh from E5 for
72 hours.
(B) Sections from explanted midguts cultured as in (A) and immunostained for pSmad1/5/9 to
reveal Bmp signaling activity.
(C) Sections from the jejunum of E13.5 chick midguts electroporated with a Noggin-expressing
virus (RCAS-Noggin) or RCAS-GFP (Control) at E2.5. Dotted lines denote endodermmesenchyme boundary (basement membrane).
(D) Model for Hh/Bmp-mediated patterning of the circumferential layer. Hedgehog (both Sonic
and Indian ligands) are expressed by the endoderm and activate Bmp4 expression in the
subjacent non-muscle mesenchyme where their concentrations are highest. Bmp4 subsequently
acts to inhibit smooth muscle formation in this subepithelial compartment, whereas Hh can
activate muscle differentiation at a distance further away where inhibitory Bmp levels are lower.
Images are representative of at least 4 replicate guts per treatment. Scale bars = 50µm.
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Figure 2.3 (Continued)
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Figure 2.4. Bmp signaling antagonism induces precocius smooth muscle differentiation
in the outer mesenchyme
(A) Cross sections of chick midgut explants treated for 72 hours with Noggin show precocious
muscle in the outer mesenchyme. Similar results are seen with the addition of LDN-193189
(2.5µM) or Dorsomorphin (5µM) for 48 hours. Arrowheads denote precocious muscle formation.
(B) RCAS-Noggin infected ileal segments display precocious smooth muscle in the outer layer
compared to control midguts at E9.
Images are representative of n≥5 replicate guts per treatment. Scale bars = 50µm.
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mesenchyme suggests that Bmp signaling also acts to inhibit smooth muscle differentiation
lateral to the first forming ring of muscle (Figure 2.4A, B). This can be explained by the fact that
BMP2 and BMP7 are expressed by mesothelial cells adjacent to the outer mesenchyme (Figure
2.5A). There are, therefore, two sources of Bmp activity, at the inner and outer edges of the
developing gut tube mesenchyme, which would be expected to establish opposing oriented
gradients inhibiting muscle formation within the inner and outer mesenchyme, with a low-Bmp
sweet spot in the middle where Hh activity is free to induce the first smooth muscle layer.

Localized down-regulation of Bmp activity specifies the timing and location of outer
smooth muscle differentiation
Once the first smooth muscle layer has formed, the domains of Bmp inhibition need to
be shifted if additional mesenchymal tissue is to differentiate into subsequently forming smooth
muscle layers. In support of this idea, Bmp signaling activity, as judged by pSmad1/5/9 staining,
negatively correlates with outer longitudinal muscle formation, being high in the outer
mesenchyme during inner circumferential muscle formation at E6-7 and becoming focally
downregulated prior to and during outer longitudinal muscle formation at E10-12 (Figure 2.5B).
This down-regulation of Bmp signaling appears to be important, as overexpression of Bmp2
(RCAS-Bmp2) in this domain reduces muscle differentiation at E13, a time when it is well
formed in controls (Shyer et al., 2013) (Figure 2.5C). At later stages, Bmp activity appears to
increase within the inner layer once it has formed (Figure 2.5B), consistent with a second, later
role in smooth muscle cell maturation (Notarnicola et al., 2012) (see Appendix II).
One potential mechanism by which Bmp activity could be focally reduced in the outer
mesenchyme to allow for its differentiation would be through localized expression of
endogenous antagonists of this pathway. Indeed, we observe that the potent Bmp antagonist
Noggin is expressed by both neural crest-derived enteric neurons invading the newly formed
smooth muscle, and within the newly differentiated inner circumferential muscle itself at E8-9,
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Figure 2.5. Downregulation of Bmp signaling activity is required for outer layer formation
(A) FISH of BMP2/7 in the midgut showing expression in mesothelium (top arrowheads) and
NOG expression in neurons and muscle (bottom arrowheads). Note that BMP2/7 are also
expressed at this stage in the inner mesenchyme, but not the muscle layer. TUJ1 (β-tubulin III)
marks enteric neurons.
(B) pSmad1/5/9 immunostaining of wild-type midgut sections showing Bmp signaling dynamics
during muscle differentiation. Nuclear pSmad1/5/9 is highest near the epithelium at E6 and low
where smooth muscle is forming, later becoming upregulated in the inner layer of circular
muscle cells. At E7 Bmp activity is high in the outer mesenchyme, where smooth muscle actin
staining is absent. Nuclear pSmad then becomes specifically downregulated in the outer
mesenchyme just prior to and during outer layer differentiation (red arrowheads).
(C) Section and whole mount images of SMA expression in jejunal segments of RCAS-Bmp2
and control mock electroporated midguts (representative of n≥5 guts per treatment).
(D) FISH of NOGGIN expression during wild-type chick development in jejunum cross sections.
Arrowheads demarcate expression in enteric neurons. Other expression domain is within the
circular muscle layer.
(E) Whole mount of an E14 chick ileum with immunostained smooth muscle and enteric neurons
from a midgut lacking enteric neural crest cells following ablation at HH14. Note the axon
present in the ablated sample is extrinsic to the gut from the nerve of Remak.
(F) Whole mount of an aneural midgut grown on CAM culture from E4 for 9 days showing
longitudinal layer development in the absence of neural crest cells.
Scale bars = 50µm.
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just prior to the emergence of outer longitudinal muscle (Figure 2.5A and D). Given the proximity
of the enteric neurons to the outer mesenchyme, we first tested whether the presence of neural
crest-derived cells was required for outer layer formation. However, neither ablation of neural
crest cells nor culturing of aneural explants affected outer layer differentiation or alignment
(Figure 2.5E and F), consistent with previous studies (Lecoin et al., 1996; Nagy et al., 2016).
As Noggin is also expressed by inner circumferential muscle, we hypothesized that
tissue-level redundancy may compensate for the loss of the ablated neural crest. To more
conclusively test whether Bmp antagonism is required for outer layer differentiation, we
performed tissue specific loss-of-function experiments in the mouse, which shows similar
spatiotemporal patterning of smooth muscle to the chick (Shyer et al., 2015; Walton et al.,
2016)(Figure 1.4). Using both mesoderm (Twist2-cre) and neural crest (Wnt1-cre) drivers we
conditionally deleted Bmp antagonists Noggin and Gremlin1, which are expressed by neurons
and inner circumferential muscle at E13.5, just prior to outer layer differentiation at E14.5
(Figure 2.6A-C). While mice lacking Noggin and Gremlin1 in either population individually had
no overt intestinal phenotype, mice lacking both genes in mesoderm and neural crest together
(Twist2-cre, Wnt1-cre; Nogfl/fl, Grem1fl/fl) showed hypoplastic differentiation of the longitudinal
smooth muscle layer at E16, a time when this layer is well-formed in controls (Walton et al.,
2016) (Figure 2.6C). The lack of outer layer differentiation in mutants was mirrored by increased
Bmp signaling activity within the outer mesenchyme (Figure 2.6C). Notably, this phenotype
appeared exclusive to the duodenum, indicating that there may be compensation in other
regions by other Bmp antagonists also expressed within the developing gut tube. Indeed, we
observe localized expression of multiple Bmp antagonists within enteric neurons and/or
mesoderm of the jejunum at the time of outer layer smooth muscle differentiation (Figure 2.6A),
providing the opportunity for functional redundancy. Together, these data from both chick and
mouse support a model wherein Bmp activity in the early gut tube maintains the outer and inner
mesenchyme in an undifferentiated state, and temporally specific and localized inhibition of Bmp
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Figure 2.6. Bmp antagonists derived from the mesoderm and neural crest are required
for proper outer longitudinal muscle differentiation in the mouse duodenum
(A) FISH for various Bmp pathway antagonists during mouse and chick midgut development
and immunostaining for SMA to label muscle and TUJ1 (β-tubulin III) to label neurons. Sections
are from jejunal segments at E13.5, just prior to outer layer differentiation.
(B) Sections from noted cre mouse lines crossed with the ROSAmT/mG reporter. Sections are
from jejunal segments at E13.5 showing Cre activity in green cells. Note the unlabeled cells in
the dual Cre mouse are likely endothelial.
(C) Immunostained E16 mouse duodenum in whole mount and section from controls. Shown
control genotype is positive for both Cre alleles and wild-type for Nog and Grem1. Images are
representative of n=5 mutants.
Scale bars = 50µm.
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signaling mediated by antagonists derived from the inner circumferential muscle and the enteric
neurons invading that tissue allow for timely outer longitudinal muscle formation (Figure 2.7).

Discussion
A cascade of signals directing the patterning of sequential smooth muscle layers
Previous studies have implicated Hh signaling as both a positive and negative regulator
of gastrointestinal smooth muscle (Mao et al., 2010; Sukegawa et al., 2000). Our results resolve
these apparently contradictory results by demonstrating that these represent differential
responses to different levels of Hh activity. However, rather than acting as a morphogen to
induce different fates at specific concentrations, in this context Hh acts through a secondary
signal, Bmp4, to pattern myogenic mesenchyme in the developing small intestine. In the model
presented here, Hedgehog activates Bmp4 at high concentrations in subepithelial mesenchyme,
while Bmp2/7 are expressed by the outer mesothelium, generating a gradient of Bmp activity
within the mesenchyme that results in a low Bmp activity sweet spot where the circumferential
layer is specified to form and subsequently differentiates in a Hedgehog-dependent manner.
Following formation of the inner layer of smooth muscle, secretion of Bmp antagonists by this
layer itself and invading neural crest cells alters the morphogenic landscape, allowing for the
differentiation of subsequent layers. While the Hh-Bmp signaling axis determines the timing and
location of muscle layer formation relative to the luminal and serosal surfaces of the gut tube,
additional factors must be involved, for example, to sharpen and maintain the borders of each
layer. One potential candidate is Hippo signaling, which is important for maintaining the inner
mesenchyme of the stomach in an undifferentiated state by repressing Hh-induced smooth
muscle differentiation (Cotton et al., 2017), though whether components of the Hippo pathway
itself are regulated by the Hh/Bmp axis or dependent upon mechanical cues in this context
remains to be determined.
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Figure 2.7. Model for Bmp function in patterning the outer longitudinal muscle layer
Model of outer layer development and activity levels of Hh and Bmp throughout mesenchyme
during muscle layer formation. There are two opposing gradients of Bmp: Bmp4 from the
inner mesenchyme and Bmp2/7 from the outer. While during the formation of the inner layer
Bmp activity levels are high in the outer mesenchyme, during formation of the outer
longitudinal layer the low Bmp signaling domain, which initially is where the first layer is
specified, is shifted from a position in the middle of the intestinal wall to the outer layer of
mesenchyme. This is accomplished through the expression of Bmp antagonists from neurons
and the inner layer of muscle, allowing for muscle differentiation in the outermost layer.
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Multiple roles of signals in gut morphogenesis
In addition to the role we have defined here in establishing smooth muscle pattern, the
Hh-Bmp signaling axis is required for several other aspects of gut morphogenesis. Early on, it is
critical for recruiting splanchnic mesoderm to surround the endoderm (Roberts et al., 1995).
Then, as neural crest cells migrate through the gut to populate the enteric nervous system, Shh
controls the production of extracellular matrix components to affect their movement through
mesenchyme (Nagy et al., 2016), and Bmp signaling acts directly on neural crest cells to control
their migration (Goldstein et al., 2005). At later stages, localized Hedgehog signaling sets up the
villus cluster signaling centers, inducing high levels of Bmp expression that feedback on the
endoderm to inhibit proliferation and localize stem cells (Shyer et al., 2015; Walton et al., 2012;
Walton et al., 2016). In the formation of other gut derived organs, Shh downregulation is critical
for budding of the pancreas (Apelqvist et al., 1997), Shh is an essential component of the
network regulating lung branching morphogenesis (Pepicelli et al., 1998), and together with
Bmp signaling, it is important for separation of the trachea and esophagus (Que et al., 2006).
Remarkably, this Hh-Bmp signaling axis is sustained throughout development and remains
present in the mature gut where it acts to maintain epithelial-mesenchymal homeostasis and
morphology through the regulation of stem cell dynamics in the intestinal crypt and subepithelial
myofibroblast activity (He et al., 2004; Zacharias et al., 2011).

Common pathways control muscle differentiation in tubular organs
Many smooth muscle invested organs besides the gut display the common signaling
architecture of an epithelial layer expressing Hh ligands and a subepithelial mesenchyme
expressing Bmp4, including the urogenital system (Bitgood and McMahon, 1995). In the
bladder, Hedgehog activates Bmp4 in the subepithelial mesenchyme, in a manner similar to the
intestine, where it also appears to repress smooth muscle and thus the Hh-Bmp signaling axis
may additionally act in this context to pattern the early-forming muscle layer (Cheng et al., 2008;
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Liu et al., 2010; Tasian et al., 2010). Conversely, in the ureter, Hh-dependent Bmp4 expression
in periureteral mesenchyme acts to enhance smooth muscle differentiation (Caubit et al., 2008;
Mamo et al., 2017; Yu et al., 2002), similar to its effect on mesenchymal stem cells in vitro
(Lagna et al., 2007). The diverse responses of smooth muscle cells and their precursors to Bmp
signals requires further investigation, but it is plausible that these observed tissue-specific
effects could be explained through effects of unique combinatorial Bmp ligand/receptor signaling
(Antebi et al., 2017) or due to the fact that Bmp proteins can act through both canonical
(Smad1/5/8) and noncanonical mitogen activated protein kinase (MAPK)-mediated pathways
(Kimura et al., 2000; Wang et al., 2014b). Bmp signaling appears to function in a biphasic
manner during intestinal smooth muscle patterning wherein early on, Bmp downregulation is
required for muscle specification, while later, once the layers have been patterned, Bmp
signaling is needed for muscle cell maturation toward the contractile phenotype (Notarnicola et
al., 2012; Sagnol et al., 2014). A temporal switch in Bmp function would be reminiscent of its
role in cardiac myogenesis, where transient downregulation of Bmp activity is required for
specification while upregulation later on is required for differentiation (Ladd et al., 1998; Yuasa
et al., 2005).
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Introduction
Beyond being placed in the correct location, the proper alignment of each layer of
smooth muscle cells is critical for their physiological function, as the collective orientation of
each layer determines the axis along which contractile compressive forces are generated, to
produce epithelial buckling during gut development and peristaltic movement through the
mature GI tract. While the mechanisms orienting the orthogonal layers of smooth muscle in the
gut are unknown, studies with cultured muscle cells have given insight into the cues that can
influence their orientation. In particular, in vitro studies have demonstrated the ability of
fibroblastic cell types, including smooth muscle cells, to align in response to various mechanical
stimuli. In general, static (continuous) stretch aligns cells parallel to the major axis of strain,
while interestingly, cyclic stretch aligns cells perpendicular to the strain axis (Buck, 1980;
Eastwood et al., 1998; Faust et al., 2011; Kanda and Matsuda, 1994; Kim et al., 1999), although
the degree of alignment depends on parameters such as strain frequency, amplitude, and
physical properties of the substrate to which the cells are attached (reviewed in Bono et al.,
2016; Tamiello et al., 2016). This apparent general property of fibroblastic cells raises the
question of whether mechanical stimuli within the early gut might act as the guidance cue to
align nascent smooth muscle cell layers and their associated fibers. In support of this idea, the
early gut tube is a mechanically active environment, as the circumferential layer itself
compresses the inner tissues (Shyer et al., 2013), and also exhibits spontaneous contractions
(Chevalier et al., 2017; Roberts et al., 2010), although a role for these mechanical forces in
morphogenesis has been unexplored.
Here, we show that the stepwise differentiation of the muscle layers described in
Chapter Two is important, as different mechanical cues acting at different times during
development align the muscles at orthogonal angles. We focus first on the circumferential
muscle layer, which is aligned by residual strain in the primitive gut tube, and then show that the
spontaneous contractions of the circumferential layer align the outer muscle layer longitudinally.
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Results
Strain generated by differential growth aligns circumferential smooth muscle
For proper functioning of the gut, it is critical that the smooth muscle layers not only form
in the right spatial location, but also with the proper fiber and cellular orientation. Prior in vitro
and theoretical work has demonstrated that fibroblasts and smooth muscle cells from other
organs (e.g. vascular smooth muscle) respond to static mechanical stretch by aligning with the
major axis of strain (Eastwood et al., 1998; Kanda et al., 1992; Rens and Merks, 2017). This
appears to be a general property of smooth muscle cells in culture, as we found that cultured
embryonic intestinal smooth muscles also align parallel to static stretch (Figure 3.1A). To see if
such strain was present within the developing gut, we employed a simple test wherein a radial
cut was made along a segment of the gut tube. If residual strains were present, the tube would
be expected to open up, while a tube devoid of such strains would remain in its original
cylindrical shape (albeit with a cut along one side). The degree of the angle to which the tube
opens reflects the degree of stress within the tube prior to cutting (Fung, 1991). We found that,
when cut radially at E5, the midgut indeed opens circumferentially, revealing the presence of
circumferential tension in the undifferentiated mesenchyme (Figure 3.1B). Moreover, when the
inner mesenchyme-endoderm composite is surgically dissected from the just-differentiated
circumferential muscle layer at E6, the outer circumference of the composite expands while the
inner circumference of the muscle decreases, further indicating that the inner tissue layers are
under compression while the differentiating muscle layer is under tension as soon as this
muscle layer begins forming (Figure 3.1C). We then tested whether this residual strain is
required for smooth muscle alignment by culturing flat (zero-stress) midgut segments for 72
hours starting at E4, prior to the differentiation and alignment of any smooth muscle. Compared
to control midguts, in which smooth muscles aligned circumferentially, segments grown flat
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Figure 3.1. Static strains align the circumferential muscle layer
(A) Scheme for isolation of chick fetal intestinal smooth muscle cells for culturing in the PDMS
Strexcell chamber. When cultured without strain, smooth muscle cells don’t have a preferential
alignment across a population but align locally to neighbors. Application of 20% static
(continuous) stretch causes cells to align nearly parallel to the stretch axis whereas cells
cyclically stretched align perpendicular. Images were taken following 96 hours in culture, arrows
indicate direction of applied stretch.
(B) Chick jejunal section before and after radial cut at E5 (prior to smooth muscle differentiation)
to reveal circumferential opening angle and residual strain.
(C) Microdissection of E6.5 chick midgut. The muscle layer reduces in inner/outer circumference
when dissected away from the mesenchyme and endoderm, while these layers expand in
circumference, indicating that the muscle is tensed and mesenchyme/endoderm compressed.
(D) Immunostained whole mount midgut explants following tubular or flat (zero-strain) culture
and both conditions after application of longitudinal stretch (n≥6 per treatment). Accompanying
quantification of alignment based on SMA staining and thus actin filament orientation where 90°
= circumferential orientation and 0° = longitudinal. Quantifications based on n≥10 for control and
flat guts and n=5 stretched guts.
Scale bars = 50µm.
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Figure 3.1 (Continued)
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lacked smooth muscle cell alignment (Figure 3.1D). Finally, when an exogenous 20%
longitudinal stretch was applied to tubular or flat explants, cells aligned parallel to the stretch
axis (and thus perpendicular to their normal orientation), indicating that continuous strain is
sufficient to align the inner layer (Figure 3.1D).
Residual strains arise in the gut, at least in part, due to differential growth along the
radial axis, which could potentially be due to differential proliferation rates between the tissue
layers such that the division rate of the inner layers outpaces that of outer layers (resulting in a
situation where the outer layers are circumferentially tensed and inner layers compressed, as
demonstrated above) (Shyer et al., 2013) (Figure 3.1C). Indeed, by using EdU/BrdU pulse
labeling in ovo we find that the cell cycle length is significantly shorter within the inner
mesenchyme when compared to the outer mesenchyme at the time when the inner layer is
aligning circumferentially (Figure 3.2A-D). To see whether this differential growth is a major
factor in aligning the circumferential smooth muscle layer, we tested whether altering
mesenchymal proliferation would perturb residual strain – and consequently cell alignment – by
misexpressing factors known to change tissue growth rates. Viral overexpression of Shh,
constitutively active myristolated Akt (myrAkt), or cmyc, each reduced cell cycle length in the
outer mesenchyme relative to the inner mesenchyme resulting in reduced differential growth,
smaller opening angles, and decreased smooth muscle alignment at E7 (Figure 3.2F and G).
Globally blocking proliferation with aphidicolin in ovo also resulted in reduced residual strain,
again leading to a lack of smooth muscle alignment (Figure 3.2E and H). Together, these data
support a model in which the orientation of strains within the undifferentiated mesenchyme
aligns cells of the early-forming smooth muscle layer.
Cyclic contractions of the circumferential layer align the outer layer longitudinally
We next tested whether residual strains were important for alignment of the
subsequently differentiating longitudinal layer by culturing flat, cut open guts at the time when
the second smooth muscle layer is forming. However, we found no perturbation in the alignment
55

Figure 3.2. Differential growth generates residual strains that align the circumferential
muscle layer
(A) Sections from EdU/BrdU pulse labeling in chick at E6.5 demonstrating increase frequency
of EdU-only cells, indicative of a faster S-phase.
(B-D) Quantitation of sections from (A), for S-phase length (B), total cell cycle length (C), and
fraction of EdU-labeled cells (D) (See Methods for details).
(E) Quantification of phosphor-histone H3 positive cells in a 212x212x50µm region of interest
from aphidicolin-treated midgut explants in (H)
(F) Whole mount 300 µm segments from the ileum of E7 midguts from control or
electroporated and infected guts cut radially.
(G) Whole mount images of inner layer ileum segments following electroporation of viral
constructs perturbing differential proliferation rates along with alignment and opening angle
measurements. Images are representative of samples with high infectivity.
(H) Whole mount images of midgut segments from embryos treated with aphidicolin or DMSO
in ovo.
Quantifications of cell alignment in all panels are relative to proximal-distal (long) axis of the
gut as indicated. Error bars are mean ± SD, ***P<0.001 by two tailed t-test. n≥5
measurements (alignment) and n≥3 (opening angle) per sample from at least 3 samples for
each condition. Scale bars = 50µm.
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of either the already-differentiated circular or forming longitudinal smooth muscle (Figure 3.3A).
These results suggest that once established, the orientation of the smooth muscle cells is
maintained, irrespective of strain, and additionally that the outer layer aligns via a different
mechanism than the first.
In considering potential mechanisms that could explain the orthogonal orientation of the
second-forming smooth muscle layer, we noted previous tissue engineering and theoretical
analyses indicating that, in the context of cyclic strain, cells tend to align perpendicular to the
axis of major strain (Faust et al., 2011; Kim et al., 1999; Livne et al., 2014), a property we
verified with cultured embryonic intestinal smooth muscle cells (Figure 3.1A).
This behavior was intriguing in light of the observation that circular smooth muscle
displays spontaneous cyclic contractions soon after it differentiates (Chevalier et al., 2017;
Roberts et al., 2010). As such, we hypothesized that contractions of the first layer may align
cells of the outer layer orthogonally in the longitudinal direction (Coulombre and Coulombre,
1958). To test this, we cultured whole intestinal explants from E9, prior to outer smooth muscle
differentiation and alignment, for 72 hours while decreasing or increasing inner circumferential
muscle contraction frequency, taking advantage of the fact that fetal smooth muscle contraction
depends upon the activity of voltage-gated L-type calcium channels and the activation of Myosin
Light Chain Kinase (MLCK), with calcium transients propagated between the cells via gap
junctions (Chevalier, 2018; Schultz et al., 2003). Consistent with our hypothesis, preventing
contractions with nifedipine (a calcium channel inhibitor), ML-7 (an MLCK inhibitor), or
carbenoxolone (a gap junction inhibitor), inhibited alignment of the outer smooth muscle layer,
whereas increasing contractile frequency using the L-type calcium channel activator (S)-(-)-Bay
K 8644 enhanced alignment (Figure 3.3B-E). Importantly, neither the differentiation of the outer
layer nor alignment of the already formed circular layer was significantly altered with any of
these treatments.
To test if cyclic strain is sufficient to align smooth muscle cells of the outer layer, we
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Figure 3.3. Alignment of the outer longitudinal smooth muscle layer is dependent upon
muscle contractions of the inner circumferential layer
(A) Whole mount of E9 midgut stained with SMA after being grown flat for 72hrs shows
longitudinal alignment similar to controls grown in standard tubular geometry. Arrows denote
proximal-distal axis.
(B) Whole mount image of immunostained inner and outer muscle layers when contractions are
blocked with nifedipine (100µM) and ML-7 (45µM) or increased BayK8644 (1µM) during outer
layer differentiation.
(C) Quantifications of alignment determined as in Figure 3.2 were obtained from n≥3
measurements per sample from at least 5 samples per condition. Inner and outer layers were
distinguished by the presence of the neural plexus separating them.
(D) Contraction frequency calculated from explanted midgut segments. Each point represents
the average of 3 measurements from 3 distinct points within the jejunum of an individual explant
over a 2 minute period taken after 24 hours in culture (0 = no detectable contractions over a 2
minute observation period).
(E) Whole mount of outer and inner layers of midgut treated with the gap junction inhibitor
carbenoxolone (100µM) from E9 for 72 hours.
Scale bars = 50µm.
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attempted to restore an aligned orientation to cells of this layer, after blocking endogenous
cyclic contractions with nifedipine, by applying an exogenous cyclic stretch to whole midgut
segments at a frequency of 0.1667 Hz and strain of 15%, values similar to those normally
observed for spontaneous contractions (Figure 3.4A and Figure 3.3D). Because the mechanical
device we utilized applied a cyclic longitudinal stretch, rather than the cyclic circumferential
strain found in ovo, we expected that outer layer smooth muscle cells would align
circumferentially, perpendicular to the applied cyclic stain axis, but orthogonal to their normal
orientation. Indeed, this is what we saw near the ends of the explanted gut segment.
Surprisingly, however, the longitudinal cyclic strain resulted in cells adopting a longitudinal
orientation near the middle of the segment (Figure 3.4A). We reasoned that the observed
longitudinal alignment in the center of cyclically stretched segments might be due to
compressive strains transverse to the stretch axis that might alter alignment (Weidenhamer and
Tranquillo, 2013), as we observed a narrowing of the gut diameter in this region. We therefore
repeated the aforementioned cyclic stretch experiment while minimizing transverse compressive
strain by intubating the lumen of midgut explants with a thin tungsten rod (Figure 3.4B, C). In
contrast to our previous results, the outer smooth muscle layer of these explants displayed a
high degree of circular orientation across the entire length of the cultured segment, rescuing
alignment in the absence of endogenous contractions and, strikingly, displaying an alignment
perpendicular to controls (Figure 3.4D). These data demonstrate that cyclic stretch is sufficient
to align cells in the absence of contractions and support a model where spontaneous
contraction of the early-forming circumferential layer is the mechanical cue that aligns the laterforming outer longitudinal layer.

Static and cyclic strains align helical smooth muscle in the mouse esophagus
Many tubular organs are enveloped by layers of orthogonally aligned smooth muscle,
pointing to the potential of a general mechanism that might underlie smooth muscle alignment in
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Figure 3.4. Cyclic strain is sufficient to align the outer smooth muscle layer
(A) Whole mount images of midgut explants treated with nifedipine from E9 for 72 hours and
stretched 15% cyclically at 0.1667Hz. Cells align perpendicular at ends of segment and
parallel in center of segment to axial stretch.
(B) Whole mount images of live guts labeled with DiI and stretched ~15% longitudinally with
or without a 0.005 inch tungsten rod inserted through the lumen.
(C) Quantification of data from B. Graph shows measurements for ratio of lateral strain to
axial (longitudinal) strain. Each point represents the average of 4 measurements across an
individual stretched midgut (ileum) segment. Intubation prevents lateral compaction.
(D) Whole mount of midguts intubated with tungsten rods cultured with nifedipine and
cyclically stretched via the Strex cell stretching system compared to intubated unstretched
controls. Quantifications of alignment determined as in previous figures based on smooth
muscle actin alignment were obtained from n≥3 measurements per sample from at least 5
samples per condition. Inner and outer layers were distinguished by the presence of the
neural plexus separating them.
Scale bars = 50µm, or 500µm (B)
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multiple contexts; wherein the first layer of smooth muscle to form always orients its fibers with
respect to continuous strains in the developing tissue, while the second layer orients
orthogonally to it, directed by spontaneous cyclic contractions of the first layer. An interesting
test for this idea was presented by the mouse esophagus, which contains two smooth muscle
layers but with orthogonal helical alignments, rather than circumferential and longitudinal (Figure
3.5A). In support, we identified the presence of two longitudinal strains present in the
esophagus, but absent from the small intestine, that could potentially generate the helical
alignment. First, when cut proximally at E12, prior to the alignment of the first muscle layer, the
esophagus decreases in length, indicating the presence of longitudinal stretch (Figure 3.5B).
Second, when cut radially the esophagus opens both circumferentially and longitudinally,
indicating the presence of both circumferential and longitudinal residual strains (Figure 3.5C).
Moreover, the esophagi of Twist2-cre; Nogfl/fl,Grem1fl/+ and Twist2-cre; Nogfl/fl, Grem1fl/fl
embryos, which develop a misaligned inner longitudinal muscle layer and an outer
circumferential layer, show significantly increased longitudinal extensional strain and
longitudinal residual strains (Figure 3.5A-C). As in the chick midgut, the alignment of the laterforming, orthogonally aligned outer layer of esophageal smooth muscle is dependent upon the
spontaneous contractions of the first (Figure 3.5D). Finally, using the chick midgut we
phenocopied the inverted, inside-out alignment of the Noggin/Gremlin mouse mutant
esophageal smooth muscle layers by applying continuous longitudinal stretch during formation
of the inner layer, causing it to align longitudinally, then allowing the second layer to form in the
absence of applied strain but with the misaligned muscle now contracting in the longitudinal
direction and thus inducing the formation of an outer circumferential layer reminiscent of the
mutant esophagus and matching the predictions of our model (Figure 3.5E).
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Figure 3.5. Mechanical control of helical smooth muscle cell alignment in the murine
esophagus
(A) Whole mount projection of mouse esophagi from control and mutant embryos at E14.5
showing both inner and outer layers. Projection does not include full outer layer, leading it to
only be visible at periphery of image. Note orthogonal, helical alignment.
(B) Quantification of longitudinal tension in the esophagi of control and mutant embryos at E12,
prior to muscle alignment (n≥10). Images show experimental setup and examples of extensional
strain measurements in mouse esophagi for both controls and mutants. Left images show the
esophagus still attached to the mouth and stomach, but with connective and airway tissue
removed. Right images show the result after a proximal cut is made at the proximal esophagus.
Magenta dotted lines indicate the esophagus.
(C) Quantification of the longitudinal opening angle of esophagi at E12, as defined by the reflex
angle relative to the straight (uncut) tube (θ = 180°), shows that the angle is significantly
increased in the esophagi of mutants. Each point represents an esophageal segment measured
from a different mouse. Lateral views of E12 mouse esophageal (top) and jejunal (bottom)
segments cut open radially along their length show for both controls and Noggin/Gremlin
conditional mutants. When opened, the esophagus, but not the intestine, bends longitudinally
indicating that inner layers are compressed longitudinally and outer layers tensed longitudinally.
(D) Whole mount images of inner and outer layers stained with SMA from mouse esophagi after
culturing from E12.5 for 72 hours in the presence or absence of contraction inhibitors (nifedipine
= 60µM and ML-7 = 45µM). While the inner (left-handed) helical layers forms normally, the outer
(right-handed) helical layer fails to align when contractions of the first layer are inhibited.
Quantifications of cell alignment were performed on at least 3 different regions for each of at
least 6 separate explants per treatment group.
(E) Whole mount of misaligned and inverted inner and outer layers of explanted chick midgut
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Figure 3.5 (Continued)
following application of exogenous stretch followed by relaxation while the outer layer
differentiates.
Error bars are mean ± SD, ***P<0.001 by two tailed t-test. Scale bars = 50µm.
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Figure 3.5 (Continued)
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Figure 3.6. Circumferential contractions in the mouse ureter are required to align the
outer longitudinal layer
(A) Whole mount of wild-type ureters showing inner circumferential muscle layer at E16.5 and
outer longitudinal layer at E18.5.
(B) Whole mount of ureter explants grown from E16.5 for 72 hours with DMSO (Control) or
50µM nifedipine to inhibit contractions. Images are representative of n≥5 explants per
treatment condition.
Scale bars = 50µm.
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Spontaneous contractions are required for longitudinal muscle layer alignment in the
mouse ureter
We further tested this model in the context of a tubular organ outside the GI tract,
examining smooth muscle alignment in the mouse ureter. The first-forming circular layer of
ureteral smooth muscle begins spontaneous contractions by E15.5, just prior to differentiation of
an outer longitudinal layer that forms by E18.5 (Figure 3.6A). Again, matching our results from
the gut, blocking spontaneous ureteral contractions with nifedipine inhibits outer layer alignment
(Figure 3.6B).

Discussion
A new paradigm for understanding the development of muscle alignment through
mechanical control
There is a growing recognition for the role of physical forces, at various scales, in
embryonic morphogenesis. In the developing gut, physical forces regulate looping (Nerurkar et
al., 2017; Savin et al., 2011), endodermal folding (Savin et al., 2011), neural crest cell migration
(Chevalier et al., 2016), and now, as we show here, muscle layer orientation. Extensive in vitro
and theoretical studies have demonstrated the impact of static and cyclic stretch on cell
orientation (Buck, 1980; Faust et al., 2011; Kanda et al., 1992; Kim et al., 1999; Livne et al.,
2014; Safran and De, 2009), but the in vivo use of these strains in aligning cells of developing
tissues within the embryo has remained unclear. We show that in the gut, differential
proliferation (growth) across the radial axis generates static strain to orient the first layer
circumferentially, and cyclic contractions of this first layer subsequently align the second layer in
a perpendicular orientation longitudinally. We have extended our studies from the
circumferential and longitudinal muscles of the chick midgut to those of the mouse ureter and
the helically wound muscles of the mouse esophagus to show evidence that this mechanism
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Figure 3.7. Model for smooth muscle alignment
(A)Wild-type alignment of inner circumferential and outer longitudinal. Residual strains in the
mesenchyme lead to circumferential tensions that align differentiating muscle circumferentially.
Once formed, the cyclic contractions of the inner layer align the outer layer in the perpendicular,
longitudinal, direction.
(B) In the esophagus of mice, longitudinal tension and longitudinal residual strain are present in
the mesenchyme and result in an inner left-handed helical array of muscle. The contractions of
the inner layer again drive the outer layer to align perpendicular into a right-handed helix.
(C) When Nog is deleted from the mesoderm (along with one or two copies of Grem1) there is
increased longitudinal strain in undifferentiated mesenchyme which correlates with a laterforming inner longitudinal layer. The contractions of this layer are longitudinal and now the outer
layer aligns circumferentially. This scenario can be recapitulated by applying exogenous stretch
to the developing chick small intestine to convert the inner layer to longitudinal alignment, and
upon removing this strain, this muscle begins to contract longitudinally and the outer layer then
also becomes circumferential.

70

may be generally applicable in other tubular systems (Figure 3.7).
A mechanical role for muscle in morphogenesis is well appreciated in the
musculoskeletal system, where, for example, continuous tension drives myoblast fusion
(Vandenburgh and Karlisch, 1989), spontaneous twitching enhances the formation of crossstriated muscle (Weitkunat et al., 2017) and muscle contraction is required for normal skeletal
development (reviewed in Felsenthal and Zelzer, 2017). Here, we have demonstrated that the
spontaneous contractions of one muscle layer can affect the alignment of a second layer,
setting up a way to create multi-layered muscular tissues determined by mechanical forces. This
mechanism may act in concert with other mechanical cues, such as traction forces generated by
fibroblasts (Stopak and Harris, 1982) or tension provided by tendon attachments (Felsenthal
and Zelzer, 2017), to aid in the alignment of multi-layered skeletal muscle. Additionally, while we
have demonstrated a clear cellular response to physical forces in vivo, our model does not
necessarily preclude a role for the extracellular matrix, which itself can be aligned by
mechanical stimuli and might act as a scaffold to aid and maintain cell alignment (Nam et al.,
2016; Vader et al., 2009).
Ultimately, external physical forces must be interpreted internally by the cell and
translated into modifications of the cytoskeleton and/or gene expression in order to achieve
cellular alignment. Only recently have potential genetic mediators of smooth muscle alignment
been identified in vivo. For example, mouse mutants for Wnt5a, its receptor Ror2, or the ion
channels Kcnj13 and Tmem16a show misaligned smooth muscle in the mouse trachea and
esophagus (Kishimoto et al., 2018; Rock et al., 2008; Yin et al., 2018), and mutations in the
planar cell polarity gene Dlgh1 show misaligned muscle in the mouse ureter (Mahoney et al.,
2006). Whether these genes modulate tissue mechanics (i.e., static strains or cyclic muscle
contractions) to organize muscle or if instead they are required for conveying mechanical stimuli
to the cell is unknown. Further analyses of these and other genes in light of our findings will help
clarify how smooth muscle cells and their precursors sense and respond to various stresses and
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strains in the developing embryo to guide organ morphogenesis through cell alignment.
Many hollow tubular organs are surrounded by layers of smooth muscle with specific
orientations. Moreover, the pattern of stepwise differentiation and alignment of developing
smooth muscle layers is common to other tubular systems, such as blood vessels (Greif et al.,
2012) and organs of the urogenital tract (Georgas et al., 2015; Tasian et al., 2010; Viana et al.,
2007), thus pointing to the possibility that the mechanism described above may act to align
sequentially differentiating muscle in a variety of organs. The dependence of the secondforming muscle layer’s alignment on the contractions of the first layer creates a simple way to
generate multi-layered smooth muscle with orthogonal alignments in tissues of diverse
embryonic origin as cell alignment within a developing organ can be determined independently
of the molecular signaling environment and instead could be reliant upon generalizable physical
parameters. While it is currently not understood how the calcium-mediated spontaneous
contractions first initiate in the embryonic gut, the fact that these early contractions are
mechanosensitive (Chevalier, 2018) raises the intriguing possibility of a mechanical feedback
wherein the same tensile stress that orients the first muscle layer also acts to initiate its
spontaneous contraction and thus enhance its maturation and the alignment of the second
layer. In other tubes, such as blood vessels, cyclic strains may be provided by the pulsatile flow
of luminal contents instead of or in addition to the contractile activity of the muscle cells
themselves that aid in the reorientation during development (Buck, 1980; Greif et al., 2012;
Nandadasa et al., 2015). This physically guided mechanism of muscle alignment, in which the
alignment of the first layer controls the alignment of the second might also be applicable across
evolutionary scales, as orthogonal muscle alignment is conserved in the gastrointestinal tracts
between vertebrates and invertebrates as well as within the body plans of worms and hydra,
where they play important roles in regeneration (Aghajanian et al., 2016; Clark and Cowey,
1958; Livshits et al., 2017; Scimone et al., 2017; Seiler et al., 2010; Wallace and Burns, 2005).
Indeed, there may be broad generality to the integrated mechanisms we have described here,
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wherein the differentiation of a first-forming smooth muscle layer alters both the signaling and
mechanical landscape of the primordial tissue and thereby sets the stage for proper
morphogenesis of subsequently forming layers.
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Chapter Four: Discussion
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Understanding vertebrate myogenesis was one of the very first problems in
developmental biology taken to a molecular level, with the discovery of MyoD by Hal Weintraub
and his colleagues in 1986 (Lassar et al., 1986). Muscle development has remained an area of
extremely active research ever since, and an enormous amount has been learned, from the role
of myogenic genes in muscle cell specification to the control of satellite stem cells in repairing
damaged muscle. Nonetheless, many fundamental problems regarding muscle patterning are
still unanswered. Thus, questions such as, ‘why do your biceps have two heads and your triceps
have three?’; ‘why do they form in the exact locations where they are found?’; and, ‘why are
muscle fibers oriented along the long axis of the limb instead of some other direction?’, have
remained largely unresolved. Here, we address these questions for a particular set of muscles,
the smooth muscles of the midgut. We find that the location and timing of formation of the
concentric layers of intestinal smooth muscle is achieved through a signaling cascade involving
Hedgehog, Bmp ligands, and Bmp antagonists, while the proper orientation of these layers is
established in response to unique mechanical forces present at different stages of intestinal
development. Notably, both the differentiation and the orientation of later forming layers depend
on the formation of the first smooth muscle layer, a feature that may explain the relative
orientation of smooth muscle layers forming in a variety of settings in the developing vertebrate
embryo.

Diverse functions of Bmp signaling in muscle development
Many organs display the common signaling architecture of an epithelial layer expressing
Hh and a subepithelial mesenchyme expressing Bmp4 (Bitgood and McMahon, 1995; McHugh,
1995; Roberts et al., 1995). Our functional studies support a model wherein initial specification
of both muscle layers is dependent upon a permissive, low Bmp-activity signaling environment
while high Bmp signaling activity is inhibitory to the initial stages of muscle formation (Figure 2.3
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and Figure 2.7). Further evidence of an inhibitory role of Bmp signaling on muscle development
in other lateral plate mesoderm derived tissues is shown by the fact that Bmp antagonist
overexpression leads to increased smooth muscle in the lung (Lu et al., 2001; Weaver et al.,
1999), while loss of the Bmp antagonist, Fstl1 causes reduced smooth muscle here (Liu et al.,
2017). Additionally, during bladder development, Hh and Bmp signaling seem to act in a
concentration-dependent manner to control muscle pattern. Here, mice with diminished Hh
signaling have ectopic subepithelial smooth muscle adjacent to the bladder urothelium – similar
to our results with cyclopamine treatment in the intestine that generated subendodermal muscle
- while Bmp4 repressed smooth muscle differentiation from primary bladder mesenchyme ex
vivo (Cheng et al., 2008). A seemingly opposite role for Bmp signaling in smooth muscle has
been well defined in the ureter as well as in pluripotent cells in vitro, where Bmp activity
positively correlates with smooth muscle differentiation (Bohnenpoll and Kispert, 2014; Caubit et
al., 2008; Lagna et al., 2007; Mamo et al., 2017; Wang et al., 2009; Yu et al., 2002). These
differential effects of Bmp signaling on muscle are likely contextual, potentially due to different
tissues of origin (such as the case for the intestine and urogenital system), or the smooth
muscle phenotypic state upon which the Bmp signal is acting (i.e., contractile or proliferative),
that could lead to a variety of downstream mechanisms based on integration of the Bmp signal
with other pathways.
Smooth muscle cells are unique in their ability to switch between contractile and
proliferative phenotypes. It seems likely that Bmp functions in a biphasic manner during
intestinal smooth muscle patterning whereby early on, during the initial patterning phase when
the muscle layers are specified, there is a requirement for low Bmp signaling, whereas later,
once the layer pattern has been established, Bmp signaling is needed for muscle cell maturation
toward the contractile phenotype. Our observation that pSmad1/5/9 is initially low in the
mesenchyme but becomes upregulated in the circumferential muscle layer once it has
differentiated supports this notion. Furthermore, other studies have shown that Bmp is important
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for the upregulation of contractile markers in the developing gizzard, while inhibition via Noggin
overexpression leads to increased immature markers such as αSMA (Notarnicola et al., 2012;
Sagnol et al., 2014). Similarly, in embryoid bodies that differentiate into gut-like structures
(derived from mouse embryonic stem cells), Bmp2 can enhance smooth muscle contractility in a
time dependent manner, only acting to enhance contractility after its initial formation, further
pointing to a later function in muscle maturation (Torihashi et al., 2009).
How Bmp signaling limits early muscle formation in the intestine, as we and others have
observed, is not known (De Santa Barbara et al., 2005; Roberts, 2000). In addition to canonical
downstream signaling through Smad1/5/9 phosphorylation and Smad4 transcriptional activity,
Bmp can activate non-canonical mitogen activated protein kinase (MAPK) pathways such as
Erk, p38, and Jnk, each potentially leading to diverse and context-dependent responses to Bmp
signaling (Kimura et al., 2000; Yamaguchi et al., 1999). In the ureter, a combination of these
pathways is required downstream of Bmp4 to enhance smooth muscle formation in the
periureteral mesenchyme (Mamo et al., 2017). Of particular interest is the fact that activated
phospho-Jnk is present in the developing gut mesenchyme, but not that of the ureter (where
Bmp activates smooth muscle formation), pointing to the possibility that it might be a key
mediator of Bmp’s inhibitory effect on smooth muscle formation in the gut (See Appendix II).
Moreover, cJun, the target of Jnk activity is a Hh-activated target expressed within the
mesenchyme (Gurdziel et al., 2016). Thus, it will be important to see first if the activation of
these MAPK pathways is affected by Bmp activity and second if inhibiting Jnk activity (or the
activity of other non-canonical Bmp targets) enhances smooth muscle differentiation and ectopic
subepithelial muscle in the gut. Another potential mechanism of Bmp-dependent inhibition of
smooth muscle differentiation could be through the transcription factors Msx1 and Msx2, which
are activated by Bmp ligands, and at least in the case of vascular smooth muscle cells repress
their differentiation by forming a complex with and inhibiting the function of Myocardin/Srf in
activating downstream muscle differentiation factors (Hayashi et al., 2006).
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Different Bmp receptor and ligand combinations can invoke distinct responses at the
genetic, cellular, and tissue level, together creating a large repertoire of unique responses to the
various Bmp pathway components present in a given signaling environment (Antebi et al., 2017;
Kimura et al., 2000; Wang et al., 2014b). Bmp ligands bind as homo- or heterodimers to
receptor complexes containing both type I and type II Bmp/Activin receptors, resulting in
hundreds of potential combinations (Antebi et al., 2017; Little and Mullins, 2009; Mueller and
Nickel, 2012). In vitro work has begun to show how promiscuous binding combinations can lead
to differential Smad phosphorylation (Antebi et al., 2017). Indeed, Tgfβ ligands can enhance
muscle differentiation (Coletta et al., 2018), leaving the possibility that promiscuous interactions
between Bmp and Tgfβ ligands and receptors could also account for different effects observed,
perhaps based on the relative concentrations of ligands and receptors present (Mueller and
Nickel, 2012). For example, while Tgfβ typically signals through Smad2/3 phosphorylation, in
endothelial cells it has been additionally shown to function via phosphorylation of Smad1/5, the
proteins typically activated by canonical Bmp ligands (Daly et al., 2008). The developing
gastrointestinal tract mesenchyme presents itself as a useful system to better understand how
combinatorial and promiscuous Tgfβ/Bmp signals are processed in vivo to generate
morphology, as many different receptors and ligands for these pathways are expressed here,
and moreover, the radial muscle organization is a simple geometric readout for pattern
formation.
Another dynamic aspect of Bmp signaling that may lead to contextually different roles in
muscle patterning is the fact that Bmp receptors as well as the secretion of antagonists such as
Noggin can be differentially localized within the cell. For instance, in micropatterned human
embryonic stem cell colonies, Bmp receptors are specifically localized to the basal membrane of
cells such that only basally (and not apically) applied ligands induce a cellular response (Etoc et
al., 2016). In the small intestine, we observed that Noggin is expressed by the same cells that
show the highest amounts of canonical Bmp signaling as visualized by nuclear pSmad1/5/9.
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This is reminiscent of the case in these stem cell colonies, in which Noggin is a target activated
by high levels of Bmp4 signaling and acts as a negative feedback to generate pattern (Etoc et
al., 2016). The fact that both high Noggin expression and high Bmp activity are seen in the
innermost layer of circumferential muscle over a long time frame during development (E7onward in the chick) suggests that differential localization of Bmp pathway components might
allow the cells that are secreting the highest concentration of antagonists to still receive the
highest signals. As there are two opposing Bmp gradients – one from the inner mesenchyme
and one from the outer mesenchyme and neural crest cells in the gut – localization of Bmp
receptors to one side of the circumferential muscle cells and Noggin secretion from the other
side could allow this. These previous studies pointing to compartmentalization of Bmp pathway
components have been carried out in epithelia that exhibit apical-basal polarity, but whether
intestinal smooth muscle cells show molecular polarity is unclear. One possibility is that
polarization is mediated within the mesenchyme through the non-canonical Wnt pathway
(Wnt5a/Ror2), which seems to be required for polarizing the mesenchyme of the trachea, and,
although no polarization was observed in the early intestine, an examination at later stages,
once the muscle has formed, will be more informative (Kishimoto et al., 2018).
In addition to Bmp4, Hh signaling activates several SLRP glycoproteins, including
Osteoglycin, in the subepithelial mesenchyme (Huang et al., 2013). Misexpression of
Osteoglycin in vitro represses the ability of Shh to induce smooth muscle actin expression in
mesenchymal stem cells. Thus, in addition to the negative affect that Hh exerts on smooth
muscle differentiation through Bmp activation, Hh may also act secondarily through ECM
modifications to inhibit (or enhance) smooth muscle differentiation. The activation of Osteoglycin
by Hh might be direct, or instead, secondary and downstream of Bmp signaling. Alternatively,
these SLRP glycoproteins might alter the effect of Bmp signaling on undifferentiated
mesenchyme (Schaefer and Iozzo, 2008), and further study of the feedback of ECM on the
signaling pathways that control muscle differentiation and patterning are needed.
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In the gut, subepithelial myofibroblasts differentiate following the formation of the bona
fide smooth muscle layers and line the mesenchymal cores of intestinal villi (Madison et al.,
2005; Powell et al., 2011). The differentiation of these cells, which form a thin subepithelial
sheet as opposed to the thick, contiguous bands of smooth muscle, also appears to be
dependent upon appropriate levels of Hedgehog signaling from the endoderm (Madison et al.,
2005; Zacharias et al., 2011). At this time it is difficult to distinguish between myofibroblasts and
smooth muscle cells given that they largely express the same repertoire of markers, and
therefore the factors that set the timing and location of subepithelial myofibroblasts as well as
how these cells are made to be distinct from smooth muscle are not clear (Jaslove and Nelson,
2018; Powell et al., 2011). Our result that sustained Noggin expression results in the precocious
appearance of αSMA expression in the intestinal subepithelium could be interpreted as the early
emergence of myofibroblast differentiation, and therefore that Bmp signaling is also important in
myofibroblast differentiation. Whether the appearance of myofibroblasts is connected with the
expression of Bmp antagonists as with the longitudinal smooth muscle layers, or whether the
expression domains of Bmp ligands change later in development, potentially due to the folding
of the epithelium, to allow for the differentiation of subepithelial myofibroblasts is not known.
Further characterization of these cell types will be required to find unique markers so that their
differentiation, patterning, and functions can be studied in detail and to better understand what
distinguishes the myofibroblasts from the layers of smooth muscle.

Biomechanical mechanisms of muscle alignment
Here, we show that the spatial patterning and stepwise differentiation of the muscle
layers in the intestine, determined largely by Hh and Bmp signaling activity levels, is essential
for allowing the maturing myocytes to be exposed to different mechanical cues that act on their
alignment. First, static strain from differential growth aligns the inner layer parallel to the major
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stretch axis and in the circumferential orientation, and second, cyclic circumferential strain due
to contractions of the first layer aligns the outer layer perpendicular and in the longitudinal
orientation. Our results are in good agreement with previous in vitro and theoretical work and
the model we propose might be applied to other tubular organs that also undergo stepwise
differentiation and alignment of muscle cells. Still, the exact cellular and molecular mechanisms
that myocytes use to sense and respond to stresses and strains and translate these cues to
guide their alignments in developing tissue are not well understood.
Force can be sensed by cells in several ways, including through the cytoskeleton,
adhesion to the extracellular matrix (ECM), and mechanosensitive channels in the cell
membrane (Chanet and Martin, 2014). How a cell responds and aligns to cyclic and static strain
likely depends on several variables. For example, at low frequencies, cells can align parallel to
the strain depending on interactions with the ECM substrate to which they are attached, but at
high frequencies will align perpendicular (Safran and De, 2009; Tamiello et al., 2016). There are
two main theoretical models to describe the cellular response to cyclic strain in vitro. In the
classic model, cells reorient in a strain avoidance response to the angle of minimal strain, likely
due to the continuous breakdown and rebuilding of the cytoskeleton that would need to occur in
directions parallel to the strain if the cells were to maintain alignment along the major strain axis
(Buck, 1982; De et al., 2008; Safran and De, 2009). In another model, cells reorient due to
stresses of the substrate through interactions with stress fibers and focal adhesions causing the
cells to reduce their passive elastic energy to a minimum and align along the angle of minimal
strain when cyclically stretched (Livne et al., 2014). The cellular alignment response to static
strains follows a similar logic whereby a continuous tensile strain would not invoke the same
strain avoidance response, and could instead act as a cue to polymerize actin and orient cells
along the maximal strain axis, the cells essentially hiding from and reducing the perceived strain
(Eastwood et al., 1998; Shemesh et al., 2005) – a situation that fits well with theoretical works
again outlining the importance of focal adhesion contacts between the cell and ECM (Bischofs
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and Schwarz, 2003; Rens and Merks, 2017). While further work will be required to distinguish
between these models in vivo, the mechanisms of alignment learned from cell culture
experiments will likely also be important in developing tissues. For instance, the realignment of
focal adhesions and stress fibers perpendicular to the strain axis during cyclic stretch precedes
cell reorientation, acting as a template that guides the alignment of cells (Chagnon-Lessard et
al., 2017; Greiner et al., 2013; Hayakawa et al., 2001). Further studies of the role of focal
adhesions and stress fiber alignment, as well as their interactions with the ECM during the
alignment processes of smooth muscle in the gut and other organs will help further our
understanding of whether and how cells respond to stress or strain (De et al., 2008).
Muscle cells and fibroblasts in general follow contact guidance cues to achieve
alignment (Buck, 1982; Stopak and Harris, 1982), representing another potential factor in the
acquisition of smooth muscle cell orientation. In a biological sense, these cues could be tissue
boundaries, ECM, or the cells themselves that orient neighboring cells along the axis of contact
to generate the organized arrays of highly aligned cells in parallel. This phenomenon is easily
observed in a bioengineering context, where substrates can be micropatterned with ridges or
grooves that the cells will align in parallel to or when cells are constrained by boundaries (Costa
et al., 2003; Zhang et al., 2015). Cells can also align to surface anisotropies, meaning if the
material is pre-stretched then the cells will align in parallel to the major axis of pre-strain (Liu et
al., 2014). In vivo, similar situations could be created, for example, by ECM secreted from the
mesenchyme and differentiating smooth muscle cells that could itself become aligned and
further act as a scaffold not only to enhance muscle cell alignment as they “fit in” to the scaffold,
but also act to maintain the cells in position once they are in place. This seems plausible, as
inhibition of contraction following muscle cell alignment of the outer longitudinal layer does not
affect the alignment of the already aligned muscle, indicating that once the alignment is
determined it is held in place. Furthermore, the orientation of mesenchymal cells exposed to
strains can additionally depend upon whether there is organization in the substrate to which the
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cells adhere. For example, cells will align in parallel to cyclic stretch when grown on membranes
that are patterned with parallel microgrooves or when cells have already been induced to
elongate along the strain axis (Kurpinski et al., 2006; Wang et al., 2014a; Wang et al., 2004).
Thus, the timing of differentiation has to be coupled tightly with precursor cell elongation and,
potentially, the secretion and organization of extracellular matrix scaffolding. Indeed, it appears
that smooth muscle cell differentiation occurs concomitantly with the acquisition of cellular
alignment in the developing gut. While our work has demonstrated a cellular response to
mechanical stimuli in vivo, it is not known whether this is also dependent upon matrix
organization and remodeling.
The mechanisms underlying the acquisition of muscle alignment in vivo has not been
studied in detail, and, only recently, has work begun to catalog some of the molecular
components that might be important for linking tissue mechanics to molecular signals. A similar
radial muscle patterning event to what we describe here for the gut takes place in the
developing arteries, governed by Hh and Pdgf signaling (Greif et al., 2012). Here, Pdgf recruits
mural cells (the mesenchymal precursors to vascular smooth muscle that surround the
endothelium) and induces Shh expression, which in turn activates smooth muscle differentiation
(Greif et al., 2012; Hellstrom et al., 1999; Yao et al., 2014). In the pulmonary artery of the
mouse, where patterning has been studied in close detail, two layers of smooth muscle cells
form sequentially. However, whereas the smooth muscle of the developing gut appears to
differentiate concomitantly with alignment, the case in the artery is different as smooth muscle
cells reorient during development. Here, the first layer of smooth muscle cells differentiates in a
longitudinal alignment at E11.5, but over the proceeding days reorients to the circumferential
alignment. Likewise, a second forming outer layer differentiates in a longitudinal alignment at
E13.5 and subsequently realigns circumferentially. How this dynamic reorientation of smooth
muscle cells in an artery occurs is not understood and in particular whether it is guided by
molecules or mechanics. In umbilical vessel walls, which first align and then realign their smooth
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muscle cells in a manner similar to those of the pulmonary artery, loss of the secreted matrix
metalloprotease Adamts9 impairs realignment, causing cells to maintain a longitudinal
alignment along the vessels (Nandadasa et al., 2015). In one scenario, signals such as Shh and
Pdgfbb, which are downregulated in the absence of Adamts9, could normally be required to
potentiate cytoskeletal changes, perhaps through the Erk pathway as hypothesized by the
authors of this study, to mediate smooth muscle cell rearrangement. In light of our findings, a
mechanical mechanism could additionally explain this reorientation process whereby the initial
longitudinal alignment is driven by tension along the longitudinal axis of the vessel as it
elongates and, subsequently, the onset of a particular threshold (in frequency and/or amplitude)
of pulsatile luminal blood flow could act as the mechanical cue to drive reorientation. In
agreement with this, the circumferential alignment of engineered three dimensional vascular
smooth muscle cell constructs can be induced by high frequency expansion, which might be
interpreted as static circumferential strain (Seliktar et al., 2000; Tamiello et al., 2016). In the
case of the Adamts9 mutant, the misaligned muscle could be due to several mechanical factors
such as increased longitudinal tension, impaired blood flow, which was observed (Nandadasa et
al., 2015), or the lack of smooth muscle contractility itself, which is also impaired in the mutants
(Mead et al., 2018). Furthermore, and consistent with the aforementioned model wherein cell
strain is sensed through focal adhesions to drive realignment, knockdown of Adamts9 also
impairs focal adhesion formation in uterine smooth muscle (Mead et al., 2018). Still, perhaps a
simpler explanation could be the inability to breakdown and remodel an ECM that itself
becomes aligned and acts as a scaffold to align the maturing smooth muscle cells in their
alignment, as speculated above. Indeed, ECM components such as Fibronectin and Fibrillin
were increased in the absence of Adamts9 and appeared to normally align along the major axis
of smooth muscle cell orientation (Nandadasa et al., 2015).
In the murine trachea, which comprises an epithelium surrounded by cartilage rings
ventrally and a sheet of circumferentially oriented smooth muscle dorsally, components of the
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planar cell polarity pathway are required for proper muscle formation. Here, the subepithelial
mesenchyme becomes polarized (as determined by Golgi localization toward the epithelium)
during muscle differentiation, and this polarization fails to occur properly in mice mutant for
Wnt5a or its receptor Ror2 within the mesenchyme (Kishimoto et al., 2018). In similar studies,
mutants for the ion channels Kcnj13 and Tmem16a also display impaired tracheal smooth
muscle alignment (Rock et al., 2008; Yin et al., 2018). In addition to tracheal defects, muscle
also appears misaligned in the esophagi of Wnt5a, Ror2, and Kcnj13 mutants (Kishimoto et al.,
2018; Yin et al., 2018). In light of our results, a re-analysis of these mutants might indicate how
these molecular components interact with the physical parameters we describe to direct smooth
muscle alignment and whether mechanical forces are involved in tracheal muscle alignment as
well. For example, the defect in misaligned muscle of the esophagus could be due to the
observed impairment of muscle contractility. Moreover, the misaligned muscle in the tracheas of
these mutants also appears to be multilayered, with an outer layer aligned longitudinally and an
inner layer aligned circumferentially, further pointing to mechanical defects. Determining
whether these mutants have altered static or cyclic strains within the undifferentiated
mesenchyme just prior to muscle alignment, as we have demonstrated here, will help sort out
whether these genes are affecting the mechanical properties of the tissue to generate normal
alignment. Alternatively, these genes might directly or indirectly help cells convert the
extracellular mechanical cues into intracellular responses. Directly, for example, there is
evidence that Ror2 and the ion channels are mechanosensitive (Bulley et al., 2012; Yang et al.,
2016). Indirectly, these pathways might adjust a cell’s competency to respond to mechanical
cues. In support of this, noncanonical Wnt pathway genes can be upregulated by mechanical
strain (Ito et al., 2014), and inhibition of noncanonical Wnt signaling has been shown to prevent
stretch mediated transcriptional responses in muscle cells in vitro (Yu et al., 2010).
The noncanonical Wnt/PCP pathway has additionally been implicated in muscle
alignment in other contexts. Mice lacking Dlgh1 in the ureter mesenchyme exhibit multiple
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ureteral defects, including loss of periureteral stromal cells, ureteral shortening, and a smooth
muscle layer that is misaligned longitudinally (instead of circumferentially), although no changes
were noted in the intestinal smooth muscle alignment despite the intestines also being
shortened (Iizuka-Kogo et al., 2015; Kim et al., 2014; Mahoney et al., 2006). The misaligned
muscle in these mutants is reminiscent of what we observe in the Bmp antagonist mutant
esophagus, where increased longitudinal strains seem to direct the mesenchyme to align
longitudinally. In theory, the misalignment of muscle in the Dlgh1 mutant might be due to
decreased circumferential residual strains, perhaps caused by loss of the stromal population,
combined with increased longitudinal tension (due to shortening) across the ureter through its
attachment on either end to the kidney and bladder. In the developing chick myotome, Wnt11
seems to act as a guidance cue that acts on the differentiating myocytes to control their
alignment (Gros et al., 2009). Whether in these examples PCP signaling is affecting tissue
mechanics, the cellular response to forces, or alternatively acting as a purely molecular mode of
cell alignment in these situations is not clear, but further studying the biomechanics of smooth
muscle morphogenesis in other systems in which muscle alignment is perturbed by genetic loss
or gain of function will further our understanding of how tissue mechanics and cell signals, such
as the PCP pathway, interact to generate mesenchymal organization.
An essential component of our model for mechanically coupled muscle alignment is that
the degree of orientation of the subsequently forming muscle layers depends on the alignment
of the first to generate later forming layers that are perpendicular in alignment - a situation we
show to be true for multiple arrangements, including the intestine, ureter, and normal helical and
Noggin/Gremlin mutant “inside-out” muscle alignments of the murine esophagus. This model
therefore requires that the second-forming layer only senses the cyclic contractions (as opposed
to the static residual strain that aligns the first layer) so as to not align incorrectly in the
circumferential direction. One possible interpretation of this is that the second forming layers are
transcriptionally-unique from the first layer and express to-be-identified components that allow
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them to sense and respond to cyclic strain, but not the static strain. Another possible
explanation is that the static circumferential strains due to differential growth are distributed
through the intestinal wall such that they are maximal within the region that differentiates into
the circumferential layer, and lower, or perhaps even longitudinally oriented, where the outer
layer forms. While longitudinal residual strains could in theory act to align the longitudinal layers,
they are only present later in development and we do not observe them during the formation of
the longitudinal layer (Dou et al., 2006). Our observation that flattened gut segments still align
longitudinally suggests that circumferential residual strains do not play a role in the outer layer
alignment, but a more careful analysis of three dimensional residual strains across the layers of
the gut wall, determined by tissue microdissection and layer separation, might provide insight
into how cells sense and interpret complex strain cues. In support of differential strain
distribution, a similar experimental and theoretical analysis has been performed in the aorta to
show how each layer has different amounts of residual strain depending on radial position
(Holzapfel and Ogden, 2010). One mechanism by which circumferential strains could be lesser
in the outer mesenchyme would be through an opposing gradient of differential growth wherein
increased proliferation within the outer mesenchyme relative to the medial wall of the gut (where
the circular layer forms) essentially shields the outer mesenchyme from circumferential strain.
Further analyses of cell cycle length across multiple stages and with more bins across the radial
axis for higher resolution (as opposed to the two, inner and outer, we analyzed here) would help
clarify how the static mechanical environment within the gut changes over time. In a 3D culture
environment, cyclic stretch has been reported to cause cells at the outside boundaries to align
perpendicular to stretch, while those in the center align in parallel (Foolen et al., 2012). Perhaps
this is also important in the gut where the longitudinal layer develops on the outside and the
circumferential layer must maintain its alignment despite cyclic strain. Finally, investigation of
the roles for residual strains, which are well-established to be present in other tubular organs
such as blood vessels, in the morphogenesis of other tissues will help resolve whether these
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strains are generally important for development (Chuong and Fung, 1986; Fung, 1991;
Vaishnav and Vossoughi, 1987).
In a tissue engineering context, muscle cell alignment has been established by multiple
ways using similar principles to what we observe in the developing gut and through the
principles of contact guidance (Buck, 1982). For instance, single or multi-layered and
orthogonally aligned scaffolds can replicate the in vivo alignment of the intestine when seeded
with smooth muscle cells (Gong et al., 2013; Kobayashi et al., 2015; McClendon and Stupp,
2012). In addition, programmed strain gradients across hydrogel fields can align cells at
different angles to generate 2D sheets of cells with unique alignments or 3D tissues resembling
tubular organs (Aubin et al., 2010; Wang et al., 2015). The stepwise patterning and alignment
we observe in the developing embryo, in which the alignment of the second layer depends on
the contractile activity of the first, could be useful to combine with these and other
bioengineering methods to generate tissue constructs that might self-organize into tissues
resembling in vivo morphology.

Biomechanical feedback during gut development
Dependence of the second muscle layer’s alignment on the contractions of the first layer
sets up a simple way to create orthogonal alignments of adjacent muscle layers in various
contexts as the mechanism can occur independently of diverse signaling environments, instead
relying upon generalizable physical determinants. Critical to this model is the ability of the first
forming layer to initiate spontaneous contractile activity. The work of ours and others has
demonstrated that in smooth muscle these initial contractions are due to calcium transients and
independent of neural input (Chevalier et al., 2017; Roberts et al., 2010), but how these
contractions first initiate and establish wave patterns in the embryonic intestine remains
unresolved.
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The “law of the intestine”, or myenteric reflex, states the ability of the gut to initiate
contractions based on the presence of a mechanical stimulus, such as food within its lumen
(Bayliss and Starling, 1899). More recent work has suggested the presence of
mechanosensitive calcium channels in both the adult and embryo that are likely the transducers
of mechanical strain into myogenic activity (Chevalier, 2018; Farrugia et al., 1999), while in the
adult stretch-activated neurons additionally sense strain to initiate peristalsis (Williams et al.,
2016). In the chick at E6, just after muscle has formed, activity can be induced by the
application of force, i.e., touching the gut causes it to contract (Chevalier, 2018). An intriguing
possibility is that, in addition to the effect of differential growth we show on the alignment of the
circumferential layer, these same tensile forces generated might also activate mechanosensitive
calcium channels to stimulate the first calcium waves that initiate muscle contractions, setting up
a positive feedback loop between morphogenesis and mechanical activity of the intestine. While
the molecular identity of these channels are currently unknown, they are sensitive to nifedipine
(Farrugia et al., 1999), and therefore we likely perturbed these channels in our contraction
inhibitor experiments as well, thus leaving open the possibility that these mechanosensitive
calcium channels are also required to propagate this mechanical feedback to the alignment of
the longitudinal muscle layer. One likely candidate for mediating mechanosensation are
Piezo1/2 channels, which respond to stretch to induce stem cell differentiation in the fly intestine
and are expressed, but have not yet been assigned a role, in the intestinal mesenchyme
(Alcaino et al., 2017; He et al., 2018).
Besides affecting cell alignment, mechanical cues can stimulate smooth muscle
maturation as indicated by an increase in contractile marker expression (Bono et al., 2016). In
addition, in response to anisotropic strain, mesenchymal stem cells alter their gene expression
profiles depending on whether they are situated parallel or perpendicular to the strain axis in a
manner that influences their differentiation (Kurpinski et al., 2006). Cell shape in turn feeds back
on muscle cell maturation, as enhanced elongation of cells grown on microgrooves can further
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their differentiation and slow their proliferation (Thakar et al., 2009). Therefore, both molecular
and mechanical inputs can induce smooth muscle, and, besides the signals that set up the
smooth muscle pattern in the gut, the static and cyclic strains may feed back on the smooth
muscle phenotypic state to affect muscle cell maturation. Mechanical enhancement of muscle
maturation is also apparent at the molecular level in striated muscles, where calcium-dependent
spontaneous muscle twitches enhance cross-striated myofibrils (Weitkunat et al., 2017), which
is strikingly similar, though on the molecular versus cellular scale, to the cyclic stretchdependent alignment of smooth muscle we observe. Together, these studies combined with our
results suggest that once the pattern of muscle is set by signals, mechanical forces then might
set a feedforward loop to help direct the initiation of contractions and further influence muscle
differentiation.
In addition to the cellular response to mechanical stimuli, ECM can also be aligned by
strain. For example, collagen fibers can be aligned by strains as evidenced by acellular collagen
sheets, which like cells, align parallel to static strain and perpendicular to cyclic strain (Nam et
al., 2016; Vader et al., 2009). Along with enhancing smooth muscle cell maturation, mechanical
strain can also induce the production of ECM components from smooth muscle cells (Wanjare
et al., 2015), and cells can in turn align their surrounding matrix via traction forces generated
through contractility (Piotrowski-Daspit et al., 2017; Stopak and Harris, 1982). These
observations suggest another positive mechanical feedback that could help potentiate smooth
muscle formation and alignment wherein residual strains and cell contraction generate an ECM
scaffold that helps aid in the acquisition and maintenance of alignment of the nascent muscle
layers through contact guidance. While the organization of ECM within other tubular organs
such as the blood vessel wall has been shown to match closely the alignment of smooth muscle
(Carta et al., 2006; Chow et al., 2014; Yu et al., 2018), a detailed developmental study of ECM
alignment and function in the gut is lacking. Complicating its study, ECM composition and
structure are likely determined by many of the same factors that regulate proliferation and
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patterning at the cellular level. For example, Shh enhances extracellular matrix production,
which in turn impairs neural crest cell migration, potentially by altering ECM stiffness (Chevalier
et al., 2016; Nagy et al., 2016). However, there is good evidence for a functional role in early gut
morphogenesis. For example, collagen tracks align with the folds of villi, implicating a potential
role in morphogenesis (Tsai and Overton, 1976), and lack of Laminin-α5 affects the shape of
epithelial folds in the intestine (Bolcato-Bellemin et al., 2003). Moreover, mesenchymal
compaction in vitro is sufficient to generate epithelial buckling and folding similar to what is
observed in mouse villus clusters and nascent villi (Hughes et al., 2018). In addition to
supporting tissue structure, the ECM can also direct durotaxis (the movement of cells across
stiffness gradients), which might play a role in the recruitment of smooth muscle precursors to
the different layers (Crest et al., 2017; Sunyer et al., 2016). Further functional and descriptive
studies will be required to investigate how the ECM of the gut senses and responds to the
various strains that we’ve describe here and how it feeds back on cellular alignment and
differentiation.
In a broad sense, how mechanical inputs affect gene expression changes to drive tissue
morphogenesis and vice versa is largely unknown, and the patterning and alignment of gut
smooth muscle could provide a system to better understand these interactions. In our previous
work, we described how tissue folding distorted the shape of morphogen gradients, leading to
clustered signaling centers that drive cellular organization within the epithelium to form the stem
cell compartment (Shyer et al., 2015). In the case of gut muscle patterning, the compressive
forces generated by muscle contractions could lead to mechanically induced gene regulation
changes within the inner mesenchyme. A prospective signal that might be regulated by these
physical forces is the Hippo pathway and its Yap/Taz transcription factors, which are well known
to be mechanosensitive and, for instance, can be translocated to the nucleus due to strain
(Elosegui-Artola et al., 2017). In the stomach, Yap/Taz activity in subepithelial mesenchyme
represses Myocardin expression to inhibit smooth muscle differentiation in this domain, while
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activity of this pathway is low in the outer mesenchyme, creating a permissive environment here
for muscle to form (Cotton et al., 2017). While the upstream extracellular factors leading to
Yap/Taz activation are not known, our result that a combination of high Hedgehog and low Bmp
signaling (or Bmp inhibition alone at later stages) induces smooth muscle adjacent to the
epithelium, in the same compartment where Yap/Taz are active, suggests the possibility that
these pathways might be integrated either molecularly or mechanically. For instance, following
the initial patterning of the circumferential layer by Hh/Bmp, the contracting muscle might lead to
the mechanical activation of Yap/Taz within the subepithelial mesenchyme, in turn maintaining
its undifferentiated state. This type of biomechanical feedback could, in theory, be integrated
through Jnk activity, which itself has been shown to be activated by non-canonical Bmp
signaling and itself can enhance Yap nuclear localization (Codelia et al., 2014; Guicheux et al.,
2003). In addition, Jnk signaling activity is present in subepithelial mesenchyme of the intestine,
consistent with the compartment of active Yap/Taz (Cotton et al., 2017; Gurdziel et al., 2016)
(See Appendix II). The mechanical feedback on muscle is also evident in vivo when bowel
obstruction mechanically induces changes to gene expression, mainly through stress activated
MAPK pathways such as p38 and Jnk (Shi, 2017). Since non-canonical Bmp signaling induces
dedifferentiation of smooth muscle cells derived from the chick gizzard toward the proliferative,
noncontractile state, a dynamic balancing act is likely required between canonical and noncanonical Bmp activity to specify the smooth muscle phenotypic state (Hayashi et al., 1999),
and a further understanding of how Hh and Bmp are molecularly or mechanically integrated with
other signals, including the Hippo pathway, during morphogenesis is needed.
A positive biomechanical feedforward loop is an attractive model to explain the
emergence of pattern and function in human intestinal organoids, which are derived from human
pluripotent stem cells and can be differentiated into gastrointestinal endoderm and patterned
into distinct anterior-posterior identities (Spence et al., 2011b). In a remarkable process of selforganization, this differentiated endoderm signals to surrounding fibroblasts to begin
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differentiating into mesenchymal components such as smooth muscle, and, when transplanted
into a mouse, these organoids become vascularized and develop remarkably similar
morphology to normal in vivo GI tissue, including both circumferential and longitudinal muscle
layers (Watson et al., 2014). When engrafted the smooth muscle in these organoids exhibits
spontaneous contractions, which can be enhanced further with the addition of neural crest cells,
pointing to the possibility that organoids also generate longitudinal muscle alignment through
spontaneous contractions (Workman et al., 2017). Notably, mechanical strain can induce the
maturation of these organoids, further implicating a mechanical feedback on morphogenesis
(Poling et al., 2018). Taken together with the data presented here, a potential model for the selforganization of these organoids is one wherein signals from the differentiated endoderm, such
as Hh, sufficiently pattern naïve fibroblasts into subepithelial mesenchyme and an inner muscle
layer, which then becomes aligned due to residual strains caused by expansion of the lumen
and subendodermal mesenchyme, and is subsequently followed by the onset of spontaneous
contractions and the organization of an outer muscle layer. Further characterization of organoid
morphogenesis will indicate whether the same mechanisms which we describe here additionally
aid in the self-organization of human intestinal organoids through biomechanical feedback.

Smooth muscle functions in mechanically mediated morphogenesis
We have previously shown that the stepwise differentiation of smooth muscle in the
small intestine drives buckling morphogenesis of the epithelium and inner mesenchyme to
sculpt intestinal villi, which in turn alters the shape of morphogen gradients to localize stem cells
(Shyer et al., 2015; Shyer et al., 2013). Here, we have uncovered an additional mechanical role
for smooth muscle activity in its own morphogenesis by showing that the contractions of the first
layer drive alignment of the second layer, and thus have demonstrated that not only are these
fetal contractions important for establishing the myenteric reflex (Bayliss and Starling, 1899;
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Chevalier, 2018), but are also required for normal gastrointestinal morphogenesis. In addition,
there is a growing list of biological contexts in which smooth muscle physically mediates tissue
morphogenesis (Jaslove and Nelson, 2018).
In the developing airway, smooth muscle has been shown to be critical for branching
morphogenesis. The developing lung undergoes an elaborate and stereotyped branching
morphogenesis to generate its final form (Metzger et al., 2008). Soon after separating from the
primitive gut tube, the trachea branches into bronchi and subsequently bifurcates as these
epithelial-mesenchymal tubes grow. These bifurcations seem to be driven by localized smooth
muscle differentiation at the bud tips that constrain growth of the underlying epithelium (Kim et
al., 2015). How the muscle is patterned to differentiate at the right place and time to drive this
stereotyped process is not known, but, in contrast to our results, inhibiting muscle contraction
with nifedipine also blocked muscle differentiation, suggesting a potential mechanical basis to
smooth muscle pattern in this context. Airway smooth muscle also exhibits spontaneous
contractile activity (McCray, 1993), but unlike the gut develops a single layer of circumferentially
aligned smooth muscle. At this point, it is unknown if these contractions play a role in
morphogenesis, but it is conceivable that they may in some way affect branching
morphogenesis through fluid flow (Bokka et al., 2015). Still, it is likely that the same physical
forces that constrain growth of the intestine to drive the formation of villi are also relevant to the
airway, where remodeling through thickening of the smooth muscle layer correlates with
epithelial buckling into ridges akin to the chick midgut (Wiggs et al., 1997).
Mechanically mediated folding, as observed by smooth muscle in the intestine, has
additionally been observed both experimentally and theoretically in the mouse oviduct, which
changes shape at ovulation and exhibits epithelial folding. Here, the folds are also likely due to
differential radial growth between the epithelium and surrounding smooth muscle layers
(Koyama et al., 2016). Moreover, knockout of the planar cell polarity gene Celsr1 enhances
differential growth along the longitudinal direction, buckling the folds into zigzag ridges in a
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similar manner to that which is seen in the chick intestine after the longitudinal layer formation.
In this context, however, the mechanisms of differentiation and patterning of smooth muscle
have not been studied in detail. The fact that the oviduct contains both an inner circumferential
and outer longitudinal smooth muscle layer and that they exhibit spontaneous contractile activity
deems it likely that the same model we propose here applies to this tubular epithelialmesenchymal system with smooth muscle as well (Lindblom et al., 1980; Wånggren et al.,
2008).
In addition to its role in constraining tissue growth, smooth muscle also provides
structural support to internally pressurized tubes such as the urinary tract and blood vessels. In
the ureter, loss of either Hh signaling or Bmp results in hypoplastic smooth muscle and
hydroureter (Bohnenpoll et al., 2017; Mamo et al., 2017; Yu et al., 2002). This phenotype results
from the inability to passage fluid via peristalsis and manifests in a swelling expansion of the
luminal space due to fluid retention and lack of constraint. Thus, while folding patterns are not
apparent here, the smooth muscle nonetheless provides a stiff support to prevent luminal
expansion. Likewise, in blood vessels, loss of smooth muscle results in hemorrhaging due to the
inability to withstand the intraluminal pulsatile pressure (Kalinichenko et al., 2001). An
understanding of how smooth muscle patterning is coupled with the acquisition of alignment in
these other contexts will help in identifying mechanisms underlying congenital defects that result
from smooth muscle malformation and may further aid in the design of therapeutic approaches
from either a genetic or bioengineering standpoint.
The guiding principles of intestinal elongation have yet to be fully elucidated, but a
mechanical role for smooth muscle is also likely (See Appendix III). Intestinal growth is
undoubtedly dependent upon proliferation and defects, yet how proliferation itself can drive
axially biased growth is unresolved (Walton et al., 2016). Moreover, how mesoderm growth is
coupled with that of the endoderm so that the process results in concerted elongation of the gut
tube is not clear. Coulombre and Coulombre (1958) originally postulated that the contraction of
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the circumferential smooth muscle once formed may drive the elongation process of the small
intestine – constraining growth circumferentially and forcing growth longitudinally. Indeed, it has
been noted that rapid increases in intestinal length are coupled with decreased growth in
diameter, and conversely when diameter is increasing there is a coordinate decrease in
lengthening of the small intestine (Coulombre and Coulombre, 1958; Thomason et al., 2012).
Accordingly, when the muscle is relaxed the intestine dramatically shortens in length (Chevalier
et al., 2017), and, additionally, contraction of the circumferential layer itself causes a temporary
increase in intestinal length (Wood and Perkins, 1970), together indicating that the force
generated by the muscle tone alone is sufficient to induce a temporary tissue-wide elongation.
Supporting this notion for a potential role of muscle contractility in elongation, mouse mutants
for components required for proper muscle contractions such as Nrp1, Lmod1, and Srf, among
others, display shortened intestines (Halim et al., 2017; Mericskay et al., 2007; Yamaji et al.,
2015). Moreover, recent work in the chick midgut has suggested that tension itself can drive
elongation of the small intestine, with the tension being generated from the attachment of the
umbilicus (Chevalier et al., 2018). Linking these results to potential therapies, tension applied
via a robotic implant has been used as a way to elongate and reconnect separated segments of
the gut in vivo using mechanical input (Damian et al., 2018). While the midgut undergoes
dramatic elongation, other compartments of the digestive tract, such as the gizzard and hindgut,
do not elongate as dramatically in length, and instead grow in thickness. Therefore, taking a
comparative approach to study the elongation in each compartment may help elucidate the
mechanisms that control axial growth, and whether the muscle is important. Given that the gut
tube is regionally compartmentalized along the proximal distal axis early in development, it is
likely the molecular mechanisms underlying the differential growth are determined early on, and
evidence from gain and loss of function studies in both chick and mouse indeed show that
longitudinal and radial growth can be genetically uncoupled (Cervantes et al., 2009; Geske et
al., 2008; Nerurkar et al., 2017).
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The origin of longitudinal muscle layers
While our data demonstrate that a low Bmp signaling environment is required and
sufficient for outer layer formation, an open question remains of the cellular origin of the
longitudinal smooth muscle layers. In one model, as mentioned in the introduction, the
longitudinal layer arises from a kit-expressing progenitor within the undifferentiated outer
mesenchyme (Torihashi et al., 1999). Combined with our data, this model would suggest that
Bmp downregulation within this population is critical for longitudinal muscle induction from this
progenitor. Another, and not necessarily mutually exclusive possibility is the hypothesis that
longitudinal layer cells are derived from the circumferential layer (Masumoto et al., 2000). In this
model, already differentiated cells of the inner circumferential layer migrate outward, forming an
L-shape to turn longitudinally, and subsequently proliferate to populate the outer layer. This idea
is supported by static images demonstrating a population of cells that align in the radial
orientation perpendicular to both the circular and longitudinal layers (Masumoto et al., 2000).
Smooth muscle cells of other origin (particularly vascular smooth muscle cells), are well known
to be migratory, and factors such as Pdgf ligands have been shown to be a key mediator of
smooth muscle migratory behavior and recruitment to maturing blood vessels (Greif et al., 2012;
Hellstrom et al., 1999). Many Pdgf ligands and receptors are expressed in dynamic patterns
throughout the intestinal mesenchyme, and inhibitory experiments suggest a requirement of
Pdgf signaling in longitudinal muscle formation (and also circumferential muscle), raising the
possibility that Pdgf signaling could induce muscle cell migration in this context (Graham et al.,
2017; Kurahashi et al., 2008; Shyer et al., 2013). In theory, the absence of Bmp activity in the
outer layer of circular cells could make them competent toward a chemoattractant signal (such
as Pdgf) from the mesothelium or outer mesenchyme that causes them to migrate into the outer
layer. In support of this, low subthreshold levels of Bmp2 signaling augment the effect of Pdgf
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signaling on vascular smooth muscle migration (Willette et al., 1999), and additionally this
migratory activity is dependent upon sufficient levels of Hh signaling (Yao et al., 2014). As
opposed to a signaling-based mechanism, reorientation of the first layer might instead be
triggered by cyclic contractions that act on a population of immature (low Bmp signaling) smooth
muscle in the outer-most circumferential layer. A mechanical realignment of the outer layer
might also be important in the ureter, which is juxtaposed to the circumferential layer without a
neural plexus separation as in the gut, and might also explain the emergence of alignment we
observe in the aneural gut.
In the chick, a third inner layer of longitudinally aligned smooth muscle develops
following the other two layers at approximately E15, and is critical for the transformation of
zigzags to villi (Shyer et al., 2013). While the work of this dissertation has focused on the
differentiation and alignment of the first two layers, it is likely that organization of this third layer
is determined via a similar mechanism. In support, we find that the submucosal plexus of enteric
neurons, which is derived via an inward migration of the myenteric plexus neural crest cells that
help pattern the outer longitudinal muscle layer, also expresses NOGGIN just prior to the
differentiation of the inner layer. The location of this layer on the inside of the circumferential
muscle would mean that it would experience cyclic compressive forces, which could in theory
act to align this inner layer perpendicular to the cyclic strain and in the longitudinal direction. In
agreement with this, smooth muscle cells in culture have been shown to respond to cyclic
compression in a similar manner to cyclic stretch – again aligning perpendicular to the major
strain axis (Wille et al., 2004).
Finally, it is of general interest to examine how the various aforementioned signaling
pathways, as well as others, are integrated and whether a common, general mechanism is
utilized along the length of the gut to pattern its sequentially forming discrete smooth muscle
layers. Pointing to the possibility of compartment specific pathways, Nkx2.5 and Gata3 are
required for longitudinal muscle formation specifically in the pylorus (Udager et al., 2014).
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Whether these regional specific differences also account for why we observe defects in
longitudinal layer formation only in the duodenum of mice lacking Noggin and Gremlin is not
clear at this time.

Biomedical relevance
The human gastrointestinal tract develops the same radial pattern of smooth muscle as
the mouse and chick (Fu et al., 2004; Wallace and Burns, 2005). Defects in the development or
organization of these muscle layers are categorized as visceral myopathies, which generally
result in impaired bowel movements and defective nutrient digestion and absorption. Megacystis
microcolon intestinal hypoperistalsis syndrome (MMIHS) is a congenital visceral myopathy
characterized by dilation of the bladder and intestine and severe gastrointestinal dysmotility
caused by mutations in genes that affect smooth muscle maturation and contractility such as
ACTG2, MYH11, and LMOD1 (Halim et al., 2017; Rolle et al., 2002; Thorson et al., 2014).
Chronic intestinal pseudo-obstruction (CIPO) is a similar congenital or acquired disorder
characterized by lack of intestinal motility, and also in many cases caused by lack of contractile
smooth muscle genes or genes such as SRF that maintain muscle identity (Mericskay et al.,
2007). Interestingly, other cases of CIPO have been reported to exhibit misaligned or even
supernumerary muscle layers (Angkathunyakul et al., 2015; Antonucci et al., 2008). These
patients often show lack of contractility in other hollow visceral organs, and often have short
intestines with malrotation, similar to those with short bowel syndrome (van der Werf et al.,
2015), potentially linking contractility to intestinal elongation as discussed above. Some CIPO
cases with supernumerary layers seem to affect just small segments of the intestine, which can
be resected and histologically examined to reveal that the extra muscle layers appear to align at
right angles to the adjacent layer (Angkathunyakul et al., 2015). Moreover, it has been reported
that in some cases there is an additional plexus of enteric neurons located between the layers.
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Given the mechanisms of muscle development we have identified here, it is intriguing to
speculate that the extra muscle layers in these cases might become patterned and organized by
extra neuronal layers, that specify additional muscle layers to form, and these extra layers then
become organized and aligned by the contractions of the adjacent layer. There are likely
redundant mechanisms for muscle contraction in the embryo, as mice mutant for genes required
for adult smooth muscle contraction, such as Mlck and SMMHC11 still show contractions in the
embryonic gut (Gauthier et al., 2015; Morano et al., 2000), thus further characterization of
embryonic contractile machinery and function in morphogenesis will help shed light on the
mechanisms in which visceral myopathies develop.

Evolution of smooth muscle
The fact that multilayered and orthogonally aligned smooth muscles are found within the
body plans and hollow organs across many vertebrates as well as invertebrates raises the
possibility that the same mechanisms of stepwise molecular patterning coupled with physically
induced alignment might be a generally conserved mechanism to establish such organization
(Aghajanian et al., 2016; Brunet et al., 2016; Kier, 2012; Seiler et al., 2010; Wallace et al.,
2005).
The muscle myocyte is an ancient cell type that uses an evolutionarily conserved
transcriptional network wherein muscle-specific genes are dependent upon SRF in combination
with different co-activators that delineate specificity to the smooth, skeletal, or cardiac myocyte
lineages (Brunet et al., 2016). Studies in the marine annelid Platynereis dumerilii have begun to
unravel the molecular and histological ontogeny of ancestral muscle morphogenesis and
provide clues as to whether the mechanisms of muscle pattern and alignment provided here
might be evolutionarily conserved. In support of this, these worms develop visceral muscle that
appears ultrastructurally and molecularly similar to vertebrate smooth muscle, showing gap
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junction connectivity, expression of early markers such as Myocardin and contractile markers
such as Smooth Muscle Myosin Heavy Chain, and a smooth appearance with a lack of
striations (Brunet et al., 2016). Moreover, developmental studies further show that their gut
smooth muscle differentiates in a stepwise progression, with an inner circumferential layer
differentiating prior to an outer longitudinal muscle layer, and, importantly, these muscles exhibit
spontaneous contractile activity, showing intriguing parallels with the development of the
vertebrate visceral smooth muscle we describe here. Further studies of these and other
organisms, for example, using inhibitors or activators of spontaneous muscle contractions along
with molecular characterization of the signals patterning the muscle (e.g. Hh and Bmp), will
yield insight into whether the mode of muscle organization we describe here is an evolutionarily
conserved mechanism.
Besides its role in the digestive tracts of organisms, orthogonally aligned muscle fibers
can be found in the body plans of many organisms and are used for diverse array of functions
including movement, regeneration, and structural support. For example, many organisms are
inherently cylindrical in shape and depend on a hydrostatic skeleton comprising diverse
arrangements of muscle fibers that provide support and contract against an internal pressure to
move and alter body shape, with the ultimate outcome of shape and volume changes being
determined by the alignment of the muscle or connective fibers (Clark and Cowey, 1958; Kier,
2012; Wainwright, 1988). Interestingly, we observe that the average angle of helical muscle of
the murine esophagus is near 54°44', which is the theoretical value of the fiber angle that would
allow for the largest length change while maintaining a constant volume for a hollow cylinder
and may have functional implications in moving food quickly from the mouth to stomach (Clark
and Cowey, 1958). In other situations, orthogonal muscle fibers play unique roles in
regeneration. For example, planaria are surrounded by two orthogonal layers of muscle fibers
that control their movements, and each layer is regulated by different factors and controls the
regeneration of different axes (Scimone et al., 2017). Additionally, in hydra, the orientation of
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actin fiber acts as the major determinant of body axis during regeneration (Livshits et al., 2017).
Of note, the mechanosensitive contractions of the embryonic vertebrate gut, which generate the
initial peristaltic waves, are reminiscent of the touch response in which worms respond to
mechanosensation via contraction (and thus retraction) away from the source (Goodman, 2006;
Krieg et al., 2015). This raises the question of whether the molecular components and cellular
circuitry of basic tubular muscle contraction in response to a physical stimulus is also an
evolutionarily conserved process.

Concluding summary
Proper form and function of the digestive tract are dependent upon the patterning and
alignment of circumferential and longitudinal smooth muscle layers. Here, we have shown how
these layers of muscle become organized in the embryo. Taken together, our data provide a
coherent picture of the establishment of radial architecture within the developing small intestine,
where the location and timing of smooth muscle layer formation are defined by the integration
and modulation of a Hh/Bmp signaling axis, while their orientation depends on mechanical
forces; the first-forming inner layer aligned parallel to continuous strains within the mesenchyme
and the second-forming outer layer aligned perpendicular to cyclic strain caused by
spontaneous contractions of the first (Figure 3.7). We further posit that this mechanism likely
provides a broad explanation for the development of orthogonally opposed smooth muscle
layers in tubular organs throughout the developing embryo.
Morphogenesis of the digestive tract is a complex process that involves molecular and
mechanical interactions between all germ layers. How genetic determinants influence
mechanical forces is an area of ongoing investigation, but presents its own challenges. The
pleiotropic effects of the signal pathways acting within the gut tube often results in the
simultaneous modulation of molecular, cellular, and tissue properties. For instance, alterations
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to the Hedgehog or Bmp pathways in the developing gut affect smooth muscle differentiation
and extracellular matrix composition (changing tissue stiffness) and additionally changes rates
of cellular proliferation (changing tissue geometry) (Nagy et al., 2016; Nerurkar et al., 2017;
Shyer et al., 2015; Shyer et al., 2013; Walton et al., 2012). Moving forward, it will be important to
parse out how each of the properties is precisely regulated and contributes to the final size and
shape of the gut. Likewise, it will be important to further elucidate how tissue mechanics
feedback on gene regulation. Folding of the intestinal lumen, for example, distorts morphogen
gradients to alter downstream gene expression, but it is an open question if and how
mechanical forces such as tissue stiffness or muscle contractions are sensed directly through
mechanotransduction by cells within the gut to influence their morphology and differentiation.
Finally, it is intriguing to draw parallels between the patterning of the smooth muscle
layers of the digestive tract with that of other hollow tubular organs invested in similar
orthogonal layers of muscle such as the urinary bladder and ureter as well as with the selforganizing ability of intestinal organoids. In light of the work presented here, examination of
muscle patterning and alignment in diverse systems composed of multilayered muscle will be
informative in discovering general principles guiding the acquisition of muscle organization.
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Appendix I: The role of mechanical
forces in shaping epithelial folding
patterns

Attributions
This work is part of an ongoing collaboration with Hasreet Gill, another graduate student in the
lab. I performed the experiments, analyzed data, and designed the figures for Figures 5.1-5.3.
Hasreet Gill performed compression ratio experiments and analyzed data in Figure 5.4. I
performed experiments in Figures 5.5 and Hasreet Gill analyzed data and made the schematic
in Figure 5.5.
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Summary
The gastrointestinal tract is compartmentalized early in development along its proximaldistal axis into foregut, midgut, and hindgut regions. Through development, these regions
acquire unique morphologies that are critical for their function in the digestive process. During
this time, their luminal surfaces buckle and fold to generate specific epithelial topographies. For
example, the midgut differentiates into the small intestine, which is typified by the formation of
villi, the finger-like projections that expand the surface area of the epithelium and absorb
nutrients. In previous work, we showed that villi formation is a mechanically mediated process
whereby sequentially differentiating smooth muscle layers within the intestinal mesoderm
constrain the growth of the epithelium and mesenchyme to drive buckling morphogenesis. While
other compartments of the digestive tract are derived from the same simple tube of endoderm
and mesoderm, it is unclear whether these same physical principles might sculpt the luminal
surfaces of these other compartments into their final forms. Here, we address whether the
acquisition of unique luminal topographies within the foregut and hindgut of the chick embryo
are mediated by mechanical forces.

Compartment-specific luminal topographies along the length of the gut
The gut is composed of an essential set of organs necessary for digestion. Each organ
comprises an endodermal epithelium surrounded by mesenchyme derived from splanchnic
mesoderm. In human, mouse, and chick, gut development occurs through the transformation of
a simple epithelial sheet of endoderm overlaid upon mesoderm into an endodermal tube
enclosed by the surrounding mesoderm during early embryogenesis (Spence et al., 2011a).
Simultaneous to the morphogenetic movements required for tube formation, the gut is initially
patterned into specific domains along the A-P axis (Spence et al., 2011a; Zorn and Wells,
2009).
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While many studies have identified critical genes for compartmentalization of the gut, it is
unknown how the different compartments develop their unique morphologies from a uniform
tube. The esophagus develops from a simple columnar epithelium surrounding the gut lumen
into a stratified squamous epithelium and throughout development maintains a simple tubular
epithelium with few folds (Rishniw et al., 2011). In mammals, the stomach epithelium contains
gastric glands, elongated tubular invaginations into the underlying mesenchyme composed of
various cell types (Lee et al., 1982). The chick stomach can be subdivided into two anatomically
and functionally distinct compartments: the anterior glandular stomach (proventriculus), and the
posterior muscular stomach that lacks glands (gizzard) (Fukuda and Yasugi, 2005; Hayashi et
al., 1988). Development of the small intestine lumen is characterized by the formation of
longitudinal ridges, then zigzags, and finally the villi that persist through adulthood (Burgess,
1975). After the formation of villi, invaginations into the mesenchyme, termed crypts, are formed
(Clevers, 2013). Crypts are also present in the large intestine, where the folds of the epithelium
appear like broad villi (Spence et al., 2011a), although typically aren’t considered to be true villi
(Crosnier et al., 2006). Interestingly, the lumen of the colon appears to proceed through an
intermediate stage with oblique longitudinal folds that are not apparent in the small intestine
(Karlsson et al., 2000).
Tissue recombination experiments have revealed the importance of epithelialmesenchymal interactions in gut patterning. Slabs of gizzard epithelia layered atop
proventriculus mesenchyme results in the induction of proventriculus-specific genes, indicating
that the mesenchyme holds an inductive signal to the cytodifferentiation of the epithelium (Keiko
et al., 1986, 1988). Reciprocal signaling from the epithelium to the mesenchyme can induce the
differentiation of muscle and connective tissue as well (Yasugi and Fukuda, 2000). Indeed,
experiments have shown that epithelial derived Hh signaling is important in this process
(Roberts et al., 1995; Roberts et al., 1998). These classical experiments were performed
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Figure 5.1. Acquisition of unique luminal folding patterns along the gut during
development.
(A) Cross-sections from different positions and stages of gut development stained for smooth
muscle actin (green), F-actin (red), and nuclei (blue).
(B) Measurements of tissue geometry in different gut segments across development calculated
from cross section images as in (A) (es=esophagus, si=small intestine, li=large intestine).
Quantifications performed on n=3 sections per compartment/stage.
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either with dissociated cells or with flat slabs of tissue on cell culture inserts and largely
examined the effects of each tissue on the cytodifferentiation, rather than morphology.
Importantly, by eliminating the tubular structure of the gut in the recombinants these
experiments do not take into account the complete physical interactions between the endoderm
and SM, which have been shown to play an essential role in intestinal formation morphogenesis
(Shyer et al., 2013).
The smooth muscle layers of the small intestine differentiate sequentially. In the chick
midgut, the differentiation of an early-forming circumferentially layer at E6 is proceeded by an
outer longitudinal layer at E11 and finally an inner longitudinal layer at E15. The emergence of
each layer drives a step-wise progressive buckling of the epithelium. The circumferential layer
compresses azimuthal growth, leading to the formation of longitudinal ridges that run down the
length of the midgut, while the longitudinal layers compress longitudinal growth and cause the
ridges to buckle into zig-zags and subsequently villi. Here, we set out to determine whether
variation of this development motif (i.e., physically constrained growth induced buckling) occurs
in the other compartments of the gut to generate their unique morphologies.
Results and Discussion
To determine if stepwise buckling morphogenesis occurs in the other compartments
outside of the midgut, we first characterized lumen morphogenesis across development in the
chick foregut and hindgut. In all compartments, smooth muscle layers differentiate sequentially,
albeit at different times (Figure 5.1A). Radial buckling is apparent at E7 in the esophagus,
earlier than in the small intestine, and is accompanied by differentiation of the circumferential
muscle coat. In the esophagus, progressive differentiation of the longitudinal layers occurs as in
the small intestine, and as it increases in thickness and circumference the number of radial folds
increases. While at E12 the inner longitudinal layer appears as a thin, circular sheet across the
circumference of the gut, at E14 the inner longitudinal layer is buckled within the folds of the
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Figure 5.2. Variations in epithelial topography across development.
(A) Top-down views of the gut luminal surface in segments that have been cut open and laid
flat. Transverse cross sections on right shown at E18 to demonstrate cross-sectional
topography.
(B) Examination of longitudinal residual strain in gut segments at two developmental stages.
Gut segments are cut open and viewed from side, longitudinally (proximal-distally).
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esophagus. The large intestine, despite developing the same pattern of muscle, does not begin
to buckle until later in development in comparison to the small intestine and esophagus.
The different folding patterns observed in each compartment might at least partially be
explained by varying rates of differential growth between the different tissue layers, potentially
along different axes. Quantification of cross-sectional geometries begins to reveal how these
different folding patterns might arise due to constrained growth imposed by the stiff smooth
muscle layer (Figure 5.1B). In support of this model, the large intestine shows similar
mesenchymal expansion but reduced epithelial growth in comparison with the other two
compartments. Thus, the lack of folding observed in the hindgut is likely due to decreased
differential growth in the epithelium, whereas the other compartments buckle in order to
accommodate the expanded endoderm.
We next examined how cross-sectional geometries correspond to luminal surface folding
patterns. While the small intestine undergoes progressive buckling, corresponding to the
differentiation of each muscle layer, the esophagus maintains longitudinal ridges throughout
development despite the differentiation of the same three muscle layers (Figure 5.2A). Notably,
the ridges increase in width during development. Thus, the physical properties of the tissue
layers and growth rates must be different than the intestine. In support of this, when a radial cut
is placed in the small intestine following differentiation of the longitudinal muscle layer, it bends
outward along the longitudinal axis, revealing a longitudinal residual strain that is compressive
on the inner surface and tensile on the outer surface and thus explaining why the inner surface
is compressed longitudinally into zig-zags. However, examination of the esophageal opening
angle reveals a lack of longitudinal residual strain as when it is cut it fails to bend along the
longitudinal axis (Figure 5.2B). The lack of longitudinal residual strain in the esophagus even
after both longitudinal muscle layers have developed correlates with the lack of buckling along
the longitudinal axis. Re-examination of tissue layer growth during development shows that the
esophageal epithelium expands to a slower degree relative to the muscle layer in comparison to
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the small intestine, and thus the lack of buckling longitudinally may be partially due to the fact
that there is less differential growth of the epithelium. Moreover, that the inner longitudinal
muscle layer itself buckles inwards suggest that the muscle itself may have different physical
properties in the esophagus (i.e., more elastic).
Similar to the small intestine, we observe that the large intestine goes through a series of
sequential folding patterns before assuming its final form late in development. Longitudinal
ridges first appear around E12, then later in development the surface of the large intestine takes
on a rough appearance as small villus-like structures begin to emerge from the seemingly flat
surface, similar to how mouse villi form in the small intestine (Shyer et al., 2013; Walton et al.,
2016). Just prior to hatching at E18, the large intestine surface appears to have two
topographies: longitudinal folding and villus-like structures (Figure 5.2A). Notably, the villi that
form in the large intestine are much less organized than the uniform pattern that emerges in the
small intestine. As in the esophagus, the large intestine early on shows no longitudinal residual
strain, however, at E16 it shows residual strains similar to the small intestine, correlating with
the emergence of its villi and implicating a role for longitudinal compressive forces imposed by
the muscle (Figure 5.2B).
We next characterized the morphogenesis of the large intestinal lumen in closer detail to
determine whether the villi formed here emerged in a manner similar to the mouse small
intestine (i.e., arising out of a flat epithelium). However, at E14 a buckling pattern of
circumferential ripples formed in addition to the longitudinal ridges. These ripples appeared
transitory, and the villi seemed to emerge from a disorganized pattern within the ridges of the
ripples (Figure 5.3A). Cross sectional analysis revealed that the emergence of the
circumferential ripples corresponded to the differentiation of the inner longitudinal muscle layer,
implicating it in the formation of these ripples (Figure 5.3B). Interestingly, the villi that formed on
top of the ridges appeared to be the first that were vascularized, indicating that physical forces
might also play a role in how vascularization happens in the developing villi of the gut
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Figure 5.3. Morphogenesis of luminal topography in the chick large intestine
(A) Top-down views of luminal surface in the large intestine across development shows the
emergence of longitudinal ridges, circumferential ripples, and the emergence of villi.
(B) Transverse and longitudinal cross-sections of the chick large intestine at E15 stained with
SMA (green) to demonstrate folding motifs. A single longitudinal fold can be seen in transverse
section, while circumferential ripples can be seen from longitudinal section.
(C) Luminal surface views of the chick midgut (jejunum) at E15 infected with RCAS-Noggin
show folding patterns similar to the hindgut.
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Figure 5.4. Differential compression of inner mesenchymal and epithelial layers by
smooth muscle in the compartments of the gastrointestinal tract.
(A) Measurement values of inner muscle circumference and outer circumference of the inner
mesenchyme-endoderm composite in different gut segments at specified stages.
(B) Images from separated tissues used for measurements in (A). Note the expansion of inner
mesenchyme-endoderm composite relative to the muscle inner circumference.
(C) Compressive strain values for inner mesenchyme-endoderm composite from E10-11 gut
segments.
(D) Schematic of tissue separation experiments.
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Figure 5.4 (Continued)
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(Figure 5.3A). Additionally, we noted that the appearance of ridges and ripples appeared similar
to midgut segments infected with RCAS-Noggin, which among other things affects tissue
geometry by increasing mesenchymal growth and inhibiting epithelial growth, similar to the
pattern we see in the wild-type large intestine (Figure 5.3C).
In the small intestine, radial buckling is caused by azimuthal growth constrained by the
smooth muscle, resulting in a scenario where the inner endoderm-mesenchyme composite is
compressed by the smooth muscle. When the endoderm-mesenchyme composite is dissected
away from the smooth muscle, the outer circumference expands proportionally relative to the
degree of constraint. We therefore tested if the other regions of the gut were compressed similar
to the small intestine. Examination of the outer circumference of the endoderm-mesenchyme
composite across multiple time points following differentiation of the circumferential muscle layer
showed that the different compartments are differentially compressed from E8-E12 (Figure
5.4A-D). While the foregut and midgut showed radial compression of the inner layers, the
compressive difference between the inner and outer circumference was not as notable in the
hindgut, correlating with the lack of folding here during this time frame and decreased epithelial
expansion. Analysis of the compressive strain caused by the muscle at E10 and E11 showed
that indeed there are decreased compressive strains in the hindgut (Figure 5.4C).
Differential stiffness between the endoderm and surrounding mesenchyme is required to
generate various luminal folding patterns, as seen by both theoretical and experimental work in
the small intestine. Our observation that the hindgut transitions through a state of circumferential
ripples while the esophagus maintains longitudinal ridges throughout development despite
having the same three muscle layers to constrain growth suggests that perhaps the physical
properties of the tissue differ in these compartments. Furthermore, theoretical work has
suggested that the emergence of a folding pattern similar to what we observe in the large
intestine could be due to increased stiffness of the endoderm relative to the mesenchyme. With
the goal of characterizing the emergence of various buckling patterns and to test whether the
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Figure 5.5. Measuring tissue layer elastic properties along the length of the gut
(A) Image and schematic of mechanical measurement experimental setup.
(B) Representative stress vs. strain curves from tensile testing of endoderm only tissues.
(C) Calculated elastic modulus values from the slope of the linear region based on predicted
physiological compressive strain from Figure 5.4 (highlighted regions in B).
(D) Immunostaining of Elastin on cross sections at E10 in chick gut segments. White line
indicates presumptive circular muscle layer location.
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variation of a common mechanism of buckling morphogenesis applies across the length of the
gut we performed tensile testing of separated tissue layers to calculate the elastic modulus of
each tissue layer across development and in each compartment using an automated tungsten
rod as a cantilever (Figure 5.5A). Examination of the linear region of the stress-strain curved
generated from the tensile tests showed indeed that the hindgut endoderm has a greater elastic
modulus than both the midgut and the foregut (Figure 5.5B, C).
Changes to mesenchymal stiffness are also likely to be important in generating the
varied luminal topographies. We additionally observe in the esophagus, which appears to be
more elastic, that Elastin, an extracellular matrix component that confers elasticity to tissues, is
expressed at higher levels within the region corresponding to the circumferential muscle layer
compared to this same region in the other compartments (Figure 5.5D). Thus, understanding
the molecular components that confer elasticity and stiffness to tissue will be an important next
step in this project.
The compartments of the gastrointestinal tract have unique folding patterns that are
required for the distinct functions. Here, we have begun to address whether a common
mechanism of growth constraint imposed by stiff smooth muscle acts along the length of the gut
to generate the observed luminal topographies. First, we have characterized how the unique
folding patterns emerge in the large intestine and esophagus relative to the small intestine.
Then we present data suggesting these different patterns might emerge due to variations to
differential growth rates between the mesenchyme, endoderm, and smooth muscle layers in
these compartments as well as differences in the differential physical properties between these
tissue layers. Moreover, the degrees of constraint vary between the compartments and do not
necessarily correlate with smooth muscle differentiation.
Moving forward, a complete characterization of the elastic moduli for the endoderm and
mesenchyme across a larger window of time will be required to determine whether these folding
patterns can be accounted for the stiffness of these layers alone. If not, it might be necessary to
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also consider the stiffness of the muscle layer, which, as we show, has increased Elastin
expression that might confer different physical properties that contribute to the maintenance of
longitudinal ridges and lack of longitudinal compression. Moreover, a careful analysis of tissue
growth rates by estimating the cell cycle length of the different compartments as we do in
Chapter Three might help identify how tissue growth is controlled. Ultimately, understanding
how the physical properties are determined at the genetic level through the use of
transcriptional profiling and ECM characterization will help piece together how luminal folds are
genetically and physically determined in the gastrointestinal tract.
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Appendix II: Signaling interactions
during gastrointestinal smooth muscle
patterning

Attributions: I performed experiments, analyzed data, and constructed all Figures with the
exception of Figure 6.2B, which was performed and collected in collaboration with Hasreet Gill.
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Summary
In Chapter Two I focus on how the circumferential and longitudinal layers become
patterned to differentiate in the right place and time during development of the small intestine,
highlighting a mechanism by which threshold responses to Hedgehog and Bmp signaling set the
timing and location of smooth muscle layer differentiation within the intestine. Still, several
questions remain, such as how the sharp boundaries between the layers of muscle and
between the muscle and undifferentiated mesenchyme are generated and maintained
throughout development, and how Bmp signaling represses muscle differentiation. Thus, it is
likely that the aforementioned signaling pathways interact with other signals to achieve the
highly stereotyped patterns. Here, I focus on these questions, first investigating the integration
of Notch signaling in boundary formation, and second, investigating Bmp signaling in more
detail, together integrating the Hedgehog/Bmp signaling axis with other pathways during
intestinal development and the differentiation and patterning of the smooth muscle layers.

Introduction
While our results presented in Chapter Two provide a mechanism to describe where and
when the circumferential layer differentiates, they leave open the possibility that other factors
may regulate the refinement of the pattern and the formation of clear boundaries on either side
of the circular layer. A potential candidate to mediate this process is Notch signaling, which is
well-known for its role in determining boundary formation through juxtacrine control of cell fate
decisions (Sprinzak et al., 2011). Moreover, Notch signaling has previously been implicated in
smooth muscle differentiation, though its exact role in defining the pattern is unclear. In
particular, Notch signaling activity in the mesenchyme has been shown to be downstream of
signals from both the epithelium and invading neural crest cells as they populate the gut. In
mouse, loss of canonical Notch signaling via conditional deletion of the main Notch effector Rbpj
causes decreased smooth muscle (Kim et al., 2011). It is unclear if this is a direct effect on
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smooth muscle, as mesenchymal thinning is also apparent, which could mean that the smooth
muscle is decreased due to a depletion of the progenitor pool. In this same study,
misexpression of the notch intracellular domain (NICD) also results in the loss of smooth
muscle, indicating that a particular ‘sweet spot’ level of Notch signaling is also required, akin to
our results showing that sweet spot of Hedgehog signaling is needed to pattern muscle
formation in the mesenchyme. In addition, Notch signaling activity, as assessed by transcription
of the downstream target Hes1, appears to be linked to Hh signaling by the fact that it is
upregulated in low Hh conditions (Kim et al., 2011).
In the chick, Notch signaling has also been implicated in smooth muscle development
(Faure et al., 2015). Upon ablation of enteric neural crest cells, muscle differentiation is impaired
in the developing stomach, and this correlates with increased Notch signaling activity within the
mesenchyme. This muscle reduction could be phenocopied with NICD overexpression and
rescued with DAPT, indicating that neural crest cells typically act to maintain appropriate levels
of Notch signaling, and further suggest an inhibitory role for Notch in smooth muscle
development.
In vascular smooth muscle cells, Notch has been found to directly activate SMA
expression, suggesting a positive role (Noseda et al., 2006), yet, at the same time, has also
been implicated in its repression (Proweller et al., 2005). Thus, it seems likely that Notch,
perhaps like Bmp, can serve opposing roles in smooth muscle differentiation in a contextspecific manner given the observation that both up and downregulation of Notch signaling in the
gut and other systems seem to impair smooth muscle formation.

Results and Discussion
Development of the circumferential muscle layer
We first characterized the emergence of the circumferential smooth muscle layer in the
midgut and hindgut of the chick embryo to determine how boundaries form on either side of the
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circumferential layer, between it and the undifferentiated mesenchyme. In agreement with our
previous work, we see that the circumferential layer in the midgut appears well defined at E6.
However, a day earlier at E5, faint smooth muscle actin expression is seen adjacent to the
endoderm, though not clearly organized (Figure 6.1A). This same pattern is evident in the
hindgut, wherein at E5 the entire mesenchyme expresses smooth muscle actin at low levels,
and this broad expression domain is subsequently refined into the circumferential layer over the
following days (Figure 6.1A). Thus, the circumferential layer emerges through an edge-defining
process wherein many mesenchymal cells begin to express αSMA, and over the following days,
cells subjacent to the endoderm and mesothelium downregulate αSMA, while those at a
particular distance from the endoderm begin to upregulate αSMA. Eventually, this process
results in a layer of muscle with well-defined boundaries on its inner and outer edge. These
results additionally suggest that the primitive gut mesoderm is uniformly competent to become
smooth muscle, but only at the correct position does smooth muscle actually differentiate, which
is likely set by the levels of Hedgehog/Bmp as we describe in Chapter Two. Consistent with this
idea, treatment of mesenchymal aggregates denuded of endoderm at E4 with smoothened
agonist, a positive regulator of Hh signaling, show smooth muscle differentiation in all cells,
while explants lacking a source of Hh signaling fail to differentiate into muscle (Figure 6.1B)
Notch signaling regulates muscle boundary formation
To test whether Notch signaling plays a role in pattern formation to create the boundary
between circumferential smooth muscle and mesenchyme, we treated midgut explants with
DAPT, a Notch pathway inhibitor that blocks gamma secretase activity, from E5 for 48 hours. In
control explants, the circumferential layer of muscle resolves and is flanked by mesenchyme
with lower or no expression of αSMA, matching in vivo development (Figure 6.2A). Conversely,
explants treated with DAPT show a thickening of the smooth muscle such that the entire wall of
mesenchyme has differentiated into SMA-positive cells and a failure to generate the normal
boundary (Figure 6.2A). Thus, Notch appears to be important during the circular layer patterning
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Figure 6.1. Early muscle differentiation and patterning in the chick midgut and
hindgut
(A) Cross sections of the chick midgut (jejunum) and proximal hindgut from E5-E7 show
refinement of smooth muscle differentiation into circular concentric pattern.
(B) Sections from chick midgut explants lacking endoderm lack smooth muscle, while
supplementation with smoothened agonist induces smooth muscle throughout the tissue.
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phase in order to specify the inner and outer boundaries of the layer.
This observed effect of Notch inhibition indicates that Notch signaling might interact with
the Hedgehog and Bmp pathways to set the spatial location of circular layer differentiation,
and/or Notch is important for specifying the boundary between mesenchyme and muscle. As
our previous data had suggested that high Hedgehog acts through Bmp4 to prevent the inner
mesenchyme from differentiating into muscle, and further that Bmp inhibition was also able to
expand the boundary of smooth muscle into the inner mesenchyme, we examined whether
BMP4 expression was dependent on Notch activity by examining its pattern in DAPT-treated
explants. Compared to controls, BMP4 was downregulated when Notch was inhibited,
suggesting that the observed muscle phenotype might be due to a decrease in Bmp4 activity,
which itself is necessary to generate the muscle-free inner mesenchyme (Figure 6.2A). We note
that PTCH1, the downstream target of Hh signaling, was unchanged, indicating that Notch
signaling doesn’t appear to affect Hedgehog signaling activity at least at this stage and in
agreement with findings that Notch activity is instead downstream of Hh (Kim et al., 2011). This
effect of Notch signaling on BMP4 expression might be in addition to potential direct effects on
mesenchymal differentiation into smooth muscle, as has previously been noted in multiple
contexts and as we are currently investigating through observation of Notch target genes and
genetic activation and inhibition experiments in the chick embryo.
To begin understanding how Notch might be coordinating the emergence of
circumferential smooth muscle, we looked at the expression of several ligands and receptors of
the pathway. Of particular interest was the expression pattern of the ligand DLL1, which was
expressed in subepithelial mesenchyme specifically (and not in the smooth muscle layer) and
remained present within the subepithelial compartment throughout development (Figure 6.2B).
This expression pattern suggests a potential model wherein DLL1 may signal to cells within the
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Figure 6.2. Notch signaling inhibits subepithelial smooth muscle differentiation
(A) Cross sections of chick midgut explants treated with DAPT for 48 hours from E5 show
expanded smooth muscle and have downregulated BMP4 expression.
(B) FISH for DLL1 in midgut cross sections at E5 and E6 shows subepithelial localization.
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same population of subepithelial mesenchyme, perhaps in concert with Hh signaling, to activate
the expression of BMP4, which in turn establishes the subepithelial compartment. If this is the
case, then the process of cis-inactivation would likely not be observed here, as this would mean
that these cells themselves wouldn’t be able to both signal and receive (and thus create a
heterogenous population of muscle and non-muscle cells). Additionally, DLL1 may interact
directly with receptors in the muscle layer to mediate smooth muscle activation and determine
the inner boundary of the circular muscle layer, activating notch signaling within the inner-most
layer of circular muscle cells while inhibiting muscle activation from the sending cell (here
through a cis-inhibition mechanism).
Mechanisms of Bmp signaling in muscle differentiation
In the model proposed in Chapter Two, BMP4, which itself is activated in the
subepithelial compartment by high levels of Hh signaling, forms a gradient away from the
endoderm preventing cells that receive high levels of the ligand from becoming smooth muscle.
That treatment with the Bmp antagonist Noggin can result in enhanced subepithelial smooth
muscle differentiation supports this notion, but, doesn’t indicate exactly which downstream
pathways of the Bmp ligand are responsible for this inhibitory effect on smooth muscle
differentiation as Bmp ligands bind to Bmp receptors to activate both canonical (pSmad1/5/9) or
non-canonical (MAPK) pathways.
While we previously showed a subtle pSmad1/5/9 gradient within the undifferentiated
mesenchyme, we additionally saw that immediately proceeding the formation of the
circumferential layer, the αSMA-positive cells of the innermost side displayed high pSmad1/5/9
immunostaining, implicating a potential role in the maturation of the smooth muscle cells toward
the contractile phenotype (and away from the proliferative, synthetic phenotype), as has
previously been suggested for chick visceral muscle (Notarnicola et al., 2012). In agreement
with this hypothesis, we find that treatment of explants with the Bmp antagonist Noggin results
in the reduction of gamma smooth muscle actin (ɣSMA), a marker of contractile smooth muscle
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Figure 6.3. The role of Bmp and noncanonical target pathways in muscle differentiation.
(A) Immunostained cross sections from chick midguts cultured from E5 for 72 hours treated with
recombinant proteins and stained with the mature muscle marker gamma smooth muscle actin
(ɣSMA).
(B) Immunostained cross sections of E7 chick midguts showing subepithelial enrichment for
noncanonical Bmp pathway targets p-p38 and p-Jnk.
(C) Sections from midgut explants treated from E5 for 48 hours with the 5uM (5Z)-7-Oxozeaenol
(Tak1 inhibitor) showing enhanced subepithelial smooth muscle differentiation. Endodermal
layer is outlined in white dashed lines.
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cells that proceeds the expression of αSMA during muscle maturation and is normally
expressed at high levels within the circumferential muscle layer (Figure 6.3A). This
downregulation ɣSMA was observed even in the presence of recombinant Shh, indicating that
Hedgehog signaling additionally promotes the proliferative phenotype, consistent with our
observation that guts with hyperactive Hh signaling have increased mesenchymal thickness
likely due to higher amounts of cells with the proliferative phenotype (Figure 6.3A). Taken
together these results support the hypothesis that Bmp functions in a biphasic to pattern muscle
within the intestine, first repressing its initial formation and then later activating its maturation.
To further characterize the inhibitory role of Bmp signaling in intestinal smooth muscle
differentiation, we analyzed the activity of downstream non-canonical Bmp signaling
components. Bmp acts through the MAPK kinase kinase Tak1, to activate downstream MAPK
pathways such as p38 and JNK (Kimura et al., 2000; Sieber et al., 2009; Yamaguchi et al.,
1999). We find that phosphorylated (activated) forms of these proteins are present at relatively
high levels within the inner undifferentiated mesenchyme compared to within the differentiating
circumferential smooth muscle layer, matching the theoretical gradient of Bmp4 and implicating
a role in the maintenance of subepithelial mesenchyme (Figure 6.3B). We next tested whether
these pathways might regulate smooth muscle differentiation by inhibiting Tak1
pharmacologically with (5Z)-7-Oxozeaenol in explants from E5 for 48 hours. Explants treated
with the Tak1 inhibitor had enhanced smooth muscle formation, with αSMA-positive cells
apparent throughout the wall of the midgut, reminiscent of the expansion observed in the
Noggin-treated phenotype (see Chapter Two) ( Figure 6.3C). Thus, the Tak1 MAPK pathway
acts to inhibit smooth muscle subepithelially and raises the intriguing possibility that Bmp acts
through this pathway to inhibit subepithelial smooth muscle. Future work will uncover whether
these MAPK pathways are regulated by Hh and Bmp within the mesenchyme, and given that
they are also known to be mechanosensitive (Reusch et al., 1997), how tissue mechanics are
integrated with signaling to generate the smooth muscle pattern.
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Appendix III: Oriented cell divisions as a
mechanism for intestinal elongation
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Summary
The small intestine elongates dramatically during development as a mode of increasing
its absorptive surface area. In patients with short bowel syndrome, the length of the small
intestine is drastically decreased, impairing the digestive process and leading to reduced
nutrient absorption (van der Werf et al., 2015; Walton et al., 2016). While the elongation of the
intestine is one of the most well-known examples of tube elongation, the mechanisms through
which this morphogenic process occurs is not understood. Moreover, why this exponential
increase in length is evident in the small intestine, but not the other compartments of the gut, is
not clear. Here, I provide evidence for a role of mechanically oriented cell divisions during
intestinal mesenchymal elongation.
Results and Discussion
While the mechanisms of elongation are not known, it is likely dependent upon
appropriate levels of division and apoptosis, as mutants with increased cell death or less
proliferation have shortened intestines. For instance, Fgf9 mutants lack mesenchymal
proliferation, and both Wnt5a overexpression and loss of function along with its receptor Ror2
result in decreased intestinal elongation (Bakker et al., 2012; Cervantes et al., 2009; Geske et
al., 2008; Wang et al., 2018; Yamada et al., 2010). These defects in the planar cell polarity are
likely due to apoptosis and impaired nuclear migration within the endoderm following epithelial
cell division (Wang et al., 2018).
Much work has focused on the elongation of the endoderm and other epithelial tissues,
but since the gut is a composite tube also including the mesoderm-derived mesenchyme and
smooth muscle, the elongation of both layers must be coordinated, and far less attention has
been paid to modes of mesenchymal elongation. At least in epithelia, mechanically oriented cell
divisions play a major role in driving oriented tissue growth (Campinho et al., 2013) (Hart et al.,
2017; Louveaux et al., 2016; Nestor-Bergmann et al., 2014). For example, in the developing
airway mechanically programmed cell divisions drive proper epithelial morphogenesis to
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generate the appropriate tubular geometry (Tang et al., 2011; Tang et al., 2018). The onset of
intestinal elongation occurs at the same time as the differentiation of the circumferential muscle
layer and Coulombre and Coulombre originally proposed that the period of elongation might be
a direct result of the differentiation of this layer of muscle, as it would constrain the growth of the
inner layers, causing them to be biased to grow along the longitudinal as opposed to the radial
direction (Coulombre and Coulombre, 1958).
To determine whether there was a pattern to mesenchymal division orientation in the
developing small intestine, I first examined division orientation by staining for phospho-histone
H3 to label cells in the M-phase of the cell cycle and looked for cells specifically in anaphase to
assess division plane alignment. At E7, cells within the inner mesenchyme appeared to divide
into the plane of the cross section (i.e., along the longitudinal axis of the gut), whereas cells
within the muscle layer divided along the circumferential axis (following Hertwig’s rule of cell
division along a cell’s long axis) (Figure 7.1).
To see if the alignment of division orientation within the mesenchyme toward the
longitudinal axis correlated with muscle differentiation, I next quantified cell division orientation
across the timeframe of circumferential muscle development in the chick midgut. Analysis of
division orientation revealed that cells within undifferentiated mesenchyme appeared to show a
uniform distribution of division angles at E4 (Figure 7.2A). However, upon differentiation of the
circumferential muscle layer at E6, cells within the inner, undifferentiated mesenchyme began to
divide in a biased manner toward the longitudinal direction. The frequency of cell mesenchymal
cell divisions along the longitudinal axis increased during development, corresponding with
enhanced maturation, stiffness, and contractility of the circumferential muscle layer (Figure
7.2A) (Shyer et al., 2013).
These results suggested that indeed the muscle, acting as a compressive force on the
inner mesenchyme, might be a mechanical cue that orients division planes of these
mesenchymal cells perpendicular to the axis of maximal constraint/strain and thus along the
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Figure 7.1. Cell divisions are oriented in the mesenchyme and smooth muscle layer
(Left) Cross section of a chick midgut at E7 showing dividing cells (phospho-histone H3
positive). (Right) 3D reconstruction of cross section. Arrows correspond to cells in
anaphase and orientation of arrows on right shows division axis. Note that the cell within the
muscle layer divides within the circumferential plane of the section, whereas the cell within
the subepithelial mesenchyme divides into the plane of the section.
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Figure 7.2. Oriented mesenchymal cell divisions within the developing chick small
intestine are depenedent upon smooth muscle
(A) Cross sections from the chick jejunum during development stained with phosphohistone H3 (green), smooth muscle actin (red), and DAPI (blue). Images on bottom are 3D
reconstructions of sections above. Yellow circles correspond to divisions highlighted in the
reconstructions, with division axes shown by the yellow line in the reconstructions.
(B) Division orientation analysis as above but in guts cultured for 48 hours with FK506 to
inhibit muscle differentiation, or with muscle physically removed and cultured for 24 hours.
Note the lack of division orientation along the longitudinal axis in the absence of muscle.
(C) Quantification of wild-type division orientations and orientations in samples lacking
muscle from (A) and (B). Orientation defined as the angle relative to the longitudinal axis.
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Figure 7.2 (Continued)
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longitudinal axis of the gut. To determine whether the muscle layer itself played an active role in
orienting divisions of the undifferentiated mesenchyme, I first pharmacologically inhibited
smooth muscle differentiation using the drug FK506 in gut explants at E5 and cultured them for
48 hours as explants. Following culture, control guts exhibited division orientation patterns
similar to control in vivo guts, whereas those with inhibited smooth muscle showed a decreased
frequency of division orientations along the longitudinal axis and a distribution more similar to
the E4 undifferentiated mesenchyme (Figure 7.2B and C). In addition, I microsurgically
dissected the smooth muscle layer away from the mesenchyme at E6 and cultured the guts for
24 hours, which produced a similar redistribution of division orientations resembling the
undifferentiated gut (Figure 7.2B). Taken together, these results suggest that the muscle layer
plays an important role in directing the orientation cell division within the developing midgut
mesenchyme. Future work should focus on whether the distribution of division orientations is
different in other compartments, such as the hindgut, where rapid elongation is not observed.
Additionally, it will be important to correlate how differences in division orientation align with
differences in physical properties between the compartments (See Appendix I).
The division of cell orientation does not necessarily have to correlate with the direction of
tissue elongation, as the daughter cells would need to maintain their position and spread along
the longitudinal axis to contribute to growth in this direction. For instance, in cartilage growth
plates, cells divide along the short axis of the growing long bone but rearrange post division to
contribute to long bone growth. Therefore, I examined whether cells within the mesenchyme
spread along the longitudinal axis by injecting the lipophilic DiI into gut explants and visualizing
the spread of the dye, which itself is incorporated into the membranes of cells and therefore
serves as a way to track cell movements, over the course of 4 days starting at E7, after the
muscle layer is well formed. Following culture, explants that were injected with DiI into the inner
mesenchyme showed a spreading of the dye along the longitudinal axis, consistent with the
idea that longitudinal division orientations are proceeded by the distribution of the cells proximo135

Figure 7.3. Longitudinal distribution of cells within the mesenchyme during
development
Whole mount and orthogonally reconstructed view of midgut segmented injected with DiI (red)
within the subepithelial mesenchyme at E7 and culture 4 days. The circumferential muscle
layer is marked with green.
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distally (Figure 7.3). On the other hand, cells injected with DiI in the circumferential layer
showed mostly circumferential spread, again matching that these cells conversely divide along
the circumferential axis and consequently spread along this axis as well.
These results show that cells of the small intestine mesenchyme divide and spread
along the longitudinal axis and further implicate the circumferential smooth muscle in
mechanically orienting these cell divisions. It is well established that the division plane of a cell
can by mechanically controlled by tension or compression. Most previous work has focused on
epithelial division orientation, but the small intestine provides a model for how these same
forces might align cell divisions within a mesenchyme that lacks the same type of cellular
organization that is present in epithelia. As we’ve already described, the circumferential muscle
layer compresses the inner layers, and thus it seems likely this could be the mechanical cue
that drives division orientation. Subsequently, the cells themselves might be pushed apart by
the active contractions of this muscle layer, which might act to squeeze the more viscous inner
mesenchyme layer cyclically, pushing the cells apart and driving elongation. Indeed, there
appears to be an apparent thinning of the mesenchymal compartment during the elongation
phase of intestinal growth, which could be a result of this cyclic compression pushing the inner
layers along the proximal-distal axis. This is in agreement with many mouse mutants that lack
contractions, and also have shorter small intestine.
Moving forward, it will be important to do more careful cell tracking through clonal
analysis to reveal how cells within each layer spread along the different axes of the gut during
its development. Moreover, examination of the role of the muscle layer itself, and how the
passive versus active compressive forces drive the process must be examined. Finally,
investigation into cell division orientations and the physical properties within the other gut
compartments, which do not show as dramatic an elongation process but rather enhanced
radial growth, will provide insight into how division orientation might contribute to differential
growth and compartment-specific morphologies across the length of the gut.
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Appendix IV: Methods and References
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Methods
Animal Work
All animal studies were performed in compliance with NIH guidelines and standard operating
protocols approved by the Institutional Animal Care and Use Committee at Harvard Medical
School.

Chickens
Fertilized Specific Pathogen Free (SPF) White Leghorn Chicken eggs (Charles River) were
incubated in a 38°C humidified chamber with embryos staged according to Hamburger and
Hamilton (Hamburger and Hamilton, 1992) and guts to Southwell (Southwell, 2006).

Mice
Mouse lines in this study were previously described: mice harboring floxed Noggin (Stafford et
al., 2011) and floxed Gremlin1 (Gazzerro et al., 2007) were a gift from Richard Harland (UC
Berkeley), and Twist2-cre (Yu et al., 2003), Wnt1-cre (Lewis et al., 2013) and ROSAmT/mG
(Muzumdar et al., 2007) (Muzumdar et al., 2007) mice were obtained from JAX (stocks
#008712, #022501, #007576. Twist2-cre mice were crossed with Wnt1-cre to generate mice
containing both Cre genes. These in turn were bred to mice homozygous for both Nog and
Grem1 conditional alleles. The resultant mice hemizygous for all alleles were thus maintained
on a mixed FVB, C57BL/6J background and crossed to homozygous floxed mice to generate
embryos at desired stages for experimentation. For esophageal measurements, Twist2-cre mice
were crossed to Nog and Grem1 floxed mutants and bred in a similar manner. Each Cre line
was crossed to ROSAmT/mG reporter mice to confirm activity. Mice were PCR genotyped with
primers listed in the above original references or on the JAX website. Controls analyzed for
small intestine smooth muscle development were mice with both Cre drivers but hemizygous for
the floxed alleles (Twist2-cre, Wnt1-cre; Nogfl/+, Grem1fl/+) or mice lacking Cre but homozygous
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for both floxed alleles (Nogfl/fl, Grem1fl/fl), neither of which had any notable phenotypes when
compared with to standard wild-type C57BL/6J mice. For experiments involving the ureter,
timed pregnant CD-1 mice (Charles River) were used.

Explant Cultures
All chick explants were cultured in DMEM containing 1% Pen/Strep and 10% chick embryo
extract (U.S. Biological). All mouse explants were cultured DMEM containing 1% Pen/Strep and
10% FBS. These tissues were grown in a humidified 37°C incubator with 5% CO2. For
experiments in which explants were incubated with pharmacological compounds, the following
stock solutions were used and diluted in culture media to final concentrations listed in figures:
Recombinant mouse N-Shh (500µM in PBS +0.1% BSA, R&D Systems), mouse Bmp4
(100µg/mL in 4mM HCl and 0.1% BSA, R&D Systems), and mouse Noggin (100µg/mL in PBS +
0.1% BSA, R&D Systems), cyclopamine (2.5mM in ethanol, Millipore), aphidicolin (10mg/mL in
DMSO, Tocris), LDN-193189 hydrochloride (10mM in water, Sigma), dorsomorphin
dihydrochloride (10mM in water, Tocris), nifedipine (200mM in DMSO, Sigma), ML-7 (50mM in
DMSO, Tocris), carbenoxolone (100mM in water, Tocris), (S)-(-)-Bay K 8644 (100mM in DMSO,
Tocris). In all experiments, equivalent amounts of vehicle were added to control explants.
Unless otherwise noted, media changes were performed every 24 hours. For the Shh soaked
bead experiment, a Heparin bead (Sigma) was soaked in 10mg/mL recombinant Shh on ice for
1 hour before being implanted into the gut mesoderm.

For standard chick experiments, whole guts were dissected and explants were pinned to 5%
agarose beds in 12 or 24 well dishes at the early stages (E4-6) with 0.002 inch or 0.004 inch
diameter tungsten rods (A-M systems), which were pierced through the gizzard and hindgut.
Guts were held taught, but not stretched, and positioned along the pins near the surface of the
culture media to enhance gas exchanged. Later stage explants (chick E9-12, except stretch
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experiments detailed below) were cultured on 0.4µm PTFE membrane inserts (Millicell) at the
air-liquid interphase in 6 well dishes. For those cultured on membranes, 1.8µL culture media
was used as this amount was enough to maintain the sample morphology (so as to not become
flattened against the membrane) while at the same time preventing the tissue from free floating,
which impairs morphogenesis. All mouse gut explants were carried out with the latter method on
PTFE membrane inserts. For E9 chick cultures, standard chick explant media was
supplemented with 1ng/mL human recombinant TGFβ1 (R&D Systems) to enhance the
frequency of explants that developed longitudinal smooth muscle for analysis as previously
described (Coletta et al., 2018). Explants were cultured with 2-3 guts per well.

Cut-open (flat) explants
Whole midgut segments were dissected from the embryo at stages defined in figures. A
tungsten rod (either 0.002 inch diameter or 0.004 inch diameter was used depending on if it was
a younger or older stage) was used to pierce the lumen of the tube, and fine forceps were used
to cut along the length of one side of the intubated tube, causing it to open up. During the
culture period, the explants naturally flatten out due to the faster growth rate of the inner layers
relative to the outer layers. Flattened explants were cultured on PTFE membrane inserts, except
for experiments when stretch was applied, and in which case the guts were cultured pinned to
agarose. Guts were grown with lumen facing up or down, but no differences were noted in
experimental outcome.

Ureter explant cultures
Mouse ureters were dissected from embryos from timed pregnant CD-1 mice (Charles River).
Ureters were dissected at E16.5 and placed on 0.4µm PTFE culture inserts (Millicell) in 6 well
plates, approximately 4 ureters to a well. Ureters were cultured in DMEM supplemented with
10% FBS and 1% Penicillin/Streptomycin. For nifedipine treated ureters, nifedipine (Sigma) was
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resuspended in DMSO to 200mM and added to the media at 50µM. Ureters were cultured for 72
hours at 37°C with daily media changes.

Mouse esophagus explants
Whole E12.5 mouse digestive tracts were dissected away the embryo and cultured on 0.4µm
PTFE culture inserts (Millicell) in 6 well plates. Media was changed once at 36 hours during a 72
hour culture period. Nifedipine and ML-7 were dissolved in DMSO to final concentrations of
60µM (nifedipine) and 45µM (ML-7) to inhibit contractions. Foreguts were cultured either with or
without the developing airway attached to the esophagus, though we noted no difference
between the two conditions.

Immunostaining and in situ hybridization
Whole mount immunostaining
Whole, freshly dissected or cultured guts and ureters were fixed in 4% formaldehyde overnight
at 4°C. Tissues were washed twice briefly with PBS and permeabilized for at least 2 hours with
PBS containing 0.1% TritonX-100 and 0.05% Tween-20. Tissues were then blocked for 1 hour
with PBS/1%BSA and then incubated with primary antibodies at 4°C overnight. The following
day, tissues were rinsed 3 times with PBS and subsequently incubated with secondary
antibodies overnight at 4°C. Following several PBS washes, tissues were mounted in glass
bottom fluorodishes (World Precision Instruments) for imaging.

Section immunostaining
Tissues were fixed in 4% formaldehyde at 4°C overnight while straightened and pinned to
agarose, washed twice with PBS, and then dehydrated in 30% sucrose/PBS overnight at 4°C.
The sucrose solution was then replaced with OCT twice, before mounting the tissue in blocks,
paying careful attention to maintain straight tissue alignment. Transverse cryosections were
142

obtained at 14µm, allowed to dry for 30 minutes, and either stained immediately or stored at 80°C. Immunostaining was performed identically to the whole-mount protocol listed above.
Staining was performed with the following primary antibodies: αSMA-cy3 (1:500, C6198 Sigma),
αSMA-FITC (1:500, F3777 Sigma), phospho-histone H3 (1:300, 06-570 Millipore), phosphoSmad1/5/9 (1:300, 13820S Cell Signaling Technology), Tuj1 (1:1000, ab18207 Abcam), Tagln
(1:300, ab14106 Abcam), AMV-3C2 (1:100, DSHB). Species-specific secondary antibodies
conjugated to fluorophores (Jackson Immuno) were used at 1:300. Phospho-Smad 1/5/9
staining was performed as previously described with a 5 minute pH6 citrate buffer antigen
retrieval and signal amplification using a biotinylated secondary antibody (1:300, Jackson
Immuno) and streptavidin-conjugated HRP (1:300, Jackson Immuno) combined with standard
TSA amplification protocol (Perkin Elmer) (Nerurkar et al., 2017).

Fluorescent in situ hybridization
Fluorescent in situ hybridization was performed using standard protocols in combination with the
TSA amplification kit (Perkin Elmer). Sections were rinsed 2 X 5 minutes with PBT (1X PBS and
0.1%Tween-20) and permeabilized with 1µg/mL Proteinase K for 10 minutes, followed by 2 X 5
minute PBT rinses and post-fixation with 4% formaldehyde/PBS for 5 minutes. After 4 X 5
minute additional PBT washes, probes were added in hybridization buffer to the slides and
plastic cover slips were placed on the slides for hybridization overnight at 65°C in a humidified
chamber. The next day slides were rinsed quickly in 5X SSC to remove the plastic cover slips,
and stringency washes were as follows at 65°C: 1X SSC/ 50% formamide for 30 minutes, 2X
SSC for 20 minutes, 0.2X SSC for 20 minutes twice. Slides were then rinsed 2 X 5 minutes in
TNT (0.1 M Tris-HCl pH 7.5; 0.15 M NaCl; 0.05% Tween20) and peroxidase activity quenched
with 3%H2O2 for 15 minutes. After rinsing 3 X 5 minutes with TNT, sections were blocked with
TNTB blocking solution (Perkin Elmer) for 1 hour and replaced with 1:300 Anti-DIG-POD
(Roche) overnight at 4°C. Following antibody labeling, unbound antibody was rinsed off with 4 X
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5 minute TNT washes and TSA amplification was performed by adding Tyr-Cy3 or Tyr-Cy5 1:50
in amplification diluent to the slides for 7 minutes. After additional washes with TNT, slides were
then incubated with additional primary antibodies using the standard immunostaining protocol
above or stained with DAPI.

Cell culture immunofluorescence
Cells were fixed with 4% formaldehyde for 10 minutes at room temperature. Cells were then
washed twice with PBS, permeabilized with PBSTT (PBS with 0.1% TritonX-100 and 0.05%
Tween-20) for 20 minutes, and blocked with 1% BSA for 30 minutes. Cells were then incubated
with primary antibody in PBS for 30 minutes at room temperature at concentrations listed above,
followed by 3, 5 minute PBS washes before application of the secondary antibody for 30
minutes. All steps were performed on a shaker. PDMS wells (STREX) with stained cells were
placed directly on coverslips for imaging.

Stretch experiments
Uniaxial stretch experiments in cell culture
E12 chick midguts were dissected from the embryo in cold PBS before being transferred to a
solution of 1% trypsin in DMEM and placed in a 37°C incubator. After 20 minutes, the
endodermal epithelium and serosal mesothelium had begun to shed and were mechanically
separated from the mesenchyme with fine forceps. Following 10 more minutes of incubation at
37°C, FBS was added to the media to a final concentration of 10% and the cells were
dissociated via rapid pipetting with a 25 gauge syringe. The suspension was filtered twice
through a 70µm strainer, after which cells were seeded at 4x10^5 density on PDMS chambers
(STREX) coated with Fibronectin (Sigma, 0.05mg/mL at 37°C for 2 hours). Cells cultured in
DMEM supplemented with 1% Pen/Strep and 10% Chick Embryo Extract (US Biological) were
allowed to adhere overnight, and following a media change the adhered cells were subjected to
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either 20% static stretch or 15% cyclic stretch at a frequency of 1Hz for 96 hours in the STB-140
Strex cell stretching system (STREX) housed within an incubator at 37°C and 5% CO2. Media
was changed every 48 hours.

Whole gut explant uniaxial cyclic stretching
For cyclic stretch experiments, whole midguts from E9 chick embryos were dissected in cold
PBS and mesentery was removed. Midguts were transferred to warm chick explant culture
media (DMEM containing 1% Pen/Strep, 10% Chick embryo extract), separated into jejunal and
ileal halves by bisecting the midgut at the attachment point of the superior mesenteric artery,
though we noted no differences between the segments in their responses to cyclic stretch.
Segments were then carefully transferred again into a 1.0 x 0.6 x 1.0 cm PDMS stretch chamber
(STREX #STB-CH-0.06) filled with culture media so that the well itself was overflowing and a
thin film of media spread across the top of the chamber. The explants were then pinned to the
PDMS on either side of the well with 0.002 inch diameter tungsten rods pierced through the gut
such that the midgut segments were held taught, but not stretched, across the well and along
the long axis of the chamber (for longitudinal stretching). Up to 3 midguts were placed in a
single chamber, and the chambers were subsequently placed in the Strex cell stretching
system, which was used to applied 15% uniaxial cyclic stretch at a frequency of 10 cycles (sine
wave) per minute (0.1667 Hz) for 72 hours in an incubator at 37°C and 5% CO2. To prevent
media evaporation, several dishes of DI water were placed within the Strex system and
additionally a pipette tip box top was placed over the stretching chambers. Approximately every
12 hours the tungsten rods were repositioned to keep the gut segments taught as otherwise
slack would build between the two pinned points (due to growth and the viscoelasticity of the
gut) and stretch would no longer be applied. Media was added dropwise to each chamber at
these 12 hour time points to ensure the tissue did not dry out. The media was completely
replaced at 36 hours. Nifedipine was dissolved in DMSO to 200mM and used at a final
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concentration of 100µM.

These experiments were repeated essentially the same as above but with the addition of 0.005
inch diameter tungsten rods inserted through the lumen to intubate the guts and prevent
transverse compression. Briefly, the midguts segments were excised from the embryo, and the
tungsten rod was threaded through the lumen of each segment with care as not to damage the
endoderm or perforate the gut wall. Rods were cut such that the midgut segments maintained
non-intubated regions at the ends that could be used to pin the segments to the PDMS stretch
chamber as above.

Whole gut static stretching
Static stretch was applied to chick midgut segments in culture by pinning explants to the well of
a 12 well plate filled with 5% agarose in DMEM. Explants were pinned using a 0.004 inch
tungsten rod to pierce through the gizzard (stomach) and hindgut, with stretch being applied
longitudinally across the length of the midgut. Approximately 20% stretch was achieved by first
removing the mesentery and pinning the gut taught (but unstretched) to the agarose bed,
measuring the length of the midgut segment between the pins, and then removing one of the
pins and placing it at an increased distance to change the length and thus stretch the midgut by
about 20% of its original length. Additional 20% longitudinal stretch was reapplied in the same
manner by increasing the distance between the pins every 24 hours to maintain the strained
state. Media was replaced every 36 hours. For experiments to generate inverted smooth muscle
alignment in Figure 3.5, guts were grown an additional 96 hours following the period of
continuous stretch by placing the pins closer together and thus relieving the strain.

Image capture and quantification
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Images were captured on an inverted Zeiss LSM 710 confocal, Keyence BZ, or Leica
stereoscope. Confocal imaging of whole mount samples was performed using a 40X water
immersion lens on samples placed in glass bottom dishes (World Precision Instruments), while
imaging of sections was performed at 63x or 10x depending on application. For high
magnification acquisitions, images were acquired with pinhole set to approximately 1µm and a
1µm step size was used for Z-stack collection. Maximum intensity projections of substacks
specifically containing each layer were made using ImageJ (Schneider et al., 2012).

Quantification of smooth muscle orientation
Quantification of smooth muscle orientation was performed using the distribution analysis
function in the ImageJ plugin OrientationJ (Rezakhaniha et al., 2012) (Biomedical Imaging
Group). 10µm thick substack maximum projections of Z-slices containing the cells of either the
inner or outer layer were made from confocal Z-stacks of whole mount guts stained with Smooth
Muscle Actin. The enteric neural plexus (Tuj1-positive, SMA-negative) was used to distinguish
between the location of inner and outer layers of muscle as these cells are situated specifically
between the layers of muscle and can easily be distinguished due to their lack of SMA
expression and DAPI staining in projections of the plexus. The distribution analysis function was
run on the channel containing the SMA stain for a 100µm x 100µm region of interest (ROI), with
a maximum of two separate, non-overlapping ROIs used for each image. For all midgut
measurements, distribution angle values less than 0 were made positive so that all
measurements were between 0 (longitudinal direction) and 90 (circumferential direction),
whereas this step was not taken for esophageal alignment measurements in order to measure
the pitch of the helically aligned muscle. Values for the histogram generated were normalized to
the area under the curve (total distribution of orientations) to account for variations in staining
between samples. Following normalization, the distribution for each orientation angle was
averaged across a minimum of 10 ROIs per layer (obtained from at least 5 different
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experimental guts for each treatment) and plotted as a line graph.

Quantification of radial inner layer muscle patterning
Images of transverse cross sections stained with SMA were analyzed using the line graph
function in ImageJ to plot pixel intensity profiles across the radius of the tissue. For each image,
4 measurements were taken at 90 degree intervals around the circumference of the tube, using
a 40µm thick line drawn (yielding the average plot with then ROI generated across the line) from
the basement membrane at the mucosal surface to the outer surface of the tube. These 4
measurements were then averaged to generate a mean intensity profile for that individual
section. The mean intensity profile for each image was normalized to the background
fluorescence levels of each image to account for variations in staining intensity between
sections, slides, and experiments. The background intensity was defined as the average pixel
intensity of the endoderm, which does not express SMA. In addition, the line was scaled to the
radius of the tube by normalizing the length of the line profile in each treatment to make all line
graphs the same size. Thus, the plots in Figure 2.2 do not portray changes to the diameter or
thickness of the tube but rather where muscle is positioned relative to the inner and outer walls
in a way that can be compared between samples. This operation was repeated on at least 3
jejunal sections per gut, from independently cultured guts per treatment. The resultant line
graphs were then averaged to generate the mean intensity profile across all samples measured
for each condition, and this mean profile used to generate a heat map in GraphPad Prism that
represents pixel intensity and thus smooth muscle location across the radius of the gut tube.
This linear heatmap was then copied around a circle to generate a circular heat map
representing the gut tube using Adobe Illustrator.

Strain Measurements
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Opening angle measurements
For radial opening angle measurements, tissues were dissected from the embryo and cut on a
vibratome tissue chopper to generate 300µm segments. Using fine forceps and a pulled quartz
needle while the gut segment was pinned through its lumen to agarose, a radial cut was made
through the wall of the gut segment and allowed to relax for 5 minutes before images were
taken on a Leica stereo dissecting scope. The opening angle was determined using ImageJ to
find the angle between the two opened edges with the vertex in the center of the endoderm in
the center of the opened tube as shown in Figure 3.5. For longitudinal opening angle
measurements, segments of esophageal tissue approximately 1mm in length were taken and a
flame-sharpened 0.002 inch tungsten rod was used to pierce through the lumen while fine
forceps were used to cut along the length until the tissue opened up. Tissue was allowed to
relax 5 minutes before being imaged laterally, and the longitudinal opening angle was measured
as the reflex angle from the original plane of the straight, unopened tube (180°).

For radial opening angle experiments on electroporated chick guts, following measurements of
the opening angle, high levels of viral expression were confirmed via immunostaining for 3C2.
Only samples that had high levels of 3C2 immunoreactivity (and thus high levels of infectivity)
were used for quantification, as lower levels of viral expression did not result in a noticeable
muscle alignment phenotype or changes to growth.

Esophageal strain measurements
Following timed matings, E12 mouse embryos were surgically opened with fine forceps with
care being made not to disrupt the continuity of the gut from mouth to anus. Other visceral
organs and connective tissue along with the developing airway was dissected away from the
esophagus, all while leaving the entirety of the gastrointestinal tract intact within the embryo.
Then, using a glass capillary needle and mouth pipette diI spots were placed along the length of
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the esophagus between its proximal end at the mouth and distal end at the stomach, and an
image was taken to define the pre-cut state. Next, a cut was made at the proximal end of the
esophagus near the connection to the mouth, and the esophagus was allowed to relax for 2
minutes before being imaged again to define the post-cut state. ImageJ was used to measure
the distance between diI spots discernable between the pre- and post-cut states, and the strain
was measured as the difference between these two lengths divided by the post-cut length.
Mutant embryos were pooled genotypes from 3 different crosses consisting of the following
genotypes: Twist2-cre; Nogfl/fl, Grem1fl/fl, and Twist2-cre; Nogfl/fl, Grem1fl/+. All other possible
genotype combinations from the crosses were littermates of the mutants pooled together as
Controls except for Twist2-cre; Nogfl/+, Grem1fl/fl, which lacked an obvious phenotype but were
omitted from the study.

Contraction frequency measurements
Contraction frequency was measured by taking 2 minute movies of intestinal explants at 1 frame
per second intervals on a Leica stereo microscope after 24-48 hours in culture and counting the
number of contractions that occur over that time period at a particular point along the gut.

Chick embryonic manipulation
CAM culture and neural crest ablation
Post umbilicus (yolk stalk) guts, in which neural crest cells had yet to migrate into, were
dissected at E4 (HH23), comprising the ileum, ceca, and hindgut. The chorioallantoic membrane
of a windowed, E8 host embryo was gently scratched with forceps to encourage vascularization
following engraftment. Dissected guts were then transplanted onto the chorioallantoic
membrane (CAM) of the host and allowed to incubate for 8 days. Control guts were whole guts
including the pre-umbilicus region in order to allow for neural crest cell migration. Following this
period, successfully engrafted guts were dissected away from host tissue and kept on ice until
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further processing.
For neural tube ablation, a pulled quartz needle was used to ablate the neural tube from somites
2-6 from embryos at stage HH10-12 as previously described (Barlow et al., 2008) to remove
vagal neural crest cells that populate the gut and generate the enteric nervous system.

Aphidicolin injection and EdU Labeling
400µL of a 1mg/mL solution of Aphidicolin in PBS was injected into the amnion of a windowed
chick egg at E4 via a 30 gauge syringe. The egg was then resealed and allowed to incubate for
2 days before tissue collection and fixation. For EdU labeling, 400µL of a 1mM EdU in PBS was
injected via syringe into the amnion of the windowed chick embryo, which was allowed to
incubate before the gut tissue was dissected and fixed for sectioning as described above. The
Click-iT EdU (Invitrogen) reaction was carried out on sections as per manufacturer’s
instructions.

Chick midgut electroporation
Chick embryos were incubated to stage HH14-16, lowered, and windowed. Plasmids used for
electroporation were previously described: RCAS-Shh (Riddle et al., 1993) , RCAS-cmyc and
RCAS-myrAkt (Orsulic et al., 2002). Plasmids were diluted to 2µg/uL in water with 0.1% fast
green added to visualize DNA mix. This mix was injected via a pulled glass needle into the
coelomic cavity on each side of the embryo that is situated between the lateral plate mesoderm
compartments. Electrodes were place on either side of the embryo, with the positive located
underneath and negative above, and electroporation was performed on a Nepa 21
electroporator (Nepa gene) with the following parameters to drive the constructs into the
splanchnic mesoderm: Poring pulse (voltage, 60V; pulse length, 5msec; pulse interval, 10msec;
number of pulses, 5; decay, 0%; polarity, +) and Transfer pulse (voltage, 5V; pulse length,
10msec; pulse interval, 10msec; number of pulses, 5; decay, 0%; polarity, +/-). Tape was then
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placed over the windowed eggs, which were returned to incubation. After tissue processing as
described above, high levels of infectivity were determined by 3C2 antibody staining, and only
those with confirmed high levels (infectivity spread through the tissue) of staining were used for
the study. Due to the timing of electroporation, the ileum of the midgut was mainly targeted and
thus used for the majority of analyses. For controls, either mock electroporations or plasmids
containing RCAS-GFP or mCherry were used. We noted no difference between any of the
control conditions and non-electroporated/infected wild-type guts.

EdU/BrdU pulse labeling and cell cycle quantification
Pulse labeling and cell quantification was performed based on a previously established
paradigm (Martynoga et al., 2005). Chick eggs were windowed at E2.5 and electroporated as
above. At E6.5, 500µl of a 1mM EdU solution in PBS was injected via syringe into the amniotic
space adjacent to the developing gut. The eggs were then incubated for 1 hour and
subsequently injected as above with a 10mM solution of BrdU in PBS and incubated an
additional 30 minutes. As it takes approximately 30 minutes for the label to reach sufficiently
detectable levels, the cells are able to incorporate EdU, but not BrdU, for a 1 hour period, and
cells that are in the S-phase at the end of the experiment are labeled with BrdU. Guts were then
dissected and fixed overnight at 4 degrees C in 4% formaldehyde Whole mount immunostaining
was performed as above with AMV-3C2 antibody to label identify electroporated/infected guts.
These guts were then dehydrated in 30% sucrose for 2 hours at room temperature, then a 50/50
mix of 30% sucrose/OCT for an additional hour before being transferred to 100% OCT.
Cryosectioning was performed to generate 10µm thick sections. Click-iT EdU labeling was
performed with Alexa-Fluor 647 per manufacturer’s instructions (Invitrogen). Heat mediated
antigen retrieval in pH6.0 sodium citrate buffer was performed on the sections in a vegetable
steamer for 15 minutes, and slides were then immediately removed and washed 3x5 minutes
with PBS. Sections were then incubated with 1:100 anti-BrdU (MoBU-1, Invitrogen) in PBSTT,
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which has no cross-reactivity with EdU (Liboska et al., 2012), overnight at 4°C. Sections were
then washed 4x5 minutes with PBS and incubated with a secondary anti-mouse Alexa-Fluor
488 at 1:300 for 2 hours at room temperature.
S phase length and total cell cycle length was estimated using the technique in Martynoga et al.,
2005. S-phase was calculated by the equation Ts=Ti/(Lcells/Scells), where Ti is the duration cell
can incorporate EdU but not BrdU (1 hour), Lcells is the fraction of cells that are labeled with EdU
only and have thus left the S phase during this period, and Scells is the fraction that is labeled
with BrdU. Total cell cycle length was calculated by the equation Tc=Ts/(Scells/Pcells), where Pcells
is the total number of dividing cells in the region of interest, which in the embryonic gut can be
estimated by counting all cells. Two regions of interest were generated based on the location of
the forming muscle layer for each section, and separate calculations were made for the inner
mesenchyme and the muscle and outer mesenchyme together. Five guts were used for
quantification per each treatment, with two sections used per gut such that a total of 10 sections
were analyzed per treatment.

Tensile testing
Tensile testing was performed essentially as previously described (Nerurkar et al., 2017). In
brief, a tungsten rod is hooked through the center of a transverse cross-section (dissected
muscle layer, mesenchyme+endoderm, or multilayered composite tube), which itself is pinned
to an agarose substrate, and the tungsten rod is moved at ~1um/second via a controllable
motorized actuator. Dots of DiI are placed on the ring of gut tissue, and the change in distance
between these dots over time can then be calculated relative to the displacement of the
tungsten beam. Stress can then be calculated by the equation

, where kb is

the bending stiffness of the rod, δ is the deflection of the rod, and ro and ri are the inner and
outer radii of the cross-section. Strain can be calculated by the change in distance between the
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DiI spots over time. The modulus can then be calculated by applying a linear regression to the
stress vs. strain curve at its linear region and calculating the slope of this line.
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