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Abstract 
 
This communication describes the use of uncoated cellophane (regenerated cellulose 

films) for the fabrication of microplates, and the use of coated cellophane for the 

fabrication of open-channel microfluidic devices. The microplates based on uncoated 

cellophane are particularly interesting for applications that require high transparency 

in the ultraviolet (UV) regime, and offer a low-cost alternative to expensive quartz-

well plates. Uncoated cellophane is also resistant to damage by various solvents. The 

microfluidic devices, based on coated cellophane, can have features with dimensions 

as small as 500 µm, and complex, non-planar geometries. Electrodes can be printed 

on the surface of the coated cellophane, and embedded in microfluidic devices, to 

develop resistive heaters and electroanalytical devices for flow injection analysis, and 

continuous flow electrochemiluminescence (ECL) applications. These open-channel 

devices are appropriate for applications where optical transparency (especially in the 

visible regime), resistance to damage by water, biocompatibility and biodegradability 

are important. Cellophane microfluidic systems complement existing cellulose-based 

paper microfluidic systems, and provide an alternative to other materials used in 

microfluidics, such as synthetic polymers or glass. Cellulose films are plausible 

materials for uses in integrated microfluidic systems for diagnostics, analyses, cell-

culture, and MEMS. 

 

Introduction  

Cellulose-based paper has emerged as a useful material for the fabrication of 

microfluidic devices, especially in the area of diagnostics.1–5 Paper has three 

characteristics that differentiate it from glass, elastomers (e.g. PDMS), and synthetic 

polymers (e.g. polycarbonate) as a material for microfluidics: i) It is porous and 
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hydrophilic: Porosity allows for immobilization of biomolecules inside the pores of 

paper, and hydrophilicity allows spontaneous wicking of water which is useful for 

microfluidic applications. ii) Printing of hydrophobic regions into paper (e.g. using 

wax printing), and stacking of paper sheets, enables the fabrication of three-

dimensional paper microfluidic devices.6  Printing of electronic inks, on the surface 

of, or inside, paper allows the fabrication of electroanalytical paper devices.3,7 iii) It is 

safe during handling and disposal, (e.g. paper does not fracture and produce “sharps”, 

and it can be incinerated). Despite its useful characteristics, some physical properties 

of paper fabricated from cellulose fibers limit its use in applications in which wicking 

flow is not desirable; These limitations include transport of complex fluids that 

contain suspended particles, and the development of multiphase systems involving 

drops or bubbles. Paper also scatters light and is not transparent. Optical opacity 

limits its use for microfluidic applications (e.g. fluorescence, 

electrochemiluminescence ECL, or absorption spectroscopy) that require transmission 

and/or emission of light. 

 Here we extend the use of cellulose-based microfluidic systems by 

demonstrating transparent, open-channel devices based on cellophane. "Cellophane" 

is the trademark name for cellulose films that are manufactured by regenerating 

cellulose from cellulose xanthate (viscose).8,9 Today cellulose films are mainly used 

as an environmentally-friendly packaging material.10,11 Cellophane has properties that 

are complementary to those of paper (see Table 1) as a substrate for microfluidic 

devices: i) It is readily available and inexpensive (less than 1 USD/m2, or 0.05 cent/5 

cm2 — the typical size of a paper microfluidic chip) in large quantities. ii) It is easily 

disposed of by incineration without producing sharps. iii) It is, in its unmodified form, 

biocompatible12 and biodegradable.13 iv) It does not dissolve in most organic solvents, 
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or aqueous solutions14,15 (such as solutions commonly used in biochemistry and 

molecular biology applications, or biological fluids such as human blood, urine, or 

saliva). v) It is semi-permeable, and its permeability can be tuned to allow different 

molecular/weight cutoffs for use as dialysis membranes. vi) It has a printable surface 

(like paper) but with less surface roughness than paper. vii) It has excellent optical 

transparency— comparable to glass and most plastics — over the entire visible range, 

as well as in the UV range.16 

 Paper microfluidic systems4,17 are based on the spontaneous wicking of liquids 

(especially water and aqueous buffers) through the porous matrix of cellulose-based 

paper, often through a fluid path defined by hydrophobic wax barriers.18 Widely used 

analytical methodologies such as electrochemical monitoring of glucose, and lateral 

flow immunoassays were the first (and still largest volume) paper-based devices to 

enter large-scale fabrication (unless we count simple sensing paper strips). Our work, 

and that of others,1,2,4,19,20 has focused on paper microfluidics as an alternative 

technology for applications in medical diagnostics for resource-limited settings, 

environmental monitoring, food-safety testing, and molecular diagnostics.  We have 

previously described pressure-driven flows in open-channel paper-based microfluidic 

systems. These microfluidic devices were fabricated using embossing or cutting 

(using a machine-driven knife) to shape channels in paper, silanization to make the 

paper hydrophobic; and plastic tape to seal the top of the channels.21,22  Renault et al. 

created hollow channels in the spacing between layers of paper,23,24 where wax-

printed barriers confined the liquid in the channel. These hybrid systems successfully 

demonstrate the classical, diffusion-limited co-flows that are characteristic of open-

channel microfluidic devices,25 but they still suffer from drawbacks, such as the use of 

synthetic polymers, and the lack of optical transparency across the device.  Index-
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matching has been used to increase the transmission of light through paper in paper 

microfluidic systems for quantitative colorimetric point of care (POC) diagnostics, by 

wetting the paper with a liquid with an index of refraction similar to that of 

cellulose26. Index-matching does not render paper fully transparent, and the liquids 

used for index matching fill the pores of paper, rendering capillary flows ineffective. 

 This paper describes microfluidic systems made from regenerated cellulose 

films (cellophane). Cellophane microfluidic devices add new capabilities to cellulose-

based paper microfluidics. We show the fabrication of microplates by embossing 96-

well plate structures onto uncoated cellophane, and we also show the fabrication of 

open-channel microfluidic devices by embossing microstructures onto coated 

cellophane, followed by heat-sealing. The embossed microstructures have relatively 

small features (down to 500-µm-wide channels) and complex non-planar geometries. 

We also show that electrodes can be printed on the surface of the coated cellophane 

and embedded into layered microfluidic systems, to develop resistive heaters and 

electroanalytical devices for analytical flow injection systems, and ECL applications. 

 

Materials and methods 

Materials 

We used commercially available uncoated cellophane (COH) with the commercial 

name "Cellophane P", cellophane with an approximately one micron thick coating of 

nitrocellulose (CNS) with the commercial name "Cellophane LMS", and cellophane 

with an approximately one micron thick coating of polyvinylidene chloride (CPVC) 

with the commercial name "Cellophane XS". The coatings allow different sheets of 

cellophane to be heat-sealed against each other, and also provide a barrier to prevent 

water from entering and swelling the cellophane (Innovia Films Ltd.27 kindly 
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provided  the cellophane materials used in this study.) We used 28-µm and 35-µm-

thick uncoated cellophane, 30-µm-thick cellophane with a double-sided nitrocellulose 

coating, and 42-µm-thick cellophane with a double-sided polyvinylidene chloride 

coating.  

 The silanes, 3,3,4,4,5,5,6,6,7,7,8,8,9,9,10,10,10 heptadecafluorodecyl 

trichlorosilane, CF3(CF2)7CH2CH2SiCl3 (C10
F), and decyltrichlorosilane (C10) were 

purchased from Gelest Inc. (Morrisville, PA).  

 Hexadecane, glycerol, ethylene glycol, ethanol, dimethyl sulfoxide (DMSO), 

N-Methyl-2-pyrrolidone (NMP), tetrahydrofuran (THF) , methyl-2-pyrrolidone, 

dimethylformamide (DMF), L-proline, tris(2,2′-bipyridyl)ruthenium(II) chloride 

(Ru(bpy)3
2+), sodium 4-(2-hydroxy-1-naphthalenylazo)-naphthalenesulfonate), 

fluorescein and Reactive Blue 2, adenine, bovine serum albumin (BSA), 

acetaminophen, and thiamine were purchased from Sigma-Aldrich. Food color was 

purchased from McCormick. Ag/AgCl ink was purchased from Ercon. All chemicals 

were used as received without further purification. 

 

Silanization 

The silanization reaction was conducted in a chamber with a volume of 0.01 m3 at a 

temperature of 95 °C.  The organosilane was transferred into a glass vial under an 

inert gas atmosphere, and placed inside the chamber together with the samples. Each 

experiment required approximately 100 mg of silane in 3 mL of anhydrous toluene. 

The organosilane was vaporized at 95 °C under reduced pressure (~30 mbar, 

0.03 atm) and was allowed to react for 20 minutes. 

 

Contact angle measurements 
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The contact angle measurements (n=7 for each contact angle) were performed by a 

contact angle goniometer (Ramé-Hart model 100, Ramé-Hart Instrument Co.) at room 

temperature (20 – 25 oC) with ~30% relative humidity. 

 

Testing solvent compatibility 

We tested the compatibility of uncoated cellophane (COH), with the solvents: 

hexadecane, glycerol, ethylene glycol, ethanol, DMSO, NMP, THF, and NMP, DMF, 

by immersing the uncoated cellophane in each solvent for a period of 2 days. The 

cellophane sheets were then removed from the solvent and dried in an oven at 110 °C, 

for 30 min. We could not observe any apparent qualitative change in the mechanical 

or optical structures of the dry solvent-exposed cellophane from sheets that had not 

been exposed to any solvent. DMSO was the only solvent (beside water) that 

noticeably swelled the cellophane. 

 

Fabrication of uncoated cellophane microplates, and optical measurements 

Molds for 96-well plates were designed using Autodesk 3dsMax. The molds (one 

with a positive and one with a negative relief) were fabricated in polyurethane using a 

Connex500 3D Printer from Stratasys Ltd. We used 3D printing because it can rapidly 

prototype molds; these polyurethane molds, however, could only be used at room 

temperature to avoiding melting or deformation. Metallic molds would be more 

suitable alternatives for routine application, because they are more rigid during the 

embossing, and because they do not distort in heating.  We stored uncoated 

cellophane (COH) sheets in deionized water for at least two hours prior to embossing. 

This step was necessary to prevent the cellophane COH from further swelling when a 

liquid was placed into the wells. Next, we compressed the cellophane COH sheet 
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between the molds to form the wells (using a pressure of around 1 psi), and suspended 

the embossed cellophane sheet on a standard frame for 96-well plates. We filled the 

wells with 10 µL of solution using a micropipette, and carried out the optical 

measurement using a standard 96-well plate reader (SpectraMax M2e Multi-Mode 

Microplate reader). UV-Visible Spectra were collected for analytes (0.01 µg/mL in 

deionized water) in 1-cm path-length quartz cells to determine the absorption 

maxima.  

 

Fabrication and operation of the microfluidic devices 

Molds for microfluidic devices were designed using SolidWorks and fabricated by 

Proto Labs Inc. in aluminum, using computerized numerical control machines (CNC), 

and sandblasted for a smooth finish (see Figures S1, S2). We used aluminum molds 

because small microfluidic features can be shaped into this metal, and because it can 

be heated to 120 C° for embossing and heat-sealing. 

 We used coated cellophane (CPVC, and CNS) for fabrication of the devices, and 

stored the sheets in a vacuum desiccator chamber for at least one day prior to use. 

This step was necessary to remove the water, that is pre-absorbed from air in the 

cellophane so that the sheets would not shrink during the molding and sealing 

processes, due to drying of the pre-absorbed water. This step may also be done using 

a dry desiccator. In the fabrication process, the metallic molds were first heated to 

~120 C° in an oven. We compressed one dry cellophane (CPVC, or CNS) sheet between 

two molds, using a pressure of 1-5 psi for the embossing, and then used a second dry 

cellophane (CPVC, or CNS) sheet, and compressed this sheet against the embossed 

sheet at a higher pressure, around 10 psi, with a second set of molds. The final step 

seals the microfluidic channel by heat-sealing of the coatings. The embossing step 



	 9	

took 10-30 seconds while the heat sealing required 30-60 seconds.  We connected the 

microfluidic channels to silicone tubing (1/16”, purchased from McMaster), using 

flangeless ferrules (Tefzel, Item# EW-02007-54) affixed to the device with a thick 

transparent double-sided tape (VHB from 3M).  

 A two-channel syringe pump (Harvard PHD 2000) drove fluids from the inlets 

to the outlets of the open micro channels at different flow rates. 

 

Fabrication of the electrochemical devices and heaters 

We used a Laser cutter (VL-300, 50 Watt, Versa Laser) to cut shapes in an adhesive 

tape (polypropylene low-tack adhesive-backed film, 0.002" thick, purchased from 

McMaster-Carr). The adhesive tape served as a stencil mask by attaching it to a single 

sheet of cellophane. A carbon ink (Ercon inc.) was then applied using a clean-room 

swab through the stencil mask, to print the electrodes. The mask was removed, and 

the ink was allowed to dry at room temperature for 1 hour and then the cellophane 

sheets were stored in a desiccator for 1 day, to remove any excess solvent from the 

ink, and to dry the cellophane sheet (to prevent buckling during embossing). The 

cellophane sheets with the carbon print were used for making microfluidic devices. 

By placing the printed electrodes so that they faced the microfluidic channel, we 

could fabricate electrodes inside of the channel (Figure 3A). By placing the printed 

electrodes facing the outer part of the device, we could fabricate resistive heating 

elements (Figure 8). 

 

Flow injection electroanalysis 

We used phosphate-buffered saline (1xPBS, pH 7.0) as the carrier buffer, and 

different concentrations of potassium ferrocyanide as a redox probe, in 1xPBS. All 
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solutions were pumped at 50-µL per minute using two syringe pumps (Harvard PHD 

2000), in such way that we only pumped using one syringe pump at a time (either the 

carrier buffer or the ferrocyanide). We recorded the current (at a potential of +0.4 V 

vs. carbon ink) using three carbon electrodes (working-, counter-, and quasi-reference 

electrode). We used an Autolab potentiostat from Metrohm. 

 

Electrochemiluminescence (ECL) 

For ECL measurements, we stencil-printed an Ag/AgCl quasi-reference electrode, 

instead of a carbon reference electrode, to achieve more accurate oxidation potentials.  

Next, we prepared 0.2 mM Ru(bpy)3
2+ and standards of L-proline (0.1 to 1 µM) in 0.1 

M phosphate buffer (pH 7.5). We positioned the working electrode of the flow cell 

directly above a 4 mm2 Si photodiode (DET36A, Thorlabs), interfaced to the 

ADC164 module of the potentiostat using a BNC cable.  We injected the Ru(bpy)3
2+ 

(2 mM) and L-proline (using a range of concentrations) in the two inlets at a constant 

flow rate of 10 µL per minute. We configured the potentiostat to apply 0.5-second 

potential pulses at a potential of 1.25 V vs. Ag/AgCl, with a 5-second delay time 

between measurements and recorded the light intensity. The ECL signal was 

calculated by integrating the area under the measured light intensity, using NOVA 

software. We varied the sample by manually changing the sample inlet between 

syringes pumps with different concentrations of L-proline. 

 

Results and Discussion 

Surface wetting properties of uncoated, coated and silanized cellophane 

We examined (using measurements of apparent static contact angles, θapp) the 

wettability of cellophane with different modifications using a series of organic liquids 
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spanning a wide range of surface tensions.  The uncoated cellophane COH used in 

these experiments was silanized with either a fluorinated or a non-fluorinated alkyl 

silane in the vapor phase, or was used as received (the pure, untreated cellophane and 

the cellophane coated with nitrocellulose). Figure 1A shows that silanization rendered 

the uncoated cellophane hydrophobic. The wettability of the alkyl-silanized 

cellophane and cellophane CNS were similar under our experimental conditions, while 

cellophane CPVC showed lower contact angles than CNS. 

 Silanization with a fluoroalkyl silane afforded only a modest increase in 

contact angle for a given liquid. Since nitrocellulose and PVC-coated cellophane are 

commercially available, we used them in most of our investigations. Cellophane 

silanized with fluorinated alkylsilanes may, however, be useful in applications that 

require omniphobic surfaces.28 

 

UV-Visible transmission and absorption 

Cellophane is transparent across a remarkably wide wavelength window, compared to 

most plastics29, and typical glasses. Figure 1B shows UV-Visible transmission spectra 

of cellophane sheets, in comparison with cellulose acetate, a commercial plastic 

cuvette (PMMA), and a quartz cuvette.  The cellophane sheets are highly transparent 

in the visible regime, and also in the UV regime, with over 65% transmittance for 

uncoated cellophane COH, and 40% transmittance for coated cellophane CPVC, at 250 

nm.  

 

Microplates 

The high UV transparency of cellophane in the UV makes it a possible alternative to 

quartz cuvettes or quartz microplates for certain applications. The unmodified surface 
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properties of uncoated cellophane, which is chemically similar to paper, may also 

provide a platform for cell-culture, or for analytical applications requiring 

immobilization of DNA or proteins on its surface.30,31 

 We used polyurethane molds with patterns analogous to those of a 96-well 

plate to emboss wells into uncoated cellophane COH (see Figure S3). Wells embossed 

in dry cellophane COH buckled and deformed when we placed them in contact with 

water, since water swells uncoated cellophane. To prevent buckling of the wells, we 

pre-soaked the cellophane sheets in deionized water prior to embossing (see 

experimental). When the cellophane COH is pre-soaked, the aqueous solutions in the 

wells cannot be absorbed by the cellophane, and the only transport and spread of 

liquids inside the cellophane is by diffusion (which is slow compared to the 

measurement times that we use for the absorption measurement).  

 We used embossed cellophane COH 96-well plates to measure the UV 

absorption of four analytes: bovine serum albumin (BSA), adenine, acetaminophen, 

and thiamine (vitamin B1). These analytes were chosen because of their range of 

absorbance maxima within the UV region (λmax of 280, 260, 242 and 238 nm 

respectively). This range allowed us to examine the suitability of cellophane COH as 

an alternative material to quartz for UV absorption measurements across these 

wavelengths. 

 We measured a linear response range (see Figure 3B) for all four analytes with 

a cellophane 96-well plate, in which each well contained 10 µL solutions of the 

analytes in deionized water. Table 2 summarizes analytical figures of merit, and limits 

of detection (LODs). The concentration range and LOD for adenine, was comparable 

to the concentrations that can be measured using instruments frequently used for 

determining concentrations of DNA/protein such as the NanoDropTM, which measures 
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absorption through liquids without using a container that holds the liquid. The linear 

range for both acetaminophen and thiamine in the cellophane microplates is 

appropriate for analytical measurements in routine pharmaceutical and food-science 

settings32,33, but not for high-sensitivity measurements. 

 Embossed cellophane COH well plates have to be kept wet for the duration of 

the analysis (wells will distort and buckle upon drying), which may be a limiting 

factor in storage and shipping. For this reason, we also embossed microplates using 

dry sheets of coated cellophane (CPVC, and CNS). Embossed wells in coated 

cellophane do not swell since the water in the wells cannot penetrate through the 

coating and into the cellophane. Due to the high liquid contact angles of aqueous 

solutions for coated cellophane (CPVC, and CNS), the samples did not evenly coat the 

surface of the wells, which resulted in inconsistencies in the path-length of the 

samples. We, therefore, sealed the wells with tape (polyolefin films with silicone 

adhesive from VWR®, used for PCR in well-plates) after having placed the liquid in 

the well, to enclose the liquids and ensure a more consistent path length. We designed 

the dimensions of the microplate molds so that 10 µL of aqueous solution, which was 

added to each well using a pipette, would completely fill each well. The standard 

error from the coated cellophane CPVC, and CNS microplates was notably higher for all 

four analytes than with cellophane COH well plates (see table S1, in the SI); probably 

as a result of higher UV absorption by the coating and the tape. We think that 

microplates fabricated using coated cellophane (CPVC, and CNS) may be more 

appropriate than those from COH for applications that do not require UV transparency. 

Furthermore, they can be prepared and stored prior to use. 

 

Fabrication of cellophane CNS / CPVC microfluidic devices 
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To further explore cellophane, and coated derivatives of it, as materials for 

microfluidic applications, we developed a method to fabricate open-channel 

cellophane microfluidic devices. Since pure cellophane swells in aqueous solutions 

and is not heat-sealable, we used coated cellophane (CPVC, and CNS). The NS and 

PVC coatings allow different sheets of cellophane to be heat-sealed against one 

another, and also provided a barrier to prevent water from entering and swelling the 

cellophane. 

 The fabrication of the microfluidic devices required three steps (see Figure 

3A): i) A dry, coated cellophane sheet was compressed between two metallic stamps 

kept at ~120 ° C, for 10 s, to emboss the desired microfluidic features. The bottom 

mold is used for both heat-sealing and embossing, and it is therefore more practical to 

have this mold heated throughout the process. It should however be possible to also 

perform the embossing step by using molds at room temperature. ii) A second coated 

cellophane sheet, was placed against the embossed film. A heated metallic mold 

(~120 ° C) was then placed on top to heat-seal the two cellophane films, and to 

enclose the embossed channels. The heat causes the plastic coatings to melt and fuse 

together for sealing; cellophane is not a thermoplast. iii) Small holes were punched 

into the cellophane, either before or after sealing, for fluidic connections.  We 

connected the inlets and outlet holes to standard flangeless ferrules using strong 

double-sided tape (VHB® from 3M®). Silicone tubing was used to drive fluids into the 

channels. 

 We used metallic stamps to form microfluidic structures, and to seal 

microfluidic channels. Metallic stamps can be readily manufactured with standard 

industrial techniques, such as CNC machining (used here), laser cutting and printing, 

or water-jet cutting. The resolution of the metallic stamps used to form features on 
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embossing is the main factor limiting the size of the features used in the microfluidic 

devices. We have not established a true lower limit to this dimension. 

 To show the versatility of this technique, we designed and fabricated three 

cellophane microfluidic devices with different flow features: i) a "Y-junction device" 

(2A), ii) a "cross-junction device" (2B), and iii) a "T-junction device" (2C). The 

microfluidic device with a Y-junction had channels that were 1-mm wide and 250-

µm-deep. The microfluidic device with a cross-junction, and the device with T-

junction, both had serpentine channels. Repeating C-shaped units can turn the fluid 

through 180° to induce chaotic advection and passively enhance the mixing of the 

streams.34 The cross-junction device had a circular window intended for optical 

measurement. The aspect ratio of these channels was 1:2 (250-µm-deep: 500-µm-

wide). We believe that an aspect ratio of at least 1:1 should be possible for these 

microfluidic structures. Figure 4C shows photographs of two of the empty 

cellophane-based microfluidic devices with the embossed features facing up; Figure 

4A,4B show the cross sections of these microfluidic channels, and Figure 4G shows 

the transparency of the devices. 

 The microfluidic structures were formed in the first step through purely 

mechanical deformation of the cellophane since cellophane is not thermoplastic. As a 

result, when the cellophane was heated in the second step, the surface coating melted 

(to provide heat-sealing), but the microfluidic structure was not altered by the heat. 

Both the embossing and heat-sealing steps of the fabrication technique could be 

completed in less than 2 minutes. The use of only dry materials simplifies the 

procedure and reduces cost. This process, therefore, has the potential to be scaled to 

large volumes using high-throughput printing techniques such as roll-to-roll 

manufacturing. 
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Basic microfluidic operation 

We demonstrated pressure-driven flows, and imaged a series of dyes in transmission 

mode, in a device with the Y-junction design. Figure 5A shows a top view of a 

cellophane microfluidic device with two inlets connecting a Y-junction to a serpentine 

channel and one outlet.  

 We injected two aqueous solutions of dyes (Acid Red, and Reactive Blue) at 

flow rates ranging from 10 µL/min to 200 µL/min, and observed laminar flow (Figure 

5C) in this regime (we could do both pressure- or vacuum-driven flows using this 

setup). The Reynolds numbers in this regime are below 10 (this value is approximate, 

and based on water flowing in a channel with a circular cross-section).35 The edges of 

the microfluidic channels were sharp; the definition of these shapes indicates tight and 

well-defined sealing. We observed no leakage or breakage from the inlets or at the 

edges of the channels (which could have occurred either as a result of delamination or 

film puncture during molding). These experiments showed that the cellophane 

microfluidic system (both the 1000-µm-wide, and 500-µm-wide channels) could 

support flow rates up to 200 µL/min, under pressure-driven flow, without leakage. 

Using the Darcy–Weisbach equation, we calculated the corresponding pressure drop 

for water (25 ○C) flowing at 200µL/min to 5 kPa for the 1000-µm-wide channels, and 

70 kPa for 500-µm-wide channels (see SI for calculations). 

 Since the device consists of only two sheets of cellophane, including the thin 

coating on each side of the sheets, it is thin (around 75-µm-thick, as seen in Figure 

4E,4F), and flexible. Figures 5A shows a microfluidic device that is bent during a 

continuous flow of the two liquids. The devices were easily bendable to a radius of 
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curvature of 1-2 cm without any noticeable change in the flow behavior or damage of 

the microfluidic structure.  

 

Generation of droplets and slugs in multiphase flow 

We used hexadecane (transparent) and an aqueous solution of a blue dye (Reactive 

Blue) to show the compatibility of the microfluidic channels to other solvents and the 

formation of different liquids. Hexadecane and the aqueous solution were injected 

into the T-junction device to form slugs (Figure 5C). 

 

Static mixers 

Mixing is important for many microfluidic applications.34 We used the serpentine 

microchannels in the device with the T-shaped inputs.  Figure 6C shows a photo of 

the T-junction device where two miscible aqueous dyes (blue and yellow) were 

pumped at a flow rate of 2 µL/min. At this flow rate, the dyes were co-flowing 

without convective mixing. After passing through the serpentine channels, the flows 

mixed and formed a single green-colored stream. Mixing occurred through diffusion, 

and could also be enhanced by chaotic advection using the turns in serpentine 

channels.34 

 We also explored paper as a material for mixing. We used the designs with a 

Y-shaped input and larger channels (1-mm wide). We cut 1 mm-wide pieces of filter 

paper (Whatman grade 1) and placed them in a section of the channel before sealing 

the device (see schematics of fabrication in Figure 6A). We chose Whatman grade 1, 

because it is a paper with a well-defined pore size that wicks water well, and because 

it is stable in water (the fibers do not disintegrate when wet). Other papers would 

probably work as well; we did not explore a range. The porosity, and tortuosity of the 
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filter paper accelerated the mixing of the two fluids (Figure 6B). The advantage of 

this mixer is that it is more rapid, and requires shorter channels, than serpentine 

mixers (the length of the paper zone was 10 mm). Paper has been extensively used as 

a substrate for storage of biomolecules30,36,37, so the ability to incorporate paper into 

the cellophane-based device, may also take advantage of its large surface area and 

surface chemistry for the storage and release of reagents. 

 

Electroanalytical devices 

The integration of electrodes in microfluidic systems38 enables the development of 

electroanalytical devices, and is often achieved by patterning electrodes (usually 

metals, patterned using vapor deposition) in one of the plates of the device (e.g. on 

polymer or glass substrates) and then sealing a second plate that includes microfluidic 

channels. The use of carbon electrodes in electroanalysis is attractive, because they 

have a wide potential window in aqueous solutions, and low cost. For example off-

device configurations, using screen-printed carbon electrodes on substrates placed 

perpendicularly to closed microfluidic devices,39 or channels that incorporate 

embedded carbon paste, have been reported.40 

 One of the interesting features of cellophane is its ability (like paper) to be 

used as a substrate for printing, with the added advantage of very low surface 

roughness. We exploited this property to integrate electrodes into cellophane 

microfluidic devices. We printed electrodes with graphite ink, using stencil printing, 

on coated cellophane (CPVC), and sealed these sheets against the embossed features 

(see schematics in Figure 7A and methods). The printed electrodes adhered strongly 

to the cellophane sheets, and could also be sealed tightly against the embossed sheet, 

so that the device did not delaminate. The sealing was also conformal between the 
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regions with the electrodes and the bare substrate so that no water escaped from the 

channel into the regions around the electrodes. As a result, we could fabricate printed 

electrodes integrated into the microfluidic channels.  

 To evaluate the performance of the integrated electrochemical cell electrodes, 

we performed flow injection analysis, by pumping a supporting electrolyte over a 

three-electrode electrochemical cell where all three electrodes were printed in a single 

step using carbon ink. We designed the working electrode (1-mm width) to be 

positioned before the counter electrode (2.5 mm width), so that any substances that 

could be produced by electrolysis at the counter electrode would not reach the 

working electrode and cause interference. A carbon electrode (1 mm width) acted as a 

quasi-reference electrode (see Figure 7B). All electrodes were connected to a 

potentiostat using small copper clips.  

 A common electrochemical technique used in microfluidic devices is 

potentiostatic amperometry.41,42 In this technique, a fixed potential —at which 

electron transfer occurs — is applied to the working electrode and the current is 

continuously recorded vs. time. After the baseline current (measured using continuous 

flow of the buffer) is allowed to stabilize, the sample is injected, and the signal it 

generates is recorded vs. time (see Figure S5), until a plateau current is reached. We 

used the cellophane-based system for amperometric detection of the redox probe, 

potassium ferrocyanide (concentrations between 10 µM to 10 mM), at a potential of 

0.4 V (vs. a carbon quasi-reference electrode) applied to the working electrode. We 

observed a linear relationship between the ferrocyanide concentration and the 

difference between the plateau current to the baseline current (Figure 7C), over this 

concentration range (n=7). This linearity indicates that this system can in principle be 

used for quantitative determination of an electroactive analyte.  
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 To further exploit the inherent transparency of cellophane in combination with 

electroanalysis, we fabricated electrochemical cellophane microfluidic devices for use 

in continuous flow ECL detection. These devices were similar to those used for 

continuous flow electroanalysis of ferrocyanide, with the exception that the reference 

electrode was printed with an Ag/AgCl ink. ECL is among the most sensitive 

analytical techniques, and it is commonly employed for immunoassays at many 

routine hospital laboratories using clinical autoanalyzers.43  

 For the cellophane ECL system, we chose a reaction between Ru(bpy)3
2+ 

(luminophore) and L-proline (analyte), because this reaction has been extensively 

studied.44–46 The ECL reaction mechanism,47,48 in short,  starts with the 

electrochemical oxidation of Ru(bpy)3
2+ to Ru(bpy)3

3+ at the electrode surface. Proline 

is then oxidized by Ru(bpy)3
3+ to produce a free radical [proline]●, which undergoes 

spontaneous deprotonation to produce an intermediate radical ion that reacts with 

Ru(bpy)3
3+ to produce the excited state [Ru(bpy)3

2+]*. The excited [Ru(bpy)3
2+]* 

finally decays to its ground state, Ru(bpy)3
2+, and emits orange light at 620 nm (See 

SI for the balanced chemical equations for these reactions). If the concentration of the 

luminophore is kept constant, the intensity of the emitted light is directly related to the 

concentration of the analyte. 

 A cyclic voltammogram of Ru(bpy)3
2+ showed that the electrodes printed 

inside cellophane microfluidic channels were stable in the range of potentials used for 

our experiments, and that the channels did not leak or change dimension significantly 

during operation (see Figure S6).  In the continuous flow ECL experiments, the 

analyte and the luminophore are injected into a common channel where they co-flow 

and pass the electrodes at a constant flow rate. For the ECL measurements in 

cellophane CPVC devices, we injected both the analyte and the luminophore at a 
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constant flow rate of 10 µL/min, applied a potential of 1.25 V (vs. Ag/AgCl), and 

measured the resulting ECL light response for a period of 0.5 seconds (see methods, 

and Figure 7E). We observed a linear relationship between the integrated area of the 

ECL response and the concentration of proline (Figure 7D), in the concentration range 

between 0.1 µM to 10 µM (n=9). This proof- of-concept demonstration promises 

useful future applications of cellophane in ECL diagnostic applications.45,49,50 

  

Integrated heaters 

The ability to print conductors on cellophane also enables the integration of electrical 

function intended for applications other than electroanalysis. One useful example is 

electrical heating. We integrated a resistive heating device into the cellophane CPVC 

microfluidic devices by printing a carbon structure on the back side of a device (see 

Figure 8). Since the cellophane is thin, heating is restricted to the regions immediately 

adjacent to the heater, and heating of the liquid in the channel is rapid.  

 

Conclusions 

Here we demonstrate microfluidic systems based on films from regenerated cellulose 

(cellophane), which is either uncoated, (COH), or has thin surface (∼1 µm) coatings of 

nitrocellulose (CNS), or polyvinyl chloride (CPVC). We show that cellophane COH  can 

be used to fabricate microplates, and that cellophane CNS or CPVC can be used to 

fabricate open-channel microfluidic devices that incorporate channels with 

moderately small dimensions (∼500 µm) and complex geometries. We also show that 

electrodes can be printed onto the microfluidic devices to integrate resistive heating 

elements, and more importantly that they can be embedded in the microfluidic 
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channels, to enable the fabrication of electroanalytical devices and continuous-flow 

ECL devices. 

 Cellophane CPVC and CNS are attractive materials for microfluidic systems that 

require high throughput manufacturing at low cost, and optical transparency because 

they heat seal under conveniently attainable conditions. Cellophane microfluidic 

devices combine some of the advantages of cellulose-based paper microfluidics with 

new capabilities. They have at least six useful characteristics: i) The fabrication 

processes are potentially scalable to manufacturing levels, and low in cost (through, 

for example, roll-to-roll manufacturing). ii) They enable open-channel systems with 

useful resolution (∼ 500 µm in this work, but we believe that higher resolution should 

be possible). They also enable transparent electroanalytical microfluidic devices that 

can be fabricated using high-throughput printing techniques. iii) They have a high 

optical transparency in both the UV and visible regime; cellophane COH has the 

highest transparency in the UV region of the cellophane varieties that we analyzed in 

this work. iv) They are resistant to destruction by many solvents. v) They are thin 

(around 70 µm) and flexible. vi) They are easily disposable, through biodegradation 

or incineration. The main disadvantages of cellophane COH as a microfluidic material 

are that it absorbs water, and therefore changes dimensions. Furthermore, bonding of 

cellophane COH is not possible without an adhesive, since cellulose neither dissolves 

easily in any solvent, nor is it thermoplastic. Cellophane COH is useful for microplate 

applications that require optical transparency (especially in the UV region), solvent 

resistance, and biocompatibility.  

 Cellophane is both a complement to cellulose-based paper for microfluidic 

devices, and also an alternative to other materials currently used in microfluidics, 

such as PDMS, cyclic olefin copolymers (COC), PMMA, PS, and glass or quartz. We 
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believe that regenerated cellulose films or other forms of cellulose films9, such as 

nanocellulose paper,51,52 may find uses in disposable integrated microfluidic systems 

for diagnostics, cell culture, and MEMS. 

 

 .  
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FIGURES AND TABLES  

Table 1. Properties of regenerated cellulose films (uncoated cellophane). 

Property Values Reference 
Dielectric constant 4 at 1 MHz 53,54 
Dielectric strength  3050 kV mm-1 at 1 mm 53,54 
Density  1.44 g cm-3 53,54 
Tensile strength (MPa), 
and elongation at break 
(%) 

120 MPa (20%) for machine direction. 
 
70 MPa (70%) for transverse direction 

27,54 

Index of refraction, and   
birefringence 

1.468 (machine direction). 
1.472 (transverse direction). 
Birefringence 0.0041, with a phase shift 
of 0.98π radians for a 24-µm-thick film. 

55  
 

Price 5 USD/pound 
or 0.8 USD/m2 sheets (50-µm-thick) 

27 

Water absorption after 24h 45-115 (weight %) 54 
Solvent compatibility Dilute acids and alkalis, most organic 

solvents (polar and non-polar), and most 
oils. We tested hexadecane, glycerol, 
ethylene glycol, ethanol, DMSO, NMP, 
THF, NMP, DMF (see methods). 

15,54 

Thermal expansion  8 x 10-5 K-1 53 
Upper temperature for use 180 C° 54 
Biodegradation Films were fully decomposed after 2 

months in soil.  

13 
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Table 2. Analytical figures of merit for absorption measurement of different 

compounds in uncoated cellophane 96-well plates (see Figure 2). 10 µL of solution 

was used in each well (for the regression analysis, the confidence interval is 95%, and 

the number of samples n = 7). 

 

 
a LOD = 3.3(Sy / S), Sy =Standard deviation of the intercept, S=Slope 
 

 

 

Analyte λmax 
(nm)  

Measured 
range 
(µg/mL) 

R2  Slope 
(S) 

LOD a  
(µg/mL) 

Thiamine 238 20 - 500 0.995 0.001 8 

Acetaminophen 242 20 - 500 0.995 0.003 8 
 

Adenine 260 2.6 - 675 0.998 0.003 6 
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Figure 1 A) The correlation of static contact angles on surface tension for 10 µL 

droplets of liquid on uncoated cellophane COH, cellophane with PVC- and 

nitrocellulose coatings (CPVC, CNS), and cellophane COH silanized with either a 

fluorinated (C10 
F) or a non-fluorinated (C10 

H) alkyl silane (standard deviation are 

based on n=7). The liquids used in these experiments and their respective surface 

tensions at 20°C in mN/m are: anhydrous ethanol (22.3), hexadecane (27.4), ethylene 

glycol (46.3), glycerol (63.7), water (72.8).  B) Normalized UV-Visible transmission 

spectra of different sheets of cellophane (uncoated 34 µm thick, nitrocellulose-coated 

42 µm thick, PVC-coated 42 µm thick), PMMA cuvette, and quartz cuvette (500-µm-

thick).   
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Figure 2 A) Schematic flow diagram for the fabrication and use of uncoated 

cellophane (COH) 96-well microplates. B) UV Absorption of different analytes 

measured in cellophane COH 96-well plates using 10 µL of solution in each well 

(n=7). For a complete set of data see Table 2. C) Macro photograph of the cross 

section of a cellophane COH (pre-wetted) 96-well plate. D) Top view photographs of a 

cellophane (non-coated) 96-well plate, in which each well is filled with 10 µL of 

aqueous solutions (red: Acid Red, blue: Reactive Blue, yellow: Food color) E) 

Bottom view macro photographs of the same microplate as in 2D).  
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Figure 3 Schematic flow diagram for the construction of the coated cellophane (CPVC, 

or CNS) microfluidic devices. There are three steps in this process: (1) embossing the 

channels using a first layer (L1) of coated cellophane (2), sealing the device using a 

second layer (L2) of coated cellophane, and (3) interfacing the device with the fluidic 

connections and tubing. 



	 30	

 
 



	 31	

Figure 4 A) Schematic diagrams of three different microfluidic devices. 

B,C,D) Photographs of PVC-coated cellophane (CPVC) microfluidic devices with the 

embossed features facing up. The devices were fabricated using aluminum molds with 

different structure according to A). E) Microscope photograph of cross section of a 

channel fabricated using a mold with the structure on B, C) (500 µm channel width). 

F) Microscope photograph showing the cross sections of a channel fabricated using a 

mold with the structure on D) (1-mm channel width). All cross sections were cut 

using scissors. G) Photographs of cellophane CPVC, taken against a sky with clouds to 

show transparency. 
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Figure 5 A) (left) Photographs of the Y-junction microfluidic device, fabricated with 

nitrocellulose-coated cellophane (CNS), displaying a laminar flow created by pumping 

red (input 2) and blue (input 1) aqueous dyes at a speed of 50 µL/min. (right) 

photographs of the device in 4A under operation while it is bent.  B) Zoom in 

photograph of 4A. C) A) Photographs of multiphase flow using the T-junction 

cellophane microfluidic device, showing the generation of slugs in a hexadecane / 

water system (both solutions had a flow rate of 30 µL/min). 
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Figure 6 A) Schematic diagram of the fabrication of a cellophane CPVC microfluidic 

device with a porous static mixer. B) Photographs of a cellophane CPVC microfluidic 

device with a porous static mixer. The porous mixer is a piece of paper placed within 

the channel as seen in the cross-section photo (1). Two aqueous solutions of a blue 

and a green dye (food color) flowed at a speed of 20 µL/min before (2) and after (3) 

entering into the mixer. C) Photograph of a T-junction microfluidic device with two 

aqueous dyes (blue color at input 1, and yellow color at input 2) are pumped at a flow 

speed of 2 µL/min for each solution. The dyes have a laminar flow behavior at the 

beginning of the channel and subsequently mix with each other with diffusion mixing. 
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Figure 7 A) Schematic diagram of the fabrication of a coated cellophane microfluidic 

device with carbon, and Ag/AgCl electrodes printed inside the channels. B) Results 

obtained, using a cellophane CPVC device shown in Figure 7C, by potentiostatic 

amperometry (+0.4 V vs. carbon quasi-reference) for potassium ferrocyanide. The 

ferrocyanide (in phosphate-buffered saline 1xPBS) was injected from the sample inlet 

at different concentration (0.1 to 10 mM) at a constant flow rate of 50 µL/min. A 

buffer solution (phosphate-buffered saline 1xPBS) was pumped at 50 µL/min between 

each injected sample solution (n=7), to acquire a baseline current for normalization. 

C) Photograph of a cellophane CPVC device with carbon electrodes integrated into the 

channel, which is filled with a highly concentrated solution of ferrocyanide flowing at 

50 µL/min. D) Results obtained for EC, using a cellophane CPVC device shown in Fig. 

E, by potentiostatic amperometry (1.25 V vs. Ag/AgCl) for the reaction of Ru(bpy)3
2+ 

(2 mM) with L-proline (0.1 to 1 µM). Both Ru(bpy)3
2+ and L-proline were injected at 

a constant flow rate of 10 µL per minute (n = 9). E) Photograph of an ECL cellophane 

CPVC device with a carbon working- and counter-electrode, and an Ag/AgCl reference 

electrode integrated into the channel. The channel is filled with a solution of 

Ru(bpy)3
2+ flowing at 10 µL/min.  
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Figure 8 (A,C) Photographs of a carbon electrodes printed on the backside of PVC-

coated cellophane (CPVC) microfluidic devices to act as resistive heaters. A) The 

heater is printed along a single channel. C) The heater is printed on the entire area of 

serpentine channels. B, D) Infrared images from the heaters in A) and C) during 

operation. Both heaters operated using a power input of around 1W. The temperature 

is given in Celsius.  
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